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ABSTRACT: The surface coatings of nanoparticles determine
their interaction with biomembranes, but studies have been
limited almost exclusively to nanoparticles with a uniform
surface chemistry. Although nanoparticles are increasingly
made with complex surface chemistries to achieve multi-
functionalities, our understanding of how a heterogeneous
surface coating affects particle−biomembrane interaction has
been lagging far behind. Here we report an investigation of this
question in an experimental system consisting of amphiphilic
“two-faced” Janus nanoparticles and supported lipid mem-
branes. We show that amphiphilic Janus nanoparticles at
picomolar concentrations induce defects in zwitterionic lipid
bilayers. In addition to revealing the various effects of hydrophobicity and charge in particle−bilayer interactions, we
demonstrate that the Janus geometrythe spatial segregation of hydrophobicity and charges on particle surfacecauses
nanoparticles to bind more strongly to bilayers and induce defects more effectively than particles with uniformly mixed
surface functionalities. We combine experiments with computational simulation to further elucidate how amphiphilic Janus
nanoparticles extract lipids to rupture intact lipid bilayers. This study provides direct evidence that the spatial arrangement
of surface functionalities on a nanoparticle, rather than just its overall surface chemistry, plays a crucial role in determining
how it interacts with biological membranes.
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To predict the impact of synthetic nanoparticles on
living systems, it is essential to understand how they
interact with biological membranes. Exploring the role

that particle surface coatings have on these interactions is of
central importance. For particles with uniform surface
chemistry, surface properties such as charge,1−8 hydro-
phobicity,8−13 and adsorbed protein corona14−19 have been
shown to play pivotal roles in determining their interaction with
biomembranes. Much less is known about the effects of
heterogeneous surface chemistry. It has been shown that when
the surfaces of hydrophobic polymeric particles (28−140 nm in
diameter) are sparsely decorated with anionic groups, they
induce the formation of pores in model lipid membranes.9,20

Gold nanoparticles coated with a mixture of hydrophobic and
hydrophilic molecules are capable of stabilizing the open edge
of model lipid membranes.21 These few studies demonstrate
that an amphiphilic surface coating alters the interaction of
nanoparticles with biomembranes. But, these findings are
limited to cases where hydrophobic and charged groups are
mixed randomly on the surfaces of particles. Little is known
about the effect of a nonuniform spatial arrangement of

functional groups on nanoparticle surfaces. Computer simu-
lation studies indicate that such an effect will be significant.
They predict that amphiphilic nanoparticles of a few nanome-
ters in size will disrupt lipid membranes via different
mechanisms depending on the spatial patterns of molecules
on their surfaces.22−29 However, experimental data to support
the simulation predictions remain scarce. One experimental
study claimed that gold nanoparticles with striped patterns of
hydrophobic and hydrophilic molecules penetrate cell mem-
branes more easily than randomly patterned ones,30,31 but
confirmation of the “stripy” surface morphology has been called
into question.32−34 An understanding of the interaction
between nanoparticles with heterogeneous surface chemistries
and biological membranes is still lacking. This knowledge is
becoming more critical, as nanoparticles are increasingly
engineered to possess complex surface coatings in order to
achieve more sophisticated functions.

Received: January 29, 2018
Accepted: April 4, 2018
Published: April 4, 2018

A
rtic

le
www.acsnano.orgCite This: ACS Nano 2018, 12, 3646−3657

© 2018 American Chemical Society 3646 DOI: 10.1021/acsnano.8b00759
ACS Nano 2018, 12, 3646−3657

D
ow

nl
oa

de
d 

vi
a 

IN
D

IA
N

A
 U

N
IV

 B
LO

O
M

IN
G

TO
N

 o
n 

A
ug

us
t 9

, 2
01

8 
at

 1
1:

43
:3

5 
(U

TC
). 

Se
e 

ht
tp

s:
//p

ub
s.a

cs
.o

rg
/s

ha
rin

gg
ui

de
lin

es
 fo

r o
pt

io
ns

 o
n 

ho
w

 to
 le

gi
tim

at
el

y 
sh

ar
e 

pu
bl

is
he

d 
ar

tic
le

s. 

www.acsnano.org
http://pubs.acs.org/action/showCitFormats?doi=10.1021/acsnano.8b00759
http://dx.doi.org/10.1021/acsnano.8b00759


Here we investigate this problem using an experimental
system consisting of amphiphilic “two-faced” Janus nano-
particles and supported lipid membranes. The Janus particles,
100 nm in diameter, are hydrophobic on one hemisphere and
charged on the other. The well-defined anisotropic distribution
of functional groups on the surfaces of Janus particles allowed
us to quantitatively explore the connection between the way in
which surface chemistry is spatially organized and particle−
membrane interactions. We showed that amphiphilic Janus
nanoparticles at picomolar (pM) concentrations induced
defects in zwitterionic lipid bilayers, whereas particles that
were coated uniformly with hydrophobic and charged
molecules did not. We distinguished the effects of hydro-
phobicity, charge, and Janus geometry on particle−membrane
interactions by combining super-resolution fluorescence
microscopy, measurements of the orientation of single Janus
nanoparticles, and quantification of particle−membrane bind-
ing affinity. The pathway by which amphiphilic Janus
nanoparticles caused defects in intact lipid bilayers was further
elucidated by computer simulation. Our results demonstrate

that the spatial segregation of hydrophobic and charged groups
on Janus nanoparticles enhances their ability to disrupt lipid
membranes over that of other amphiphilic nanoparticles. These
findings indicate that, besides the overall surface chemistry of
nanoparticles, the spatial arrangement of this surface chemistry
is vital to assessing their biological effects.

RESULTS AND DISCUSSION
Our experimental system consisted of 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC) lipid bilayers formed on glass
substrates and 100 nm amphiphilic Janus nanoparticles in
deionized water (Figure 1a). The cationic/hydrophobic Janus
nanoparticles (referred to as +/pho JPs) were prepared by
depositing a thin gold layer of 25 nm thickness onto one
hemisphere of amine-functionalized silica nanoparticles and
then conjugating octadecanethiol (ODT) on the gold caps
(Figure S1a). The resulting Janus nanoparticles were hydro-
phobic on one hemisphere and positively charged on the other
with a surface charge density of ∼2 amine groups/nm2. Similar
procedures were used for preparing anionic/hydrophobic

Figure 1. Disruption of the supported DOPC lipid bilayer induced by +/pho JPs. (a) Schematic illustration of the experimental system
(orange represents the hydrophobic side; gray represents the cationic side). (b) Fluorescence images showing the morphology of bilayers as a
function of time in the presence of 40 pM +/pho JPs (top) and in water without particles (bottom). (c) Fluorescence images showing the
morphology of the bilayers at 70 min after interaction with +/Pho JPs at various concentrations. (d) Change in lipid diffusion coefficient
(ΔD) after the addition of water (0 pM) or +/pho JPs at various concentrations. (e) Average fluorescence intensity of bilayers as a function of
time after the addition of water (blue) or +/pho JPs at 20 pM (black) and 40 pM (red). After the formation of defects, only areas free of
defects were measured. (f) Surface coverage of defects in bilayers as a function of time in the presence of 20 pM (red) or 40 pM (black) +/pho
JPs. Scale bars: 10 μm
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(−/pho JPs) and dipolar Janus particles (+/− JPs). Both types
of particles display carboxylic acid groups on their anionic
hemisphere. The anisotropic surface chemistry of these
amphiphilic nanoparticles was confirmed by their phase transfer
behavior at the toluene/water interface and their morphology
in scanning electron microscopy (SEM) (Figure S1b,c). The ζ-
potential for bare amine silica nanoparticles was +25.9 mV in
deionized water, indicating that the amine groups were indeed
positively charged under the experimental condition. It
decreased to −3.2 mV after the deposition of a gold layer on
one hemisphere of the particles. This decrease in ζ-potential
reflects, in part, the reduced number of amine groups after gold
coating. But more importantly, it is likely an effect from the
unusual electrokinetic motion of metal-coated Janus particles,
which does not obey the classical electrophoretic models used
in ζ-potential measurements.35 After functionalization of the

hydrophobic coating, ζ-potentials of +/pho and −/pho JPs
were −15.7 and −24.4 mV, respectively (Figure S2).
We first investigated how the morphology of lipid bilayers

changed with time after their interaction with 40 pM +/pho JPs
(Figure 1b). Small lipid aggregates and μm-sized defects that
were depleted of fluorescent lipids appeared on the bilayers
within 10 min after the nanoparticles were added. Both the
number of lipid aggregates and the size of the defects increased
with time. At the same time, the overall fluorescence intensity
of the remaining bilayer gradually decreased, suggesting a loss
of lipids. In the absence of the +/pho JPs, bilayers remained
unchanged for over 2 h of observation, confirming that the
formation of lipid aggregates and defects is caused by the
addition of +/pho JPs. To determine the threshold
concentration of particles needed to trigger this disruption of
the bilayers, we varied the concentration of +/pho JPs from 0
to 40 pM and examined the bilayers 70 min after they were

Figure 2. Quantification of defects in lipid bilayer. (a) Fluorescence images showing the lipid bilayer and fluorescently labeled BSA adsorbed
on the bilayer in the presence of water (top) or 20 pM +/pho JPs. (b) Fluorescence line-scan profile of the lipid bilayer and BSA of a defect
(marked with yellow dashed lines in (a)). (c) Zoomed-in images of a representative region (marked with white rectangular boxes in (a))
showing the adsorption of BSA in the bilayer defects and on small lipid aggregates. (d) Images from epi-fluorescence microscopy (EPI) and
stochastic optical reconstruction microscopy (STORM) showing BSA-Alexa 647 adsorbed on small lipid aggregates. (e) Histogram showing
the domain size of the small lipid aggregates, measured from STORM images. The average domain size is 1.55 × 10−2 μm2 (N = 344). Scale
bars: 5 μm.
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incubated with the particles (Figure 1c). No obvious changes
occurred when particle concentrations were 4 pM or lower. As
particle concentration was increased to 10 pM, small lipid
aggregates started to appear on the bilayers. However, defects
only began to appear at particle concentrations of 20 pM and
higher. The same concentration dependence was observed for
changes in membrane fluidity. Lipid diffusion coefficient was
measured using fluorescence recovery after photobleaching
(FRAP). Bilayers remained fluidic at particle concentrations of
15 pM or lower, as indicated by the only slight decrease in lipid
diffusion coefficient (Figure 1d). However, lipid diffusion
decreased drastically at a particle concentration of 20 pM, when
large defects in bilayers also became visible. Beyond this
threshold concentration, higher particle concentrations sped up
their disruption to the bilayer, as indicated by a faster decrease
in the fluorescence intensity of the remaining lipid bilayer as
well as a faster progression of the defects (Figure 1e,f).
Interestingly, the overall surface coverage of defects reached a
steady plateau stage after approximately 2 h. It is important to
note that measurements of bilayer fluorescence intensity were
done only for the early time points, because later the area of the
defects became too large to allow accurate measurements of
lipid diffusion in remaining intact areas of the bilayer. The
results together demonstrate that +/pho JPs at concentrations
of 20 pM or higher disrupt DOPC lipid bilayers in a manner
that is dependent on particle concentration and time.
The defects seen in bilayers might be holes in the membrane,

but they might also be gel-phase domains from which bulky
fluorescent lipid markers were excluded. To determine the
nature of the defects, we performed two sets of experiments. In
the first set, we tested the effect of temperature on the defects.
This is because gel-phase lipid domains should disappear at
higher temperatures, but holes in bilayers should not. After
defects were formed with 20 pM +/pho JPs, we gradually
increased the temperature of the bilayer. Defects in the bilayer
remained unchanged even at 57 °C, a temperature at which
most lipids are expected to be in the liquid phase (Figure S3).
This is evidence that the observed defects are holes and not gel-
phase lipid domains. In the second set of experiments, we
added fluorescent bovine serum albumin (BSA) to the bilayers
after the defects were visible. BSA, commonly used for surface
passivation, is known to adsorb strongly on bare glass surfaces
but not on zwitterionic lipid bilayers. It would thus label holes
where glass surface was exposed.36,37 In our experiments, BSA

was observed to selectively fill all the defects at 20 pM +/pho
JPs, with negligible adsorption on the lipid bilayer (Figure
2a,b). This result again confirms that the defects are indeed
holes depleted of lipids. When the defects were labeled by
fluorescent BSA, we were able to resolve smaller nanosized
defects, which were likely formed prior to the appearance of
larger ones. BSA was also found to colocalize with the small
lipid aggregates (Figure 2c). By using stochastic optical
reconstruction microscopy (STORM) and BSA labeled with
the STORM-suitable dye Alexa 647, we determined the cross-
sectional area of those lipid aggregates to be 4.54 × 10−4 to 1.55
× 10−1 μm2 with an average of 1.55 × 10−2 μm2 per aggregate
(N = 344) (Figure 2d,e). This indicates an average size of ∼120
nm for the lipid aggregates, assuming they are spherical.
BSA does not adsorb on lipid bilayers but does adsorb

strongly on bare +/pho JPs (Figure S4 SI). Thus, the
observation of BSA adsorption onto lipid aggregates raised
the question of whether those aggregates contain exposed Janus
particles. To answer this question, we fluorescently labeled the
+/pho JPs and imaged both the particles and the bilayer during
their interaction at 20 pM concentrations of particles. We kept
the dye labeling efficiency low to minimize possible alteration
to the cationic charges of the particles. To allow the resolution
of single particles in imaging, fluorescent +/pho JPs were mixed
with nonfluorescent ones at a 1:3 ratio. As shown in Figure 3
and Movie S1, +/pho JPs first adsorbed on lipid bilayers, and
then, within tens of seconds, small lipid aggregates formed at
the same locations. This indicates that lipid−particle complexes
formed following the initial contact between +/pho JPs and the
bilayer. As more +/pho JPs became adsorbed on the bilayer,
defects started to appear at the locations of some lipid−particle
complexes (indicated by the yellow arrows) and then
propagated to become larger ones. Near some other lipid−
particle complexes (indicated by red circles) no defects were
visible within the resolution limits of the fluorescence
microscopy. These results show that the adsorption of +/pho
JPs on the DOPC lipid bilayer led to the extraction of lipids,
which formed complexes with the particles. With increasing loss
of lipids, defects started to form. The defects started as
nanosized ones, as shown by the BSA backfilling results (Figure
2d,e), but progressed into larger ones as more +/pho JPs
adsorbed nearby. The observation of BSA adsorption on those
lipid−particle complexes suggests that the +/pho JPs contained
in the complexes were not entirely covered by lipids but rather

Figure 3. Dual-color fluorescence imaging of +/pho JPs and the lipid bilayer. Approximately 25% of the particles were fluorescently labeled.
(a) Fluorescence image showing the formation of lipid aggregates and defects after the addition of 20 pM +/pho JPs. (b) Zoomed-in images of
a representative region as marked in (a). Yellow arrows indicate locations where defects were formed and propagated. Red circles indicate the
colocalization of +/pho JPs with small lipid aggregates. Scale bars: 10 μm.
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are partially exposed. This also agrees with our dual-color
imaging observation that some +/pho JPs did not colocalize
with lipids.
Given their Janus geometry, it is possible that +/pho JPs have

a preferred orientation during their interaction with the lipid
bilayer. To determine this, we measured the orientation of
single particles by making use of their optical anisotropy. Janus
particles that are fluorescent on one hemisphere and metal-
capped on the other exhibit varying intensities of fluorescence
depending on their orientation due to the blocking of light by
the opaque gold cap.38−40 We used this principle to infer the
orientations of individual particles after adding 20 pM of +/pho
JPs (fluorescently labeled:nonlabeled = 1:3) to a lipid bilayer.
The intensity of single fluorescent particles was measured from
below the lipid bilayer using an inverted fluorescence
microscope. To calibrate the fluorescence intensity at different
particle orientations, we adsorbed +/pho JPs on either
hydrophilic or hydrophobic n-octadecyltrimethoxysilane
(OTE)-coated substrates. On the hydrophilic substrate, the
+/pho JPs were oriented with their fluorescent cationic
hemispheres facing downward, as confirmed in SEM images,
and exhibited strong fluorescence (795 ± 74 au) (Figure 4a).

Their fluorescence intensity was similar to that of particles
without the opaque hemispheric gold coating (Figure S5), an
observation further confirming that the fluorescent hemisphere
was the one facing the detector. +/Pho JPs placed on
hydrophobic substrates were oriented in the opposite direction,
with their hydrophobic gold-coated hemispheres facing down-
ward toward the substrate (also the fluorescence detector). The
emitted fluorescence was therefore at its weakest due to being
maximally blocked by the opaque gold cap (315 ± 81 au).
Compared to both calibration standards, +/pho JPs on bilayers
emitted a similar level of weak fluorescence (239 ± 47 au) as
the ones on hydrophobic substrates (Figure 4b). These results
confirm that the hydrophobic (fluorescent) hemisphere of
+/pho JPs is in contact with the lipid bilayer after defect
formation. We also observed that some +/pho JPs emitted
stronger fluorescence upon their initial landing on the bilayer
but that their fluorescence decreased within tens of seconds.
This observation implies that the +/pho JPs approached the
bilayer preferably from the cationic hemisphere and then
rotated to the opposite orientation shortly after landing. But it
is possible that other factors, such as particles moving out of
focus, might also contribute to the decrease in particle
fluorescence during particle adsorption onto the bilayer.
The next important set of questions concerns the role of

charge, hydrophobicity, and Janus geometry in the bilayer
disruption induced by amphiphilic JPs. To determine the
charge effect, we fabricated nanoparticles that were hydro-
phobic on one hemisphere and anionic on the other displaying
carboxylic acid groups (Figure S2). The −/pho JPs exhibited
some similarities and some differences from +/pho JPs in their
interactions with the bilayer (Figure 5a). First, −/pho JPs did
not adsorb onto DOPC bilayers. Instead, they remained freely
diffusive in the solution. This observation suggests that charges
on the JPs affect their initial adsorption onto the bilayer.
Cationic charges seem to facilitate the adhesion of particles,
while anionic charges do not. Second, −/pho JPs, like +/pho
JPs, induced holes in bilayers. But the defects were fractal-like
and occurred only at particle concentrations of 150 pM or
higher (Figures 5a, S6, and S7). This threshold concentration is
nearly 10 times that for +/pho JPs. It is evident that +/pho JPs
are more effective in disrupting DOPC bilayers than −/pho
JPs. This charge effect seems consistent with previous reports
for studies of uniform particles. In these studies, cationic
nanoparticles of a broad size range have been found to induce
pores in bilayers, while anionic ones do not.5,6,41 It is also
plausible that the stronger adsorption of +/pho JPs results in
higher local concentrations of particles near the bilayer and thus
a lower threshold concentration of particles needed to induce
defects. Third, the bilayer remained fluidic even after defects
were formed (Figure 5c). Lastly, −/pho JPs formed complexes
with lipids extracted from the bilayer, as indicated by the
colocalization between small lipid aggregates and fluorescently
labeled −/pho JPs (Figure S8). However, these complexes were
seen floating in the solution instead of remaining on the bilayer
as for the +/pho JPs. This again shows that charges play an
important role in particle adhesion to the bilayer. However,
amphiphilic JPs, regardless of their charge, disrupt the bilayer in
the same way by extracting lipids and inducing defects.
In order to understand the effects of particle hydrophobicity,

we created three types of control particles: dipolar JPs
displaying amine groups on one hemisphere and carboxylic
acid groups on the other (referred to as +/− JPs) and particles
functionalized uniformly with either amine (+UPs) or

Figure 4. Quantification of the orientation of +/pho JPs on lipid
bilayers. The cationic hemisphere of the +/pho JPs was fluorescent
and the hydrophobic hemisphere was opaque due to the gold
coating. (a) Schematic illustrations, scanning electron microscopy
(SEM) images, and epi-fluorescence images showing the
orientation and fluorescence profile of +/pho JPs on hydrophilic
and hydrophobic substrates. (b) Average fluorescence intensity per
particle on different substrates. Each data point in the scattered
plot represents measurement from a single particle. Each box plot
indicates the mean (squared dot), median (horizontal line), and the
interquartile range from 25% to 75% of the corresponding data set.
Scale bars: 500 nm (SEM images) and 10 μm (fluorescence
images).
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carboxylic acid groups (−UPs). None of these three particle
types induced visible defects in the bilayer even at particle
concentrations as high as 240 pM (Figures 5a and S7). This
makes it clear that the hydrophobicity of particles is required
for inducing defects in lipid bilayers. This conclusion is
consistent with our earlier observation that the hydrophobic
hemispheres of +/pho JPs preferentially faced the bilayer after
the formation of membrane defects. Among the three types of
control particles, only +UPs adsorbed onto the lipid bilayer and
caused a slight decrease in membrane fluidity (Figure 5b,c).
This observation provides further evidence that cationic charges
enhance particle adhesion onto bilayers, whereas anionic
charges do not.
To determine the role of Janus geometry in particle−bilayer

interactions, we created control particles that were coated
uniformly with either a mixture of amine and hydrophobic
groups (+pho UP) or a mixture of carboxylic acid and
hydrophobic groups (−pho UP). The hydrophobic groups on
these uniform particles have the same octadecyl alkyl structure
as those on Janus particles. Comparing +pho UPs to +/pho JPs,
we observed the appearance of small lipid−particle complexes
at 30 pM and higher concentrations of +pho UPs, but no
defects in the bilayer were seen even when particle
concentration was increased to 90 pM (Figures 5a and S7).
We could not test whether +pho UPs would induce defects in
the bilayer at even higher concentrations because they
aggregated severely beyond 90 pM. This result is in sharp
contrast to the observation that +/pho JPs at 20 pM caused
formation of lipid−particle complexes and extensive defects in
bilayers (Figure 1c). Membrane fluidity decreased at 50 pM
concentrations of +pho UP, as opposed to 20 pM for +/pho
JPs. It is evident that +/pho JPs disrupt DOPC bilayers more
effectively than +pho UPs. A similar conclusion was also drawn
for −/pho JPs compared with −pho UPs. The −pho UPs did
not induce any changes in either the morphology or the fluidity
of the bilayer even at a particle concentration of 1.2 nM
(Figures 5c and S7). Neither −/pho JPs or −pho UPs adhered
to lipid bilayers. On the basis of these results, we conclude that
Janus geometry enhances the membrane disruption caused by
amphiphilic particles, regardless of the cationic or anionic
charges on the other hemisphere. This effect might be related

to the influence of Janus geometry on the adsorption of
particles onto bilayers. We found that most +pho UPs remained
floating in solution, whereas +/pho JPs adsorbed strongly onto
lipid bilayers. This observation agrees with the predictions of
computer simulations that repulsion between hydrophobic alkyl
chains and polar lipid headgroups creates an energy barrier
unfavorable for initial contact between a particle and a bilayer.27

Importantly, our results here demonstrate that this repulsive
force has a smaller effect on the adsorption of Janus particles
than on the adsorption of uniform particles. Our findings about
the orientation of +/pho JPs (Figure 4) make it plausible that
for Janus particles with hydrophobic alkyl chains and charged
groups on opposite hemispheres their freedom of rotation
allows them to reorient for preferable particle−bilayer
interactions in different situations.
In order to provide quantitative evidence for the argument

given above, we measured the association constant (Ka) and
activation energy (Ea) of particle adsorption on bilayers.
Following a method reported previously,42 we measured the
surface density of nanoparticles adsorbed onto DOPC bilayers
as a function of time, and from these plots we calculated Ka and
Ea based on an assumption of classical collision theory (Table 1

and Figure S9). Our results show that the association constant
of +/pho JPs (24 700 ± 180 M−1 s−1) is significantly higher
than that of +UPs (2280 ± 30 M−1 s−1) or + pho UPs (119 ±
21 M−1 s−1). Correspondingly, Ea (+/pho JPs) < Ea (+UPs) <
Ea (+pho UPs). Two important conclusions can be drawn from
these results. First, a uniform coating of hydrophobic alkyl
chains hinders the initial attraction between cationic charges on
particles and lipids. This is consistent with our experimental
observations. Second, Janus geometry enhances the binding of

Figure 5. (a) Fluorescence images showing morphology of lipid bilayers at 70 min after interaction with different types of particles as
indicated in the schematic inset. Concentration of particles was [+/pho JPs] = 40 pM; [+UPs] = 40 pM; [+pho UPs] = 40 pM; [+/− JPs] = 40
pM; [−/pho JPs] = 150 pM; [−UPs] = 150 pM; [−pho UPs] = 150 pM. (b and c) Change in lipid diffusion coefficient (ΔD) after the addition
of different types of particles as a function of concentration. Scale bars: 10 μm.

Table 1. Association Constant (Ka) and Activation Energy
(Ea) of the Adsorption of Different Types of Particles on
DOPC Lipid Bilayers

Ka (M
−1 s−1) Ea (kJ/mol)

+/pho JPs 24 700 ± 180 43.3 ± 0.02
+UPs 2280 ± 30 49.2 ± 0.03
+pho UPs 119 ± 21 56.5 ± 0.4
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amphiphilic particles to the bilayer. The strong binding of
+/pho JPs to bilayers is consistent with our observation that
they are more effective in inducing bilayer defects than other
types of particles. Binding affinity for anionic particles was not
quantified because they showed negligible adsorption on
bilayers.
Lastly, we performed computer simulations to understand

the mechanism by which amphiphilic Janus nanoparticles
disrupt the bilayer after adsorption. The simulation model was
developed based on our previous work.43 Each Janus
nanoparticle contains a spherical hard core, charged beads,
and hydrophobic beads coating its core surface (Figure S10).
The Deserno−Cooke solvent-free model for lipid bilayers is
applied based on an attractive potential. The mass, length, and
time scales are all normalized in the simulation, with the unit of
length taken to be σ = 1 nm, the unit of mass to be that of the
lipid beads m, and the unit of energy to be ε = kBT/1.1 = 2.2
kJ/mol. All other quantities are expressed in terms of these
basic units. At the beginning of the simulation, amphiphilic lipid
molecules self-assemble into a bilayer membrane. In order to
mimic our experimental system of a supported lipid bilayer
confined on a glass substrate, the center of mass of the bilayer
membrane is fixed to its original equilibrium position. It is
noteworthy to point out that the simulation has a limited time
scale compared to that of the experiments and is not capable of
mimicking the entire dynamic process of nanoparticle attaching
and detaching on the lipid membrane. To simulate the
hydrophobic interaction between the Janus nanoparticle and
the bilayer membrane, the Janus particle is initially positioned
5σ above the bilayer membrane with the hydrophobic
hemisphere oriented toward the bilayer. As the simulation
goes on, the particle approaches the bilayer to adsorb. Due to
strong attraction between the hydrophobic tails of the lipids
and the hydrophobic hemisphere of the particle, lipids can be
extracted from the bilayer and diffuse onto the hydrophobic
hemisphere. As shown in Figure 6, the gradual extraction of
lipids leads to the loss of bilayer integrity and an eventual
rupture of the bilayer membrane. From a mechanical viewpoint,
the bilayer undergoes an irreversible deformation due to its
strong interaction with the Janus particle. As the deformation
reaches a critical point, the bilayer membrane starts to rupture
as shown in Figure 6d.

To quantitatively explain the rupture of the bilayer
membrane, the evolution of membrane tension during the
interaction process was examined (the bottom panel in Figure
6). The surface tension for a surface normal in the z-direction
inside a cell membrane is characterized by the pressure tensor P
using the following relation:44

∫γ = −P Z P Z Z[ ( ) ( )] d
Z

Z

N T
1

2

in which γ is the surface tension, PN is the pressure normal to
the bilayer surface, and PT is the tangential pressure along the
bilayer surface. For MD simulations, this equation can be
further simplified:45

γ = − +L P P P[ ( )/2]Z Z X Y

In this equation, LZ is the size of the simulation cell in the z-
direction normal to the bilayer surface and Pi is the pressure in
the i = x, y, z direction. The bilayer membrane is initially in an
equilibrium tensionless state, achieved by adjusting the
simulation box size. As the particle−bilayer interaction
proceeds, the membrane tension near the particle−bilayer
contact area can reach up to 5ϵ/σ to 15ϵ/σ (which corresponds
to 18 182−54 546 pN/μm in physical units), while the rest of
the bilayer membrane away from the contact area almost
remains as its original tensionless state. Our simulation results
agree with previously reported experimental studies that a lipid
bilayer ruptures when its surface area expands by ∼3−5%
compared to its relaxed state and the membrane tension
reaches ∼3000−10 000 pN/μm, indicating that particle-
induced local deformation in our simulation is large enough
to rupture the lipid membrane.46

Control simulations with uniform cationic and uniform
hydrophobic nanoparticles were performed with the same
parameter settings as for the amphiphilic Janus nanoparticles
(Figures S11, S12). Simulations show that uniform hydro-
phobic particles rupture the lipid membrane, but uniform
cationic ones do not. These results agree with our experimental
findings that hydrophobic interaction is the driving force for
lipid extraction in zwitterionic lipid bilayers. It is important to
point out that the simulation result on uniform hydrophobic
particles cannot be experimentally validated, because such

Figure 6. Computer simulation of the disruption of a lipid bilayer induced by an amphiphilic Janus nanoparticle. The hydrophilic and
hydrophobic hemispheres of the Janus particle are shown in green and blue, respectively. (Top) Images showing the formation of the lipid−
particle complex and defect. Insets are side views of the system. (Bottom) Spatial distribution of membrane tension (γ) corresponding to
different stages in the bilayer rupture process.
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particles aggregate severely in aqueous solution. In addition, the
simulation, due to its limited time scale, is only focused on the
membrane rupture stage instead of the entire process of
particle−membrane interaction.
On the basis of all the results presented here, we propose the

following mechanism for the interaction between amphiphilic
Janus nanoparticles and zwitterionic lipid bilayers. (i) Initial
contact between particles and bilayer membranes is driven by
the attraction between the charges on particles and dipolar lipid
head groups. The attraction is stronger for cationic charges. As
a result, +/pho JPs adsorb strongly, whereas −/pho JPs only
make transient contact with the bilayer. (ii) Disruption of the
bilayer is driven by interaction between the hydrophobic
hemisphere of the particle and the alkyl tails of the lipids.
Amphiphilic Janus particles rotate to expose their hydrophobic
hemisphere to the bilayer after the initial contact. The
hydrophobic attraction leads to the extraction of lipids from
the bilayer membrane. These lipids form complexes with the
nanoparticles by adsorbing on their hydrophobic hemispheres.
As the particle concentration increases, the gradual loss of lipids
causes the membrane tension to increase beyond a threshold at
which the membrane ruptures to form holes.

CONCLUSIONS

In this study, we investigated the mechanism by which
amphiphilic Janus nanoparticles disrupt zwitterionic DOPC
lipid bilayers and identified the different roles played by Janus
geometry, hydrophobicity, and charge in the particle−bilayer
interactions. We did this by using Janus particles with a well-
defined anisotropic arrangement of functional groups on their
surfaces. Our results demonstrate that hydrophobicity is
required for amphiphilic Janus nanoparticles to extract lipids
from the lipid bilayer and thereby create holes, whereas cationic
charges promote the initial adhesion of particles onto the
bilayer. We showed that 100 nm amphiphilic Janus nano-
particles, whether cationic or anionic on one hemisphere,
disrupt lipid bilayers more effectively than particles that are
coated uniformly with the same chemical groups. Such
efficiency is a result of the spatial segregation of the
hydrophobic and charged groups. Janus particles, unlike their
uniformly coated counterparts, can reorient to interact with the
bilayer from a hemisphere with preferred chemistry. On the
basis of these results, we can now explore in future studies
many interesting questions, such as the interplay between the
anisotropic surface chemistry and size of nanoparticles.
Compared to the extensive studies on nanoparticles with
uniform surface coatings, this study provides an understanding
of a scarcely explored question: how does heterogeneous
surface chemistry change the biological behavior of nano-
particles? More importantly, the findings presented here
underscore the importance of the spatial organization of
molecules in determining the interactions between nano-
particles and biological systems. There is currently intense
research interest in synthesizing amphiphilic nanoparticles for a
variety of practical applications.47−52 Broadly speaking, our
study provides insights for understanding the biological impact
of such particles and the possibility of using the surface
anisotropy of Janus nanoparticles to tailor-make particle−
membrane hybrid structures.

EXPERIMENTAL AND COMPUTER SIMULATION
METHODS

Materials. Amine-functionalized silica particles (100 nm) were
purchased from Nanocomposix (San Diego, CA, USA). Octadecane-
thiol, cysteamine hydrochloride, catalase from bovine liver, and glucose
oxidase from Aspergillus niger were obtained from Sigma-Aldrich (St.
Louis, MO, USA). Mercaptoundecanoic acid was procured from Santa
Cruz Biotechnology (Santa Cruz, CA, USA). Octadecyltrimethox-
ysilane was purchased from Gelest Inc. (Morrisville, PA, USA).
Chromium (99.99% purity) and gold (99.99% purity) pellets were
purchased from Kurt J. Lesker (Jefferson Hills, PA, USA). Cyanine5
N-hydroxysuccinimide ester (Cy5 NHS ester) was procured from
Lumiprobe Corporation (Hunt Valley, MD, USA). Succinic anhydride
(99% GC) was purchased from AK Scientific, Inc. (Union City, CA,
USA). Phospholipids, 1,2-dioleoyl-sn-glycero-3-phosphocholine
(DOPC) and 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-
lissamine rhodamine B sulfonyl (RhB-PE), were purchased from
Avanti Polar Lipid (Alabaster, AL, USA). N-(4,4-Difluoro-5,7-
dimethyl-4-bora-3a,4a-diaza-s-indacene-3-propionyl)-1,2-dihexadeca-
noyl-sn-glycero-3-phosphoethanolamine, triethylammonium salt
(BODIPY-DHPE) was purchased from Thermo Scientific (Waltham,
MA, USA). Bovine serum albumin conjugated with Alexa Fluor 647
was attained from Thermo Scientific. Toluene was purchased from
Avantor Performance Materials, LLC (Center Valley, PA, USA).
Ultrapure water (resistivity of 18.2 MΩ·cm) was used for all
experiments.

Fabrication of Particles. Submonolayers of amine-functionalized
silica nanoparticles were prepared using the solvent evaporation
method with modification.53 Briefly, 50 μL of 0.1 wt % particles in
ethanol was applied on a piranha-etched glass microscope slide. A
continuous gentle stream of filtered air was applied during solvent
evaporation to reduce the coffee-stain effect. The submonolayers of
particles were coated sequentially with layers of chromium (5 nm) and
then gold (25 nm) using an Edward Thermal evaporator (Nanoscale
Characterization Facility at Indiana University). Immediately after the
metal deposition, the microscope slides were immersed and stored in
ethanol containing 2 mM ODT until use. Particles were removed from
microscope slides via sonication in ethanol only prior to experiments
in order to prevent particle aggregation. Particle aggregates were
further removed by differential centrifugation three times at 100 rcf for
30 s each and then three times at 500 rcf for 30 s each. Particles were
washed and redispersed in water immediately before being added to
supported lipid bilayers. For preparing anionic amphiphilic Janus
nanoparticles (−/pho JPs), amine groups on silica particles were
converted to carboxylic acids using succinic anhydride.54 In the
experiment, 250 μL of amine-functionalized silica particles (1 mg/mL
in dimethylformamide, DMF) was added dropwise into 5 mL of DMF
containing 0.1 M succinic anhydride. The reaction was kept at room
temperature for 20 h. After the reaction, particles were washed with
DMF and then ethanol and stored in DMF until further use. For
preparing amphiphilic uniform particles, OTE was mixed in chloro-
form (OTE/chloroform = 1:5 v/v) for surface functionalization. Glass
vials to be used for particle functionalization were first treated with
OTE on the interior surface. A 100 μL amount of OTE chloroform
solution was added to 2 mL of amine-functionalized silica particles (0.5
mg/mL in ethanol) under stirring, and 30 μL of NH4OH (28−30 wt
%) was added subsequently. The reaction was kept at room
temperature for 24 h. Particles after functionalization were washed
with ethanol, water, and ethanol sequentially and stored in ethanol
until use. To fluorescently label particles, Cy5 dissolved in DMSO (0.5
mg/mL) was added to amine-functionalized particles dispersed in 1×
phosphate-buffered saline (PBS) (pH 7.4) for reaction overnight at
room temperature. The final concentration of Cy5 was 0.8 μM, and
particle concentration was 80 pM. After the reaction, particles were
washed with water and stored in the ethanol.

Characterization of Particles. Hydrodynamic size and zeta
potential of particles were measured in deionized water with a
Zetasizer. The morphology of Janus particles was characterized using
SEM. The concentration of Janus particles was measured with a
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ZetaView nanoparticle tracking analyzer. Amphiphilicity of particles
was confirmed using the phase transfer method.55 Briefly, particles
dispersed in 100 μL of water were added to a vial containing 200 μL of
toluene and 100 μL of water. After the mixed solution was vortexed
gently and then kept still for 5 min, the dispersion of Janus particles at
the toluene−water interface or in the bulk liquid phases was examined.
Preparation of Supported Lipid Bilayers. To first prepare

unilamellar vesicles (diameter of 100 nm), DOPC and fluorescent
lipids, either BODIPY-DHPE or Rhd-DHPE, were mixed in
chloroform at 500:1 molar ratio and dried in a round-bottom flask
under nitrogen flow. Dried lipid films were hydrated in 1× PBS to a
final lipid concentration of 1 mg/mL. The lipid solution was vortexed
and underwent freeze-and-thaw cycles five times before being extruded
through a 100 nm filter membrane using a mini-extruder. To prepare
the supported lipid bilayer using the vesicle fusion method, lipid
vesicles were diluted with water to a final concentration of 0.2 mg/mL
and immediately added to a precleaned glass-bottom imaging chamber.
After incubation for 1 h, the formation of lipid bilayer was complete,
and excess lipid vesicles were rinsed away with water thoroughly.
Fluorescence Imaging. Wide-field epi-fluorescence imaging of

lipid bilayers and particles was done using a Nikon Eclipse Ti
microscope equipped with an Andor iXon3 EMCCD Camera and a
Nikon Plan Apo 100×/1.49 NA TIRF objective. Each experiment was
repeated twice on at least two different days to ensure reproducibility.
All experiments were done at room temperature unless indicated
otherwise. In experiments of increased temperature, particles were
rinsed away from the bilayer after defect formation was confirmed. The
temperature of the imaging chamber was raised gradually from room
temperature to 27, 37, 47, and 57 °C. The temperature was allowed to
stabilize for 3 min before fluorescence images were acquired. In BSA
backfilling experiments, particles were rinsed away after defect
formation was confirmed. Subsequently, BSA was incubated with the
lipid bilayer at a final concentration of 0.75 μM for 15 min before
rinsing and imaging. BSA backfilling samples for STORM imaging
were prepared in a reducing buffer that enhances Alexa 647 blinking.
The reducing buffer contained 9.8% glucose (m/v), 9.8 mM NaCl, 49
mM Tris-HCl (pH 8.0), 6.8 mM cysteamine hydrochloride, 160 pM of
catalase, and 0.14 mg of glucose oxidase in 200 μL of deionized water.
The buffer was filtered through a 0.2 μm membrane filter for
sterilization and used fresh prior to each imaging.
STORM imaging was done using an OMX Super-Resolution system

equipped with a Photometrics Cascade II EMCCD camera and an
Olympus UAPO N 100×/1.49 NA TIRF objective. All images were
acquired with a continuous illumination at 642 nm following an
activation 1 ms pulse of 405 nm excitation. At each field of view,
50 000 frames were taken in “localization” mode and processed with
SoftWoRx software (Applied Precision) to obtain super-resolution
images.
Fluorescence Recovery after Photobleaching. FRAP measure-

ment of lipid diffusion was conducted in the epi-fluorescence imaging
configuration using a Nikon Eclipse Ti microscope. A circular region
of the bilayer in the field of view was photobleached using a 488 nm
laser, and the recovery of fluorescence was recorded every 2 s until
240 s after photobleaching. For each sample, FRAP was measured
before and 80 min after the addition of particles. An ImageJ (NIH)
plugin “simFRAP” was used for image processing. It computes a
diffusion coefficient based on fitting a computer-simulated recovery
profile to experimental FRAP data. An advantage of this program is
that the calculation of the diffusion coefficient does not depend on the
photobleaching geometry.56

Quantification of Janus Particle Orientation. Silicon wafers
(for SEM) and glass microscope slides (for fluorescence imaging) were
etched with piranha solution (H2SO4/H2O2 = 3:1 v/v for 15 min and
used as hydrophilic substrates. To fabricate hydrophobic substrates,
silicon wafers and glass microscope slides were immersed in a mixture
solution that was made by mixing 100 μL of OTE/chloroform (1:5 v/
v) solution with 2 mL of enthanol. After 24 h of reaction, the silicon
wafers were washed with ethanol three times and stored in water. The
water contact angle was measured to be less than 5° on the piranha-
etched silicon wafers and 77 ± 2° on the OTE-coated ones. To

prepare the calibration samples, +/pho JPs were casted on different
substrates and dried while swirling using a pipet tip to reduce the
coffee-stain effect. Particles were imaged using SEM to obtain their
orientation and epi-fluorescence microscopy to measure their intensity
of emission.

Measurement of Particle−Bilayer Binding Constant. This
measurement follows a previously reported method based on a
classical collision theory between nanoparticles and surface.42 Briefly,
adsorption and desorption of Cy5-labeled particles on lipid bilayers
were imaged using epi-fluorescence microscopy. The number of
adsorbed particles per unit surface area (N) was counted using a
single-particle tracking Matlab algorithm and plotted against elapsed
time (t) after the addition of particles. After a linear fit, the slope of the
fit was obtained as the overall adsorption rate, dN/dt. By simplifying
the particle−bilayer binding as a second-order ligand/receptor
association process, dN/dt can be expressed as

=N
t

K C C
d
d a s n (1)

in which Ka is the association constant, Cs is the maximum number of
binding sites on the bilayer, and Cn is the bulk concentration of the
nanoparticles. Cs was calculated to be 115 assuming a close packing of
nanoparticles (d = 100 nm) on a flat surface. Ka was calculated based
on the obtained values of Cs, dN/dt, and Cn.

The activation energy for particle−bilayer binding was calculated
using the following equation:

= −E Q k k T[ln( ) ln( )]aa B (2)

in which Q is the diffusion collision frequency factor, kB is the
Boltzmann constant, and T is temperature. Q was estimated based on
the following equation, assuming that the association is limited by the
diffusion of nanoparticles:

π≈Q RDN2000 a (3)

in which R is the radius of the nanoparticles, D is the diffusion
constant of particles in solution, and Na is Avogadro’s number. D can
be calculated based on the Stokes−Einstein equation:

πη
=D

k T
r6

B

(4)

Q for our system was estimated to be 9.285 × 1011 M−1 s−1.
Computer Simulation. The simulation box (Figure S10) contains

158 436 beads forming a bilayer membrane and 22 620 beads forming
the Janus nanoparticle (NP). The Janus NP consists of 5655 beads
(N) forming a spherical NP core, 8481 charged beads (C, + 0.1e), and
8484 hydrophobic beads (P) coating the NP core surface. The
Deserno−Cooke solvent-free model for lipid bilayers is applied based
on an attractive potential, which can help reduce simulation time up to
90% compared to a model with explicit solvents. The solvent-mediated
interaction between lipid tails is represented by an effective attractive
potential of a sufficiently broad range. This solvent-free model has
been widely used to investigate the interaction between nanoparticles
and cell membranes.57,58 Periodic boundary conditions are applied in
three directions of the simulation box. The mass, length, and time
scales are all normalized in the simulations, with the unit of length
taken to be σ = 1 nm, the unit of mass to be that of the lipid beads m,
and the unit of energy to be ε = kBT/1.1 = 2.2 kJ/mol. All other
quantities are expressed in terms of these basic units. We use a
velocity-Verlet algorithm to perform time integration and a Langevin
thermostat to control the system temperature, T. The integration time
step is Δt = 0.01 τ where τ is 15 ns. All simulations are performed with
LAMMPS package.59

Each lipid molecule in the computational model is represented by
one head bead (H) followed by two tail beads (T). The size of a lipid
is fixed via a Weeks−Chandler−Andersen potential:
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where ϵ is the depth of the potential well, b is the finite distance at
which the interparticle potential is zero, and rij is the distance between
the particles. In order to ensure the cylindrical lipid shape, b is set as
bhead,head = bhead,tail = 0.95σ and btail,tail = σ. The three beads in a single
lipid are linked by two FENE bonds:

∑= − −
⎛
⎝
⎜⎜

⎞
⎠
⎟⎟U k R

r

R
1
2

ln 1 ij
FENE

bonds
fene max

2
2

max
2

(6)

with the stiffness kfene = 30ε/σ2 and the divergence length Rmax = 1.5σ.
Lipids are straightened by a harmonic spring:

∑= −U k r r( )ijstretching
bonds

stretch 0
2

(7)

with the bending stiffness kstretch = 10ε/σ2 and the equilibrium length r0
= 4σ between the head bead and the second tail bead. The ligand
beads are also connected with a harmonic spring with kstretch = 100ε/σ2

and equilibrium length r0 = 1σ. The hydrophobic effect is compensated
by an attractive interaction between the tail beads as
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which describes an attractive potential with depth ε that smoothly
tapers to zero for r > rc. In our case, the decay range w is set as 1.6σ.
Electrostatic interaction between any two charged beads with charge
value qi and qj is given by the Coulomb potential

ε
=U

Gq q

r
i j

ij
Coul

0 (9)

where G is an energy-conversion constant and ε0 is the dielectric
constant. The particle−particle particle-mesh method is used to
calculate the electrostatic interactions. The interaction between other
beads is described by the Lennard-Jones potential function
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where ϵ and b are the depth of the potential well and the finite
distance at which the interbead potential is zero, respectively. All the
important parameters for the bilayer membrane and coated NPs are
listed in Table S1. Control simulations of particles with a uniform
hydrophobic or cationic hydrophilic coating were performed with the
same parameter setting as for Janus NPs.
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