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Calcium ion-assisted lipid tubule formation†
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Self-assembled lipid tubules are unique supramolecular structures in cell functions. Lipid tubules that are

engineered in vitro are of great interest for technological applications ranging from the templated

synthesis of nanomaterials to drug delivery. Herein, we report a study to create long lipid tubules from a

mono-unsaturated lipid, 1-stearoyl-2-oleoyl-sn-glycero-3-phosphocholine (SOPC), due to the effect of

calcium ions. We found that calcium ions at mM concentrations promote the self-assembly of SOPC

lipids into inter-connected hollow lipid tubes that are mm thick and as long as a few millimeters. Higher

calcium concentration leads to an increase in the numbers of lipid tubules formed, but has little effect

on tubule diameter. Calcium ions also stabilize lipid tubules, which break up upon the removal of ions.

We showed that the lipid tubule-promoting effect is general for divalent ions. We were able to vary the

morphology of lipid tubules from thin tube to ‘‘strings of pearls’’ structures or increase the tubule

thickness by mixing SOPC with other lipids of different spontaneous curvature effects. Our results reveal

that the divalent charges of calcium ions and the asymmetric mono-unsaturated structure of SOPC acyl

chains act in combination to cause the formation of lipid tubules.

Introduction

Thin tubular membranes formed by the self-assembly of lipids
are abundant structures within cells and sometimes between
cells. Many intracellular organelles, including the trans-Golgi
network, the endoplasmic reticulum, and the transverse
tubular systems in muscle cells, consist largely of tubular
membranes. The purpose of those tubular shaped organelle

domains remains a subject of debate, but it has been hypothe-
sized that their hollow structure, high curvature and large total
surface area make them preferred sites for protein accumulation
and inter-organelle transport.1,2 Lipid nanotubes, also known as
tunneling nanotubes (TNTs), have also been found to form
between cells to facilitate long-distance intercellular transport
and signal communication. Ions, proteins, membrane vesicles
and mitochondria can be transferred between cells through
nanotube channels.3–8 Viruses such as the human immuno-
deficiency virus (HIV) have also been shown to hijack the lipid
tube network as a means to spread from an infected to a healthy
cell.9,10 In addition to their important natural roles in main-
taining cell functions and in diseases, lipid tubules are of
great interest for many materials engineering applications.
For example, they have been developed for drug delivery
because their large aspect ratio enables unique controlled
release properties.11,12 Lipid nanotubes have also been employed
as templates for fabricating inorganic nanomaterials.13–19

Because of these multiple areas of interest, extensive research
efforts have been devoted to understanding the mechanisms of
lipid tube formation and to finding a means for creating such
membrane structures in vitro.

Lipid tubules generally form in one of two possible ways.
The first way is through the self-assembly of lipids with the
appropriate chemical structures or lipid composition. A limited
number of lipids are known to be capable of spontaneously
forming tubular structures. These mainly include glycolipids,
lipids containing diacetylenic acyl chains, and mixtures of
hydroxyl fatty acids.20–24 A well-known example is the lipid
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1,2-bis(10,12-tricosadiynoyl)-sn-glycero-3-phosphocholine (DC8,9PC),
which forms chiral lipid tubules.21,24 The second way that lipid
tubules can form is through deformation of spherical lipid vesicles
due to external causes, such as the interaction of proteins or the
application of external forces. A wide variety of membrane-binding
proteins have been shown to induce tubular protrusions from
lipid vesicles, with the exact mechanism varying for different
proteins.25–28 We have shown previously that the interaction of
cationic nanoparticles with lipid membranes causes tubulation
and pearling of spherical lipid vesicles.29 Similar effects have
been found with the adsorption of polymers.30 The transforma-
tion of lipid vesicles into nanotubes can also be induced by
external forces from the application of electric fields,31,32 fluid
shear flow,33,34 mechanical pulling,35,36 or osmotic stress.37

A recent study has demonstrated that light-induced structural
changes of lipids lead to the formation of nanotubes from lipid
vesicles.38 The properties of the lipid nanotubes depend on the
formation conditions. It is therefore important to explore in
detail factors that may drive or influence the formation of
lipid tubules, so that one can understand the formation
mechanisms and develop ways to create lipid nanotubes of
desirable features.

In this study, we investigated the formation of lipid tubules
due to the effect of calcium ions (Ca2+). Ca2+ ions play
an indispensable role in a wide variety of cellular functions
ranging from signal transduction to muscle contraction. Their
binding to lipids has been shown to change the properties of
lipid membranes, including the tilting angle of lipid head-
groups, packing of lipid molecules, and spontaneous curvature
and tension of lipid membranes.39–47 But the effect of Ca2+ on
the formation of lipid tubules has been reported only in a few
studies. In our previous study, we have shown that adding mM
concentrations of Ca2+ inhibits the tubulation and ‘‘pearling’’
of giant unilamellar vesicles (GUVs) induced by cationic
nanoparticles.29 Such an effect of Ca2+ seems to reverse when
the tubulation was induced by anionic instead of cationic
nanoparticles.30 A recent study has also reported that the local
injection of Ca2+ into GUVs triggers the formation of inward
nanotube protrusions.48 All three studies concern tubulation
of existing spherical lipid vesicles. In contrast, we investigated
in this study the self-assembly of lipid tubules. Our
results show that Ca2+ ions promote the self-assembly of
a mono-unsaturated lipid, 1-stearoyl-2-oleoyl-sn-glycero-3-
phosphocholine (SOPC), into inter-connected thin lipid
tubules that can be as long as a few millimeters. Without
Ca2+ ions, SOPC lipids hardly form lipid tubules. We observed
that higher Ca2+ concentrations lead to the formation of more
lipid tubules, but have little effect on the diameter of the
tubules. Ca2+ ions are also required in stabilizing lipid
tubules, as removing them from the solution causes ‘‘pear-
ling’’ and eventual break-up of the tubular membrane struc-
ture. We found that the combination of the divalent charges of
Ca2+ ions and the asymmetric mono-unsaturated structure
of the SOPC acyl chains leads to lipid tubule formation. The
morphology of the lipid tubules can be modulated by varying
the lipid composition.

Experimental
Reagents

Phospholipids 1-stearoyl-2-oleoyl-sn-glycero-3-phosphocholine
(SOPC), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), and
cholesterol were purchased from Avanti Polar Lipids (Alabaster,
AL). Fluorescent lipid N-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-
diaza-s-indacene-3-propionyl)-1,2-dihexadecanoyl-sn-glycero-3-
phosphoethanolamine, triethylammonium salt (BODIPY-DHPE)
was obtained from Invitrogen (Carlsbad, CA). Round glass cover-
slips were purchased from Bioptechs, Inc. (Butler, PA). Ethylene-
diaminetetraacetic acid (EDTA) was obtained from Avantor
Performance Materials (Center Valley, PA).

Preparation of lipid tubules

A stock lipid solution of 1 mg mL�1 of SOPC and 2 mg mL�1

BODIPY-DHPE was prepared and stored in chloroform and
used in all experiments. Glass coverslips were cleaned via sonica-
tion in an ethanol/water mixture (1 : 1, v/v) for five minutes, rinsed
in water, and then etched with piranha solution (a mixture of 30%
H2O2 and sulfuric acid at a 1 : 3 volume ratio) for 15minutes. After
the coverslips were air dried, 6 mL of the SOPC stock solution was
added onto the coverslips and formed a thin lipid film after
chloroform evaporation. The lipid-coated coverslips were pre-
hydrated in water moisture in a sealed glass beaker for 1 hour
and then hydrated for 2 hours at room temperature in an
aqueous solution containing 100 mM sucrose and various
concentrations (0–20 mM) of CaCl2. In the EDTA experiments,
25 mL of 100 mM sucrose solution containing CaCl2 or EDTA at
indicated concentration was added to the imaging chamber
during fluorescence imaging.

Fluorescence imaging

Lipid tubules in imaging chambers were imaged using a Nikon
Eclipse Ti microscope equipped with a 40� objective and an
Andor iXon EMCCD camera. Confocal scanning fluorescence
imaging was done on a Nikon A1R-A1 confocal microscope
system equipped with a Nikon 100� oil-immersed objective
and a Hamamatsu C11440 camera (Light Microscopy Imaging
Center, Indiana University). Fluorescence images were analyzed
using ImageJ imaging software (NIH).

Results and discussion

The lipid used in our experiments was 1-stearoyl-2-oleoyl-sn-
glycero-3-phosphocholine (SOPC). It is a zwitterionic lipid with
two different acyl chains, one saturated and the other contain-
ing a double bond (Fig. 1a). To form lipid tubules, SOPC lipids
were first dried on glass coverslips to become a thin film and
then hydrated in an aqueous solution containing 100 mM
sucrose and 10 mM CaCl2. Sucrose was added to speed up
the gentle hydration of the lipid films, as shown in previous
studies,49,50 but it is not required for lipid self-assembly.
Within 30 min of hydration, thin lipid tubules started to form
spontaneously near the glass surface. The lipid tubules all
aligned nearly parallel to the surface, but their orientation with
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respect to each other was random. Some tubules were nearly
parallel to each other, while others were inter-connected
(Fig. 1b). Once formed, they remain stable for up to a day at
room temperature, but can easily be broken up by a mechanical
disturbance, such as shaking. Most lipid tubules are hollow
cylindrical lipid membranes with a diameter of approximately
1 mm, as shown in 3-D confocal fluorescence images (Fig. 1c).
Their length varies from a few hundred mm to as long as a few
millimeters. Some representative long lipid tubules are demon-
strated in Fig. 2, in which multiple fluorescence images were
‘‘stitched’’ together to show the overall length of the lipid tubule
network. As shown here, long lipid tubules are typically inter-
connected. Small lipid globules, which appeared to be small
lipid vesicles and aggregates, were found at many intersections.

To understand how SOPC lipids in dried films become
hydrated and self-assemble into thin lipid tubules, we imaged
the entire hydration process in real-time using fluorescence

microscopy (Fig. 3 andMovie S1, ESI†). We observed that the dried
lipid films started to detach from the glass substrate within only a
few minutes after hydration, and gradually transformed into thick
hollow tubules of various diameters. As the hydration process
proceeded, some thicker lipid tubules ‘‘branched’’ into multiple
tubules of smaller diameters. Some others instead elongated to
become thinner and longer tubules without ‘‘branching’’. As the
lipid films transformed into tubules, excess lipids were excluded as
lipid globules that were either attached to intersections of lipid
tubules or became dispersed in solution. From the real-time
imaging, multiple stages in the self-assembly process are clear:
the initial hydration of lipid films, lipid film detachment, trans-
formation of lipid films into hollow tubules, and a spontaneous
adjustment of the tubule morphology.

We next investigated the effect of Ca2+ concentration on the
formation of lipid tubules. When Ca2+ was not present in the
solution, only a small number of lipid tubules were observed,
but more lipid tubules were formed as [Ca2+] was increased
gradually up to 20 mM (Fig. S1, ESI†). In contrast, we found that
the concentration of Ca2+ had only a small effect on the diameter
of the lipid tubules (Fig. 4). The average diameter of individual
lipid tubules, measured in wide-field fluorescence images,
remained between E0.9 and 1.1 mm at Ca2+ concentrations of
0 to 5 mM, and it only slightly increased to E1.3–1.5 mm at Ca2+

concentrations of 10 and 20 mM.
In addition to the effect of Ca2+ on the formation of SOPC

lipid tubules, we also sought to investigate whether or not Ca2+

Fig. 1 SOPC lipids self-assemble into tubular structures in an aqueous
solution containing Ca2+. (a) Schematic illustration of lipid tubules formed
from SOPC lipids. Epifluorescence (b) and fluorescence confocal (c)
images show multiple SOPC lipid tubules and their hollow structure. Scale
bars: 20 mm.

Fig. 2 Stitched epifluorescence images show inter-connected lipid tubules
that are 41 mm in total length. Scale bar: 20 mm.

Fig. 3 Fluorescence images show the formation of lipid tubules in a
sucrose solution containing 20 mM CaCl2. Arrows indicate where thin
lipid films detach and transform into lipid tubules. Scale bars: 10 mm.

Fig. 4 Effect of Ca2+ concentration on the diameter of lipid tubules. Error
bars represent standard deviation. The insets show representative epifluor-
escence images of lipid tubules formed at [Ca2+] = 10 mM and [Ca2+] =
20 mM, respectively. Scale bars: 20 mm.
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ions are required for stabilizing the tubule structures once they
are formed. In the experiments, we formed lipid tubules in a
sucrose solution containing 10 mM CaCl2, and then added
25 mL of a sucrose solution containing 100 mM EDTA near the
lipid tubules. EDTA was used because it chelates with Ca2+ and
was expected to remove or reduce the concentration of Ca2+

near the outer membrane of the lipid tubules. We observed that
the lipid tubules underwent a dramatic shape transformation
within seconds after the addition of EDTA: they appeared
‘‘rippled’’, transformed into a structure resembling a string of
pearls, and then eventually broke up into small individual lipid
globules (Fig. 5a). To test whether the lipid tubules were
destabilized by mechanical disturbance from the local injection
of solution, we injected 25 mL of a sucrose solution containing
10 mM CaCl2 before adding EDTA. The lipid tubules remained
stable under the influence of the fluid flow, indicating that the
observed shape transformation of lipid tubules was not caused
by the injection of EDTA solution. We also performed control
experiments to exclude the possible effect of osmotic stress on
the EDTA-induced lipid tubule destabilization. In the control
experiments, an equivalent volume of a sucrose solution con-
taining 100 mM CaCl2 instead of 100 mM EDTA was added to
the lipid tubule medium. Despite the higher concentration of
Ca2+ added locally, no changes to the morphology of the lipid
tubules were observed, confirming that the lipid tubule break-
up is not due to the osmotic stress effect (Fig. 5b). These results
together demonstrate that the removal of Ca2+ outside of the
lipid tubules destabilizes the structure of SOPC lipid tubules
and induces them to transform from hollow tubes into lipid
globules. We have shown previously that adsorption of cationic
nanoparticles on one side of lipid membranes can induce a
mismatch in membrane spontaneous curvature, which causes
spherical vesicles to change shape into long ‘‘strings of pearls’’
at 0.01 nM concentration of nanoparticles and break up into
individual smaller vesicles when the nanoparticle concen-
tration increases to 1 nM.29 Here, the lipid tubules appeared

to undergo a similar shape transformation. This led us to
speculate that a spontaneous curvature effect is also involved
in the destabilization of lipid tubules. Studies have shown that
divalent cations, such as Ca2+, bind to dipolar headgroups of
zwitterionic lipids.39,51 The strong binding of Ca2+ changes the
tilting angle of the lipid head groups, which consequently may
change the spontaneous curvature of lipids and induce lateral
compression of the lipid bilayer.39–47 Our results suggest that
the presence of Ca2+ on both sides of the lipid membrane is
required for maintaining the large curvature of the lipid
tubules. It is possible that the removal of Ca2+ from one side
of the lipid bilayer creates a mismatched spontaneous curvature,
causing the lipid tubules to collapse.

We then asked whether lipid tubules would still form if Ca2+

was replaced by some other types of cations. When MgCl2 was
added to the sucrose hydration buffer in place of CaCl2, thin
lipid tubules were formed at [Mg2+] = 5 mM and 20 mM, but
fewer tubules were observed than with the same concentration
of Ca2+ (Fig. S2, ESI†). The slightly lesser tubule forming effect
of Mg2+ agrees with a previous report that Ca2+ is more effective
in inducing lipid clustering in phosphatidic acid-phospha-
tidylcholine membranes than Mg2+.52 Unlike Ca2+ and Mg2+

ions, the presence of Na+ or Al3+ did not promote the formation
of lipid tubules. The results demonstrate that divalent cations
are critical for the formation and stability of the SOPC lipid
tubules.

In addition to the effect of Ca2+ ions, we also noticed that the
asymmetric structure of the acyl chains of SOPC is required for
the lipid tubule formation, as the lipid 1,2-dioleoyl-sn-glycero-3-
phosphocholine (DOPC), which is structurally similar to SOPC
except that it has two identical mono-unsaturated acyl chains,
only formed spherical lipid vesicles under the same experi-
mental conditions. The results together led us to hypothesize
that the membrane spontaneous curvature plays a crucial role in
determining the formation and morphology of the lipid tubules.
Because the spontaneous curvature of a lipid membrane is a

Fig. 5 Effect of Ca2+ on the stability of lipid tubules. (a) Removal of Ca2+ by the addition of EDTA destabilizes the lipid tubules. (b) Lipid tubules remain
stable in control experiments, in which an aqueous CaCl2 solution was added instead of EDTA solution of the same concentration. Scale bars: 20 mm.
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collective property due to the interactions between individual
lipid molecules, we speculate that mixing lipids of different
spontaneous curvatures can lead to changes in the overall spon-
taneous curvature of the membrane and thus the morphology of
lipid tubules. We tested this hypothesis by mixing SOPC with
other lipids of different spontaneous curvatures. We first mixed
SOPC with 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) at
various molar ratios. DPPC is expected to have a significantly
more positive lipid curvature than that of SOPC at room tempera-
ture due to its two saturated acyl chains.53 Lipid films obtained
from the SOPC/DPPC mixtures were hydrated at 60 1C, a tem-
perature higher than the gel-to-liquid phase transition of both
DPPC and SOPC, and were then imaged at room temperature.
When SOPC and DPPC were mixed at either a 1 : 1 or 1 : 2 molar
ratio, straight and long lipid tubules were no longer observed.
Instead, we found membrane structures that resemble long
strings of ‘‘pearls’’, in which elongated vesicles were connected
via lipid tubules (Fig. 6). The elongated vesicles became larger and
more round with a higher content of DPPC. We did not observe
large-scale phase separation of the SOPC and DPPC lipids,
judging from the relatively homogeneous distribution of fluores-
cent lipids in the ‘‘pearling’’ membrane strings. Due to the
diffraction limit, we could not identify in the fluorescence images
whether microscale lipid segregation occurred. In a separate
experiment, we mixed SOPC with another curvature-modulating
molecule, cholesterol. Cholesterol has been shown to induce a
negative curvature when mixed with lipids that have unsaturated
acyl chains, but induce a positive curvature in the presence of
saturated acyl chains.53,54 We observed that the addition of a
small percentage of cholesterol (5 mol% and 10 mol%) led to
the formation of thicker lipid tubules (Fig. S3, ESI†). The results
here demonstrate that the lipid tubule morphology can be
varied by changing the membrane composition, and confirm
the hypothesis that the membrane spontaneous curvature plays
a crucial role in determining the formation and morphology of
the lipid tubules.

Conclusions

Here we investigated the role of calcium ions in the formation
of lipid tubules from SOPC, a mono-unsaturated lipid. By using
real-time fluorescence imaging, we directly observed the

dynamic process by which SOPC lipids self-assemble into long
inter-connected mm-thick lipid tubules from dried lipid films.
We found that higher Ca2+ concentrations promote increased
formation of lipid tubules, but have little effect on the diameter
of the tubules formed. Once lipid tubules are formed in such a
medium, Ca2+ ions stabilize them. The removal of Ca2+ from
the solution causes the tubules to ripple and eventually break
up into small lipid globules. In general, the formation of lipid
tubules requires the presence of divalent cations, but Mg2+

leads to a lower abundance of lipid tubules formed than Ca2+.
We were able to control the formation and morphology of the
lipid tubules by mixing SOPC with lipids of different sponta-
neous curvatures. For example, mixing SOPC with DPPC leads
to the formation of ‘‘pearl string’’ like membrane structures,
whereas adding cholesterol resulted in thicker lipid tubules.
Based on the results, we propose that Ca2+ ions facilitate lipid
tubule formation in SOPC because their binding to the lipid
headgroups changes its spontaneous curvature. This spontaneous
curvature effect combined with the unique mono-unsaturated
structure of lipids is necessary for stabilizing the large curvature
of the lipid tubules. Given the significance of calcium ions in cell
functions and the abundance of tubular membrane structures in
biological systems, our study suggests that calcium ions might
potentially play an important role in the formation and stabili-
zation of the tubular subcellular structures.
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