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Although the underlying mechanisms of pelvic organ prolapse (POP) remain unknown,
disruption of elastic fiber metabolism within the vaginal wall extracellular matrix (ECM)
has been highly implicated. It has been hypothesized that elastic fiber fragmentation cor-
relates to decreased structural integrity and increased risk of prolapse; however, the
mechanisms by which elastic fiber damage may contribute to prolapse are poorly under-
stood. Furthermore, the role of elastic fibers in normal vaginal wall mechanics has not
been fully ascertained. Therefore, the objective of this study is to investigate the contribu-
tion of elastic fibers to murine vaginal wall mechanics. Vaginal tissue from C57BL/6
female mice was mechanically tested using biaxial extension—inflation protocols before
and after intraluminal exposure to elastase. Elastase digestion induced marked changes
in the vaginal geometry, and biaxial mechanical properties, suggesting that elastic fibers
may play an important role in vaginal wall mechanical function. Additionally, a constitu-
tive model that considered two diagonal families of collagen fibers with a slight prefer-
ence toward the circumferential direction described the data reasonably well before and
after digestion. The present findings may be important to determine the underlying struc-
tural and mechanical mechanisms of POP, and aid in the development of growth and
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1 Introduction

The descent of the female pelvic organs due to the loss of
structural support, known as pelvic organ prolapse (POP), is a
prevalent disorder. Each year, an estimated 225,000-280,000
women undergo surgery for POP in the U. S. with another
120,000 requiring reoperations [1]. POP corrective surgery costs
the U.S. more than $1 billion per year [2], a number that is likely
to increase in the next 10 years as the demographics shift to an
increasingly elderly and obese population. Additionally, patients
typically develop POP between the ages of 50 and 70. Therefore,
without adequate treatment, many women could potentially be
dealing with issues such as incomplete bladder emptying, defeca-
tory dysfunction, sexual dysfunction, discomfort, poor self-image,
limitations in physical activity, and a reduced quality of living [3]
in the later portion of their lives [1].
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Progress toward understanding the underlying mechanisms of
POP has been limited, in part, due to a lack of knowledge of the
basic science of the vaginal wall and the surrounding pelvic sup-
port structures [4]. In particular, limited information is available
on the microstructural composition and structure—function rela-
tionships within the vaginal wall. Four distinct layers comprise
the vaginal wall: the epithelium, subepithelium, muscularis, and
adventitia [5-7]. The epithelium is the innermost layer and con-
sists of stratified squamous epithelial cells [7]. The outermost
layer, the adventitia, is composed of loose connective tissue. The
subepithelium and muscularis, which together form a fibromuscu-
lar layer between the epithelium and adventitia, provide most of
the vaginal wall support, both longitudinal and central [7]. The
muscularis contains an inner, circumferentially oriented and an
outer, longitudinally oriented sheet of smooth muscle [8] and pro-
vides active support to the vagina [5]. The subepithelium is a
dense connective tissue layer composed primarily of collagen and
elastic fibers, and provides a large degree of passive mechanical
support [5,6]. Thus, collagen and elastic fibers are two of the main
load-bearing constituents in the vaginal wall. Their quality and
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quantity are dependent upon a precise equilibrium between syn-
thesis, maturation, and degradation, subjecting the tissue to a con-
stant remodeling [7]. Further, studies in other soft tissues suggest
that the two constituents are functionally linked, and that a loss of
elastic fibers decreases collagen fiber undulation and subsequently
alters tissue stiffness [9-11]. The homeostatic maintenance of
these constituents is essential for normal pelvic support; however,
the organization and orientation and interactions between collagen
and elastin within the vaginal wall remain unknown.

Pelvic support is maintained by the levator ani muscles, as well as
the vagina and its connective tissue attachments. While levator ani
injury is well established as a potential mechanism of POP [12,13], a
large proportion of prolapse cases exhibit no evidence of muscle
injury [14]. Furthermore, weakness or failure of the vaginal wall and
certain ligaments of the uterus has been associated with POP, specit-
ically, the cardinal and uterosacral ligaments, which are heavily
involved in providing level-I support that is often absent in cases of
prolapse [4,15-19]. Tissue weakness arises following a disruption in
matrix protein metabolism, such as altered collagen and elastic fiber
turnover [20-22]. Disruption of elastic fiber metabolism within
the vaginal wall extracellular matrix (ECM) has been highly impli-
cated in POP pathogenesis [23-28]. Several studies have demon-
strated that elastopathic knockout mice (i.e., mice missing genes
crucial for production and maintenance of elastic fibers) readily
develop prolapse [24,29-31]. Additionally, increased levels of
matrix metalloprotease activity have been observed in the vaginal
wall of prolapsed mice [30-33]. Compromised elastic fiber integrity
may lead to an increase in matrix metalloprotease activity within the
vaginal wall extracellular matrix, which may increase the degrada-
tion of collagen fibers and compromise vaginal wall mechanical
integrity [25]. In addition to the aforementioned biochemical role,
elastic fibers may also contribute to vaginal wall mechanical integ-
rity by providing tissue resilience and recoil as observed in other soft
tissues [25,26,34]. Hence, the combined effect of elastic fiber altera-
tion and collagen turnover may affect the biomechanical properties
of the vaginal wall and contribute to the development of POP [25].
The role of elastic fibers in normal vaginal wall mechanics, however,
is not fully understood [24,25,27,35].

Elastic fibers are composed of elastin and fibrillin microfibrils,
and are major components of several soft tissues including skin,
lungs, and vasculature [36-38]. Elastin is the primary component
of mature elastic fibers (90% elastin), while the microfibrils are
primarily located within the outer mantle [39]. Elastin enables tis-
sues to store energy and deform under physiologic loads, and sub-
sequently use that energy to recoil back to a reference state. Loss
of elastin has been implicated in a variety of soft tissue diseases
including vascular disease [37], altered lung function [40], skin
pathologies [41,42], and premature cervical remodeling [43-45]
in addition to POP. Hence, elastase treatment has commonly been
used to degrade elastin in soft tissues in order to quantify its
mechanical and structural role including studies in arteries, ten-
dons, ligaments, intervertebral disks, esophagus, and lungs
[9,10,46-53]. To date, these studies have yielded important
insights regarding the role of elastin in tissue recoil, resistance to
deformation in the low-stretch regime or “toe-region,” as well as
its potential role in stabilizing collagen fiber undulation cf.
[9,10,36-38,47]. Few studies to date, however, have quantified
the effect of elastase digestion on tissue undergoing biaxial load-
ing [9,54-57], whereas biaxial mechanical tests—particularly
inflation—extension tests are important as they preserve the tis-
sue’s native geometry and mimic physiologic loading conditions
[58,59]. The effect of elastase digestion on the vagina, however, is
currently unknown. Therefore, the objective of this study is to
assess the contribution of elastic fibers to the biaxial mechanical
properties of the murine vaginal wall via elastase digestion.

2 Methods

2.1 Specimen Preparation. All animal care and handling
protocols were approved by the Tulane University Institutional
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Animal Care and Use Committee. Female C57BL/6 mice (4—6
months old) were monitored in accordance with Institutional Ani-
mal Care and Use Committee guidelines, sacrificed while in
estrus, and stored in a freezer at —20°C. Note that Rubod et al.
identified no significant effect of freezing on vaginal wall passive
mechanical behavior [60]. Following one freeze-thaw cycle, the
reproductive tract was excised, and the vaginal tissue was sepa-
rated from the rest of the reproductive system by a cut made at the
border between the cervix and vagina. Upon excision from the
body cavity, the vagina retracted (shortened). Thus, the extent of
this retraction was estimated by measuring the in situ to ex vivo
change in length between stain lines placed during dissection [61].
This measurement will henceforth be referred to as the estimated
physiologic (i.e., in vivo) axial stretch (21" ).

2.2 Mechanical Testing. To assess biaxial mechanical proper-
ties while maintaining native tissue geometry, inflation—extension
testing was performed [62,63]. Geometrically intact specimens were
cannulated in Hank’s Balanced Saline Solution (HBSS) within a
pressure myograph system (Danish Myo Technology, Aarhus,
Denmark). Tissues were secured to the ridged cannulas using two
6-0 silk sutures per cannula. The unloaded length was identified by
discerning the point at which the tissue began to buckle and was
then recorded using a hand-held digital micrometer [62]. Vaginal
samples frequently collapsed at 0 mmHg; hence, the outer diameter
at 4 mmHg was selected as the unloaded diameter and was recorded
using an Eclipse TS100 video-microscope (Nikon, Melville, NY)
[62]. As described previously [62], the axial force was zeroed while
the tissue was in the unloaded configuration, and the tissue length
was adjusted based on the estimated physiologic axial stretch. Sam-
ples underwent five cycles of pressure—diameter (P—d) precondition-
ing (P =0-25mmHg) while axial length was held constant at the
estimated physiologic axial stretch, and five cycles of force—length
(F-1) preconditioning (4. =4% below to 4% above the estimated
physiologic axial stretch), while pressure was held constant at
8 mmHg (x1/3 of the max pressure [61]). Since the vagina recoiled
following extraction, previously published methods were utilized to
identify and then test the tissue at the physiologic axial length
[63,64]. From the P—d tests, the physiologic axial stretch was esti-
mated (control: 1.14 = 0.01; treatment: 1.15 £ 0.01) by identifying
the axial stretch at which the transducer-measured force remained
constant for increasing values of intraluminal pressure (Fig. 1(a))
[61,63]. To theoretically confirm the experimentally estimated phys-
iologic axial stretch as described by van Loon [65], F-I tests
(4. = 4% below to 4% above the estimated physiologic axial stretch)
at four different pressures (2, 8, 17, and 25 mmHg) were performed
(Fig. 1(b)) [61,63]. The axial stretch ratio at which the force—axial
stretch response for all or most of the four pressures intersect is the
confirmed physiologic (i.e., in vivo) axial stretch (A’ *"). Following
another five cycles of P—d conditioning, the tissue was allowed to
equilibrate for 15 min at § mmHg at the physiologic axial stretch.
Specimens then underwent P—d tests (P = 0-25 mmHg) at the con-
firmed physiologic axial stretch, and at 4% above and below.
Required elastase concentration and treatment duration were deter-
mined experimentally via pilot studies, and treatment with 15U of
porcine pancreatic elastase (Worthington Biochemical, Lakewood,
NJ) for 45 min was found to induce the largest change in mechanical
properties consistently and repeatedly. Longer incubation times
resulted in tissue damage and leakage during pressurization. Thus,
following mechanical testing of control tissues, specimens (7 = 8)
were intraluminally treated with 15U of elastase for 45min [9].
Post-treatment, tissues were flushed with HBSS; the reference con-
figuration was established by re-estimating the unloaded length and
the physiologic axial stretch, and the preconditioning and mechani-
cal testing protocols were repeated.

2.3 Mechanical Test Data Analysis. P-d and F-I test data
were taken from the last loading cycle of the tests and processed
by averaging over intervals of pressure and axial stretch,
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Table 1: (a) the nearly constant transducer-measured axial force occurs at the estimated physi-
ologic (in vivo) axial stretch ratio and (b) the point of intersection of force-length (extension)
tests performed at constant, multiple luminal pressures further confirms the estimated in vivo
axial stretch ratio. The dashed vertical line represents the estimated in vivo axial stretch.

respectively, using a custom MATLAB code (MathWorks, Natick,
MA) [61]. Vaginal wall-average circumferential (gg) and axial
() Cauchy stresses were then calculated, respectively, as [66]

Pr;
(609) = —— ()
o —Ti
o) = m‘izP + F, @
)

where intraluminal pressure, P, and the transducer-measured
force, F,, are measured on-line; deformed outer radius, r, is calcu-
lated from on-line measurements of the outer diameter; and
deformed inner radius, 7; is obtained by assuming conservation of
volume (i.e., incompressibility)

V =n(R>—R?)L 3
n=1r-< @)
il

where R, and r, are the undeformed and deformed outer radii,
respectively. R; and r; are the undeformed and deformed inner
radii, respectively. R; is calculated from the unloaded wall thick-
ness determined during opening angle experiments (Sec. 2.5). L
and / are the unloaded and loaded axial lengths, respectively, and
V is the mean volume. Circumferential (1¢), axial (4,), and radial
(/) stretches were calculated as follows:

Fmid
/
0 Rmid (5)
1
), = — 6
=7 (6)
, 1
M e M

where 7ryig and Rp;q represent the deformed and undeformed mid-
wall (average) radii, respectively. Following the approach of Le
et al. [67], vaginal tissue average compliance was computed as
the change in diameter divided by the corresponding change in
luminal pressure. This was computed at pressure values of 2.5, 5,
10, 15, and 20 mmHg pre- and postdigestion.

Journal of Biomechanical Engineering

2.4 Constitutive Modeling: Two Fiber-Family Holzapfel-
Gasser-0Ogden Model. The use of hyperelastic theory in model-
ing of soft tissues has been instrumental to the elucidation of
structure—function relationships in healthy and diseased states
[9,54,68]. Particularly, microstructurally motivated strain energy
functions have been insightful, as they allow for the delineation of
the unique roles of structural ECM components—elastic and col-
lagen fibers. Hence, after a pilot study, the two fiber-family Hol-
zapfel-Gasser—-Ogden (HGO) strain energy function was selected
[69,70]

2 k . 2
W:g(n ~3)+ Y W where W¢ :%{e[“é(’ﬁf‘)] - 1}
=1 )

®)

The first term is the neo-Hookean function for the isotropic ground
substance (refers to the noncollagenous substances such as: glyco-
proteins, proteoglycans, glycosaminoglycans, and amorphous elas-
tin), and the second term quantifies the behavior of two symmetric,
diagonally oriented families of collagen fibers (k = 1, 2) with simi-
lar model properties (i.e., {35! = 452 = ¢1,). > 0 is the shear
modulus of the ground substance when isolated in the reference
configuration, ¢; > 0 is a modulus-like material parameter, and
¢ > 0 is a dimensionless parameter. ¢; and ¢, are related to the
collagen fiber stiffening in the small and large strain regimes,
respectively [71]. The strain energy function was implemented in a
transversely isotropic framework for W = W(l 1,14) [72]

ow 2. oW
=—pl+2—b+2) —FMf @ FM* 9
c pl+ al, + T ® ©

where ¢ is the Cauchy stress, p is the Lagrange multiplier,
I, = trC, and I{ = M* - CM* are the first and fourth invariants of
the right Cauchy-Green strain tensor (C = F'F), respectively.
b=FF" is the left Cauchy-Green strain tensor, and
F = diag[/,, g, /.] is the deformation gradient tensor. M’ =
[0, sino, cosat] is the preferred direction of the collagen fiber fam-
ily in the reference configuration, and o is the average orientation
of the family of collagen fibers from the long axis of the vagina,
hence, I% = 22sin*a* + A2cos®a*. The theoretical expression for
the luminal pressure P is obtained via the integration of the
radial component of the linear momentum equilibrium equation
(V - 6 = 0) while enforcing radial boundary condition at the inner
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Table 1
and postelastase digestion

Optimized parameter values for the HGO model with measures of goodness-of-fit for murine vaginal samples (paired) pre-

est fyest

Sample 1 (kPa) c1(kPa) e o (deg) R? RMSE )iy i
Control

Sample #1 2.51 0.28 19 54.3 0.98 0.10 1.13 1.21
Sample #2 2.11 0.22 48 54.9 0.97 0.15 1.10 115
Sample #3 0.81 0.66 55 55.1 0.99 0.10 1.08 1.13
Sample #4 1.90 0.12 40 54.0 0.98 0.16 1.13 1.14
Sample #5 4.73 0.01 359 56.1 0.91 0.18 1.04 1.12
Sample #6 3.06 5.28 110 56.1 0.98 0.10 1.02 111
Sample #7 5.45 0.01 162 543 0.96 0.16 1.06 1.14
Sample #8 2.63 0.36 73 55.0 0.98 0.13 1.07 112
Mean 2.90 0.87 108 55.0 0.97 0.13 1.08 1.14
SEM 0.54 0.63 39 0.3 0.01 0.01 0.01 0.01
Treatment

Sample #1 1.17 0.02 129 56.4 0.97 0.12 1.06 1.20
Sample #2 1.10 1.04 93 56.5 0.98 0.11 1.05 115
Sample #3 0.28 2.88 108 57.5 0.99 0.11 1.03 115
Sample #4 0.91 0.02 107 56.5 0.92 0.22 1.09 1.17
Sample #5 5.59 0.09 253 56.3 0.93 0.16 1.03 1.12
Sample #6 3.16 0.65 122 55.6 0.98 0.11 1.05 111
Sample #7 5.65 0.003 105 53.8 0.93 0.19 1.10 1.16
Sample #8 2.69 0.18 55 53.8 0.97 0.15 L11 112
Mean 2.57 0.61 121 55.8 0.96 0.15 1.06 115
SEM 0.74 0.35 20 0.5 0.01 0.01 0.01 0.01

radius (i.e., P), assuming zero pressure at the outer radius [63,66].
The optimal objective function chosen [73] to be minimized pro-
vides a good fit compromise between low and high strains [63]

N Pth — pexp 2 Ftth _ Ftexp 2
€= Z ( HEXp > + = exp
g P i F, ;

i=1

(10)

where the superscripts th and exp denote theoretical and experimen-
tal, respectively. N is the total number of data points per sample.

To evaluate changes induced by elastase digestion, data from
all three P—d tests performed were simultaneously fitted for the
control and elastase groups, respectively. Data from P—d tests con-
ducted at 4% below the estimated physiologic axial stretch, how-
ever, were frequently negative in both the control and elastase
groups indicating buckling [54]. Pilot modeling results indicated
the HGO model did not yield acceptable descriptive capability
when data for the P—d tests conducted at 4% above were included,
due, in part, to the relatively high axial force values observed
(~140 mN) (Supplemental Fig. 1, which is available under the
“Supplemental Data” tab for this paper on the ASME Digital
Collection). From these observations, one may infer that tests at
* 4% above the estimated in vivo axial stretch might be outside
of the physiologic range [74]. Hence, constitutive modeling was
used to describe vaginal behavior from the P—d test conducted at
the estimated in vivo stretch only, before and after digestion.

2.5 Parameter Fitting and Sensitivity Analysis. Within a
custom Python program, the differential evolution algorithm for
global optimization was employed to minimize the objective func-
tion (i.e., Eq. (10)) [75]. Differential evolution is a stochastic opti-
mizer which samples the objective function at multiple, randomly
chosen points within the domain resulting from the parameter
bounds provided to create an initial solution population. Mutation
and recombination are performed to arrive at the best solution
[76]. The algorithm was run multiple times to ensure repeatability
of optimized values, thereby ascertaining the uniqueness of
parameter values obtained. Lower and upper bounds for the model
parameters were set at values that yielded best-fit parameter val-
ues. The following constraints were placed on the parameters:
u,c1 € (0,10]kPa, ¢, € (0,1000], and « € [0,7/2]. Along with

021011-4 / Vol. 141, FEBRUARY 2019

the coefficient of determination (R2), the root-mean-square error
(RMSE) was used to assess the goodness-of-fit of the model

e
RMSE = /-
\/;

To assess the model’s sensitivity to its parameters and the associ-
ated treatment-induced changes, local sensitivity analysis was per-
formed about the optimized average model parameter values by
computing nondimensional local sensitivity indices [77] as follows:

an

12)

where x = u, ¢y, 2,0, and o;;(ij = 00, zz) are the components of
the Cauchy stress tensor.

2.6 Opening Angle Measurement. Since each sample was
treated as a control, then with elastase and tested postdigestion,
opening angle experiments could be performed only on the treated
samples following mechanical assessment. Hence, additional sam-
ples from C57BL/6 mice at estrus were used for opening angle
control test. In order to ensure that the lack of treatment was the
only variable, these control samples were also subjected to the
same extension—inflation test protocol [62]. For the elastase
treated samples, of the eight samples tested mechanically postdi-
gestion, opening angle tests were performed on six, the other
two were used for pilot study relating to microstructural analysis.
Following inflation—extension testing, a ring (~0.5 mm thick) was
excised from the center of the tissue, at the point at which the
outer diameter was tracked. Following a 30-min equilibration in
HBSS, the ring was imaged with a Moticam 580 microscope cam-
era (Motic, Richmond, BC, Canada). A radial cut was introduced
to the anterior section of the ring, and following another 30-min
equilibration, the near-zero stress state was imaged. The opening
angle (a measure of residual stress) was measured from the mid-
point of the inner wall to the outer edges on either side of the cut
using the angle tool in ImageJ (NIH, Bethesda, MD) [66,78].

2.7 Constituent Area Fraction. Specimens were fixed in
10% formalin and embedded in paraffin. Sections (thickness
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Fig. 2 Fits of the HGO model to experimental (pre- and post-treatment with elastase) data
(mean=SEM, n =8, paired): (a) intraluminal pressure versus outer diameter: a rightward shift
was observed post-treatment, indicating dilatation of the vagina, (b) wall-averaged circumfer-
ential Cauchy stress versus circumferential stretch ratio: a rise was observed post-treatment,
indicating increased structural stiffness circumferentially, (c) wall-averaged axial Cauchy
stress versus circumferential stretch ratio, (d) wall-averaged axial Cauchy stress versus axial
stretch ratio, (e) the transducer-measured axial force versus pressure, which remained nearly
constant with increasing pressure, and (f) the sum of transducer-measured force and force
due to increasing intraluminal pressure versus pressure: the increased separation at higher
pressures is attributable to dilated lumen (increased inner radius) of the elastase-treated
vagina
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~4 um) were cut circumferentially and then stained with
Masson’s trichrome (MTC), Picrosirius red (PSR), and Hart’s
elastin stains to detect smooth muscle, collagen, and elastin,
respectively (for each stain: n =6 for control, n =35 for elastase-
treated). All images were obtained using an Olympus BXS51
microscope with a DP27 camera (Olympus, Tokyo, Japan). Area
fraction calculations did not incorporate values from the epithe-
lium, which is considered to be a non load-bearing layer [66]. To
quantify the ratio of type-I to type-III collagen before and after
elastase digestion, PSR images were analyzed using a custom MAT-
LAB code (Mathworks) that calculates the area fraction by deter-
mining the ratio of red and orange (type-I), and green and yellow
(type-11I) pixels to the total pixel count [68,79]. MTC images
were analyzed using Image J’s color deconvolution plugin to iso-
late specific colors based on pixel values, resulting in composite

u \\Xxx%x»o!‘?‘
-0 1
—— (1
'8 1 —-& C2
——
-10 T T T
1.00 1.05 1.10

-10

1.05 1.10

Ag

Fig. 3 Holzapfel-Gasser—-Ogden model sensitivity in the (a)
circumferential and (b) axial directions, pre-elastase (solid
lines) and postelastase (dashed lines) treatment. Pre- and post-
treatment, the model was most sensitive to the collagen-
associated nondimensional parameter—c, and the alignment
angle-«. Relative to control, post-treatment, the influence of the
two parameters increased the most in both directions. Sensitiv-
ity indices were computed using optimized model parameters
for averaged data (n = 8/group, for control and elastase).

1.00

021011-6 / Vol. 141, FEBRUARY 2019

red (smooth muscle) and blue (collagen) images [78,80]. Next,
GNU IMAGE MANIPULATION PROGRAM was used to calculate total pix-
els and area fractions of each constituent, utilizing a grayscale
threshold to eliminate residual staining and normalize pixel val-
ues. Similarly, in analysis of Hart’s stained samples, a representa-
tive elastic fiber was selected. Then using GNU IMAGE MANIPULATION
PROGRAMS select-by-color tool, all pixels of similar values were
selected. The ratio of these stained pixels to total pixel count in
the ring was computed to be the area fraction of elastic fibers.

2.8 Statistical Analyses. To evaluate the effect of elastase
treatment on the geometry of the vaginal tissues, Student’s t-tests
were performed on unloaded geometrical parameters: outer diam-
eter (paired), and length (paired), which were measured during the
mechanical tests, and thickness (unpaired), which was measured
during opening angle experiment. Similarly, an unpaired Stu-
dent’s t-test was performed on opening angle values to evaluate
treatment effect on residual strain. Paired Student’s t-tests were
performed on the estimated circumferential and axial physiologic
(in vivo) stretches. To assess the treatment’s impact on the
mechanical contribution of the extracellular matrix (ECM) com-
ponents and on their organization, paired Student’s t-tests were
performed on optimized model parameters and on the average
compliance values. To assess histological changes, pre- and post-
treatment constituent area fractions were compared via unpaired
Student’s t-tests. All statistical analyses were performed in R [81].
Statistical significance level was set at p < 0.05, and statistical
trend at p < 0.1. Results are presented as mean * standard error
of the mean (SEM).

3 Results

3.1 Experimental Findings From Biaxial Mechanical
Tests. Intraluminal exposure to elastase for 45 min induced marked
changes in tissue geometry. A trend toward significant increase
(p < 0.06) in the unloaded outer diameter (4718 = 176 um to
5240 = 255 pum) was observed postdigestion. After treatment, the
unloaded thickness exhibited statistical trend (p < 0.09) toward
decrease (769 £ 44 um to 686 = 38 um). While the opening angle
increased (77 £ 16 deg to 92 = 24 deg), it exhibited neither statisti-
cal significance nor trend (p < 0.6). While no statistically significant
change (p < 0.4) was detected in the estimated in vivo (i.e., physio-
logic) circumferential stretch ratio (4 ), the in vivo axial stretch
ratio (A" *") exhibited statistical trend (p < 0.1) toward a significant
increase postdigestion (Table 1).
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Fig. 4 Vaginal tissue average compliance as a function of
intraluminal pressure, data = mean += SEM. Statistically signifi-
cant (*p<0.05) decrease was observed at 5 and 10 mmHg.
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3.2 Computational Findings From Biaxial Mechanical
Tests. The HGO model exhibited reasonable fits to the biaxial exper-
imental data (Fig. 2). The coefficients of determination (R?) values,
were 0.97 =0.01 and 0.96 = 0.01 pre- and postdigestion, respec-
tively. The best-fit model parameters are listed in Table 1. While
changes in the optimized pre- and post-treatment model parameters
were not statistically significant, the average ground substance shear
modulus (1) and collagen-associated, modulus-like (c¢) parameters
decreased post-treatment by 19% and 28%, respectively (Table 1).
However, the average collagen-associated, dimensionless parameter
(c2) increased post-treatment by 60% (Table 1). Post-treatment, the
mean orientation/alignment angle (x) of the collagen fiber families
was nearly unchanged (2% increase) and indicated a bias toward the
circumferential direction (pre: 55.0%0.3 deg and post: 55.8 £0.5deg,
as measured from the longitudinal axis) (Table 1).

Pre- and postdigestion, local sensitivity plots show that the
biaxial mechanical response of the tissue was mostly influenced
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by ¢, and « (Fig. 3). Postdigestion, biaxially, the influence of both
parameters increased the most, relative to control (Fig. 3).

Post-treatment, a statistically significant decrease in average
compliance was observed at 5 and 10mmHg; however, average
compliance was not statistically significant outside of this pressure
range (Fig. 4). Finally, having found the HGO model to have rea-
sonable descriptive capability for the modeled P—d test data, its
predictive capability [66] was assessed by fitting the model to the
F—I test data at constant pressures (Supplemental Fig. 2, which is
available under the “Supplemental Data” tab for this paper on the
ASME Digital Collection).

3.3 Constituent Area Fraction. No statistically significant
changes in type-I and type-III collagen area fractions were identi-
fied for samples pre- (45%, 29%) and post- (48%, 26%) elastase
treatment (Figs. 5(a)-5(d)). Smooth muscle area fractions of 7.7%
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Fig. 5 Histological section samples stained with: (a)—-(d) PSR, (e)—(h) MTC, and (i)—(/) Hart’s

elastin stain.

Elastic fiber area fraction exhibited statistically significant decrease

post-treatment. For all stains, area fraction analysis was performed using images acquired at
4x objective. In the 20x and 40x (Supplemental Fig. 3, which is available under the
“Supplemental Data” tab for this paper on the ASME Digital Collection) objective images of
Hart’s stained section, a decrease in population and organization of elastic fibers is

observable.
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and 6.8% were identified pre- and post-treatment
(Figs. 5(e)-5(h)). A statistically significant (p < 0.03) lower elas-
tic fiber area fraction was observed after treatment (before: 2.4%,
after: 0.9%). Additionally, stained tissue ring images revealed
observably fewer elastic fibers in the elastase-digested samples,
along with an apparent decrease in organization and orientation
(Figs. 5(i)-5()), and Supplemental Figs. 3(a)-3(b)), which are
available under the “Supplemental Data” tab for this paper on the
ASME Digital Collection.

4 Discussion

In this study, intraluminal exposure of murine vaginal tissue to
elastase for 45min induced significant changes in the geometry
and biaxial mechanical behavior of the murine vaginal wall, simi-
lar to those seen in murine arteries [9,54]. As expected, albeit not
statistically significant, elastase treatment resulted in decreased
tissue thickness, which is consistent with the observed treatment-
induced loss in tissue constituents, change in structure, or both
(Figs. 5(1)-5(1)). Post-treatment, the increase in the unloaded outer
diameter (Table 1) and the corresponding rightward shift in the
pressure—diameter curve (Fig. 2(a)) indicated treatment-induced
dilatation of the vaginal caliber. In addition, the post-treatment
rise in the circumferential stress-stretch curve (Fig. 2(b)) was
indicative of a treatment-induced decrease in vaginal distensibil-
ity. Similar trends have been observed in murine, canine, and
rabbit carotid arteries [9,10,54,83], as well as, in human arteries
[82], and hamster lungs [83], which demonstrated a marked loss
of distensibility in the low-strain regime following digestion. Loss
of distensibility herein may stem from the substantial dilation of
the vaginal caliber following digestion, which then results in ear-
lier engagement of collagen fibers at lower pressures (i.e., loss of
crimp/undulation) similar to postulated mechanisms in arteries,
e.g., [9,10,82]. Specifically, elastic fibers in vasculature are
thought to be deposited and assembled within the prenatal period,
and then stretched as the tissue grows during postnatal develop-
ment [84]. Thus, the elastic fibers are taut and engaged at low
physiologic loads, while the collagen remains highly undulated;
therefore, contributing to the gradual stiffening behavior observed
in most soft tissues as the collagen fibers are engaged at higher
stretches [61]. Loss of elastin is thus assumed to decrease the ini-
tial undulation of collagen fibers, resulting in loss of compliance
in the low-strain regime. Supporting this, Ferruzzi et al. identified
a significant loss of collagen fiber undulation following the
removal of elastic fibers in murine carotid arteries, consistent with
a marked increase in stiffness [9]. Also, in porcine aorta, the loss
of elastin evidenced by multiphoton images resulted in rapid
recruitment of collagen fibers [57]. Similarly, Grant et al.
observed significant reduction of collagen crimp in rat tail tendons
following elastase treatment [46]; and lengthening of porcine
medial collateral ligament postelastase treatment resulted from
loss of prestress and stabilization of collagen crimp by elastic
fibers [47]. While the collagen fiber undulation of the vagina
before and after elastase digestion remains to be imaged, the
experimental and modeling findings herein support published
studies suggesting that elastin and collagen fibers may interact via
stabilizing collagen undulation, thus contributing to vaginal com-
pliance in the low-strain regime. Specifically, the post-treatment
changes observed in the sensitivity plots of the HGO model sup-
port the postulated earlier recruitment of collagen fibers due to
loss of crimp. The loss of crimp was best indicated by the rise in
the influence of ¢, postdigestion (i.e., earlier stiffening)
(Figs. 3(a) and 3(b)) observed herein.

The microstructurally motivated model used herein identified
decreases in model parameters—pu and c¢;. These parameters are
associated with the low strain regime/toe region, where elastic
fibers are postulated to dominate the mechanical response of soft-
tissues [71]. The decrease in these parameters may indicate loss of
elastic fiber and reduced collagen crimp as supported by studies in
arteries [9,54]. Note, however, that the decrease in the u
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parameter observed in this study were moderate compared to
those observed in studies in the murine carotid artery and aorta
[9,54]. This may be due, in part, to differences in elastic fiber
architecture between arteries and the vaginal wall. In arteries, the
elastic fibers are organized in the medial layer in an interconnect-
ing fenestrated network and compose ~70% of the arterial wall
[85-87]. Detailed organizational information on vaginal wall
microstructure is currently lacking [4]; however, the elastin com-
position is significantly lower (~2%). Further, vaginal elastic
fibers are regarded to be randomly oriented in the subepithelium
along with collagen fibers, and the adventitia contains circular
bundles of elastic fibers [4]. Therefore, the lack of an intercon-
nected elastic fiber network in the vagina may contribute to the
discrepancies in tissue behavior between the vagina and arteries
with elastase digestion. Future work is necessary to rigorously
quantify vaginal elastic fiber volume, organization, and interac-
tions with collagen fibers, in order to further delineate
structure—function relationships in the vagina.

Additionally, model parameters, ¢, and o, increased following
elastase digestion. These parameters are associated with the high
strain regime/linear region, where collagen fibers are fully
recruited and dominate the mechanical response of the soft tissues
[71]. Increases in the ¢, and o parameters were also observed in
prior studies in vasculature, which utilized the four-fiber family
HGO model [9,54]. Further, the increase in ¢, in this study sup-
ports the hypothesis that postdigestion, collagen fibers are
engaged earlier. Noting, however, that tensile modulus decreased
following elastase digestion in human annulus fibrosis [88] and rat
lung [50]. Additionally, a reduction in stress was reported in the
human supraspinatus tendon [89] and rat tail tendons demon-
strated no changes in linear modulus [46]. These differences may
be attributable to variations in mechanical testing techniques (e.g.,
uniaxial tensile test versus extension—inflation test) or differences
in tissue reference configurations. However, they may also indi-
cate that the structural interactions between elastin and collagen
fibers differ across soft tissues and merit further investigation.
Additionally, the sensitivity analysis identified an increase in the
influence of model parameters ¢, and o (Fig. 3), which may be
attributed to the postulated decreased collagen fiber undulation—
evidenced by the earlier rise in their influence at lower stretch val-
ues, and corresponding increased stiffness of the overall tissue
due to elastic fiber fragmentation. The increased sensitivity to col-
lagen fiber alignment angle, o (Fig. 3) exhibited by the model may
be attributed, in part, to the 2% increase in o following elastase
digestion (Table 1).

Although the changes in mechanical behavior postelastase
digestion observed herein show similar trends to that of vascula-
ture, they differ from previous findings in vaginal tissue. For
example, Rahn et al.’s stress—strain plot of the nonprolapsed
fibulin-5 knockout mice revealed an opposite shift relative to that
of the nonpregnant wild-type control. Statistically significant dif-
ferences in estimated biomechanical properties (failure load, max-
imum stress, distension, and strain), however, were not observed
in the mechanical behavior of the elastase-digested samples
reported therein [25]. However, among other differences in meth-
ods, variation in mechanical testing protocols, as well as in elastic
fiber removal strategy may account for this discrepancy. For
example, Rahn et al. conducted uniaxial tests in which rings of
midvaginal tissue were mounted between stainless steel wires, as
opposed to the biaxial extension—inflation protocols on geometri-
cally intact whole vaginal tissue performed herein [25]. Addition-
ally, the use of a genetically compromised mouse model of elastic
fiber deficiency versus elastase digestion in healthy tissues may
contribute to variations in mechanical response.

In addition to computational approach, opening angle experi-
ments are also capable of providing potential insight into fiber
undulation and elastic—collagen fiber interactions. Opening angles
are thought to arise from residual stress within a tissue, due to dif-
ference in deposition stretches of elastic and collagen fibers. In
arteries, elastic fibers are produced only during the prenatal
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period. Thus, elastic fibers undergo extensive deformations during
developmental growth and are in tension while in the in vivo state.
Collagen, on the other hand, undergoes continuous turnover
throughout aging and thus exists at a lower prestretch in vivo than
elastic fibers. The differences in undulation between these two
load-bearing constituents lead to residual stress within a tissue
[84], which is often measured via opening angle experiments.
Opening angles have been shown to significantly decrease poste-
lastase digestion in murine carotid arteries [9,10]; however, in this
study, we report the opposite for vaginal tissue. Contrary to vascu-
lature, the reproductive tract is suggested to be uniquely posed to
produce elastic fibers postdevelopment [7,90]. Continuous turn-
over of elastic fibers may impact their prestretch and thus the
overall residual stress within the vaginal wall. Characteristics of
elastic fiber turnover within the vaginal wall ECM, however,
remain unknown. Thus, there is a pressing need to identify elastic
fiber deposition time course and prestretch, as well as the effect of
these characteristics on collagen fiber undulation and organization
[27,84]. Understanding these dynamics of elastic fiber metabolism
within the vaginal wall may be crucial to understanding the etiol-
ogy of POP. Additionally, it may provide important insights into
the effectiveness of surgical intervention strategies, particularly in
understanding the microstructural environment in which meshes
are implanted and how tissue composition may affect tissue
remodeling postsurgical intervention [91,92].

This study is not without limitations; we modeled murine
vaginal wall mechanics using a two-dimensional membrane
approach. While this is an important first step in understanding
vaginal wall structure—function relationships, a more comprehen-
sive three-dimensional approach representing the vagina as a
thick-walled vessel and incorporating the residual stress through-
out the wall is required for a more robust representation of vaginal
wall mechanics and future work of developing growth and remod-
eling models [93]. Additionally, while the HGO model utilized
herein reasonably described the P—d test data, the model did not
robustly predict the F—/ test data at constant pressures (Supple-
mental Fig. 2, which is available under the “Supplemental Data”
tab for this paper on the ASME Digital Collection). This is not
unexpected as the model parameters were fitted to P—d data. How-
ever, this brings up an important issue that while the model
yielded reasonable descriptive capability for the P—d tests, the pre-
dictive capability with regard to the F—/ tests is lacking and addi-
tional efforts are necessary to refine the functional form of the
constitutive model to appropriately represent the mechanical
behavior of the vagina. Regardless, the study herein provides an
initial step toward developing microstructurally motivated models
to describe vaginal multiaxial behavior. Rynkevic et al. regarded
the comfort zone of operation of the ovine vagina as within
10-20% of the total elongation experienced during uniaxial load
to failure test [74]. Considering this and our observations from the
tests performed herein at 4% above and below the estimated phys-
iologic axial stretch, tests performed within 1-2% range of the
estimated physiologic axial stretch might be more physiologically
relevant. Additionally, the elastase concentration and incubation
time were selected following a pilot study to delineate the treat-
ment, which decreased mechanical properties while maintaining
consistent and repeatable testing conditions. Noticeably from the
imaged stained sections, while a statistically significant decrease
in elastin area fraction was observed, some elastin components
remain in the tissue following digestion; thus, it is not completely
removed from the tissue.

5 Conclusion

This study investigated the role of elastic fibers in murine vagi-
nal wall mechanics using an experimental methodology, which
mimics physiologic loading conditions and preserves the vagina’s
idealized cylindrical geometry. Elastase digestion induced marked
changes in biaxial mechanical response, suggesting that elastic
fibers may play an important role in vaginal wall mechanical

Journal of Biomechanical Engineering

function. Modeling results suggest that a constitutive model con-
sidering two diagonal families of collagen fibers reasonably
describes biaxial vaginal wall mechanical response. Furthermore,
our results suggest that elastic—collagen fiber interactions may be
important for vaginal mechanical homeostasis. The present find-
ings may help to understand the underlying mechanisms of POP
and aid in the development of growth and remodeling models for
improved assessment and prediction of changes in
structure—function relationships with prolapse development and
progression.
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