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Abstract 

The dynamics of phosphocholine and maltoside micelles, detergents frequently used for membrane 

protein structure determination, were investigated using electron paramagnetic resonance of spin 

probes doped into the micelles. Specifically, phosphocholines are frequently used detergents in 

NMR studies and maltosides are frequently used in X-ray crystallography structure determination. 

Beyond the structural and electrostatic differences, this study aimed to determine if there are 

differences in the local chain dynamics (i.e. fluidity). The nitroxide probe rotational dynamics in 

longer chain detergents is more restricted than in shorter chain detergents and maltosides micelles 

are more restricted than phosphocholine micelles. Furthermore, the micelle microviscosity can be 

modulated with mixtures as demonstrated with mixtures of 3-[(3-

cholamidopropyl)dimethylammonio]-1-propanesulfonate (CHAPS) with n-

dodecylphosphocholine (FC12), n-tetradecylphosphocholine (FC14), n-decyl-β-D-maltoside 

(DM), or n-dodecyl-β-D-maltoside (DDM). These results indicate that observed differences in 

membrane protein stability in these detergents could be due to fluidity in addition to the already 

determined structural differences.  
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Introduction 

Detergent micelles are used to mimic properties of the lipid bilayer to solubilize and stabilize 

membrane proteins. However, the physical properties of the bilayer that are important to stabilizing 

a membrane protein fold are not fully known. Systematically manipulating the mimics (e.g. 

detergent mixed micelles) allows for the possibility of exploring the physical forces and properties 

that are important to stabilizing membrane protein fold and function. In general, micelles are 

thought to be both translationally and rotationally more dynamic than bilayers (1-3). Reports of 

micelle microviscosities range from 4 -  50 cP (2-4) depending on the detergent micelle (and ionic 

strength), and range from 63 – 223 cP for a synthetic DMPC bilayer depending on the position 

within the bilayer (2) and ~50 – 140 cP in biological membranes (5).  Several scattering (6-10), 

spectroscopy (1, 11-17), and molecular dynamics (18-24) studies have investigated micelles; 

however, most of these studies have focused on the micellar structure, polarity or water penetration, 

and critical micelle concentration rather than chain dynamics. Molecular dynamics studies report 

that the chain dihedral and CH2 order parameters in dodecylphosphocholine micelles were 

comparable to that of the bilayer (24) and that the dihedral transition rate was slower in micelles 

than that of a DPPC bilayer (24, 25). A comparison of EPR studies of bilayers (26-29) and micelles 

(30-35) suggest that the rotational dynamics of the alkyl chains can be similar or different 

depending on the detergent micelle and bilayer. Micelle dynamics could be modulated by 

numerous intermolecular forces between the detergent monomers. Head group – head group 

interactions mediated by hydrogen bonds or electrostatic interactions could mediate packing and, 

thus, translational and rotational dynamics at the surface of the micelles. Restrictions in the internal 

rotational dynamics of the hydrophobic tail could be modulated by van der Waals interactions 

between the hydrophobic tails and could vary depending on structure. Similar to lipid bilayers, 
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steroid-like hydrophobic tails may have similar impacts to those of cholesterol on the rotational 

dynamics of alkyl chains of other detergent molecules. In this study, the dynamics of 

phosphocholine and maltoside micelles, detergents frequently used for membrane protein structure 

determination (36-40), were investigated using electron paramagnetic resonance of spin probes 

doped into the micelles. Specifically, phosphocholines are frequently used detergents in NMR 

studies and maltosides are frequently used in X-ray crystallography structure determination. In 

NMR experiments, the protein-detergent complexes must not interact, or exchange processes and 

increases in the size of the particles will contribute to undesirable line broadening. Therefore, 

detergents that reduce interactions between protein-detergent complexes, such as ionic and 

zwitterionic detergents, will result in quality NMR spectra. In contrast, protein-detergent 

complexes must interact with each other to form crystals and, thus, having head groups that lack 

electrostatic repulsion could explain the observed preference towards nonionic detergents. 

However, more recently, phosphocholine micelles were proposed to be denaturing and 

destabilizing to many membrane proteins (41-44). In addition, proteins can have different 

structures in different membrane mimics. For example, mitochondrial calcium uniporter structures 

determined with x-ray crystallography and cryo-EM structures in nanodiscs and maltosides (45, 

46) are different from structures determined with NMR in FC14 (47), although it is important to 

note that the protein used for NMR studies was also truncated and refolded protein from inclusion 

bodies, which could also significantly impact the protein fold. Membrane fluidity impacts 

membrane protein folding (48-50) and function (51, 52); however, the impact detergent fluidity 

has on stabilizing membrane proteins has not been well investigated, in part because the 

microfluidity of micelles is thought to be much higher than the lipid bilayer (2, 3).  
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In this study, we determined that the local chain dynamics (and, thus, fluidity) of detergent micelles 

varies significantly. The nitroxide probe rotational dynamics (which reports on fluidity) in longer 

chain detergents is more restricted than in shorter chain detergents and maltosides micelles are 

more restricted than phosphocholine micelles. Furthermore, the micelle fluidity can be modulated 

with mixtures, as demonstrated with mixtures of 3-[(3-cholamidopropyl)dimethylammonio]-1-

propanesulfonate (CHAPS) with n-dodecylphosphocholine (FC12), n-tetradecylphosphocholine 

(FC14), n-decyl-β-D-maltoside (DM), or n-dodecyl-β-D-maltoside (DDM). 

 

Experimental Methods  

Materials. Doxyl-labeled PC lipids were purchased from Avanti Polar Lipids, Ltd. (Alabaster, AL). 

The lipids arrived as a powder, and were stored at -20˚C until use. Doxyl-labeled stearic acid was 

purchased from Sigma-Aldrich. The detergents FC12, FC14, DM, DDM, and CHAPS were 

obtained from Anatrace and stored at -20 °C until use. The chemical structures of these lipids and 

detergents are shown in Figure 1. All other chemicals were purchased from Sigma-Aldrich or 

Fisher. All samples were prepared in an aqueous buffer solution (20 mM sodium phosphate pH 

6.8, 150 mM NaCl, and 10% D2O). 

Micelle Preparations. For EPR power saturation experiments, ~2 mM detergent micelles (152 mM 

FC12, 200 mM FC14, 202 mM DM, and 290 mM DDM) were prepared containing 0.1 mM doxyl 

stearic acid label (to ensure that there is more than one probe in a micelle) at the 5, 12, or 16 

position or 0.1 mM doxyl PC label at the 5, 7, 12, or 16 position in 20 mM sodium phosphate pH 

6.8, 150 mM NaCl, and 10% D2O (EPR buffer). Micelle concentrations were calculated using the 

following equation 

[micelle] = ([det] – cmc)/N                                            Eq. 1 
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where [det] is the concentration of the detergent monomer, cmc is the critical micelle concentration, 

and N is the aggregation number. Values of N for the different detergents were obtained from ref 

(8). Each sample was prepared in triplicate, and power saturation experiments were collected under 

3 conditions: under N2, under air (O2), and under N2 with 10 mM nickel-ethylenediaminediacetic 

acid (NiEDDA) added. For EPR continuous wave studies of mixed micelles, the doxyl-labeled PC 

lipids were solubilized in chloroform to a concentration of 2 mM. The labeled lipid in chloroform 

solution was aliquoted into sample vials at the appropriate volume, dried under N2 stream, and 

placed under high vacuum overnight. Appropriate volumes of 200 mM detergent micelle and 

CHAPS were diluted with EPR buffer and added directly to the vials to solubilize the dried lipid. 

The amounts to maintain the estimated 2 mM micelle concentrations were calculated using 

the following relationships 

 
1

𝐶𝑀𝐶𝑚𝑖𝑥
=  ∑

𝑥𝑖

𝐶𝑀𝐶𝑖
=  

𝑥𝑑𝑒𝑡

𝐶𝑀𝐶𝑑𝑒𝑡
+  

𝑥𝐶𝐻𝐴𝑃𝑆

𝐶𝑀𝐶𝐶𝐻𝐴𝑃𝑆
                                     Eq. 2 

 
where 𝑥𝑖  represents the mole fraction of the species in the micelle. The aggregation number 

of the mixture is calculated by weighting the pure aggregation numbers (7, 8) with the mole 

fraction of the component: 

 
𝑁𝑚𝑖𝑥  =  𝑁𝑑𝑒𝑡𝑥𝑑𝑒𝑡 + 𝑁𝐶𝐻𝐴𝑃𝑆𝑥𝐶𝐻𝐴𝑃𝑆                                      Eq. 3 

 

With the aggregation number and the cmc of the mixture, the micelle concentration can be 

estimated using Equation 1. The glass vials were vortexed briefly to ensure thorough mixing. FC12 

micelles with SA and PC derivatives were prepared in triplicate from the aliquot stage to analyze 

the error associated with power saturation measurements.  

EPR Spectroscopy. A Bruker EMX X-band CW-EPR spectrometer was used. All spectra were 

recorded at room temperature. The micelle samples were loaded into 0.6 mm I.D. capillary tubes 
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with a sample volume of around 10 μl. The EPR spectra were processed with the packaged Bruker 

EMX software, and analyzed with LabView programs provided by Christian Altenbach and 

Wayne Hubbell. 

For power saturation experiments, previously described methods were used (53-55). 

Approximately 10 μl of sample was loaded into a TPX capillary (Molspec) and equilibrated with 

air or nitrogen gas. Amplitudes of the center manifold were measured at either 12 or 13 power 

steps for most samples (in some cases a few additional power steps were required), starting from 

an attenuation of 29.0 dB and step of -2.0 dB (corresponding to a power range of 0.25 up to 158 

mW). These amplitudes and powers were plotted to determine P1/2 values for each condition. ΔP1/2 

values for oxygen and NiEDDA were calculated by subtracting P1/2 values under nitrogen from the 

P1/2 values of the sample equilibrated with air or 20 mM NiEDDA and N2. Concentrations less than 

or equal to 10 mM NiEDDA did not saturate with the power range used. The ΔP1/2 values were 

normalized by dividing by the central line width ΔH* measured at an attenuation of 20.0 dB. To 

obtain the collisional frequency, Π, for O2 or NiEDDA, the normalized ΔP1/2 value was divided by 

the normalized P1/2 value for a standard, diphenyldipicrylhydrazine. A contrast function, Φ, was 

calculated using: Φ = ln[Π(O2)/Π(NiEDDA)]. Inverse central line width and 2Azz’ were measured 

directly from the CW EPR line shapes.  

 

Results and Discussion 

Evaluation of spin labeled probes for assessing micelle dynamics and packing. Two types of 

nitroxide probes were investigated with FC12 micelles in order to assess the difference between 

the probes and the errors of the measurements. Spin labels varying in the position of the nitroxide 

were used to investigate the different micellar environments. As was previously done in lipid 
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bilayers (54), accessibility, Π, of the spin label to an apolar (O2) or polar (NiEDDA) relaxation-

enhancing reagent was measured. Standard deviations for the SA and PC power saturation data 

were on average 3% but in some cases could be up to 13% (Figure S1).  The only significant 

difference in O2 accessibility between SA and PC was observed at position 12 with the probe in a 

more apolar environment in PC than in SA (Figure S1A). The only significant difference observed 

for the NiEDDA accessibility is at position 5 with the probe having more NiEDDA accessibility 

in SA than PC (Figure S1B). Within the bilayer, Π values with 20 mM NiEDDA are very low and 

differences can be difficult to interpret. Differences in NiEDDA accessibility values between lipid 

exposed and tertiary contacts of a -helical membrane protein in a synthetic lipid bilayer are no 

greater than ~0.15 (for 20 mM NiEDDA) (56) compared to differences up to ~1 for 3 mM 

NiEDDA between solvent-exposed and buried sites in soluble proteins (57). Thus, the differences 

of ~0.03 observed in position 5 do not reflect large differences in NiEDDA accessibility between 

the PC and SA probes. The contrast function, , combines both NiEDDA and O2 accessibility, 

with high  values indicating the nitroxide is buried (i.e. excluded from aqueous solvent). The  

values for PC are higher than SA for all three positions (5, 12, and 16) (Figure S1C) suggesting 

the PC probe is overall positioned deeper into the micelle.  

Observed differences in the accessibility are due to differences in the diffusion and/or local 

concentration of the reagent, as well as, potential differences in the micelle localization of the 

nitroxide probe. Since the micelle is the same for the SA and PC probes, the local concentration 

and diffusion of O2 and NiEDDA is likely the same for FC12/PC and FC12/SA. The micelle 

localization of the nitroxide at each position could be different because SA and PC properties are 

dramatically different. PC has a large zwitterionic head group and two alkyl chains and SA has a 

population of negatively charged head groups (pKa of ~4.5 in bulk aqueous solvent and ~7.0 in a 
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zwitterionic DMPC bilayer (58)), small head group and a single alkyl chain (Figure 1). In addition, 

the chain length difference may impact the localization of the 16-doxyl due (i) to the shorter radius 

of the micelle ellipsoid for FC12 compared to FC14 (7, 8) and (ii) the previously reported 

localization of 16-doxyl towards the head group in lipid bilayers (54) and in FC12 micelles (59). 

Considering these contributors, the accessibility differences between PC and SA indicate that the 

PC nitroxide probes at position 5 and 12 are deeper inside the micelle than the SA probe. 

One striking observation is the overall small difference in  between positions for each of the 

probes (the largest difference observed is ~0.7), including the 16-position. In lipid bilayers,  

increased linearly for positions 7, 10, and 12 with the maximum ΔΦ ≈ 2.5 (54). In contrast, the 

depth parameter, , for positions 5 and 16 was similar to that of position 7 in lipid bilayers (54). 

However, the trend in the contrast function Φ in FC12 for both PC and SA (Figure S1C) indicates 

that the magnitude of the gradient in accessibility observed in bilayers is not observed. 

For both the SA and PC probes, the spin label dynamics increases as the nitroxide moiety is 

positioned further away from the head group (Figure S2). Despite the different positioning of the 

probes as observed in the accessibility measurements, the overall trends are similar between the 

two probes. There are small differences in dynamics (as evaluated by 2Azz’ and ΔHpp
-1, Figure S2) 

between the SA and PC derivatives; the 5-doxyl PC is more restricted than the 5-doxyl SA and the 

12-doxyl SA is more restricted than the 12-doxyl PC. The dynamics of the nitroxides are 

dominated by internal rotational modes about the bonds in the alkyl chain that increase as the 

nitroxide is positioned further from the head group. The difference observed in the localization 

based on the accessibility measurements may account for the dynamic differences between the SA 

and PC labels. Because (i) the PC and SA probes reported similar trends in the micelles, (ii) the 7-

doxyl position was available commercially in the PC-derivative, and (iii) the additional chain in 
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PC may allow the dynamics at the 5- and 7-doxyl positions to have greater sensitivity to detergent 

packing, the PC doxyl probes were used to investigate four different pure micelles and CHAPS 

mixtures of each. 

 

FC14 micelles are more apolar than FC12 micelles and DM micelles are similar in polarity to 

DDM micelles. The accessibility of the nitroxide to relaxation-enhancing reagents depends on the 

diffusion and solubility of the probe environment. Although it is difficult to imagine a mechanism 

that would significantly alter O2 diffusion in the micelle, if diffusion was the determining factor 

for the O2 accessibility differences between detergents with the same head group, then nitroxides 

in the longer chain detergent would have less or similar accessibility to O2 as the shorter chain. 

FC14 and DDM have higher aggregation numbers (Table S1) than FC12 and DM and, thus, could 

have a higher packing density (if the micelles were the same volume as FC12 or DM, respectively) 

or the same packing density (if FC14 and DDM micelles were larger than FC12 and DM, 

respectively). The longer chain detergents with the same head group cannot have packing densities 

less than the shorter chain micelles based on the experimentally determined micelle dimensions 

and aggregation numbers (Table S1)  (7, 8). Thus, O2 accessibility difference of detergents with 

the same head group are predominantly due to O2 solubility in each environment and, thus, polarity. 

The O2 accessibility data (Figure 2) indicates that at all positions, except the 16-doxyl, FC12 is 

more polar than FC14 and DM and DDM do not differ in polarity. The contrast function Φ values 

(Figure S3B) overall represent the polarity differences and similarities observed with the O2 

accessibility. However, at position 12, the Φ value is higher for DM than DDM. The high value is 

also observed in FC14 and is due to very low NiEDDA accessibility (Figure S3A). In proteins, 

NiEDDA accessibility values in the range of 0.1 are attributed to “steric exclusion”, that is, at 
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deeply buried sites the NiEDDA local concentration approaches zero due to packing of the protein 

that excludes molecules the size of NiEDDA. In the case of micelles, the NiEDDA accessibility 

of position 12 may approach zero at the deepest penetrating probe in the series (not the 16-doxyl 

as discussed above). Further discussion of the trends at position 12 requires a comparison of the 

maltosides to the phosphocholines. Despite all of the potential caveats, the O2 accessibility 

indicates that FC14 is more hydrophobic than FC12 at positions 5, 7, and 12. 

 

Maltoside and phosphocholine micelles have different O2 and NiEDDA accessibility. The oxygen 

accessibility at all positions is lower for the maltoside micelles than for the phosphocholine 

micelles (Figure 2). The Φ values (Figure S3B) at positions 5 and 7 are lower for the maltosides 

than the phosphocholines.  At position 12, FC14 and DM have higher Φ values because of the very 

low NiEDDA accessibility (Figure S3A) observed for FC14 and DM. The diffusion, local 

concentration, and different micelle localization of relaxation-enhancing probes are all potential 

explanations for these accessibility differences between the maltoside and phosphocholine 

maltosides.  

Different localization of the probe inside the detergent micelle can be due to different interactions 

between the PC head group and the phosphocholine or maltoside head group. To explain the 

observed accessibility data, the PC probe has to be localized more deeply in the phosphocholine 

micelles than in the maltoside micelles. One possibility is that in phosphocholine micelles the 

charged phosphate and amine groups of the probe have ionic interactions with the charged groups 

in the phosphocholine detergent, while the large maltoside head group has more polar interactions 

with the PC head group and the charged groups in PC are solvated (Figure 3). As a result of these 

different interactions, the PC probe would be deeper in the phosphocholine micelles than the 
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maltoside micelle (Figure 3). For the most part, the trends in Φ (Figure S3B) support this 

explanation, with the probe in FC14 having the highest Φ for positions 5, 7 and 12 and DDM the 

lowest. For both FC12 and DM, the interpretation is complicated by the fact that the probes at 

position 12 and 16 are longer than the detergent chain and likely can sample a large space of the 

micelle that is not representative of a localized reporter.  

In addition to the probe depth, the observed accessibility differences could be due to differences 

in the packing of the detergent monomers which could (i) modulate the microviscosity, (ii) change 

the hydrophobicity, and/or (iii) sterically exclude the relaxation-enhancing reagent. If steric 

exclusion was significantly contributing to the observed accessibility, then O2 and NiEDDA 

accessibility would be less for the more tightly packed micelle. The micelle shapes, sizes and 

aggregation numbers (number of monomers per micelle) of these micelles differ (Table S1) (7-9) 

because of the differences in the monomer shape, the length of the alkyl chain, and the head group 

charge and polarity. As explained earlier, the longer chain detergents have the potential to have 

tighter packing than the shorter chains; however, the impact of the head group is more difficult to 

compare. The extent of detergent packing can be determined by calculating the surface area or 

volume per monomer by dividing the experimentally determined volumes by the aggregation 

number and comparing the value to the volume derived from the structure of the monomer 

detergent. The larger the volume per monomer, the more loosely packed the micelle. In all cases, 

the average monomer volume calculated from the volume of the micelle is greater than the actual 

monomer volume; yet, the difference between the calculated and actual monomer volume for 

DDM is much less (Figure S5). Thus, DDM would be more tightly packed than the other detergent 

micelles; however, the micelle models derived from small angle x-ray scattering experiments have 

ranges of dimensions and aggregation numbers (7, 8) that limit the analysis. Regardless of the 
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precision, packing density due to the head groups would impact the 5, 7, and 12 positions and have 

a consistent trend in the accessibility and contrast function, which is not observed. 

The O2 accessibility data (Figure 2) implies that the interior of the phosphocholine micelles is more 

hydrophobic than the maltoside micelles. One explanation for the difference in hydrophobicity is 

that the detergent packing in phosphocholines is tighter than in maltosides. The microviscosities 

for these four detergents have not been reported; however, the values reported for both lipid 

bilayers (2, 5) and micelles (2-4) indicate potential differences that would certainly impact the 

diffusion of the relaxation-enhancing reagent. Because there are many variables that contribute to 

O2 and NiEDDA accessibility, it is likely impossible to uniquely determine the physical micelle 

properties that contribute to the observed accessibility differences. Therefore, the dynamics of the 

nitroxide probes, which reflect packing and microviscosities more directly, were investigated by 

analyzing the CW EPR spectra. 

 

Longer chain detergents are more tightly packed and have higher microviscosities compared to 

shorter chain detergents with the same head group. To investigate the variability in the fluidity of 

different detergents, the dynamics of doxyl probes in four different micelles (FC12, FC14, DM, 

and DDM) were investigated. The nitroxide motions in the micelle are predominantly determined 

by the internal bond rotations of the alkyl chain (with faster dynamics down the alkyl chain, 

increasing the probes rate and amplitude). The extent of interactions and packing of the detergent 

monomers modulates the probe dynamics and, thus, can report on the fluidity. The EPR spectra of 

the nitroxide at all positions along the chain differ between the different detergents (Figure S4). In 

both the maltoside and phosphocholine micelles, the nitroxides at all four positions are less mobile 

in the longer chain micelles (FC14 and DDM) compared to the shorter chain micelles with the 
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same head group (FC12 and DM, respectively) (Figure S4). These dynamic differences can be 

compared using the spectral parameters inverse central linewidth, ΔHpp
-1 (Figure 4), and the 

rotationally averaged hyperfine splitting, 2Azz’ (Figure 4), which are more sensitive to rates and 

amplitudes of motion, respectively (60). In three of the four positions, ΔHpp
-1 is lower and 2Azz’ is 

higher for FC14 compared to FC12, indicating that FC14 is more tightly packed than FC12 

micelles. The same trend is observed comparing DM to DDM, with DDM having the more 

restricted environment at most positions. Thus, longer chain detergent micelles have more tightly 

packed interior with higher microviscosities compared to shorter chain detergent micelles (with 

the same head group). The difference in interior micelle microviscosity as estimated based on 

standard curves determined for SA at 5, 12, and 16 positions in glycerol-ethanol (2) between FC12 

and FC14 is approximately 11 cP and between DM and DDM is approximately 12 cP. Because of 

the differences observed between SA and PC dynamics, the microviscosity was calculated from 

the linewidths of the 12- and 16-doxyl positions only. 

Maltoside micelles have higher microviscosities than phosphocholine micelles. The spectra in the 

maltoside micelles (Figure S4) indicate the nitroxide probes at all four positions are less mobile 

than those in the phosphocholine micelles. The 5- and 7-doxyl nitroxides in the maltoside micelles 

are indicative of an anisotropic motion with a restoring potential. Spectral parameters indicate that 

the nitroxide in the phosphocholine micelles are more dynamic (greater values of ΔHpp
-1 and lower 

2Azz’ values) than in the maltoside detergents (Figure 4). The 2Azz’ values of the nitroxide in DDM 

(Figure 4B) is the closest to that in the lipid bilayer (26-28) at all positions and is very similar in 

value at the 5- and 7-doxyl positions (Figure 4B). The close agreement between the maltosides 

and bilayer 2Azz’ values compared to the phosphocholine values could be explained by the 

differences in the nitroxide positions in the different micelles (Figure 3). However, the mobility 
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differences between the two head groups is observed at all positions, which implies that the 

restriction in motion is not solely due to a direct interaction between the nitroxide and the head 

group or differences in position of the nitroxide probes (Figure 3). Direct comparison of the 

positions should not be used to compare localized microviscosities because of the possibility the 

probes are at different depths in the micelle. However, overall, at all positions, the phosphocholines 

are more mobile than the maltosides. Thus, maltoside micelles are more tightly packed than 

phosphocholine micelles, resulting in a higher microviscosities in maltoside micelles than 

phosphocholine micelles. The average interior micelle microviscosities calculated from the EPR 

lineshapes (using only the 12 and 16-position) (2) for FC12 and FC14 are ~54 cP and ~65 cP, 

respectively, and for DM and DDM are ~69 cP and ~81 cP, respectively. In comparison, DMPC 

liposomes have a microviscosity of ~63 cP (as probed by the 12- and 16-positions). 

Effect of sterol-like detergents on detergent micelle dynamics. In biological bilayers, fluidity is 

modulated through mixtures of different lipids; thus, the fluidity of detergent mixtures was 

investigated. CHAPS is a zwitterionic detergent with a rigid ring structure that may modulate 

micelle packing and microviscosity. There is a more polar side of the rigid ring system that has 

three hydroxyl groups that impact how the molecules interact in the micelle (15, 19, 30). 

Nonetheless, CHAPS forms micelles and the rigid ring structure is predicted to modulate the 

fluidity of the four detergents FC12, FC14, DM, and DDM investigated. EPR spectra of 5-, 7-, 12- 

and 16-doxyl PC were recorded for binary mixtures of 8-75% CHAPS (Figure S6). Based on the 

evaluation of the line shapes and the inverse central linewidth, the 12- and 16-doxyl positions 

decrease in mobility with an increase in CHAPS concentration, while the 5- and 7-doxyl nitroxide 

dynamics are less impacted by CHAPS (Figure 5 and S6 and S7). The inverse central linewidth 

(ΔHpp
-1) is dominated by the rate of motion of the nitroxide probe, while the spectral parameter 
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2Azz’ is more sensitive to changes in the amplitude of motion (60). In phosphocholine micelles, 

the 5- and 7-doxyl nitroxides become less mobile (as assessed with 2Azz’; Figure 6) with increasing 

concentrations of CHAPS up to ~35%. Above concentrations of 50%, the nitroxides become more 

mobile with increasing concentrations of CHAPS. For DDM and DM micelles, the dynamics of 

the 5- and 7-doxyl does not change for CHAPS concentration less than 35%. The mobility of the 

12- and 16-doxyl labels decreases with increasing CHAPS throughout the entire range of CHAPS 

concentrations investigated for all four detergents. A rearrangement of the micelles at higher 

CHAPS concentrations is implied based on the EPR line shapes and in the 2Azz’ measurement; 

however, this rearrangement was not as clear from the central line width data. Concentration-

dependent structural transitions were previously reported for pure CHAPS micelles (15, 19), and 

shape transitions in binary detergent mixtures were observed when mixing prolate and oblate 

micelles (9).  

Although the localization of the probes could be different with the different detergent/CHAPS 

mixtures, the similar trends observed for all four mixtures (with the same head group and with 

different head groups) at all four positions indicates that the effect is independent of the potential 

differences in probe position. The average micelle interior microviscosities (calculated from 

standard curves for the 12- and 16-positions (2)) vary from ~54 cP in pure FC12 to ~79 cP in 36% 

CHAPS and 64% FC12 mixture, ~65 cP in pure FC14 to ~86 cP in 36% CHAPS and 64% FC14 

mixture, ~69 cP in pure DM and  ~109 cP in 36% CHAPS and 64% DM mixture, and  ~81 cP in 

pure DDM and  ~93 cP in 36% CHAPS and 64% DDM mixture (only position 16 was used in 

calculation for DM and DDM). Thus, the microviscosities of micelles, in addition to previously 

determined properties(6, 9), can be modulated with binary mixtures of detergents.  
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Conclusions 

The fluidity of detergent micelles depends on the head group and chain length of the detergent 

monomers. The more tightly packed micelles have reduced rotational dynamics and approach the 

fluidity of a bilayer. DDM and DM are strikingly less fluid than phosphocholine micelles. Fluidity 

of micelles can be modulated with CHAPS. However, micelles with greater than 50% CHAPS 

likely have structures significantly different than the pure detergent micelle. 
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Figure captions 

Figure 1. Names, abbreviations, and structures of detergents and lipids used in this investigation. 

Only the 5-doxyl spin labeled molecules are shown; however, additional spin labeled positions at 

carbons 7, 12, and 16 were also used in this study. 

Figure 2. O2 accessibility, (O2), of PC doxyl labels at positions along the alkyl chain in four 

different detergent micelles: FC12 (black squares), FC14 (black circles), DM (gray squares), and 

DDM (gray circles). The data for FC12 is identical to that in Figure S1 and error bars represent 

standard deviations of three measurements of three different samples. Dashed lines are only 

shown to guide the eye. 

Figure 3.  Potential differences in the localization of the PC probes in phosphocholine and 

maltoside micelles. The two extreme positions are presented with the alignment of the head 

groups between PC and FC12 or FC14 possibly driven by ion-ion interactions and the alignment 

between maltoside and PC driven by polar interactions and solvating the charged groups of PC. 

The black line indicates alignment of the head group, with the positioning of PC on the left 

deeper than the position on the right. Orange lines indicate the 5, 7, 12, and 16 positions with the 

deeper penetrating PC and blue lines indicate the same positions for the less penetrating PC 

localization. 

Figure 4. Inverse central linewidth, ΔHpp
-1, (A) and the averaged hyperfine splitting, 2Azz’, (B) 

of the EPR spectra for the doxyl spin labeled PC at different positions in FC12 (black squares), 

FC14 (black circles), DM (gray squares), DDM (gray circles). An increase in ΔHpp
-1 or a 

decrease in 2Azz’ corresponds to an increase in mobility. Red horizontal lines mark the 2Azz’ 

observed in an egg phosphocholine lipid bilayer for each doxyl position at room temperature 

(54.6 G, 5-SA; 54.2 G, 7-SA; 42.4, 12-SA, and 34.0 G, 16-SA) (27).  

Figure 5. Dependence of nitroxide mobility on the mole fraction of CHAPS in DM and FC12 

detergent micelles. The inverse central linewidth, ΔHpp
-1, of the EPR spectra for the PC doxyl 

moiety at positions 5 (teal inverted triangles), 7 (blue triangles), 12 (red circles), and 16 (black 

squares) in FC12 (panel A) and DM (panel B). FC14 and DDM are shown in Figure S6. 

Figure 6. Dependence of nitroxide mobility on the mole fraction of CHAPS in FC12 (black 

squares), FC14 (black circles), DM (gray squares), and DDM (gray circles) detergents micelles. 

The averaged hyperfine splitting, 2Azz’, is plotted versus CHAPS mole fraction, χ, for the PC 

doxyl moiety at positions 5 (A), 7(B), 12(C), and 16 (D). The text of the position labels in each 

panel corresponds to the color of the corresponding symbols in Figure 4. Red horizontal lines 

mark the 2Azz’ observed in an egg phosphocholine lipid bilayer for each doxyl position at room 

temperature (54.6 G, 5-SA; 54.2 G, 7-SA; 42.4, 12-SA, and 34.0 G, 16-SA) (27). 


