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ABSTRACT

Phospholipid bilayers deposited on a variety of surfaces provide models for investigation of lipid
membrane structure and supports for biocompatible sensors. Hybrid supported-phospholipid
bilayers (HSLBs) are stable membrane models for these investigations, typically prepared by
self-assembly of a lipid monolayer over an n-alkane modified surface. HSLBs have been
prepared on n-alkyl-chain modified silica and used for lipophilicity-based chromatographic
separations. The structure of these hybrid bilayers differs from vesicle membranes, where the
lipid head-group spacing is greater due to interdigitation of the lipid acyl chains with the
underlying n-alkyl chains bound to the silica surface. This interdigitated structure exhibits a
broader melting transition at higher temperature due to strong interactions between the lipid acyl
chains and the immobile n-alkyl chains bound to silica. In the present work, we seek to reduce
the interactions between a lipid monolayer and its supporting substrate by self-assembly of 1,2-
dimyristoly-sn-glycero-3-phosphocholine (DMPC) on porous silica functionalized with nitrile-
terminated surface ligands. The frequency of Raman scattering of the surface -C=N stretching
mode at the lipid-nitrile interface is consistent with an n-alkane-like environment and insensitive
to lipid head-group charge, indicating that the lipid acyl chains are in contact with the surface-
nitrile groups. The head-group area of this lipid monolayer was determined from the within-
particle phospholipid concentration and silica specific surface area and found to be (54+2A2),
equivalent to the head-group area of a DMPC vesicle bilayer. The structure of these nitrile-
supported phospholipid monolayers was characterized below and above their melting transition
by confocal-Raman microscopy and found to be nearly identical to DMPC vesicle bilayers. Their
narrow gel-to-fluid-phase melting transition is equivalent to dispersed DMPC-vesicles,
suggesting that the acyl-chain structure on the nitrile support mimics the outer leaflet structure of

a vesicle membrane.
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INTRODUCTION

Molecular interactions that occur at the interface between aqueous solution and
phospholipid membranes play a key role in many biological processes. These processes range
from passive uptake of small molecules to active processes such as endocytosis and cell-
signaling. Given the range and importance of lipid membrane chemistry, considerable effort has
been made to develop model phospholipid bilayers supported on a range of substrates.'® A
common approach to forming model membrane systems is the assembly of a phospholipid
bilayer on a glass or silica substrate prepared either by fusion of phospholipid vesicles or
Langmuir-Blodgett-Langmuir-Schaefer deposition of phospholipid on planar supports.’”°
Planar-supported phospholipid bilayers have been employed in a variety of experiments for
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assessing bilayer structure,
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investigating membrane interactions with peptides and

proteins, and providing membrane-like supports for ligand-binding experiments and
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biosensing. To increase surface area for spectroscopic characterization of these structures,

supported lipid bilayers have also been deposited by vesicle fusion onto the interior surfaces of
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porous alumina membranes ’

and porous silica particles.

While supported lipid bilayers on glass and other oxide surfaces have seen numerous
applications as membrane models, their structure is stable only if the distal leaflet remains in
aqueous solution, and unless the lipids are polymerized, emergence from water into air will
transfer the outer leaflet onto the air-water interface.”> A more stable and easily-formed
alternative to supported-lipid bilayers has been developed where an outer leaflet of lipid
molecules is deposited as a monolayer on a proximal-leaflet of hydrophobic n-alkyl chains
bound to a solid support. These hybrid-supported lipid bilayers are formed through the
interaction of the acyl chains of the phospholipid monolayer with a hydrophobic support surface.
They can be self-assembled on alkane-thiol monolayers on planar gold or silver substrates,*>°
on n-alkyl-silane functionalized glass,”” and on porous reversed-phase chromatographic silica
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surfaces.

These Cis alkyl-chain derivatized porous particles, dynamically modified with
lipid-monolayers, have been shown to be useful for chromatographic separations based on
lipophilicity. They exhibit solute retention for both small molecules and proteins that track the
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partitioning of these solutes into phospholipid vesicle bilayers. The high surface areas of

these particles have allowed Raman spectroscopy investigations of both the lipid-bilayer
structure and its interactions with membrane-active molecules.”*°

The quality of supported lipid bilayers as models for membrane investigations depends
on their organization, stability, and mobility, all of which can be influenced by their interactions
with the supporting substrate. Hybrid-supported lipid bilayers on n-alkane-modified silica

surfaces exhibit significant structural differences compared to lipid vesicle membranes, including
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a 2.5-fold lower phospholipid density in the lipid leaflet when compared to a phospholipid
vesicle membrane. This lower lipid density has been shown to arise from interdigitation of the
acyl-chains of the deposited phospholipid layer and the underlying C;g chains of the
functionalized silica support.®® This interdigitated structure leads to a significantly broadened
melting transition, indicating strong interactions between the lipid acyl chains and the immobile
n-alkyl chains covalently-bound to the surface.’*

Supported lipid bilayers on both planar and porous oxide supports also exhibit significant
broadening of the main melting phase transition compared to vesicle membranes, which has been
attributed to strong head-group interactions of the proximal leaflet with the underlying
substrate.””* One approach to mitigating these effects is to reduce substrate interactions by
forming supported lipid bilayers over less-strongly interacting polymer cushions, which results in
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The success of reducing

bilayers whose properties are nearly identical to vesicle membranes.
substrate effects in supported lipid bilayers with polymer cushions indicates that substrate-
induced structural effects in hybrid-lipid bilayer structures on chromatographic silica surfaces
might also be lowered by changing the chemistry of the support surface to deposit a phospholipid
leaflet whose structure and properties more closely resemble a vesicle-membrane lipid bilayer.
The strong interactions of phospholipids with C;s reversed-phase chromatographic silica surfaces
likely arise from the hydrophobic, low-density, and long-chain n-alkyl ligands that lead to
interdigitation.’® Glass substrates functionalized with an nitrile-terminated alkyl-silane have
previously been employed as surfaces to support glass-nanopore lipid membranes.* These
nitrile-modified surfaces produce a nanopore-spanning lipid bilayer that exhibits no ion leakage,
which differs from bare-glass supported nanopores that exhibit significant ion leakage arising
from the trapped water layer between the surface-proximal lipid leaflets and glass surfaces.*® The
nitrile-modified glass-nanopore result is consistent with a monolayer of lipid with its acyl chains
sealing against the nitrile-terminated surfaces of the glass-nanopore support.

In this work, we present the deposition and characterization of 1,2-dimyristoly-sn-
glycero-3-phosphocholine (DMPC) deposited on the surfaces of nitrile-derivatized porous
chromatographic silica. The covalently-bound nitrile layer in the support particles provides an
internal standard for quantification of surface-associated lipid by confocal Raman microscopy.
The interfacial structure, melting transition, and kinetics of formation of these nitrile-supported
DMPC structures are characterized and compared to DMPC vesicle phospholipid bilayers in free
solution and C;s-supported DMPC hybrid-bilayers. The goal of this work is to discover a support
for stable lipid-monolayers, whose properties and structure more closely match those of a

phospholipid vesicle membrane.



EXPERIMENTAL SECTION

Reagents and Materials Spherical, bare-silica YMC-SIL and nitrile-derivatized YMC-
CN chromatographic silica particles used in this work were obtained from YMC America (YMC
Corp., Allentown, PA). These particles were reported by the manufacturer to be derivatized with
3-nitrilepropyldimethylchlorosilane and end-capped with trimethylchlorosilane, with an average
particle diameter of 5-um and mean pore diameter of 30-nm. Their specific surface area was
determined by nitrogen BET analysis (Porous Materials Inc., Ithaca, NY) to be 85.4 m*/g. Water
used in all experiments was filtered using a Barnstead GenPure UV water purification system
(ThermoFisher Scientific, Waltham, MA) and had a minimum resistivity of 18.0MQ-cm. 1,2-
dimyristoly-sn-glycero-3-phosphocholine (DMPC), 1,2-dimyristoyl-sn-glycero-3-phospho-L-
serine (DMPS), and 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) were purchased
from Avanti Polar Lipids, Inc. (Alabaster, AL), diluted into chloroform, and stored at -15°C until
use. Chloroform (Chromasolv Plus, >99.9%), Sodium chloride (NaCl), Potassium Chloride
(KC1) and Calcium Chloride (CaCl,), 3-Nitrobenzenesulfonic acid (3-NBS), and 2-Amino-2-
(hydroxymethyl)-1,3-propanediol (Tris), acetonitrile and hexadecane were purchased from
Sigma-Aldrich (St. Louis, MO) and used without further purification.

Phospholipid deposition and characterization. The approach taken to deposit DMPC
onto high-surface-area chromatographic supports has been described in detail previously.?' In
short, a DMPC film was deposited by evaporation from chloroform solution onto the surfaces of
a glass vial and subsequently re-hydrated in Tris-buffered saline, with 5 mM CaCl, added to the
buffer to destabilize the vesicles and promote membrane rupture®’ from a dispersion having a
phospholipid concentration of 2 mg/mL. This dispersion was sonicated at a temperature above
the DMPC vesicle phase transition (>30 °C) to form small, unilamellar vesicles. After sonication,
the vesicles were mixed with YMC-CN particles to form a suspension of 1-mg particles per 2 mg
DMPC and stirred above the DMPC melting transition for 12 hours. After mixing, the treated
particles were separated from any remaining vesicles by several iterations of centrifugation and
re-suspension in water.

To test for the presence of intact (unfused) vesicles within the pores of nitrile-derivatized
particles, DMPC was deposited within particles as above, but with 50-mM 3-NBS tracer in the
buffer solution from which the vesicles are prepared; this tracer remains entrapped within intact
lipid vesicles below their membrane melting transition.*® After the vesicle fusion step, the
vesicle-particle suspension in the 3-NBS-containing buffer was cooled in an ice bath to below
the vesicle bilayer melting transition and then diluted 1000-fold with 3-NBS-free buffer, such

that Raman scattering from free-solution 3-NBS was not detectable. Surface coverages of DMPC
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were determined by carbon analysis (MHW Laboratories, Phoenix, AZ). For carbon analysis,
particles were prepared as above, and after washing away excess lipid with deionized water, the
particle slurry was dried at ~120 °C overnight to remove water from the sample. A sample of the
YMC-CN particles was also subjected to carbon and nitrogen analysis by MHW to determine the
carbon fraction contributed by the support to the DMPC results above, as well as the nitrile-
ligand surface coverage.

To assess the impact of substrate chemistry on the melting behavior of the phospholipid,
DMPC deposited on the interior surfaces of S5-um 30-nm pore diameter nitrile-functionalized
particles was characterized by differential scanning calorimetry (DSC), along with dispersions of
DMPC vesicles. Samples for DSC analysis were prepared with final phospholipid concentration
of ~2.5 mg/mL, degassed under mild vacuum, and loaded into the calorimeter (VP-DSC,
Microcal). The calorimeter cell temperature was lowered to 10°C and allowed to equilibrate for
15 min. Heat capacity versus temperature data were collected at a scan rate of 1°C/min.

Confocal Raman Microscopy. The Raman microscope has been described in detail
elsewhere. Briefly, a 647.1-nm beam expanded Kr+ laser (Innova 90, Conherent Inc. Santa
Clara, CA) was directed into a Nikon TE-300 inverted microscope frame (Nikon Instruments
Inc., Melville, NY) and reflected off a dichroic beam splitter to overfill the rear aperture of a 1.4
NA, 100x oil-immersion objective (CFL PLAN APO, Nikon Inc., Melville, NY), focusing the
laser beam to a diffraction limited spot in a sample. Scattered light from the sample was re-
collected through the objective, transmitted through the dichroic beam splitter, collimated, and
filtered by a high-pass filter, (Semrock, Rochester, NY). After filtering, the scattered light was
focused through the entrance slit of a monochromator (500 IS, Bruker Corp., Billerica, MA), and
dispersed onto a charge coupled device (CCD) detector (Andor iDus 420, Andor USA, South
Windsor, CT) for spectral acquisition by a diffraction grating with 300 lines/mm blazed at 750
nm. The entrance slit of the monochromator was set to 50 pm to define the horizontal dimension
of the confocal aperture, while the vertical dimension was defined by limiting acquisition to 3
pixel rows on the CCD chip (78 um).*

Raman spectra were collected from the interior of individual chromatographic particles as
follows: the laser focus was translated to the solution-coverslip interface, where reflected light
from the laser spot is visible. This reflection of the focused spot was then translated to beneath
the center of the particle of interest. The microscope objective was then raised vertically,
bringing the particle perimeter into sharp focus and focusing the confocal probe volume at the
particle center, where spectra were collected. Spectral data analysis was carried out using custom
Matlab routines (Mathworks, Natick, MA). Generally, spectra were truncated to isolate spectral

regions of interest, and baseline corrected by subtraction of a 5 order polynomial fit to baseline
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(non-peak containing) regions of the spectrum. Well cells for confocal Raman microscopy were
constructed by fixing a ~12-mm length of 10-mm 1.d., 13-mm o.d. Pyrex glass tubing to a No. 1
glass coverslip with Devcon 5-min epoxy (ITW Devcon, Danvers, MA).

The deposited DMPC in the particle pore network was quantified using the surface-bound
nitrile as an internal standard. Use of a surface-bound internal standard and free-solution
standards to quantify surface-associated molecular populations has been described previously.”
Briefly, a calibration standard of acetonitrile and DMPC in 50:50 isopropyl alcohol:water
solution was used to determine the relative Raman scattering efficiencies of the phospholipid
head-group C-N stretch and the C=N stretch of nitrile groups on the surface. The resulting
response factor, the surface coverage of nitrile groups (from elemental analysis), and the
measured Raman scattering intensities of the phospholipid head-group C-N stretch and substrate
C=N nitrile stretch within the particle was used to quantify the accumulated DMPC on the
surface. The reported lipid surface coverages and head-group areas represent average results
from five randomly-selected particles, and the reported uncertainties are standard deviations of
the average.

Temperature-controlled Raman microscopy experiments were carried out in a jacketed
brass microscopy well cell, assembled with double-stick tape sandwiched between a No.1
coverslip and a custom machined brass top plate. A sample volume is created by cutting an
opening in the double stick tape (3M, St. Paul, MN), which can be filled through a port in the
brass top plate. This assembly is jacketed with a copper insulating block, where the temperature
is controlled by recirculating flow from a heating/cooling water bath (Neslab RTE-111,
Portsmouth, NH). To compare temperature-dependent spectra of nitrile-supported phospholipids
with vesicle membranes, optical-trapping confocal-Raman experiments were carried out on
DMPC vesicles prepared by extrusion. Lipid suspensions were prepared as above, except that
final lipid concentration after re-hydration was reduced to 1 mg/mL by dilution, and vesicles
were formed by 11-extrusions through track-etched polycarbonate membranes using an Avanti
mini-extruder (Avanti Polar Lipids Inc., Alabaster, AL) maintained at 40°C. The vesicles were
then transferred to the temperature-controlled microscopy cell, and spectra were collected from

individual vesicles trapped in the focus of the excitation beam.’"*

The spectra (normalized to
the C-N head-group intensity) were compared to spectra from within-particle nitrile-supported
lipids to examine structural differences at 12 and 30°C, well above and below the DMPC phase

transition.



RESULTS AND DISCUSSION

Raman scattering from phospholipid deposited on nitrile-derivatized surfaces.
Phospholipid deposition onto the surfaces of 30-nm pores of nitrile-functionalized silica surface
is carried out by deposition from DMPC vesicles formed by sonication above the DMPC melting
transition in 80:20 H20:D20 solution. After equilibration of nitrile-functionalized porous silica
particles with the phospholipid vesicle dispersion for 12-hours and removal of excess lipid,
Raman spectra were collected from the center of individual nitrile-modified particles, where the
scattering from D20 serves a marker for the solution within the pores of the particle. The
difference spectrum in Figure | shows displacement of D20 (broad O-D stretch centered at
-2500 c¢cm"l) from the pores of the particle upon accumulation of phospholipid. The observed
Raman scattering from phospholipid includes the choline head-group C-N stretch (715 cm"l) and
carbon-carbon and carbon-hydrogen modes from the lipid acyl chains, including the C-C
stretching (-1050 - 1130 cm"l), CH2 twisting (1295 cm"l), CH2 bending (1440 cm"l) and C-H
stretching (-2840 - 2980 cm"l) modes, respectively.53"99 A small shift in the surface-nitrile -C=N
stretch is also apparent in the difference spectrum, indicating a change in the nitrile interfacial
environment upon lipid deposition (see below).

The observation of phospholipid
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with vesicles containing 3-nitrobenzene-
sulfonic acid (3-MBS) as a tracer. The
charged sulfonate group of 3-MBS
prevents its escape from vesicles with gel-
phase phospholipid membranes.48§ Tracer-
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Figure 1. Raman spectra from a nitrile-support particle in water
before (red) and after (blue) DMPC accmnulation. Difference
spectrum (black) shows phospholipid Raman bands, and a shift
in the-C=N stretching frequency (-2250 cm"l) due to changes in
the interfacial enviromnent.

sonication of DMPC in a solution of 50-mM 3-NBS and allowed to interact with CN-silica
particles for 12-hours, while maintaining the temperature above the DMPC vesicle phase

transition (>30°C) as above. The suspension in 50-mM 3-NBS solution was cooled below the



DMPC phase transition in an ice bath to seal the vesicle membranes from loss of tracer, and an
aliquot of this suspension was diluted 1000-fold in an ionic-strength-matched buffer without 3-
NBS; the diluted 3-NBS concentration is below the Raman scattering detection limit, so that any
detectable 3-NBS must reside within intact vesicles. The dilute dispersion of particles was
transferred to a cold cell, and Raman spectra were collected from both the lipid-containing
particles and optically-trapped DMPC vesicles treated as above. Normalized spectra of optically-
trapped vesicles and lipid-filled particles are compared in Figure 2, where the NO? symmetric-
stretch of 3-NBS at 1359 cm'l is clearly visible in optically-trapped vesicles, but totally absent in

the spectrum from the lipid-containing particle.

.. . . . . -------DMPC on nitrile surface from 3-NBS containing vesicles
If the lipid within these particles derived from - Optically-trapped vesicle with encapsulated 3-NBS
Free-solution 3-NBS

a significant population of intact DMPC

vesicles, 3-NBS would be detected in the NO? Symmeic Stretch
cm

within-particle Raman spectra. The absence of
the 3-NBS scattering indicates that the pore
network is free of a significant population of
intact vesicles so that the lipid signal derives
from DMPC residing on the nitrile surface.
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DMPC surface coverage. The DMPC 1250 1300 1350 1400 1450 1500
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layer on the interior surfaces of the CN- avenumber {cm'l)

Figure 2. Evidence of vesicle-fusion during DMPC
derivatized porous particles might exist as a  deposition. Spectra of a DMPC in a nitrile-silica particle
following lipid-deposition with 3-NBS-filled vesicles
(black), compared with an optically-trapped DMPC
bilayers deposited by vesicle fusion onto vesicle containing  50-mM  3-NBS  (red); NOX-

symmetric-stretching mode is highlighted, flanked by
planar glassS'6'§'9 or bare porous aluminal? or  CPF twisting and CPF bending/scissoring modes of the

.. e lipid acyl chains. Solution-phase 3-NBS spectrum for
silica surfaces.2l Another possibility is that a C(I))mpariZOH (blue). P P

supported phospholipid bilayer similar to lipid

phospholipid monolayer is deposited, where
lipid acyl chains contact the nitrile groups on the silica surface. This tails-down monolayer
structure has been proposed for the lipid leaflets that adhere to the surfaces of nitrile-derivatized
glass nanopores.46 The lipids in contact with the nitrile surface showed no signs of a trapped
water layer between the lipid and support surface as evidenced by no detectable ion leakage,
which is observed with bare-glass nanopore supported bilayers.46 The nitrile-modified glass-
nanopore results are consistent with the acyl chains of the respective leaflets of the bilayer
sealing against the nitrile-terminated surfaces ofthe nanopore support.

To assess whether the amount of deposited phospholipid corresponds to a lipid bilayer or
monolayer, the deposited phospholipid was quantified by its Raman scattering intensity, using

the surface nitrile-scattering as an internal standard based on its known surface coverage. A
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Raman spectrum was acquired from a standard solution of acetonitrile (ACN) and DMPC in
50:50 isopropanol:water, and peak areas of the nitrile -C=N stretch and phospholipid C-N head-
group stretch were determined by fitting Voigt peak shapes to each of the peaks. The relative
intensities of the phospholipid head-group C-N stretch (IS°%) and nitrile C=N stretch (1324}
were used to calculate a conversion factor F using concentrations [DMPC] and [Acetonitrile] in
the solution standard:

_ 1% [DMPC]

F =
120 " TACN]

(D

This quantifies the relationship between the concentration of phospholipid and nitrile groups in a
sample and the measured peak areas of the lipid C-N head-group and acetonitrile C=N stretching
modes. This conversion factor, F, can then be used to determine within-particle phospholipid

surface coverage, Ipypc:

Isurf

Ipmpc :F*FCEN*% (2)

C=N
based on the surface coverage of nitrile-groups within the particle, Ir—y = 3.4 pmol/m?
determined from the mass fraction of nitrogen from elemental analysis, the nitrogen molecular
weight of 3-nitrilepropyldimethylsilane, and the density of the support particles, from the

specific pore volume and skeletal silica density. This nitrile surface coverage, [-—y, 1s used along
with the measured intensities of the surface nitrile stretch, Iglgf, and phospholipid head-group

C-N stretch, 1;‘_”,{, to determine the surface coverage of DMPC in the particle interior, which is
I'pypc = 2.8+0.3 pmol/mz. This surface coverage can be compared to the surface coverage of
nitrile silane, determined above, [.—y= 3.4 umol/m? or approximately 1.2 nitrile groups per
phospholipid.

The surface density of deposited DMPC was independently determined by carbon
analysis. Carbon analysis was carried out on samples of nitrile-derivatized support particles
(%Cgupport) as well as particles dried after deposition of phospholipid (%Cgumpie). The mass
fraction of carbon added by the deposition of lipid (%Cpmpc = %0Csample - %0Csupport) can be used
along with the carbon molecular weight of DMPC (MWCpwmpc) to calculate the mols of
phospholipid deposited per gram of sample:

_ %Cpmpc*lyg

molpype = e — G3)

The surface area of the sample can then be calculated using the specific surface area, SS4, of the
support material, 85.4m?%g, determined by nitrogen BET analysis, and the molecular weight of
DMPC (MWDMPc)I
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r o molDMpc 7%
DMPC A—%C)MPC*MWE)MPC) *SSA

Here, the carbon analysis result, #DMpc = 3.1 £0.1 pmol/m2, is in agreement with the coverage
determined by Raman spectroscopy, above.

This phospholipid surface coverage in pmol/m2 can be used to estimate the head-group
area of'a phospholipid in a monolayer by inverting its product with Avogadro’s number, NA

Headgroup Area = ( rDMPC + jVA)-1 Q)

The calculated head-group area of a single DMPC lipid leaflet on the nitrile surface based on
these results is 54+2 A2, which is in close agreement (~7% smaller and within the measurement
uncertainties) with the value reported for a fluid-phase DMPC vesicle bilayer, measured by
small-angle neutron scattering experiments on vesicle dispersions.6l Thus, the calculated surface
coverage of DMPC from these results is consistent with a lipid monolayer on the nitrile surface,
in agreement with predictions based on minimal ion leakage with lipids on nitrile-derivatized
glass nanopore supports.46

Surface-nitrile interfacial environment. While the amount of DMPC deposited within
the particle is consistent with tails-down lipid monolayer, this proposed structure can be further

tested by examining the environmentally- .
————— support particle in n-heptane
.. . S support particle in water
sensitive  surface-nitrile -C=N  stretchng 100% DMPC
------- 90% DMPC:10% DMPS

. L T T S 7 — 75% DMPC:25% DMPS
frequency.t? As shown in Figures | and 3, the ——50% DMPC:50% DMPS

nitrile  stretching frequency exhibits a
significant shift to lower frequency upon
deposition of DMPC from water. The shift to
lower frequency ofthe -C=N stretching mode
indicates  that the accumulation of
phospholipid produces a much lower
dielectric constant interfacial environment.62

. . ) . Raman shift (cm
This shift would therefore be consistent with

formation of a tails-down phospholipid
monolayer, where lipid acyl chains replace
the water that was previously in contact with
the nitrile groups on the silica surface. In

Figure 3A, the Raman spectrum of the -C=N

Figure 3. Raman spectra of the -C=N stretching mode of
the nitrile support particle. A. Scattering with deposited
DMPC (black) compared with nitrile surface in contact
with water (blue) and n-heptane (red). B. Nitrile stretching
mode with DMPC (black), 90:10 DMPC:DMPS (violet),
75:25 DMPC:DMPS (green) and 50:50 DMPC:DMPS
(pink). No head-group-charge-dependent shift in the -C=N
stretching frequency is observed.

stretching mode from surface nitriles with adsorbed DMPC is compared with the nitrile-
derivatized particle immersed in water and n-heptane. DMPC produces a nearly-identical nitrile

Raman spectrum as in n-heptane, in agreement with the tails-down monolayer structure proposed
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for lipid monolayer leaflets on nitrile-derivatized glass nanopores.*® The results in Figure 3A
also support a conclusion that coverage of the underlying nitrile surface by the lipid monolayer is
complete and not patchy. If there were significant regions of uncovered nitrile surface following
lipid deposition, then Raman spectrum of the nitrile -C=N mode would exhibit higher-frequency
scattering characteristic of a bare, water-exposed nitrile surface (Figure 3A (blue)). The spectrum
of the DMPC-covered surface (Figure 3A (black)) shows no detectable scattering in this higher
frequency region, indicating that the nitrile surface is fully covered by lipid with minimal
residual regions that remain exposed to the aqueous environment.

The conclusion reached above that DMPC adsorbs tails-down in a well-organized lipid
monolayer can be further validated by testing the effects of lipid head-group charge on the
substrate nitrile frequency. If a charged lipid is deposited as a bilayer or a poorly organized
monolayer where the charged head-groups make contact with the surface nitriles, the -C=N

stretching frequency should show a Stark-shift®

arising from a change in interfacial electric
field arising from the proximity of the charged lipid head-groups. Lipid deposition on the nitrile-
terminated surface was carried out using mixed phospholipid vesicles formed from 0, 10, 25, and
50 mol% negatively-charged 1,2-dimyristoyl-sn-glycero-3-phospho-L-serine (DMPS) in zwitter-
ionic DMPC. Raman spectra of the substrate nitrile stretch for lipid compositions with a variable
ratio of DMPC and DMPS particles are presented in Figure 3B. For all compositions of charged
lipid (including 100% zwitterionic DMPC), the Raman spectra of the nitrile -C=N stretch are
equivalent, with a constant center frequency of 2245 cm™ and no detectable Stark-tuning arising
from the changes in the head-group charge. The lack of head-group charge sensitivity further
supports the conclusion that the lipid is deposited as a well-organized tails-down monolayer with
acyl chains in contact with the nitrile surface.

Organization and structure of nitrile-supported DMPC monolayers. Raman
spectroscopy 1s a tool capable of providing information on the structure of phospholipid
membranes.'>°*®” Several phospholipid Raman-active vibrational modes are structurally

. . . . . 34,57-59
informative and have been described in detail elsewhere.”™

Briefly, relative intensities of
phospholipid acyl-chain carbon-carbon gauche- (1090 ¢cm™) and trans-conformers (1061 cm™
and 1127 cm™) are indicative of acyl-chain disorder in the phospholipid bilayer. Upon melting, a

d,***® as well as disruption of long-

broadening of the CH, twisting mode (1296 cm™) is expecte
range ordering in the acyl chains, which leads to a decrease in the intensity of the shoulder at
~1455 cm™ observed in the CH, scissoring mode (1437 cm™).””*® The CH region of the
spectrum comprises several overlapping Raman active modes, the relative intensity of which can
be informative of acyl-chain order and packing density changes upon bilayer melting. To assess

the structural similarities between nitrile-supported phospholipid monolayer with vesicle bilayers
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in free solution, Raman spectra were collected from DMPC monolayers on the nitrile-modified
particles as well as 400-nm diameter DMPC vesicles, both above and below the melting phase
transition; these results are presented in Figure 4. Only one minor difference in the nitrile-
supported lipid Raman spectrum is
observed below the melting transition
when  comparing  the  supported
monolayer to the vesicle bilayer: the gﬁ:f;ﬁ;mﬁ DD“&ZS; Teosri];:yer
shoulder observed in the CH) twisting
modes is slightly more pronounced in the
vesicle bilayer indicative of a greater
disruption of long-range inter-chain
coupling of the nitrile-supported lipid
acyl-chains.54'57'68
The carbon-hydrogen stretching
region appears as a broad band

comprising multiple Raman modes Raman shift (cm)

Figure 4. Raman spectra of nitrile-supported DMPC
phospholipid monolayers in porous silica (black) and an
cm'l to -3020 cm'l. Several bands in this optically-trapped DMPC vesicle bilayer (red) above and
. . . below the melting phase transition. Spectra are normalized
region, the CH2 symmetric stretching to the phospholipid C-N head-group stretch at 715 cm"l.

mode (2847 cm'l) and antisymmetric stretching mode (2883 cm'l), and the terminal CH3-methyl

spanning the frequency range from -2820

stretching mode (2930 cm'l) can be structurally informative, providing information about the
acyl-chain inter-chain coupling, structural disorder and lateral packing density within the
bilayer.56'69'70 In particular, the relative intensity of the CH2-antisymmetric-stretching-mode as
compared to the CH2-symmetric-stretching-mode (I2883/I2847) is indicative of dipolar coupling of
adjacent phospholipid acyl chains in the bilayer.54'71 Below the melting phase transition the
I2883/12847 ratios for the nitrile-supported monolayer and vesicle bilayer are indistinguishable and
are indicative of a well-ordered monolayer on the nitrile surface, consistent with the equivalent
lipid packing density of this structure and a vesicle membrane. After exceeding the melting
transition temperature, a small -15% decrease in the I2ss83/I2847 ratio for the nitrile-supported
monolayer as compared to the vesicle bilayer is observed. This change suggests that inter-chain
coupling is more significantly disrupted in the supported monolayer upon melting. This result, as
well as the observed differences in the CH2 scissoring mode (described above) may be the result
of the topography of the pore network of the nitrile particle support to which the deposited
phospholipid has conformed.54'57'68 71-72

Melting transition of nitrile-supported DMPC monolayers. Phospholipid bilayers of
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dispersed vesicles typically exhibit a well-

defined, sharp melting transition from an
Nitrile-supported DMPC

ordered gel phase to a disordered liquid monolayer
crystalline phase.7374 At temperatures below

the characteristic phase transition the lipid

DMPC vesicle dispersion

acyl chains adopt a predominantly trans-

conformations, and develop a greater
Cl18§ supported DMPC

fraction of acyl-chain gauche conformations hybrid bilayer
as the bilayer melts (see Figure 4) 34-58-59
The melting transition can also have temperature (°C)

dramatic effects on the dynamics of the Figure 5. Differential scanning calorimetry (DSC)
thermograms for a nitrile-supported DMPC monolayer
(red), DMPC vesicles in suspension (blue), and a n-alkyl

interactions and dynamics of molecules (Cis) supported DMPC hybrid bilayer (green).34

phospholipid moleculesi'7s and also on the

within the bilayer.7s To investigate the impact ofthe substrate on the melting transition of nitrile-
supported monolayers, differential scanning calorimetry (DSC) experiments were carried out,
where the temperature-dependent heat capacity of a sample reports the progress through the
melting transition of the sample.777s Normalized DSC thermograms for a nitrile-supported
DMPC monolayer and Cig-silica supported DMPC monolayer (hybrid bilayer)s4 are compared
with DMPC lipid vesicles in Figure 5. DMPC on the Cig-silica surface exhibits a small peak
previously observed in DSC endotherms of n-alkane supported hybrid bilayers,7o which is likely
a small fraction of multilayer lipid adsorbed to the hybrid bilayer, since the peak occurs at a
temperature equivalent to the DMPC vesicle melting transition.79 This is followed by a broad,
high-temperature melting transition ranging from ~25 to 40°C as reported for DMPC hybrid
bilayers on Cig-modifled silica surfaces,s479 similar to the higher-temperature and broadened
DMPC-hybrid-bilayer melting transition on planar octadecanethiol-modified gold surfaces.so
The broad, high-temperature melting phase transition on Cig-modifed silica is attributed to chain
interdigitation.34 producing strong interactions between the hybrid bilayer upper leaflet of DMPC
and the covalently-bound lower leaflet of Ci« chains that inhibit chain melting and broaden the
phase transition.

In contrast, the nitrile-supported DMPC monolayer melting appears as a single, narrow
phase transition at 24.4°C, which is within the uncertainty of the measured main melting phase
transition observed for dispersions of DMPC vesicles, 24.2°C (Figure 5), comparable to previous
DSC results for DMPC vesicles in the literature, 23.5°C.73 These results indicate a negligible
impact of'the nitrile-support substrate on the acyl-chain melting ofthe deposited lipid monolayer,

with virtually identical pre-transition and main transition-temperatures and transition-widths
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compared to vesicle membranes. The narrow melting transition of DMPC on the nitrile surface
suggests weaker interactions of the lipid acyl chains with the underlying surface comparable to
vesicle bilayers. The lipid monolayer on the nitrile surface appears to be a better model of vesicle
bilayer leaflet compared to lipid monolayers on alkyl chain (C;g) silica surfaces (hybrid bilayers),
where interdigitation and entanglement of the lipid acyl chains and covalently bound C;g-chains
leads to a broad and higher-temperature melting transition.

The nitrile-supported DMPC monolayer exhibits a pre-transition at ~15.2°C that is
equivalent to the pre-transition of vesicle lipid bilayers, ~15.7°C, and comparable to the literature

81,82

DCS results for the pre-transition of DMPC vesicles, 14.5°C. The observation of a similar

.. . . .. . . . 83
pre-transition as a DMPC vesicle membrane is surprising, however, since x-ray diffraction™ and

freeze-fracture TEM®*®

results and indicate that this transition is to a ripple-phase, where
corrugations in the membrane are observed with periodicity on the scale of 10 to 30-nm.
Molecular-dynamics simulations suggest these arise from fluid-phase defects in one leaflet of a
bilayer that bend the membrane producing opposing regions of fluid- and gel-phase domains.®’
In a lipid monolayer, bending of the leaflet away from contact with the nitrile-surface would not
be likely; however, the 30-nm diameter pores may support 30-nm-scale fluid- and gel-phase
domains that occupy regions of the support surface having positive and negative curvature,
respectively.

Conclusions. In this work, we have characterized DMPC deposited on surfaces of nitrile-
derivatized porous silica particles, whose high specific surface area allows label-free confocal
Raman spectroscopic investigation of their interfacial structure. The covalently-bound nitrile
ligands are used as an internal standard for the quantification of the deposited phospholipid. The
absence of unruptured vesicles and the interfacial environment of the surface nitrile groups
indicate that the lipid assembles as a tails-down monolayer on the nitrile surface. The surface
coverage of DMPC corresponds to a head-group area of the deposited phospholipid monolayer
(54+2 A% that is in good agreement with head-group spacing of DMPC vesicle membranes
dispersed in solution. Additionally, the nitrile-supported lipid exhibits a narrow melting transi-
tion centered at 24.4°C equivalent to a DMPC vesicle bilayer melting transition. This behavior is
significantly different than the broad and much higher-temperature melting transition of DMPC

. . o 34,81
deposited on Cis-modified silica surfaces,”

which arises from strong interactions and
interdigitation of the lipid acyl chains with the covalently bound n-alkyl chains.>* The nitrile-
supported phospholipid monolayers exhibit similar phospholipid packing density, structure, and
melting transition as the leaflets of a DMPC vesicle phospholipid bilayer, with minimal
interactions between the lipid acyl chains and the nitrile-terminated support. These results

suggest that phospholipid monolayers on nitrile-terminated supports may be promising for
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lipophilicity-based small-molecule separations,” ™’

4,10,16

as a platform for lipid-supported ligands for

36,86,87

biosensing or bioassays

or for spectroscopic investigations of small-molecule

interactions with a surface-supported but vesicle-like lipid monolayer.
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