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ABSTRACT: While positively charged nanomaterials induce cytotoxicity in many organisms, much less is known about how 
the spatial distribution and presentation of molecular surface charge impacts nanoparticle-biological interactions. We 
systematically functionalized diamond nanoparticle surfaces with five different cationic surface molecules having different 
molecular structures and conformations, including four small ligands and one polymer, and we then probed the molecular-
level interaction between these nanoparticles and bacterial cells. Shewanella oneidensis MR-1 was used as a model bacterial 
cell system to investigate how molecular length and conformation of cationic surface charges influence their interactions with 
the Gram-negative bacterial membranes. Nuclear magnetic resonance (NMR) and X-ray photoelectron spectroscopy (XPS) 
demonstrate the covalent modification of nanoparticle surface with the desired cationic organic monolayers. Surprisingly, 
bacterial growth-based viability (GBV) and membrane damage assays both show only minimal biological impact by the NPs 
functionalized with short cationic ligands within the concentration range tested. Yet NPs covalently linked to a cationic 
polymer induce strong cytotoxicity, including reduced cellular viability and significant membrane damage at the same 
concentration of cationic groups. Transmission electron microscopy (TEM) images of these NP-exposed bacterial cells show 
that NPs functionalized with cationic polymers induce significant membrane distortion and production of outer membrane 
vesicles, while NPs bearing short cationic ligands exhibit only weak membrane association. Our results demonstrate that the 
spatial distribution of molecular charge plays a key role in controlling the interaction of cationic nanoparticles with bacterial 
cell membranes and subsequent biological impact. Nanoparticles functionalized with ligands having different lengths and 
conformations can have large differences in interactions even while having nearly identical zeta potentials. While zeta 
potential is a convenient and commonly used measure of nanoparticle charge, it does not capture essential differences in 
molecular-level nanoparticle properties that control their biological impact.

INTRODUCTION
The surface chemistry of nanoparticles (NPs) plays a key 

role in controlling the interactions of nanoparticles with 
each other and with their surroundings.1-11 The intentional 
functionalization of nanoparticles with molecular coatings 
such as short-chain ligands or polymeric coatings  provides 
one approach to controlling their environmental and 
biological impacts.3, 5-10

Prior studies have frequently reported that nanoparticles 
with cationic functional groups interact more strongly with 
bacterial cells compared with those functionalized with 
neutral or negatively charged groups,3, 5, 7, 9, 12 These 
differences have frequently been attributed to the favorable 
electrostatic interactions between positively charged NP 
surfaces and negatively charged cell membranes.2-3, 10, 12 NPs  
with cationic surfaces generally show higher cell-
membrane affinity and penetration compared to anionic 

and neutral surfaces,2, 12-15 and NPs with higher surface 
charge density lead to higher bacterial toxicity and 
membrane permeability.16-17 

While the impact of cationic surface functional groups on 
nanoparticle-cell interactions is widely recognized as 
important, much less is known about how the molecular 
conformation of surface ligands and the resulting spatial 
distribution of charge affect their resulting biological 
impact. Prior studies have shown that differences in the 
arrangement of surface ligands can impact the ability of 
nanoparticles to penetrate cell membranes,8, 16-18 suggesting 
the importance of NP surface ligand conformation to 
membrane interactions. One challenge with understanding 
the influence of surface molecular layers is that self-
assembled monolayers on gold and most other 
nanoparticles of interest can be easily removed or displaced 
under biological conditions.19-21 Nanodiamond is an 
excellent platform for understand the influence of surface 
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molecular groups because functionalization via an “all-
carbon” scaffold provides outstanding stability.22-25 In prior 
work using nuclear magnetic resonance (NMR) T2 
measurements, we found that when a model cationic 
polymer was covalently linked to diamond nanoparticles, 
approximately 45 % of the segments are highly mobile, 
while the rest (~55 %) remain tightly bound on the NP 
surfaces.26 In contrast, nanoparticles functionalized with 
short molecular linkers must have the charged groups 
closer to the surface. 

Here, we demonstrate how the spatial distribution of 
charged molecular functional groups at the surface of 
diamond nanoparticles impacts their interactions with a 
Gram-negative model bacterium.  Figure 1 shows the five 
cationic diamond NP surfaces that we prepared, using an 
approach we described previously.25 To identify the 
influence of primary vs. quaternary amino groups, we 
prepared diamond nanoparticles (DNPs) linked via 3-
carbon chains to terminal primary amino groups (C3-NH3

+-
DNPs) and quaternary (tetramethylammonium) amino 
groups (C3-N(CH3)3

+-DNPs. To explore the influence of 
chain length we also prepared DNPs with a C11 chain 
terminated with tetramethylammonium group (C11-
N(CH3)3

+-DNPs). To determine the influence of charges 
distributed along the length of the molecules we prepared 
DNPS functionalized with tetraethylenepentamine (TEPA-
DNPs). Finally, to determine the influence of ligand 
conformational flexibility, we synthesized DNPS with a 
covalently bonded poly(allylamine) (PAH-DNPs). We use 
Shewanella oniedensis MR-1 (S. oneidensis) as a model 
biological organism due to its ubiquity and importance in 
the environment.27-28 Previous studies have shown S. 
oneidensis to be more hardy than other Gram-negative 
bacteria models, signifying that any impacts measured here 
are likely to be amplified in other strains. In addition, 
working with S. onidensis MR-1 allows comparison to other 
studies, including those with ligands similar to those 
studies here.29

Using the above surface modifications, we employed a 
bacterial Live/Dead (L/D) assay, a growth-based viability 
(GBV) assay, and transmission electron microscopy (TEM) 
to characterize how nanoparticles functionalized with these 
molecules interacted with Shewanella. Our results show 
that PAH-DNPs induce high cytotoxicity by disrupting the 
integrity of bacterial cell membranes. Surprisingly, 
however, the nanoparticles functionalized with shorter 
linear molecules all exhibited only weak association with 
bacterial cell membranes and little toxicity, even though 
their measured zeta potentials are similar to that of the 
PAH-modified nanoparticles. While zeta potential is a 
convenient and commonly used measure of nanoparticle 
charge, it does not capture essential differences in 
molecular-level nanoparticle properties that control their 
biological impact. Our results suggest that the presence of 
conformationally flexible molecular groups extending away 
from the nanoparticle core and therefore able to intercalate 
into the outer molecular layers of bacterial cell membranes 
is a key molecular factor controlling biological impact of 
cationic functionalized nanoparticles.

Experimental Section

Materials. All reagents were purchased from Sigma-
Aldrich, unless noted otherwise. Nanopure water 
(resistivity ≥18 MΩ ・cm, Thermo Scientific Nano-pure 
system GenPure UV-TOC/UF xCAD plus) was used for all 
experiments. The terminal alkenes used to functionalize 
diamond nanoparticles (DNPs) in this paper are allyl 
trimethylammonium bromide, tert-Butyl N-allylcarbamate 
(98%), 11-trimethylammonium-1-undecene bromide and 
5-hexenoic acid (98%). Allyl trimethylammonium bromide 
was synthesized by a reported method;25 and 11-
trimethylammonium-1-undecene bromide was synthesized 
by a modified procedure.30 See Supporting Information for 
detailed synthesis procedures and 1H NMR and 13C NMR 
(Supporting Information, S1). Both allyl 
trimethylammonium bromide and 11-
trimethylammonium-1-undecene bromide absorb 
moisture over time to form insoluble complex, thus need to 
be stored in a moisture-free environment. 

Preparation of different positively charged diamond 
nanoparticle surfaces. Detonation diamond nanoparticles 
(5 nm average primary particle size, Nanostructured & 
Amorphous Material Inc.) (DNPs) were used for studies 
reported here. These DNPs were functionalized with five 
different positively charged ligands using a radical-based 
method we reported previously.25 Figure 1 shows an 
overview of the functionalization process and the chemical 
structures of the five different positively charged DNP 
surfaces. The DNPs were heated in a tube furnace with a 
flow of pure hydrogen gas (1 atm, 50 standard cm3 min-1) at 
600 °C for 6 h to hydrogen-terminate the surface atoms.25, 31 
The TEM micrographs of the hydrogenated- DNPs from our 
previous study show an average core particle size of 5 nm 

Figure 1. Functionalization scheme of five cationic 
amine-containing monolayer binding to 5 nm-core 
hydrogen-functionalized diamond nanoparticles 
(DNPs). Molecules and DNPs are not drawn to 
scale.
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and no evidence for graphitic shells.25 The reactant solution 
containing benzoyl peroxide (Luperox A98, >98%), the 
reactant molecule of interest, and an appropriate 
anhydrous solvent were very briefly (~10 min) dried over 
3 Å molecular sieves to help sequester any water present in 
the benzoyl peroxide. The supernatant was removed, mixed 
with hydrogen-terminated DNPs, and heated at 80 ⁰C for 3.5 
h while stirring under an argon atmosphere. The solution 
was cooled slowly to room temperature overnight. Details 
of the conditions used for functionalizing these five surfaces 
are included in Supporting information (S2).  The 
functionalized DNPs were purified by rinsing in the 
corresponding reaction solvent (50 mL per 50 mg DNPs) 
with sonication to ensure resuspension, followed by 
centrifugation at 4480 g (gravitational constant) until the 
samples fully pellet (typically 5-50 min). The washing and 
centrifugation steps were repeated with water (50 mL per 
50 mg DNPs, 1x). The final samples were resuspended in 1 
mM HCl solution and centrifuged at 14400 g for 30 mins. 
Aggregated NPs were removed, leaving behind individual 
NPs and small clusters for biological studies. 

Characterization of diamond NPs surfaces. We 
measured the hydrodynamic diameters and zeta potentials 
of the functionalized DNPs using dynamic light scattering 
(DLS) and electrophoretic light scattering (Marvern 
Zetasizer ZS). The results from these measurements is 
provide in the Supporting Information (S3). In summary, 
the average hydrodynamic diameter of all five types of 
nanoparticles after functionalization is 41.0 nm, and the 
average zeta potential is + 42.7 mV. Chemical compositions 
and surface structures of all functionalized diamond 
nanoparticles were characterized by both X-ray 
photoelectron spectroscopy (XPS) and nuclear magnetic 
resonance (NMR). X-ray photoelectron spectroscopy (XPS) 
measurements were performed using Thermo Scientific K-
alpha XPS system with a micro-focused monochromated Al 
K X-ray source and 180° hemispherical analyzer with a 
128-channel detector using and analyzer pass energy of 50 
eV. XPS data were analyzed using Casa XPS software32 and 
were energy-referenced to the C(1s) peak at 284.8 eV 
binding energy. Samples for XPS were prepared by drop-
casting 20 L of a dilute sample onto doped silicon wafers 
(B-doped, 0.1-1 ohm·cm resistivity, Electro-Optic 
Materials). NMR measurements were performed using a 
Bruker Avance-600 spectrometer with TCI-F cryoprobe. To 
ensure quantitative results, the recycling time (d1) was set 
to 10 s, which is more than 5 times longer than the T1 of the 
protons of interest. Large solvents peaks were reduced in 
intensity using solvent suppression to achieve high-quality 
data. DNPs samples for NMR analysis were further 
centrifuged down (14100 g) to form pellets and re-
dissolved in D2O. This process replaced H2O with D2O as 
much as possible and was repeated at least 3 times. The 
samples were then further disaggregated with sonication. 

Evaluation of toxicity toward bacteria:  To evaluate the 
toxicity of five different cationic functionalized DNPs, we 
used a growth-based viability (GBV) assay.33 Shewanella 
oneidensis MR-1 (S. oneidensis) were grown from stock 
solution that was stored in 30% glycerol at -80 C; the 
bacteria were inoculated into Luria-Bertani broth (LB) agar 
plates and incubated at 30 C for 18-24  h. The resulting 
bacterial colonies were inoculated into 10 mL LB broth and 

incubated at 30C for 4-6 h or until midlog phase. These 
cultures were centrifuged at 750 g for 10 min and 
resuspended with 1x Dulbecco’s phosphate buffered saline 
(DPBS) (Corning) for 10 min. This DPBS solution was 
centrifuged again at 750 g for 10 minutes and resuspended 
in HEPES buffer (2 mM, pH 7.4) to obtain a concentration 
with an optical density of 0.1 at 600 nm. In this study, we 
normalize nanoparticle doses based on the total amine 
concentration of the surrounding ligands, as described 
below. In a 96-well plate, aliquots of Shewanella were 
introduced, followed by addition of functionalized DNPs to 
achieve amine concentrations (after dilution) of  1.24, 2.5, 
5, 10, 20, 40 and 80 nM.  After 1 h of exposure,  5-L aliquot 
was removed from each of the 96 wells and added to 195 L 
of fresh LB broth in triplicate and optical density readings 
were collected with a BioTek Synergy Mx Microplate Reader 
at 600 nm every 20 min over the course of 19 h at 30 C and 
with medium intensity agitation for 1 min prior to each 
reading. Growth curves were analyzed as described 
previously.33 

Bacterial Live/Dead Assay (L/D assay). The 
LIVE/DEAD® BacLightTM Viability Kit (ThermoFisher 
Scientific) was used to quantify bacterial membrane 
damage by different cationic DNPs. S. oneidensis 
suspensions were prepared and cultured. Functionalized 
DNPs were introduced into the suspensions at 
concentrations identical to those used in GBV 
measurements. Samples were then distributed in a 96-well 
plate in at least triplicate and were exposed to a stain 
consisting of a mixture of SYTO 9 dye and propidium iodide 
for 15 min following the manufacturer’s recommendations. 
Briefly, fluorescence measurements were performed using 
a plate reader (BioTek Synergy Mx Microplate Reader) with 
excitation wavelength of 485 nm and emission at 528 nm 
(for SYTO9 stain) and 638 nm (for propidium iodide stain). 
The ratio of fluorescence intensities at 528 nm and 638 nm, 
I528/I638, was compared with that of control samples of live 
and dead bacteria, yielding an average fraction of bacteria 
with intact membranes (live bacteria). The bacterial 
viability assay is based on growth rates of nanoparticle-
exposed bacterial populations compared with growth of 
control populations. Experimental variations between 
bacterial populations can yield individual measurements 
with calculated  viability slightly greater than 100%; 
however, replicate measurements show that none of the 
measurements exceed 100% viability in a statistically 
significant manner. 

Transmission Electron Microscopy (TEM). 
Transmission electron microscopy (TEM) images of S. 
oneidensis MR-1 exposed to nanodiamonds were obtained 
with a FEI Tecnai T12 with a 120-kV operating voltage after 
resin embedding. S. oneidensis MR-1 that were exposed to 
functionalized DNPs were washed in D-PBS and suspended 
in HEPES buffer. The exposed bacteria suspension was 
centrifuged down to a pellet, washed 3x with 0.1 M 
cacodylate buffer, and fixed for 50 minutes in 2.5% 
glutaraldehyde in 0.1 M sodium cacodylate buffer. Fixed cell 
pellets were washed with sodium cacodylate buffer, 
dehydrated with increasing concentrations of ethanol 
solutions (30, 50, 70, 80, 90, 95, 100% EtOH in water), and 
rinsed with propylene oxide three times. Then, the pellets 
were soaked in a 2:1 propylene oxide/epoxy resin for two 
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hours, 1:1 propylene oxide/epoxy resin overnight, fresh 1:1 
propylene/epoxy resin for 5 hours, and then finally fixed in 
pure resin for in a vacuum oven.  Slices of the pellet were 
microtomed with a Leica uC6 microtome for imaging. 
Sections were stained with uranyl acetate and lead citrate 
and placed on copper TEM grids (Ted Pella Inc) for imaging.  

Normalization of S. oneidensis responses to amine 
concentration. While biological responses to 
nanomaterials are frequently plotted using nanoparticle 
concentrations as an experimental variable, our work is 
aimed at understanding the effect of the charge amino 
functional groups. The number of amino groups per 
nanoparticle varies with the identity of the ligand. For 
example, nanoparticles functionalized with small molecule 
ligands bearing a single amino group present a smaller 
number of amino groups compared with DNPs 
functionalized with cationic polymers. Therefore, to 
understand if this inherently higher amine content in PAH-
DNPs contributes to the significantly higher membrane 
damage and cytotoxicity, we analyzed the responses of GBV 
and L/D assay using the total concentration of exposed 
amine groups in each sample.  We used quantitative 1H NMR 
to determine the total concentration of amine moieties in 
each sample and normalized the GBV toxicity and L/D 
membrane damage to yield the resulting biological impact 
for a given concentration of amino groups. This 
normalization allows us to compare the bio- responses to 
per amine among different DNP surfaces. For quantitative 
NMR analysis, three known amounts of each propylamine 
(with D2O), propyl trimethylamine (with D2O), 11-
trimethylamine (with D2O), tetraethylenepentamine (with 
D2O) and poly(allylamine) (with D2O) were used as external 
standards, and peak integrations were compared to these 
standards. Relaxation delay was set to at least 5 times the 
T1 of the standards and integrated peak areas are 
normalized with the number of scans and the receiver gain. 

RESULTS 
Characterization of functionalized DNPs. In order to 

verify that the DNPs are functionalized as expected, we 
characterized the functionalized DNDs using x-ray 
photoelectron spectroscopy (XPS). Figures 2a-e show the 
N(1s) spectra for all five different cationic surfaces: 
polyallylamine hydrochloride-DNPs (PAH-DNPs, Fig. 2a), 
tetraethylenepentamine-DNPs (TEPA-DNPs, Fig. 2b), C3 
primary amine-DNPs (C3-NH3

+-DNPs, Fig. 2c), C3 
quaternary amine-DNPs (C3-N(CH3)3

+-DNPs, Fig. 2d) and 
C11 quaternary amine-DNPs (C11-N(CH3)3

+-DNPs, Fig. 2e). 
The nitrogen region for PAH-DNPs (Fig. 2f) shows two 
peaks at 399 eV and 401 eV. TEPA- DNPs (Fig. 2g) has two 
peaks at 399.6 eV and 401 eV. Nitrogen 1s peaks that are 
centered at 399-400 eV are often assigned as non-
protonated amine moieties such as C-N, -NH2;34-35 while 
nitrogen peaks that are at higher binding energies (400 eV- 
402 eV) have been reported as amide bonds (-NH-CO) and 
amines that are in their protonate states ( -NH3

+,  -
N(CH3)3

+).23, 34, 36 From our results shown in Fig. 2a-e, the 
amide bond moiety at 401 eV binding energy is only 
observed for PAH-DNPs and TEPA-DNPs, and is consistent 
with these surface structures because the PAH and TEPA 
molecules are linked to the carboxylate DNP surfaces 
through amide linkage. The N(1s) spectra of C3-NH3

+-DNPs 

(Fig. 2c), C3- N(CH3)3
+-DNPs (Fig. 2d) and C11- N(CH3)3

+-
DNPs (Fig. 2e) show two peaks that are centered at 399.6 
eV and 402.2 eV, and are consistent with the C-N nitrogen 
(399.6 eV),37 -NH3

+ and -N(CH3)3
+ nitrogen (402.2 eV, 

protonated amines)34-35 moieties that are present at these 
surfaces. Figures 2f-j show C(1s) spectra for all five cationic 
surfaces. The peak at 284.8 eV is present in all carbon 1s 
spectra and corresponds to C-C and C-H from diamond 
cores and hydrocarbon chains at DNP surfaces.23 Peaks 
centered at 286 eV are also observed in all C(1s) spectra and 
are consistent with the C-N moieties that are present in all 
these surfaces. Nitrogen moieties such as C-N and C=N at 
carbon nanoparticle surfaces have been reported to appear 
at approximately 285.9 ± 0.1 eV.25, 35 Additional peaks at 
288.1 eV are observed in PAH-DNPs (Fig. 2f) and TEPA-
DNPs (Fig. 2g). C(1s) spectra, which we attribute to C(1s) 
atoms in amide linkages38 (N-C=O) resulting from the EDC 
coupling. The carbon 1s spectra show consistent results 
with the nitrogen spectra for each cationic DNP surfaces, 
which further verified the presence of C-N, CO-NH and -
NH2/NH3+

 moieties in our samples. XPS measurements were 
done and quantified independently on both Si and Au 
substrates (drop-cast substrates) to verify data consistency. 
The line shapes of N(1s) and C(1s) were very consistent 
among measurements using different drop-case substrates 
and among replicates (Supporting Information S4). The XPS 
results in Figure 2 confirm that the DNP surfaces have been 
functionalized with different amine moieties through 
covalent bonds, yielding the structures shown in Fig. 1. 
Quantitative analysis of the XPS data (Supporting 
Information S5 for details) yields an average surface 
coverage of 0.7 ± 0.2 molecules per nm2 for the DNPs 
functionalized with linear ligands, consistent with one 

monolayer coverage as previously reported.25

Surface structural analysis using NMR. While XPS 
analysis shows that the above procedure forms molecular 

Figure 2. XPS spectra of N(1s) regions (a-e) and C(1s) 
regions (f-j) of PAH-DNPs, TEPA-DNPs, C3-NH3+-
DNPs, C3-N(CH3)3

+-DNPs and C11-N(CH3)3
+-DNPs. 
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layers with exposed amine groups as depicted in Fig. 1, 
further insight into the specific chemical structures of the 
molecular ligands upon attachment is needed. We used 1H 
NMR to characterize the functionalized NP surfaces, as 
shown in Fig. 3 and Table 1. While a detailed analysis of the 
NMR data is included in the Supporting Information, several 
important observations are noted here.  We first note that 
vinyl protons, which would appear in the 5-6 ppm region, 
are not observed in any of the five spectra shown in Fig. 3. 
This result demonstrates that the terminal vinyl groups of 
the starting ligands have reacted in the course of above 
procedure and that the ligands are attached to the DNP 
surface through the vinyl terminus. Further confirmation of 
the chemical structure of the surface-attached molecules is 
obtained from a more detailed analysis of the spectra 
(Supporting Information S6). Table 1 summarizes the 
assignments and chemical species types for all peaks in the 
1H NMR spectra of the five amine-functionalized DNP 
surfaces. The 1H-NMR data in Fig. 3 provide detailed 
structure confirmation that the five cationic surfaces have 
the chemical structures depicted in Figure 1. As described 
in the methods section, in order to help understand the 
roles of amino groups in controlling the biological impact 
and toxicity of cationic nanoparticles, we quantify the total 
concentration of amino groups for each DNP surfaces by 
integrating the areas of peaks characteristic of amine 
moieties (labeled in c, f, g, i, j, l1-8, m, n and o). The measured 
concentrations of the amino groups in each stock samples 
are included in the Supporting Information, S6, Table S3. All 
functionalized DNP solutions were then diluted to the same 
amino group concentration for the bacterial exposure. 

DNP surfaces
1H  

(ppm)
Assignment Type

C3-NH3
+

0.8
1.2

2.03

a
b
c

-(CH2)n

-(CH2)n

-CH2NH3
+

C3-N(CH3)3
+

0.07-0.15
3.1
3.9

d-e
g
f

-(CH2)n

-N(CH3)3
+

-CH2N(CH3)3
+

C11-N(CH3)3
+

1.33
3.11
3.35

h1-10

j
i

-(CH2)n

-N(CH3)3
+

-CH2N(CH3)3
+

TEPA
1.02-1.21
3.46-3.66

k1-5

l1-8

-(CH2)n

-CH2NH
-CH2NH2

PAH
1.17
1.59
2.67

n
o
m

-CH2

-CH-CH2

-CH2NH3
+

Biological impact of cationic DNPs on S. oneidensis.   
Growth-based viability and Live/Dead assay. We examined 
the influence of the five different positively charged amine 
functionalized- DNPs on the Gram-negative bacterium 
Shewanella oneidensis MR-1 (S. oneidensis) using a growth-
based viability assay.33  Figure 4a shows viability of the S. 
oneidensis after introduction of functionalized DNPs for 1 h, 
reported for different concentration of surface-tethered 
amino groups. None of the DNPs functionalized with small 
molecule ligands (e.g., C3-N(CH3)3

+-DNPs, C3-NH3
+-DNPs, 

C11-N(CH3)3
+-DNPs and TEPA-DNPs) have a significant 

negative influence on the viability of S. oneidensis over the 
concentration range studied;  In contrast, the PAH-DNPs 
show significant toxicity even at low amine concentration of 
10 nM (equivalent DNPs concentration: 0.4 mg/L), and 
induce 100% cell death at 20 nM amine concentration 
(DNPs: 0.8 mg/L) and above. To confirm that the toxicity is 
a nanoparticle surface-specific effect, we also conducted 
control studies exposing S. oneidensis to the free ligands. As 
shown in Fig. 4b, none of the ligands, including PAH, show 
any toxicity across the same amine concentration range. 
Thus, we conclude that the toxicity of PAH is only observed 
when it is attached to the DNPs and is therefore a 
“nanoparticle-surface-specific” effect. To understand the 
specific interactions that led to the high cytotoxicity, we 
employed the Live/Dead (L/D) assay to quantify the 
membrane integrity of the cells.39-41 The L/D assay is a 
fluorescence-based method that uses two different 

Figure 3. 1H NMR spectra of a) C3-NH3
+-DNPs, b) C3-

N(CH3)3
+-DNPs c) C11-N(CH3)3

+-DNPs, d) TEPA-DNPs 
and e) PAH-DNPs. Asterisk denotes for solvent peaks.Table 1. Peak assignment for 1H-NMR spectra of 

amine-functionalized DNP surfaces.
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fluorescent dyes that bind to nucleic acid: green fluorescent 
SYTO® 9 and red fluorescent propidum iodide (PI) dyes.42 
These two stains have different abilities to penetrate 
healthy bacterial cells: the SYTO9 stain (excitation at 485 
nm, emission at 528 nm) is membrane-permeant, whereas 
the PI stain (excitation at 485 nm, emission at 638 nm) only 
crosses damaged cell membranes. Figure 4c shows the 
influence of the five cationic-DNPs on the integrity of cell 
membranes of S. oneidensis, presented as ratios of 

fluorescence intensity of SYTO9 to PI stain that were 
exposed with NP-cells matrices. Because the signals from 
SYTO9 stain represents all cells and signals from PI stain 
represents only cells with damaged membranes, the 
fluorescence intensity ratio of SYTO9 to PI is related to the 
fraction of cells with intact membranes. The L/D assay 
exhibits the same trend as the GBV assay where the four 
DNPs functionalized with small-molecule ligands (C3-
N(CH3)3

+-DNPs, C3-NH3
+-DNPs, C11-N(CH3)3

+-DNPs and 
TEPA-DNPs) had almost no effect on the integrity of S. 
oneidensis membrane, while PAH-DNPs induce significant 
membrane damage (20% of all cells having damaged 
membranes) at 10 nM amine concentration (DNPs: 0.4 
mg/L) and up to 60 % membrane damage at higher amine 
concentration (Fig. 4c). 

The results from the L/D control studies using free 
ligands (Fig. 4d) are consistent with the results of GBV 
measurements, showing that none of the free ligands 

(including PAH) induce significant membrane damage 
across the same concentration range, while the covalently 
linked PAH polymer induces membrane damage when 
attached to DNP surface. The reduced viability revealed by 
the GBV assay and the membrane damage revealed by the 
L/D assays demonstrate that amino groups present in an 
amino-containing polymer (such as PAH) induce much 
strong biological interactions compared with the same 
concentration of primary or quaternary amino groups that 

are tethered more closely to the DNP surfaces (such as 
linear ligands with terminal amino groups). We further note 
that if we had instead presented these data as a function of 
nanoparticle concentration instead of amino concentration, 
the strong interactions of PAH would be even more 
apparent because of the higher number of ligand density of 
PAH-NDPs per nanoparticle (Supporting Information S7). 
Prior studies have often correlated toxicity of nanoparticles 
with the presence of a net positive charge.2, 13-15 However, 
recent studies using both experiments and MD simulations 
have suggested that, at high amine densities, both the total 
number of charged groups and the fraction of amine in a 
charged state can be less than those at intermediate 
coverages, due to Coulombic interactions between 
neighboring sites.43-44 We measured the zeta potential (ζ 
potential) for all five cationic surfaces in both nanopure 
water and HEPES buffer as this is the biological exposure 
medium. Figure 4e shows that the ζ potential for the DNPs 

Figure 4. Growth-based viability results of S. oneidensis upon exposure to all cationic diamond nanoparticles (a) 
and free cationic ligands (b) (n = 4), the bacterial Live/Dead assay results assessing membrane integrity of S. 
oneidensis by all cationic DNPs (c), and  free cationic ligands (d) (n = 6), and (e) -potential values of all cationic 
DNPs in HEPES buffer (bacterial medium) (n > 5 from technical replicates). Asterisk denotes statistical differences 
among measurements using one-way ANOVA Tukey’s multiple comparison test (p < 0.05). All error bars represent 
the standard deviation.
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7

that are functionalized with linear small molecule ligands 
(C3-NH3

+-DNPs, C3-N(CH3)3
+-DNPs, C11-N(CH3)3

+- DNPs 
and TEPA-DNPs) and the DNPs that are functionalized with 
polymer (PAH-DNPs) are statistically identical in ζ 
potential, except for TEPA-DNPs with slightly lower ζ 
potential. The previous molecular dynamics studies have 
shown that when the net surface charge density is 
sufficiently high, the zeta potential is only weakly 
dependent on the density of surface charges, due to charge 
compensation by the counter-ions. 45-47 In the present work, 
charge compensation by counter-ions likely plays a role in 
controlling the zeta potentials, such that the the multi-
cationic PAH shows almost identical zeta potential as the 
mono-cationic molecular ligand at DNP surfaces. An 
important conclusion from this work is that the ζ potential 
alone is not a good parameter to predicting biological 
impact of functionalized nanoparticles. Overall, the GBV 
toxicity and L/D assay results show that the DNPs 
functionalized with the small linear molecules do not have 
any negative effect on the S. oneidensis viability or on 
membrane integrity, while the PAH-functionalized DNPs 
induce significant cell death and membrane damage even at 
lower concentrations. These results show that neither 
amine concentration nor the surface charge (measured by ζ 
potential) is the key factor in this difference; rather, the 
ligand conformation and spatial distribution of amino 
groups must be playing important roles in controlling the 
biological interactions. 

Cell membrane deformation induced by polyamine 
functionalized DNPs. To determine the influence of 
functionalized DNPs on S. oneidensis cell membranes, we 
analyzed the structure of S. oneidensis cell membranes after 
exposure to functionalized DNPs using TEM. Since all four 
small-molecule ligand-functionalized DNPs show similar 
responses in GBV and L/D assay, we chose C3-N(CH3)3

+-
DNPs as a representative linear ligand for comparison with 

PAH-DNPs. Figure 5a-b shows TEM images of untreated S. 
oneidensis cells in bright- field imaging mode. Figure 5c-d 
shows two representative TEM images of the bacterial cells 
after exposure to C3-N(CH3)3

+-DNPs; no major membrane 
distortion or disruption is visible, and the DNPs appear to 
be adhered to the outer layer of the cell membranes 
(indicated in red circle). In contrast, Figure 5e-f shows TEM 
image of the bacterial cells after exposure to PAH- DNPs; in 
this case, significant membrane distortion with spherical 
protrusions are observed on the outside of the bacterial 
membranes (indicated in red squares). These structures 
appear similar to previously reported images of outer 
membrane vesicles (OMVs).48-50 Prior work has shown that 
OMVs can be formed as a  stress response.51 Similarly, the 
structures observed in our studies may be an indication of 
stress induced by PAH-DNPs. We have included additional 
TEM images at larger size in the Supporting Information S8. 
In summary, the TEM images in Fig. 5 demonstrate that the 
S. oneidensis cell surfaces respond much more strongly to 
the NPs functionalized with the polymer PAH compared 
with NPs functionalized with the linear small molecule 
ligand, even when the total concentration of amine groups 
is the same. 
Role of molecular structure. Although the strong 
correlation between bacteria viability (Fig. 4a-b) and 
membrane damage (Fig. 4c-d and 5) was expected, our 
overall results are surprising in two ways. First, control 
experiments using the free PAH cationic polymer show that 
free PAH polymer does not induce membrane damage or 
decrease in cell viability across the tested amine 
concentrations. The cytotoxicity of PAH-DNPs only results 
from surface-attached PAH polymers. Second, both GBV and 
L/D assays show that on a “per amine” basis, each amino 
group of PAH-DNPs induces significantly higher toxicity 
than an equal number of amino groups on a linear small 
molecule ligand. Viability measurements normalized to 

Figure 5. TEM images of (a-b) healthy S. oneidensis without exposure to cationic DNPs, (c-d) S. 
oneidensis after exposure to linear molecular ligand functionalized DNPs (C3-N(CH3)3

+-DNPs) and (e-f) 
S. oneidensis after exposure to polymer functionalized DNPs (PAH-DNPs). TEM images were taken using 
S. oneidensis that was treated with 80 nM amine concentration at DNP surfaces.
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amino concentration (Fig. 4a-d) show that the 
concentration of surface-exposed amino groups in solution 
is not the key factor in this difference, nor is the zeta 
potential. Dielectrophoretic light-scattering estimates the 
zeta potential by measuring dielectrophoretic mobility and 
within using a model (such as the widely used 
Smoluchowski model48, 51-53 to relate the measured mobility 
to a zeta potential. However, this approach assumes that 
particles are hard spheres with uniform charge distribution 
and does not account for lateral inhomogeneities across the 
NP surfaces or for more extended distribution of charge in 
the electric double layer.54-55 Consequently, measurement 
of the zeta potentials of DNPs functionalized with molecules 
having different morphologies (e.g., linear ligands vs. 
polymer-linked) does not adequately represent the 
differences in spatial distribution of charge. Our results 
show that the spatial distribution of charge plays a key role 
in nanoparticle-membrane interactions. The main 
difference between DNPs functionalized with linear ligands 
(such as C3-NH3

+-DNPs) and those modified with covalent-
bonded polymers (PAH-DNPs) is the conformation of the 
surface molecules. Figure 6 represents a schematic 
illustration of functionalized DNPs interacting with a model 
LPS layer. For DNPs that are functionalized with short linear 
molecules, the charges are located in a thin shell at the 
periphery of the molecular monolayer, as shown in Fig. 6a. 
In contrast, DNPs that are functionalized with polymers 
have charges that extend further from the nanoparticle 
surface. In prior work, we characterized the molecular 
conformations of DNPs covalently bonded to PAH.26  Our 

NMR T2 measurements showed that the PAH molecules 
exhibited two distinct populations, corresponding to sites 
bonded to the surface and other sites consisting of highly 
flexible polymer loops and tails. Similar conformations have 
been reported for other polymers at planar and 
nanoparticle surfaces.56-60 The presence of loops and tails 
leads to an average charge distributed over a finite 
thickness adjacent to the DNP surfaces, extending the 
double-layer and increasing the hydrodynamic thickness. 
These effects are reflected in the larger hydrodynamic 
diameter (dh=61.6 ± 2.2 nm) of DNPs modified with PAH 
compared with DNPs modified with linear ligands (dh~30 
nm). Other prior studies of polymer-modified nanoparticles 
have reported similar morphologies,26, 59, 61  with loops and 
exposed tails extending into the adjacent liquid medium.56, 

58, 60 We propose that these loops and tails are largely 
responsible for the interaction of the PAH-NPs with S. 
oneidensis cell membranes. Specifically, we attribute the 
differential toxicity of PAH-ND and linear small molecule-
functionalized DNPs to differences in the radial extent of the 
charged groups. Prior work29 using molecular dynamics 
simulations has demonstrated that PAH binds to the LPS 
layer in Gram-negative bacteria through electrostatic 
interactions and eventually migrates to the core region of 
the LPS. Therefore, we propose that it is the larger radial 
extent of the loops and tails of the surface-linked PAH 
polymer enables penetration of the PAH (and its associated 
amino groups) into the lipopolysaccharide (LPS) layer at 
the surface of the Gram-negative S. oneidensis cell 
membrane. The positive charges allows the cationic NPs to 
bind to the surface of the bacterial membrane through 
electrostatic interactions, and the conformationally flexible 
PAH loops and tails assist physical insertion into the LPS 
layer. 

CONCLUSIONS
These studies demonstrate that while cationic charged 

groups can enhance nanoparticle interaction with cellular 
membranes, the detailed molecular structure of the 
molecules, which controls the spatial distribution and 
presentation of charged groups, plays a key role.  While 
nanoparticle charges are frequently characterized using the 
zeta potential, this single parameter does not fully capture 
the essential molecular aspects that control the 
nanoparticle interactions.   Our work indicates that 
biological impact of cationic nanoparticles is greatest when 
the molecular functional groups extend away from the 
nanoparticle core in a flexible manner that can facilitate 
penetration of the molecules into the outermost molecular 
layers of the bacterial membrane. This work provides new 
perspectives on why cationic surface layers induce 
membrane damage in bacterial cells, and will facilitate 
further understanding of the fundamental mechanisms of 
cell membrane interactions of engineered NPs. 

ASSOCIATED CONTENT 

Supporting Information
Procedures of 11-trimethylamine-1-undecene bromide 
synthesis and characterization, details of DNPs 
functionalization conditions, hydrodynamic size and zeta 

Figure 6. Conceptual illustration depicting spatial 
distribution of charge of DNPs functionalized with a) linear 
molecular ligands and b) covalently linked polymer 
interacting with a model LPS layer. While short molecular 
ligands interact only with the outermost regions of the LPS 
layers of the cellular membrane, loops and tails of the 
polymer can insert into the layers, leading to membrane 
disruption. Gray spheres represent C atoms; red O atoms; 
blue N atoms, purple P atoms of LPS.  Positive charges 
correspond to amino groups; negative charges to 
phosphate groups of LPS.
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potential analysis of functionalized DNPs, XPS quantification of 
functionalized-DNPs, biological responses plot of S. oneidensis 
versus NP concentration and additional TEM images of NP-
exposed S.oneidensis. 

The Supporting Information is available free of charge on the 
ACS Publications website.
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