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Abstract

Fundamental and quantitative understanding of the interactions between nanoparticles and plant
leaves is crucial for advancing the field of nano-enabled agriculture. Herein, we systematically
investigated and modeled how zeta potential (-52.3 mV to +36.6 mV) and hydrodynamic size
(1.7-18 nm) of hydrophilic nanoparticles influence delivery efficiency and pathways to specific
leaf cells and organelles. We studied interactions of nanoparticles of agricultural interest
including carbon dots (CDs, 0.5 and 5 mg/mL), cerium oxide (CeO,, 0.5 mg/mL) and silica
(S10,, 0.5 mg/mL) nanoparticles with leaves of two major crop species having contrasting leaf
anatomies: cotton (dicotyledon) and maize (monocotyledon). Biocompatible CDs allowed real-
time tracking of nanoparticle translocation and distribution in planta by confocal fluorescence
microscopy at high spatial (~200 nm) and temporal (2-5 min) resolution. Nanoparticle

formulations with surfactants (Silwet L-77) that reduced surface tension to 22 mN/m were found
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to be crucial for enabling rapid uptake (< 10 min) of nanoparticles through the leaf stomata and
cuticle pathways. Nanoparticle-leaf interaction (NLI) empirical models based on hydrodynamic
size and zeta potential indicate that hydrophilic nanoparticles with less than 20 and 11 nm for
cotton and maize, respectively, and positive charge (> 15 mV), exhibit the highest foliar delivery
efficiencies into guard cells (100%), extracellular space (90.3%), and chloroplasts (55.8%).
Systematic assessments of nanoparticle-plant interactions would lead to the development of NLI
models that predict the translocation and distribution of nanomaterials in plants based on their

chemical and physical properties.
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carbon dots, cerium oxide nanoparticles, silica nanoparticles, surfactant, crops, agriculture.

The rapid growth in human population will require about 60% increase or more in food
production by 2050 relative to 2005-2007.! However, recent increases in annual crop yield rates
from 2005 to 2014 are significantly lower than those in preceding years? and far behind those
required to secure the food demand in 2050.3- Furthermore, climate change is exacerbating the
frequency and intensity of major environmental stresses such as drought, heat, and pathogen
infections that negatively impact crop productivity.b-8 Agricultural production faces many other
challenges including largely inefficient use of resources such as fertilizers, pesticides, and
herbicides used for improving crop yields. About 40-90% of these agrochemicals are lost to the
environment and never reach their target in plants.®!! This unsustainable use of resources leads
to not only massive economic and energy losses but also significant negative environmental
pollution.'>"!> Improvement in crop yields will require convergent and multidisciplinary
approaches for enhancing plant tolerance to environmental and pathogen stresses and the

efficient use of resources.

Nanoscale materials exhibit distinct physical and chemical properties that enable them to act as
unique tools for research and development of agricultural technologies.!-2! Nanomaterials have
been demonstrated to improve plant tolerance to environmental??>2* and biotic stresses,?> %’ to

enhance agrochemical delivery efficiency,!”-?8-32 to act as sensors that monitor plant signaling
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molecules and pollutants in the environment,3*-37 and to facilitate gene delivery to plant nuclear
and plastid genomes.*33° Currently, the main strategies employed for nanomaterial delivery to
plants in the field are soil drenching,**#* feeding/injection,?22428:33-35.38,39.45-48 an{ foliar
delivery.4-%0 Most nanoparticles applied to soil are not taken up by plants due to nanomaterial
heteroaggregation in soil, soil runoff, or root biological barriers.*!-01-6> Although
feeding/injection methods are highly efficient to deliver nanomaterials directly into plants, they
are labor intensive,?2-2428,33-35.38.39.49 Foljar topical delivery provides an efficient and scalable
approach for directly interfacing nanomaterials with plants. However, a poor understanding of
how nanoparticle chemical and physical properties control the translocation, distribution, and
attachment of nanomaterials in plant leaves limits the use of nanotechnology in nano-enabled

agriculture.

Previous studies on nanoparticle uptake in plant protoplasts (lacking cell walls)® and isolated
chloroplasts?® in vitro have discovered the role that zeta potential and size play on nanoparticle
translocation across plant plasma membrane and organelle lipid bilayers. These studies report
that positively or negatively charged nanoparticles with zeta potential magnitudes higher than 20
or 30 mV (Smoluchowski approximation) are more likely to be taken up by plant cell or
chloroplast membranes, respectively, whereas more neutral nanomaterials are not able to
penetrate plant lipid bilayers. As the size of the nanoparticle decreases, larger magnitude of zeta
potential is needed for enabling translocation across lipid membranes. However, a systematic and
modeling study of how charge and size influence nanoparticle transport in vivo from the leaf
surface (epidermis) into leaf cells and their organelles has not been performed. /n vivo
nanoparticle translocation across leaves requires them to cross not only cell and organelle lipid
membranes but also the leaf cuticle, stomatal pores, and cell walls (Figure 1a). The leaf surface
is formed by a waxy layer called the cuticle containing nanoscale (~2 nm) hydrophilic pores,*-67-
"I'and micron scale stomatal pores. The cuticle and stomata are main pathways for nanomaterial
delivery to plant leaves. Inside leaves, the cell wall is a biological barrier with both hydrophobic
and hydrophilic components,’ with a reported pore size less than 13 nm,”* and unequal
distribution of fixed negative charges.’”*”> The upper size exclusion limit for transport of
nanoparticles through plant cells and the impact of charge on nanoparticle translocation across

these cells remains unclear.”>-77
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Herein, we systematically investigated and modeled how nanomaterial zeta potential and
hydrodynamic size impact the interactions of hydrophilic nanoparticles with leaf cell surfaces
and organelle membranes of chloroplasts, key plant photosynthetic organelles. We designed and
synthesized ten types of nanoparticles including fluorescent carbon dots (CDs), CeO, (NC) and
Si0O, (SN) nanoparticles (NP) to study how nanoparticle properties affect their translocation
across leaf biological barriers and their distribution in leaf cells. CDs are bright and fluorescent
nanomaterials with high quantum yield, high resistance to photobleaching, tunable emission
range,’®8! and facile surface functionalization. These biocompatible nanomaterials®>-3* have
been used for improving plant growth and disease resistance, and bioimaging in whole
plants.5%-8386 The unique optical properties of CDs are optimal for high spatial and temporal
resolution imaging by confocal microscopy®* and studying nanoparticles interactions with leaf
biological barriers. CeO, NPs acting as catalytic antioxidants have been delivered to chloroplasts
in plant model systems to improve plant tolerance to stresses including heat, chilling, high-
light,?* and salinity.?? The SiO, NPs have been reported to act as gene and agrochemical delivery

platforms,®-%? and to improve crop yield.?*2

We tested the overarching hypothesis that nanomaterial zeta potential and size determine the
translocation and distribution of nanoparticles in leaf cells of plants with contrasting leaf
anatomies, cotton (Gossypium hirsutum L.) and maize (Zea mays L.), corresponding to the major
plant taxa of dicotyledons and monocotyledons, respectively. Only one previous study has
compared nanoparticle interactions between dicotyledons and monocotyledons, reporting
differences in translocation from roots to shoots.”* To accomplish this study’s overarching goal,
1) we synthesized and characterized CDs, CeO,, and SiO, NPs with specific fluorescent
emission properties, positive or negative zeta potential, and specific hydrodynamic diameters; 2)
we developed nanoparticle formulations containing surfactants and studied the influence of
surface tension on enabling rapid and efficient foliar nanoparticle delivery for potential nano-
enabled agricultural applications; 3) we developed approaches for imaging nanoparticle
translocation in leaves by confocal fluorescence microscopy at high spatial and temporal
resolution; 4) we assessed how nanoparticle zeta potential and hydrodynamic size influence their

distribution in leaf cells and organelles including stomatal guard cells, extracellular space and
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chloroplasts; and 5) we created nanoparticle-leaf interactions (NLI) empirical models based on
nanomaterial zeta potential and hydrodynamic size for designing nanoparticles with higher

delivery efficiency into specific leaf cellular compartments.

Results and Discussion

Characterization of plant leaves with different anatomy

The cuticle and stomata are the two main pathways of nanomaterial entry through the leaf
epidermis into the mesophyll (Figure 1a). Inside leaves, nanomaterials can translocate across
extracellular (apoplastic) and/or intracellular (symplastic) pathways in the mesophyll. To enter
leaf mesophyll cells and chloroplasts from the extracellular space (apoplast), nanoparticles have
to cross main plant biological barriers such as the cell wall, plasma and organelle membranes.
Leaf anatomical differences between maize (monocot) and cotton (dicot) leaves are illustrated in
scanning electron microscopy (SEM) images of the leaf surface (Figure 1b), and light
microscopy images of leaf cross-sections (Figure 1c). The density of dumbbell shaped stomata in
the leaf epidermis of maize, 34.3 + 4.6 mm, is eight times lower than that of kidney shaped
stomata in cotton leaves, 258.4 = 32.2 mm2 (P < 0.01, Figure S1a). In contrast, the stomatal
length in maize leaves, 34.3 = 0.4 pum, is more than twice higher than that of cotton leaves, 13.4
+ 0.8 pum (P < 0.001, Figure S1b). Both palisade and spongy mesophyll cells can be identified in
the leaf mesophyll of cotton leaves, whereas only one type of mesophyll cells characteristic of
maize leaves can be observed. In the cotton leaf, the palisade mesophyll cells are closely packed
side-by-side below the adaxial (upper) leaf side, leaving little extracellular air space in between
them except underneath the stomatal pores. The spongy mesophyll cells in cotton leaves are
sparsely distributed on the abaxial (lower) leaf side creating large extracellular air spaces. In
contrast, tightly packed mesophyll cells were observed in the maize leaf cross-section, leaving
small air spaces underneath the stomatal pores. These leaf anatomical traits for cotton and maize
are characteristic of dicotyledonous and monocotyledonous plant species, respectively.** Leaf
autofluorescence spectra for crop leaves were independent of the excitation wavelength (405,

476, and 514 nm) used for confocal microscopy imaging (Figure S2). However, variations in
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chlorophyll a/b ratios in cotton and maize leaves can result in slight differences in pigment

autofluorescence spectra between these plant species %% (Figure 2¢ and S2).

Nanoparticle chemical and physical properties

Hydrodynamic size measurements by DLS (dynamic light scattering) confirmed the synthesis of
CDs, Ce0O,, and SiO, nanoparticles with average size from 1.7 to 18.0 nm (Table S1, average +
standard deviation) (Figure 2a). Representative TEM images show the core size of nanoparticles
in similar range from 1 to 15 nm (Figure S3). Nanoparticle zeta potentials from -52.3 mV to
+36.6 mV (Table S1, average + standard deviation) were significantly different except between
SA-CD6 and Dil-PNCI11, Dil-PNC2 and FITC-SN18 (P < 0.05) (Figure 2b). Zeta potential of
PEI-CDs (polyethyleneimine coated CDs), and Dil-ADNCs (Dil labeled aminated dextran
coated NC) are positive due to surface functionalization with amine-rich coatings. In contrast,
SA-CDs (succinic anhydride modified PEI-CDs), Dil-PNCs, [Dil labeled poly (acrylic acid)
coated NCs], and FITC-SN18 (FITC labeled SN) exhibit negative zeta potentials because of
abundant carboxyl or silanol groups on the surface. The surface chemical composition of
nanoparticles was confirmed by Fourier-transform infrared spectroscopy (FTIR) showing the
successful functionalization of the nanomaterial surface by different coatings (Figure S4). We
designed the nanoparticles for high resolution confocal microscopy imaging by minimizing their
fluorescence emission overlap with leaf autofluorescence (Figure 2¢ and S2). The nanoparticle
excitation wavelengths in both confocal microscopy and in vitro fluorescence measurements
were set at 405, 514, and 476 nm for CDs, Dil-NCs and FITC-SN18, respectively, close to the
absorption maximum in UV-vis absorption spectra (Figure S5). Nanoparticle fluorescence
emission ranges from 410 to 600 nm for CDs, 550 to 650 nm for Dil-NCs, and 500 to 600 nm for
FITC-SN18, with no significant overlap with the leaf autofluorescence from 670 to 800 nm
(Figure 2c and S2).

Influence of formulation surface tension on nanoparticle foliar delivery

Surfactants are widely used in agrochemical formulations for improving contact with plant
surfaces.”’"192 To the best of our knowledge there are no studies assessing their role and impact
on nanoparticle foliar delivery efficiency. The leaf surface of cotton and maize plants was

interfaced with CDs of different size and charge that were previously suspended in nanoparticle
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formulations with surface tension about 30 mN/m or 22 mN/m by adding Triton X-100 or Silwet
L-77, respectively. Nanoparticles did not affect the formulation surface tension and maintained
formulation pH values (5.3 - 8.5) within the plant physiological range (pH 5-8) (Figure S6). Leaf
uptake was determined as fluorescence of CDs observed in the leaf extracellular space,
mesophyll cells, or both. Confocal fluorescence microscopy images of leaves exposed to CDs
(after 3 h) (Figure 3 and S7) indicated that formulations containing Silwet L-77 with relatively
low surface tension allowed CDs of 2-6 nm size to penetrate through the leaf surface. In contrast,
formulations with Triton X-100 having a higher surface tension only allowed CDs of 2 nm size
to enter maize leaves (Figure 3 and S7). Therefore, we assessed nanoparticle foliar translocation
and distribution using Silwet L-77, the more effective surfactant. Non-surfactant-containing
formulations had poor wettability on the leaf surface, forming semi-spherical or spherical drops
on cotton and maize leaf surfaces. Confocal microscopy images taken from leaf tissues right
underneath the area of nanoparticle exposure indicated that no CDs suspended in water without
surfactant translocated inside leaves (Figure S8). Similarly, Avellan et al. applied gold
nanoparticles in aqueous solution without surfactant on wheat leaves and reported significantly
reduced amounts (~20%) of hydrophilic gold nanoparticle (3 nm, zeta potential -69.2 mV,
concentration 10 mg-Au/L) adhesion to wheat leaves (2 h after exposure), compared to 100% for

amphiphilic gold nanoparticles (3 nm, zeta potential -56.8 mV, concentration 10 mg-Au/L).!1%3

These results were further confirmed with 3D images created from confocal microscopy z-stack
images (2 wm z-axis resolution and 225-285 nm x-y resolution, Leica SPS5) of cotton and maize
leaves treated with 10 different types of fluorescent nanoparticles in formulations with Silwet L-
77 (Figure S9). Nanoparticles in surfactant formulations exhibited high stability (Figure S10).
Fluorescent dye molecules strongly associated with the cerium oxide and silica nanoparticles and
no dissociation occurred even in the presence of Silwet L-77 (Figure S11). In cotton, all the
nanoparticles with hydrodynamic size up to 18 nm penetrated the leaf surface (Figure S9a). In
contrast, nanoparticles with hydrodynamic size larger than 8 nm were not permeable through the
maize leaf surface (Figure S9b). The surfactant concentrations used in this study were similar to
those used in actual agricultural formulations®®*° and do not have a detrimental impact on leaf
health in cotton and maize (Figure S12). The CD formulations in Silwet L-77 as surfactant were

designed to be biocompatible with plants by monitoring the impact of formulation exposure on
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leaf chlorophyll content. No significant differences of leaf chlorophyll content were observed
between control untreated leaves and those interfaced with CDs suspended in formulations with
Silwet L-77 (Figure S12). Chlorophyll content indexes measured with a SPAD meter before and
3h after exposure of leaves to nanoparticles were similar (Figure S12) indicating that

nanoparticle exposure does not interfere with SPAD meter readings.

High spatial and temporal resolution imaging of nanoparticle translocation in leaves in
planta

Leaves of intact plants mounted on a confocal microscope were treated with positively or
negatively charged CDs, PEI-CD2, PEI-CD6, SA-CD2, and SA-CD6 with hydrodynamic sizes
of 2 and 6 nm, previously suspended in formulations with Silwet L-77. Z-stack images were
collected every 2 to 5 min from the leaf surface to the mesophyll (2 pm z-axis resolution and 206
- 233 nm x-y resolution, Zeiss 880), generating time-lapse videos of nanoparticle pathways of
translocation across leaves in real-time and in planta (Video S1, S2, S5, S6, S9, S10, S13, and
S14). Snapshots of our real-time confocal microscopy videos within the leaf epidermis and
mesophyll layers, and the reconstructed 3D images from z-stacks suggest different pathways of
foliar entrance for PEI-CD2, SA-CD2, PEI-CD6, and SA-CD6 in cotton and maize leaves
(Figure 4 and S13-S15, Video S3, S4, S7, S8, S11, S12, S15, and S16). All CDs translocated
across the cotton leaf surface through both stomatal and cuticular pathways (Figure 4 and S13-
S15, Video S1, S3, S5, S7, S9, S11, S13, and S15). In contrast, stomata were the main pathway
of entrance for all the four CDs in maize leaves, highlighting potential differences of
nanoparticle translocation between monocots (maize) and dicots (cotton) (Figure 4 and S13-S15,
Video S2, S4, S6, S8, S10, S12, S14, and S16). The presence of nanoparticle fluorescence
signals in stomatal guard cells or pores in both plant species indicates translocation through the
stomatal pathway (Figures 4 and S13-S15). Species dependent differences in initial nanoparticle
translocation through either stomatal pores (Figure 4, maize), guard cells or both (Figure 4,
cotton) are interesting subjects of future studies on translocation of nanoparticles within stomatal
structures. Nanoparticle fluorescence is also observed around the epidermal cell boundaries in
cotton and to a much less extent in maize (Figures 4, S13-S15) suggesting that nanoparticles are

distributed within anticlinal cell walls rich in hydrophilic pores.”® The hydrophilic pores in the
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cuticle have been reported to be smaller than 2 nm®7-% representing a likely size exclusion limit

factor for larger hydrophilic nanoparticles.

For both cotton and maize plants, the CDs rapidly entered the leaves within only a few minutes
after nanoparticle exposure and localized within different cellular intracellular and extracellular
compartments in the leaf mesophyll within 1 hr. Nanomaterials can rapidly penetrate plant cell
membranes via non-endocytic pathways?»1%4 by disrupting lipid bilayers.?%¢ Previous studies
have reported transport of nanoparticles across the leaf surface but in significantly longer time
frames of several hours or days after nanoparticle exposure.”!:13 Avellan et al. recently reported
using X-ray mapping that hydrophilic citrate-Au NPs, especially those about 3 nm in size, are
preferentially taken through the stomatal pathway in wheat (monocot).' Surface chemistry also
influences gold nanoparticle (AuNPs) translocation through the leaf surface.!?* Coating Au NPs
with polyvinylpyrrolidone (PVP, an amphiphilic polymer) led to complete uptake through the

leaf, while the hydrophilic citrate coating left a large fraction of Au NPs on the leaf surface.!%3

Impact of nanoparticle charge and size on their distribution in leaf cells and organelles
We assessed by confocal fluorescence microscopy how hydrodynamic size and zeta potential of
CD, CeO; and SiO, NPs affect their distribution in leaf cells and organelles including guard
cells, extracellular space, and chloroplasts (Figure 5 and S16-S19). Guard cells are important
cellular structures regulating CO, and H,O gas exchange,!%>1% and the gates for plant pathogen
infections.!?” The extracellular space exhibits marked differences between cotton and maize
(Figure 1) and is characterized by a low pH (~5)'% that could significantly influence
transformations of nanoparticles for agrochemical delivery. Translocation of nanoparticles into
cells and photosynthetic organelles such as chloroplasts requires movement across major plant
cellular barriers such as the cell wall, plasma membrane and organelle lipid bilayers. The
colocalization rate of nanoparticles with chloroplasts (Figure 5b) was analyzed by identifying
overlapped fluorescence peaks in six transects of ROI (region of interest) equidistantly separated
in confocal image overlays (See methods) as described in previous studies.?*!%° The chloroplast
colocalization rate with nanoparticles assessed by ROI analysis was confirmed by Manders’
overlap coefficient analysis'!? based on the percentage of chloroplast pixels overlapping with

nanoparticle pixels. The colocalization rates based on ROI analysis and Manders’ overlap
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coefficients were positively correlated (P < 0.0001) (Figure S20). Nanoparticles were localized
in the extracellular space of the leaf mesophyll (Figure 5c) as the nanoparticle occupied area
outside the cell boundary delineated by chloroplasts in confocal microscopy imaging (Figure
S21).1"1-113 Nanoparticles were identified in guard cells by performing z-stacks as described
above from the stomata upper surface in the leaf epidermis into the leaf mesophyll (Figure 5d).
As shown in the orthogonal views of confocal microscopy images (Figure 5d, after 3 h
exposure), the nanoparticle fluorescence is observed within guard cells and also in stomatal

pores.

The impact of charge and size on nanoparticle leaf cellular distribution was quantitatively
assessed as the percentage of guard cells, extracellular space area, or chloroplasts containing
nanoparticles (Figure 6). We identified nanoparticles with efficient delivery to guard cells,
extracellular space, or chloroplasts as those with colocalization rates above the average rates
minus SE (standard error) of all nanoparticles tested (Figure 6, see methods). Most nanoparticles
with hydrodynamic size up to 16 and 8 nm, in cotton and maize, respectively, exhibited above
average colocalization with leaf guard cells, and nanoparticles with larger hydrodynamic size
showed significantly lower delivery efficiencies (P < 0.05) (Figure 6a). This indicates a
limitation of nanoparticle penetration into guard cells due to the cell wall size exclusion limit that
is likely plant species specific. Patterns of nanoparticle localization in the extracellular space
were complex and varied depending on plant species, charge and size (Figure 6b). In cotton, all
positively charged nanoparticles with a size up to 12 nm were found efficiently localized in the
extracellular spaces but most negatively charged nanoparticles were found at significantly lower
levels in this compartment (P < 0.05). In contrast, nanoparticles were efficiently delivered to
extracellular space in maize when the hydrodynamic size was 6-8 nm for positively charged
nanoparticles and 2-6 nm for most negatively charged nanoparticles. Nanoparticles with
hydrodynamic size smaller than 12 and 6 nm for cotton and maize, respectively, tend to have
above average delivery efficiency to chloroplasts in leaf mesophyll cells (P < 0.05). In both crop
species, the percentage of chloroplasts colocalized with nanoparticles was higher in nanoparticles
with positive zeta potential compared to their negatively charged counterparts (P < 0.05) (Figure
6¢). Although colocalization rates with chloroplasts in maize mesophyll cells were above

average for positively charged nanoparticles under 6 nm in size (P < 0.05), the colocalization

ACS Paragon Plus Environment

10



Page 11 of 41

oNOYTULT D WN =

ACS Nano

values with chloroplasts were low and did not surpass 30%. The plant cell wall is negatively
charged’ which can have a higher affinity with positively charged nanoparticles and act as a
cation exchange membrane facilitating their passive translocation across cell walls.”>~"7
Moreover, it has been reported that cationic nanoparticles exhibit higher cellular uptake because
of the negative transmembrane electrical potential with respect to the exterior of the cell.!!4115
The topical foliar delivery of nanoparticles suspended in surfactants and without external
mechanical aid used in this study may also play a role in promoting the delivery of positively
charged nanoparticles across cell wall and membranes. We have previously observed and
reported a higher delivery efficiency of negatively charged CeO, NPs to Arabidopsis
chloroplasts by needleless syringe infusion through the leaf lamina.?* Overall these results
indicate that nanoparticle delivery efficiency to leaf cells and organelles are influenced by zeta

potential and limited by the cell wall pore size in a plant species dependent way.

Leaf anatomical differences in cotton and maize leaves could explain differences in nanoparticle
foliar delivery efficiency. The smaller extracellular air spaces and tightly packed mesophyll cells
in maize leaves contribute to reduce the cell surface area exposed to nanoparticles entering
through stomatal pathways (Figure 1). Higher stomatal density in cotton than in maize leaves
(Figure S1a) provides more micron-sized stomatal pore entrance pathways for nanomaterials.
Furthermore, stomatal guard cells in the epidermis appear to be more permeable and have a
higher nanoparticle size limit than mesophyll cells containing chloroplasts (Figure 6a,c). Stomata
guard cells have cell walls with mechanical properties that allow them to significantly enlarge or
contract *+116 and have an estimated pore size greater than 20 nm.%° In contrast, leaf mesophyll
cells do not undergo large changes in volume °+!16 and have smaller cell wall pore size’3. These
underlying structural and functional properties of plant cell walls may explain the high
colocalization rates with nanoparticles in leaf guard cells (Figure 6). Together these leaf
structural traits contribute to the differences in translocation of nanoparticles into leaf mesophyll

cells and organelles and overall foliar delivery efficiencies.

Nanoparticle-leaf interaction models for designing nanoparticle charge and size
We built nanoparticle-leaf interaction (NLI) empirical models to identify and predict

nanoparticle hydrodynamic size and zeta potential ranges that enable nanoparticle foliar topical
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delivery with above average efficiencies into cotton and maize guard cells, extracellular space,
and chloroplasts (Figure 6d and Table S2). NLI empirical models based on 95% confidence
ellipse regions predict a 20 and 11 nm hydrodynamic size limit for efficient hydrophilic
nanoparticle delivery into cotton and maize guard cells, respectively. These empirical models
also highlight that nanoparticles with positive zeta potential and below this size limit can be
efficiently delivered into chloroplasts and extracellular spaces of cotton leaves. Despite that
FITC-SN18 nanoparticles have a below average delivery efficiency to guard cells in cotton
(~35%), their nanoparticle size and charge overlapped with the 95% confidence ellipse region for
efficient delivery. FITC-SN18 have silanol instead of carboxyl functional groups suggesting that
nanoparticle surface chemical identity is an important factor that should be taken into account by

NLI empirical models.

The hydrodynamic size limitation for hydrophilic nanoparticle delivery efficiency indicates that
the plant cell wall pore size is an important barrier for nanoparticle translocation in plants,
excluding hydrophilic nanoparticles depending on their size. Nanoparticles with amphiphilic
coatings such as PVP have been reported to enable the delivery of nanomaterials (~50 nm)'%3
larger than the size exclusion limits found in this study, highlighting the need of n-dimensional
NLI models that include not only nanoparticle size and zeta potential, but also hydrophobicity,
aspect ratio, core and surface chemistry. The PVP coated AuNPs penetrate through the
hydrophobic cuticular domains of the leaf epidermis within 2 days. However, these AuNPs had a
lower translocation efficiency through the leaf mesophyll, possibly due to the amphiphilic nature
of PVP surface coating. Under the nanomaterial hydrodynamic size limit, positive charge is
crucial for nanoparticles to have a high delivery efficiency into leaf cells and organelles. The
different behavior between nanoparticles with positive and negative charge could be associated
with the negatively charged cell walls in plants that act as ion exchange surfaces promoting the
penetration of cationic nanoparticles but impeding the anionic ones.”>~77-11%.118 High zeta potential
of nanoparticles, independent of charge, has been reported to favor penetration through plant
membranes according to studies and models based on isolated protoplasts and chloroplasts in
which the plant cell wall is absent.? However, in leaf cotton cells the nanoparticles with the
lowest zeta potential magnitude and hydrodynamic diameter (SA-CD2, -13.8 mV, 2 nm) were

more efficiently delivered to chloroplasts than the other negatively charged nanoparticles. This
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supports the idea that the size limiting effect of cell walls could be predominant in vivo, allowing
the uptake of nanoparticles with smaller size. Understanding the physical and chemical
interactions of nanoparticles with model and isolated cell walls may contribute to elucidate the

underlying mechanisms of these chemical interactions.

Conclusions

We designed and synthesized nanoparticles, and developed high spatiotemporal resolution
imaging tools for systematically assessing and modeling the role of charge and size on
nanomaterial distribution in leaf cells. We studied rapid foliar delivery methods for nanoparticles
in cotton and maize crops that could be translated to other plant species and field applications.
We demonstrated that it is crucial to lower nanoparticle formulation surface tension (~22 mN/m)
for rapid foliar delivery of hydrophilic nanoparticles with hydrodynamic size larger than 2 nm.
Real time in planta confocal microscopy indicated that nanoparticles translocate across leaf
surfaces through stomata and cuticular pathways. Overall, the efficient delivery of nanoparticles
into guard cells, extracellular space, and chloroplasts is dependent on nanoparticle size and
charge, and plant species. Our systematic assessment of nanoparticle charge and size effect on
their leaf cellular distribution is represented in NLI empirical models acting as predicting tools of
the behavior of similar hydrophilic nanoparticles in cotton and maize leaves. The hydrodynamic
size limit for efficient nanoparticle delivery into leaf cells was determined at 20 and 11 nm for
cotton and maize, respectively, which points out to possible different cell wall pore size for these
two plant species. Positive nanoparticle charge results in higher foliar delivery efficiencies into
chloroplasts, possibly due to their higher affinity with the negatively charged plant cell walls and
negative transmembrane electrical potential of the cell membrane. Although cotton and maize
have contrasting leaf anatomic characteristics of the dicotyledons and monocotyledons,
respectively, we expect that other plant species within these large plant taxa would show
variations in hydrodynamic size and zeta potential range for efficient delivery of nanoparticles to
specific cells and organelles. This study provides a framework of tools and approaches to assess
and model the interactions between nanoparticle properties (hydrodynamic size and zeta

potential) and plant cells and organelles in vivo.
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Understanding and modeling the role of nanoparticle charge, size, hydrophobicity and other
chemical and physical properties on their interactions with leaf surfaces will enable a more
efficient and controlled use of nanoscale agrochemicals. Few studies have addressed how
nanoparticle translocation and distribution in plants is affected by shape and composition of
nanomaterials. However, accumulation and transport of gold nanoparticles in plants has been
reported to depend on their aspect ratio®® and hydrophobicity.!9 Nanoparticle transformations
including corona formation by proteins, lipids, or carbohydrates in different plant species should
also be assessed to determine the nanoparticle stability, uptake and translocation in plant organs
and cell compartments, as well as their toxicity to plants.!'®-122 Both nanomaterial size and
surface properties have been reported to play a key role in determining nanoparticle corona
formation in non-plant biological fluids.!'® This in turn is expected to have an impact on
nanoparticle translocation and distribution in plants. However, the formation of plant
biochemical coronas on nanoparticles is poorly understood and has been addressed by only a

handful of studies.!?%124

Similar to the pharmacokinetics field in biomedical research,!?3-130 the emergent research area of
plant nanokinetics aims at modeling nanoparticle uptake dynamics and distribution in plants.
Recent studies in this area are highlighting how nanoparticle properties (e.g. size, charge) impact
their translocation and distribution in isolated chloroplasts,?® protoplasts without cell walls,® and
in vivo in plants as reported in this study. Comparisons between exposure studies at different
timescales would allow the creation of plant nanokinetic models that merge spatial and temporal
nanoparticle-leaf interaction components for determining and quantifying the dynamic behavior
of nanoparticle uptake, translocation, distribution, and excretion in plant structures. Plant
nanokinetic assessments can lead to effective and safe plant-nanotechnology management,
enhancing the efficacy of nanoparticles on plant health while reducing exposure to humans and

the environment.

Methods

Synthesis of nanoparticles

ACS Paragon Plus Environment

14



Page 15 of 41

oNOYTULT D WN =

ACS Nano

The CDs were synthesized by modifying a protocol reported by Khan et al.!3! Briefly, 2.40 g (40
mmol) of urea (99.2%, Fisher), 1.92 g (10 mmol) of citric acid (CA, 99.7%, Fisher), and 1.35 mL
of ammonium hydroxide (NH;3°H,0, 30~33%, Aldrich) was dissolved into 2 mL of molecular
water (Corning). The mixture was kept in a 50 mL beaker in an oven at 180 °C for 1h and 20min.
After cooled down to room temperature, the product was dissolved in 300 mL of molecular
water, filtered with filter paper (Whatman, pore size, 11 um), and the collected filtrate was
denoted as CDs. To synthesize PEI-CD2 and PEI-CD6, the CDs were functionalized with
PEI600 (branched polyethyleneimine, M.W. 600, 99%, Alfa Aesar) and PEI10k (branched
polyethyleneimine, M.W. ~10k, 99%, Alfa Aesar), respectively. The CDs were suspended in
molecular water to yield 4 mL of solution with a CD concentration of 5 mg/mL and the pH
adjusted to 10 by adding NaOH solution (20 mg/mL). This solution was added slowly while
stirring into a 0.8 mL of PEI600 or PEI10k solution (100 mg/mL). The mixture was kept stirring
for 0.5h before being sealed in Falcon tubes and treated at 85 °C for 16h in the oven. The product
was cooled down to room temperature, condensed and purified with a mixture of molecular
water, ethanol (absolute, Fisher), and chloroform (99%, Fisher) by centrifugation at 4,500 rpm
for 5 times. The resulting PEI-CD solution was collected and blown with air for 30 min to
remove ethanol and chloroform residuals. The PEI-CDs were redissolved in molecular water. To
synthesize SA-CD2 and SA-CD6, PEI-CD2 and PEI-CD6 were further treated with succinic
anhydride (SA, 99%, Alfa Aesar). The PEI-CD2 or PEI-CD6 were diluted with molecular water
to yield 1 mL of solution with a concentration of 5 mg/mL. Then this solution was diluted by
adding 3 mL of DMF (&, N-dimethylformamide, >99%, Sigma), followed by adding 1 mL of SA
solution (250 mg/mL) in DMF while stirring. The mixture was kept stirring for 3h before
condensed and purified with a mixture of molecular water, ethanol, and chloroform by
centrifugation at 4,500 rpm for 5 times. The resulting SA-CD solution was collected, and blown
with air for 30 min to remove ethanol and chloroform residuals, and SA-CDs were redissolved in

molecular water.

The PAA [poly(acrylic acid), M.W. ~1800, Sigma Aldrich] functionalized cerium oxide
nanoparticles (PNC) were synthesized as in Wu et al.># with modifications to control negatively
charged PNC size. For PNC2, 0.217 g of Ce(NO3);°6H,0 (cerium (III) nitric hexahydrate, 99%,
Aldrich) in 0.5 mL of molecular water was mixed with 0.450 g of PAA in another 0.5 mL of
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molecular water. The mixture was then added into 3 mL of NH;3*H,O while vigorously stirring.
For PNCI11, 0.217 g of Ce(NO3)3°6H,0 in 0.5 mL of molecular water was added rapidly into 3
mL of NH3°H,O while vigorously stirring. After 1 min, 0.450 g of PAA in 0.5 mL of molecular
water was added to the mixture. For PNC16, 0.217 g of Ce(NO;);* 6H,0 in 0.5 mL of molecular
water was added slowly (60s) into 3 mL of NH;*H,O while vigorously stirring. After 1 min,
0.450 g of PAA in 0.5 mL of molecular water was added to the mixture. All the mixtures were
kept stirring for 24 h before centrifugation to remove large aggregates, which was followed by
purification with centrifugation filters (Amicon cell, MWCO 10k, Millipore Inc.) for 5 times at
4,500 rpm.

To synthesize positively charged aminated dextran functionalized cerium oxide nanoparticles
(ADNC:s), dextran functionalized cerium oxide nanoparticles (DNCs) were prepared by
following protocols in Asati et al.’?’ with modifications, followed by functionalization with
DEAE in NaOH solution.'3* For DNC8, 0.217 g of Ce(NOj3);*6H,0 in 0.5 mL of molecular
water was mixed with 1.010 g dextran (M.W. ~6,000, Alfa Aesar) in 0.5 mL of molecular water.
For DNC12, 0.217 g of Ce(NOj3)3°6H,0 in 0.5 mL DI water was mixed with 0.450 g dextran in
0.5 mL DI water. These solutions were separately added into 3 mL of NH3°H,0 while vigorously
stirring for 24 h. Centrifugation was used to remove large aggregates before purification with
centrifugation filters (Amicon cell MWCO 10k, Millipore Inc.) for 5 times at 4,500 rpm. The
purified DNC8 and DNC12 were redissolved in 10 mL of molecular water and mixed with 10
mL of NaOH solution (80 mg/mL). Then 2.40 g of DEAE<HCI (diethylaminoethyl
hydrochloride, 99.5%, Acros) was added to the mixture while vigorously stirring. The mixtures
were stirred overnight before purification to remove unreacted free reagents and side products by
centrifugation using centrifugation filters (Amicon cell MWCO 10k, Millipore Inc.) to yield
ADNCS8 and ADNC12.

To label cerium oxide nanoparticles with Dil ((2Z)-2-[(E)-3- (3,3-dimethyl-1-octadecylindol-1-
ium-2-yl) prop-2-enylidene] -3,3-dimethyl-1-octadecylindole perchlorate, Invitrogen), the
hydrophobic fluorescent dye was encapsulated and stabilized in the polymer coating (PAA or
dextran) in PNCs and ADNCs following Asati et al.'** Briefly, 4 mL of PNCs or ADNCs
aqueous solution (1.5 mg/mL) was added to 0.2 mL of Dil solution (0.3 mg/mL) in DMSO
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(Dimethyl sulfoxide, 99.9%, Fisher) while stirring at 1,000 rpm. After incubation overnight, the
mixture was purified by centrifugation at 4,500 rpm using Amicon cell MWCO 10k, Millipore
Inc.) for 5 times to remove free Dil molecules from Dil labeled PNC and ADNC.

The negatively charged silica nanoparticles labeled with FITC (fluorescein isothiocyanate,
Isomer I, 90%, Acros) were synthesized following the protocol reported by Larson et al.!3> with
modifications. Briefly, FITC-silane compound was synthesized by reacting 3.9 mg of FITC with
20 pL of APTMS ((3-Aminopropyl)triethoxysilane, >97%, Aldrich) and forming a covalent
isothiourea linkage in 80 puL of ethanol and DMSO mixture (3:1, v/v). After half an hour, 10 uL.
of prepared FITC-saline compound solution was added into a solvent mixture with 9 mL of
ethanol and 150 pL molecular water and stirred at 500 rpm in a 50 mL falcon tube, followed by
the addition of 350 pL of TEOS (tetracthyl orthosilicate, 98%, Aldrich) and 100 uL. of NH3°H,O
in order. The mixture was kept stirred overnight in the dark before purification to remove
unreacted free reagents by centrifugation using centrifugal filters (Amicon cell MWCO 10k,
Millipore Inc.) to yield FITC-SN18.

Nanoparticle characterization

UV-vis spectra of nanoparticles were collected in a micro quartz cuvette (10 mm X 2 mm, path
length 10 mm) using a Shimadzu UV-2600 spectrometer. Fluorescence emission spectra of
nanoparticle samples were acquired with a PTI QuantaMaster 400 fluorometer in a quartz
cuvette (10 mm x 10 mm). Fourier-transform infrared (FTIR) spectroscopy was performed with
a Nicolet 6700 FTIR spectrometer. The size of nanoparticles was characterized with both
dynamic light scattering (DLS) and transmission electron microscopy (TEM). DLS
measurements were conducted with a Malvern Zetasizer Nano S. TEM was performed on a
Philips FEI Tecnai 12 microscope operated at an accelerating voltage of 120 kV. The TEM
samples were prepared by placing one drop of particle solution onto a Cu grid (400 mesh, Ted
Pella) followed by drying at laboratory conditions. Zeta potential was measured with a Malvern
Zetasizer Nano ZS with nanoparticles (0.1 mg/mL) dispersed in NaCl buffer (0.1 mM) and
analyzed by the Hiickel approximation. For a 0.1 mM aqueous solution, the Debye length (1/x) is
~ 30 nm. Thus, the Hiickel approximation applies for all 10 types of nanoparticles in this study
with size below 20 nm.'3¢138 Because surfactant bubble formation interferes with DLS

measurements, nanoparticle stability in surfactants was assessed by centrifugation. All
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nanoparticles formulations were centrifuged at 13.2 k rpm for 15 min to determine potential

aggregation, and no precipitates were observed for CDs, cerium oxide, and silica nanoparticles.

Plant growth

Cotton seeds (Gossypium hirsutum L.) cultivar Acala 1517-08 were sterilized for 15 min in 9%
H,0,, washed three times followed by 24 h imbibition in double distilled water, and then planted
in the plastic pots (10x10x9 c¢m?) filled with standard soil mix (Sunshine, LC1 mix). Maize (Zea
mays L., golden bantam) seeds were planted in the plastic pots (8.5%8.5%8.5 cm?) using the same
soil described above. Cotton and maize plants were grown in a LED growth chamber (HiPoint)
at 21/26 °C (day/night) with a 14 h photoperiod at photosynthetic active radiation (PAR) of 360
to 450 and 200 to 250 umolem-2+s!, respectively. Three-week-old cotton and 10-day-old maize

seedlings were used in experiments for this study when plants were at the two true leaf stage.

Leaf characterization

All leaves used in this study were the first true leaves of cotton and maize plants at the two-leaf
stage. Scanning electron microscopy (SEM) of the leaf epidermis was performed with a Hitachi
TM-1000 (Japan). SEM samples of cotton and maize leaves were cut into 1 cm? and immersed in
isopentane (cooled by liquid nitrogen) for 5 s before placing them onto the sample stage for
imaging. The SEM images were analyzed with ImageJ to measure stomatal densities and lengths.
Leaf cross-section images were visualized under a microscope (BZ-X710, Keyence, Osaka,
Japan). Leaf cross-section samples of cotton and corn leaves were embedded by 7% agarose,
sectioned into 40 and 50 pm under an oscillating tissue slicer (EMS 500, Electron Microscopy
Sciences Inc., and Hatfield, PA). Samples were stained with 0.01% Toluidine Blue O for 1 min,
and washed gently with distilled water.!3® The leaf autofluorescence spectra were acquired with a
PTI QuantaMaster 400 fluorometer with cotton or maize leaf mounted on a solid sample holder.
Leaf chlorophyll content was quantified with a SPAD 502 plus chlorophyll meter (Konica
Minolta, Tokyo, Japan) and measured as chlorophyll content index (CCI).

Composition and application of foliar nanoparticle formulations
All nanoparticle formulations were composed of one surfactant (Silwet L-77, Bio World, 0.2 %
applied for cotton or 0.3 % for maize, or Triton X-100, IBI Scientific, 0.2% for both cotton and

maize) as a wetting agent. The surface tension of nanoparticle formulations was measured by the
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Wilhelmy plate method using a surface tensiometer (Kino, Model A3). Briefly, the platinum
plate was cleaned with DI water and heated with an alcohol burner until the plate turned red
(~30s) before it was hung onto the hook of the surface tensiometer. Nanoparticle formulation (5
mL) was added into a clean glass sample container and placed on the surface tensiometer stage
below but without touching the plate. After the tensiometer reading was stable, the sample stage
was raised using a micrometer until the bottom of the plate is in contact with the surface of the
formulation. At this point, the measured surface tension values from the tensiometer were
recorded. We assessed if Dil and FITC fluorescent dyes dissociate from the nanoparticles in the
presence of surfactants. The Dil-PNC2, DiI-ADNC12, and FITC-SN18 were suspended in Silwet
L-77 formulations, and centrifuged at 4500 rpm for 30 min in Amicon cell centrifugal filters
(MWCO 3k, Millipore Inc.). UV-vis spectrophotometry was used to detect potential absorbance
peaks for Dil or FITC dyes. A humectant (glycerol, 3%) was also included in formulations to
improve attachment and retention of the applied formulations on the maize leaf surface (Figure
S22). The nanoparticle concentrations were selected based on optimization of fluorescence signal
for imaging by confocal microscopy and maintenance of leaf health upon nanoparticle exposure.
The concentrations of CDs were 0.5 and 5 mg/mL for cotton and maize, respectively. The
concentration of the cerium oxide nanoparticles and silica nanoparticles were 0.5 mg/mL for
both cotton and maize. Non-surfactant formulation controls containing CDs (PEI-CD2 and SA-
CD2) at the same concentrations and volumes as those with surfactants were applied to cotton
and maize leaves while mounted on a flat surface to prevent non-surfactant formulation from
dripping off the leaf surface. Cotton and maize leaves were in the dark during application of

nanoparticles onto the whole surface of the first true leaf.

Confocal microscopy imaging of nanoparticles in leaves

Leaves were imaged by using an inverted Leica TCS-SP5 spectral confocal laser scanning
microscope from the leaf epidermis, where higher nanoparticle fluorescence signals were
detected, and into the leaf mesophyll. Samples were mounted on microscope slides (Corning
2948-75X25) having a Carolina observation gel chamber (~1 mm in thickness) made with a cork
borer (diameter, 8 mm). A leaf disk was taken from a treated leaf with a cork borer (diameter, 6
mm), immersed in the chamber filled with perfluorodecalin (PFD, 90%, Acros) and sealed with a

coverslip (VWR). Leaf disks from non-surfactant formulation controls were taken right
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underneath the site of application. Confocal microscopy imaging settings were as follows: 40x
wet objective (HCX PL APO CS 40.0x1.10 WATER UV, Leica Microsystems, Germany); laser
excitation 405 nm, 514 nm, and 476 nm for samples treated with CDs, NCs, and FITC-SN18,
respectively; z-stack section thickness = 2 um; line average = 4; PMT1 (NP channel), 410490,
550-615, or 500—600 nm for samples treated with CDs, NCs, or FITC-SN18, respectively;
PMT2 (chlorophyll channel), 700-790 nm. The x-y resolution based on the 40x objective
numerical aperture (NA=1.1) and laser wavelengths 405, 476, and 514 nm was calculated at 225,
264, 285 nm, respectively, using the equation d=0.61A/NA, where d is resolution and A is the
light wavelength. At least five cotton or maize plants were used for confocal microscopy
imaging from the leaf epidermis into the mesophyll cells. Representative confocal microscopy
images of nanoparticle treatments (Figure 5 and S16-S19), and control leaf samples exposed to
surfactant alone are shown (Figure S23). Guard cell and NP colocalization was determined by
analyzing confocal images as follows. The total number of guard cells were counted in the
confocal microscopy images on the leaf epidermis, where all guard cells were outlined by the
fluorescence of foliarly applied nanoparticles. Guard cells with nanoparticles inside were
identified through confocal microscopy z-stacks from the leaf epidermis into the mesophyll. The
colocalization rates were calculated as the percentage of guard cell pairs with nanoparticle
fluorescence relative to total number of guard cell pairs. Colocalization of leaf extracellular
space and NPs was determined in confocal images in which mesophyll cell boundaries were
delineated by chloroplasts localized at the plant cell membrane due to exposure to laser
excitation during confocal microscopy imaging.'!!-113 Fluorescent dyes were not used to label
plant cell boundaries because they quench CD fluorescence. Instead chloroplasts were used to
delineate the plasma membrane boundary in leaf mesophyll cells upon laser excitation as
reported previously.!!'=113 This was confirmed in cotton and maize leaves by imaging
chloroplasts in cells with cell membranes stained by FM 1-43 fluorescent dye (Figure S21).
Cotton and maize leaves were infiltrated with FM 1-43 (10 pg/mL) in TES buffer (10 mM) to
stain cell membranes!4%-142 using a needleless syringe (1 mL) and incubated for 10 min. Leaf
disks were taken for confocal microscopy imaging using 40x wet objective (HCX PL APO CS
40.0x1.10 WATER UV, Leica Microsystems, Germany); laser excitation 405, 476, or 514 nm,
respectively; z-stack section thickness = 2 um; line average = 4; PMT1 (FM1-43 channel), 520—
620 nm; PMT?2 (chlorophyll channel), 700-790 nm. All pixels inside the cells were removed
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using ImageJ to obtain the extracellular space. The extracellular space and NP colocalization was
calculated as the area occupied by NPs in the extracellular space divided by the whole area of
extracellular space. Colocalization between NPs and chloroplasts was analyzed with LAS (Leica
Application Suite) AF Lite software. Six line sections were drawn across the so-called “region of
interest” (ROI) with 30 um interval on the confocal images. The corresponding distribution
profiles of fluorescence intensity of NPs and chloroplast autofluorescence for each ROI line were
plotted. The colocalization rate of chloroplasts with NPs was counted as the proportion of
chloroplast pigment fluorescence emission peaks which are overlapped with NP fluorescence
peaks out of all chloroplast peaks. We only counted chloroplast emission peaks fully overlapped
with NP emission peaks and excluded partially overlapped peaks to eliminate potential false
positive colocalization due to the confocal imaging resolution limit. Nanoparticle overlay with
chloroplast and guard cell edges within the x-y resolution was not considered as colocalization

with these plant structures.

High spatial and temporal resolution confocal images of CDs entering cotton and maize leaves in
planta were acquired with an upright Zeiss 880 confocal laser scanning microscope using a 40 x
water dipping objective (LD LCI Plan-Apochromat 40%/1.2 Imm Corr DIC M27). Plants were
taken out from pots carefully with the soil attached on their roots to avoid root damage.
Immediately, the plant roots were covered with moist paper towels, plastic film, and foil. The
first true leaves were mounted onto microscope slides and secured with double-sided tape.
Coverslips were then placed over the leaves and mounted to microscope slides with super glue,
so that a narrow space was left between the coverslip and the leaves for delivering the CD
formulation. Formulations without CDs were applied first to record control z-stack images in flat
scanning areas on the leaf surface where both leaf mesophyll cells and stomata were previously
identified. Then a CD formulation was added and the z-stack images were taken continuously
with section thickness of 2 um and a scanning cycle about 2 to 5 mins depending on the z-stack
layers. The formulation without nanoparticles was added every 15 min to keep the liquid layer in
between the microscopy slide and the leaf lamina. Samples were excited with 405 nm (6.0%) and
458 nm (1.0%) laser lines, with an emission band recorded at 410-490 nm for CDs and 700-758
nm for chlorophyll autofluorescence. The x-y resolution based on the 40x objective (NA=1.2)

and laser wavelengths 405 and 458 nm was calculated at 206 and 233 nm, respectively, using the
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equation d=0.61A/NA, where d is resolution and A is the light wavelength. ImageJ was used to

reconstruct 3D images and videos of CDs in leaves (Video S1-S8).

Statistical analysis

Statistical analysis was performed in SPSS 20.0 software (IBM, New York, USA). Zeta potential
comparisons and nanoparticle colocalization differences in guard cells, extracellular space and
chloroplasts were analyzed by nonparametric independent samples Kruskal-Wallis one-way
ANOVA test. Calculation of efficient delivery regions based on confidence ellipse analysis!43-144
were possible only for plant cell compartments having three or more efficient combinations of
nanoparticle size and charge. The ellipse parameters were calculated based on the hydrodynamic
size and zeta potential of nanoparticles with above average delivery efficiency to guard cells,
chloroplasts and extracellular space (Table S2). The ellipse center coordinates are means of
hydrodynamic size and zeta potential, and ellipse axes lengths and rotation angle were calculated
based on confidence levels and the covariance matrix of hydrodynamic size and zeta potential of

nanoparticles (Table S2).

Supporting Information.

The Supporting Information is available free of charge on the ACS Publications website at DOI:

XXXXXXX.

e Figures S1 to S23. Stomatal density and length of cotton and maize, leaf autofluorescence
of cotton and maize, TEM images, FTIR and UV/vis spectra of nanoparticles, surface
tension and pH values of nanoparticle formulations, representative confocal images for
assessing leaf uptake of PEI-CD2 and SA-CD2 in cotton and maize leaves with Triton X-
100 or Silwet L-77 as surfactant or in water formulation without surfactant, 3D
renderings of confocal microscopy images showing nanoparticle delivery pathways from
the leaf surface into mesophyll cells of cotton and maize, images of nanoparticle
suspensions indicating high stability in surfactant formulation, UV-vis absorption spectra
showing no fluorescent dye leaking from nanoparticles in the presence of Silwet L-77,

leaf chlorophyll content patterns in cotton and maize after exposure to foliar topical
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formulations (CDs) with Silwet L-77 as surfactants, high spatial and temporal resolution
images of nanoparticle translocation pathways from the leaf surface into the mesophyll,
confocal microscopy images with higher magnification of cotton and maize leaf
mesophyll cells after foliar delivery of 10 types of nanoparticles suspended in
formulation of Silwet L-77 as surfactant, positive linear correlation between
colocalization rate of chloroplasts based on ROI analysis and Manders’ overlap
coefficient, representative confocal microscopy images of chloroplast autofluorescence
and leaf mesophyll cells with FM 1-43 fluorescent dye, positive linear correlation
between extracellular space area determined by chloroplast autofluorescence arrangement
versus FM 1-43 labeled cell membranes, representative confocal images indicating
colocalization of chloroplast autofluorescence with foliar-applied nanoparticles (PEI-
CD6) using formulations with or without humectant (glycerol, 3%), representative
confocal images showing no nanoparticle fluorescence when leaves were treated with
control formulations without nanoparticles for cotton and maize.

Table S1 and S2. Hydrodynamic size (average + standard deviation, nm) and zeta
potential (average + standard deviation, mV) of nanoparticles, and confidence ellipse
equation with corresponding parameters for determining nanoparticle efficient delivery
regions.

Video S1 to S16. Time-lapse videos showing uptake of CDs by cotton and maize leaves
in planta, videos of reconstructed 3D confocal images of CD distribution in cotton and

maize leaf tissues.
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Figure Legends

Figure 1. Nanoparticle translocation pathways and distribution in plant leaves with
different anatomical properties. a, Nanoparticles (e.g. CDs, CeO, and Si0,) translocate across
the leaf epidermal barrier either through stomatal (red line) and/or cuticular (pink line) pathways,
then move through the extracellular space and in between cell walls (apoplastic pathway) and/or
enter the leaf mesophyll cells and translocate between cells through the cytosol (symplastic
pathway). The translocation pathways are influenced by the differences in anatomical properties

between dicot (cotton) and monocot (maize) plant leaves. Nanoparticles can localize in leaf cells
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in the epidermis (e.g. guard cells), extracellular space, or organelles (e.g. chloroplasts). b,
Representative SEM images of cotton and maize leaf epidermal surfaces indicating differences in
stomatal arrangement, density, and length. ¢, Brightfield images of leaf cross-sections
highlighting the differences in anatomy of leaf epidermal and mesophyll tissues in dicot (cotton)
and monocot (maize) plant species. Arrows point to guard cells (red), extracellular space (cyan),

and chloroplast (green).

Figure 2. Design and characterization of nanoparticle chemical and physical properties for
understanding their interactions with leaf cell and organelles. a, Carbon dots (PEI-CDs and
SA-CDs), CeO, (Dil-PNCs and Dil-ADNCs), and SiO, (FITC-SN) nanoparticles were
synthesized with hydrodynamic diameters, measured by DLS, from 1.7-18 nm. b, Surface
chemical modifications were used to generate hydrophilic nanoparticles with highly positive or
negative zeta potential for understanding the role of charge in determining translocation through
plant surfaces including the leaf cell walls, cell and organelle lipid bilayers, Mean + SD. Zeta
potential comparisons were analyzed by Kruskal-Wallis one-way ANOVA tests. Different
lowercase letters indicate significant differences (P < 0.05). ¢, Nanoparticle optical properties
were designed to optimize the fluorescence signal in the visible window within the range of low
leaf background fluorescence emission for cotton and maize. Excitation wavelengths: 405 nm for
leaves, PEI-CDs and SA-CDs; 514 nm for Dil-PNCs and Dil-ADNCs; and 476 nm for FITC-
SN18. PEI-CDs, branched polyethyleneimine coated carbon dots; SA-CDs, succinic anhydride
modified PEI-CDs; Dil-PNCs, poly(acrylic acid) coated cerium oxide nanoparticles labeled with
Dil as fluorescent dye; Dil-ADNCs, aminated dextran coated cerium oxide nanoparticles labeled
with Dil as fluorescent dye; FITC-SN18, silica nanoparticles labeled with FITC as fluorescent
dye. Last digits in nanoparticle labels indicate hydrodynamic size, for example, PEI-CD2 (PEI-
CD with hydrodynamic size about 2 nm).

Figure 3. Formulations with low surface tension enable nanoparticle foliar delivery into
plant leaves. a, Comparison of foliar delivery of CDs suspended in formulations with low versus
high surface tension using the surfactants Silwet L.-77 (~22 mN/m) and Triton X-100 (~30
mN/m), respectively. Positively and negatively CDs of different sizes (PEI-CD2 (1.7 nm), SA-
CD2 (1.9 nm), PEI-CD6 (5.5 nm), and SA-CD6 (6.4 nm)) were imaged by confocal microscopy

to determine nanoparticle leaf uptake, n=5. b, Representative confocal fluorescence microscopy
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images (2 wm z-axis, and 225 - 285 nm x-y resolution, Leica SP5) of the leaf mesophyll (cotton
and maize) indicating leaf translocation of CDs larger than 5 nm (PEI-CD6 (5.5 nm), SA-CD6
(6.4 nm)) when nanoparticles are delivered in Silwet L-77. However, no CDs above 5 nm were
observed inside leaves when the nanoparticles were delivered with Triton X-100. n=5, Mean +
SD. Images were collected after 3h incubation with nanoparticles. NP and Chl represent
nanoparticles (green) and chloroplasts (magenta), respectively. The (+) and (-) indicate positively

and negatively charged nanoparticles, respectively.

Figure 4. High spatial and temporal resolution imaging of nanoparticle translocation
pathways from the leaf surface into the mesophyll in planta. Snapshots from confocal
fluorescence microscopy videos showing pathways of CD movement (2 nm in size, green) in
real-time (3.5 and 1.7 min resolution for cotton and maize, respectively) from the leaf surface
into mesophyll cells and chloroplasts (magenta) (Video S1 and S2). In cotton, the CDs move
through both cuticular and stomatal pathways through the leaf epidermis, whereas in maize the
CDs penetrate the leaf surface mainly through the stomatal pathway. In both species, CDs
delivered in Silwet L-77 move rapidly from the leaf epidermis into the mesophyll within 10-20
min. Arrows point to the stomatal pathways (white), and cuticular pathways (yellow). t=0 min
represents images captured before nanoparticle formulation was added. 2 um z-axis resolution,

206 - 233 nm x-y resolution (Zeiss 880).

Figure 5. Nanoparticle distribution in leaf cells and organelles. a, Representative confocal
fluorescence microscopy images of foliar-delivered nanoparticles (green) to different tissue and
cell compartments in cotton and maize leaves including chloroplasts (white arrows), extracellular
space (cyan arrows), and stomatal guard cells (yellow arrows). Orthogonal views of
representative confocal microscopy z-stacks displaying the colocalization of nanoparticles in b,
chloroplasts with corresponding line transect colocalization analysis of nanoparticle and
chloroplast fluorescence peak overlap, ¢, extracellular space, and d, stomatal guard cells (red
arrow) and stomatal pores (orange arrow). 2 um z-axis resolution, 225 - 285 nm x-y resolution
(Leica SP5). Images were collected after 3h incubation with nanoparticles. NP and Chl represent
nanoparticles (green) and chloroplasts (magenta), respectively. The (+) and (-) indicate positively

and negatively charged nanoparticles, respectively.
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Figure 6. Nanoparticle-Leaf interaction (NLI) empirical models for designing nanoparticle
charge and size with improved delivery efficiency to specific leaf cells and organelles. Box
plots of colocalization rates for positively and negatively charged nanoparticles ranging from
1.7-18 nm in size with a, guard cells in the leaf epidermis, b, extracellular space, and c,
chloroplasts in the leaf mesophyll of cotton (left column) and maize (right column). Boxes
represent the interquartile range from the first to the third quartile with squares as the medians;
minimum and maximum values (snapped to mean — 1 < SD and mean + 1 x SD, SD = standard
deviation) are shown with whiskers; red or blue circles are actual data points. Dotted lines
represent the averages (grey) and standard errors (SE, black) of all non-zero data points.
Nanoparticles with efficient delivery to guard cells, extracellular space, or chloroplasts are those
with colocalization rates in the region above these averages minus SE (lower dotted black line).
Nanoparticle colocalization differences in guard cells, extracellular space and chloroplasts were
analyzed by Kruskal-Wallis one-way ANOVA. Different lowercase letters indicate significant
differences (P < 0.05). d, NLI empirical models represented by 95% (dashed lines) and 90%
(dash-dotted lines) confidence ellipses, indicating the size and zeta potential regions with
predicted above average nanoparticle delivery efficiency to leaf guard cells, chloroplasts, and

extracellular space.
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