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Abstract: Imaging mass spectrometry (IMS) technologies are capable of mapping a wide array 
of biomolecules in diverse cellular and tissue environments.  IMS has emerged as an essential 
tool for providing spatially targeted molecular information due to its high sensitivity, wide 
molecular coverage and chemical specificity. One of the major challenges for mapping the 
complex cellular milieu is the presence of many isomers and isobars present in these samples. 
This challenge is traditionally addressed using orthogonal LC-based analysis, though, common 
approaches such as chromatography and electrophoresis are not able to be performed at 
timescales that are compatible with most imaging applications. Ion mobility offers rapid, gas-
phase separations that are readily integrated with IMS workflows in order to provide 
additional data dimensionality that can improve signal-to-noise, dynamic range, and 
specificity. Here, we highlight recent examples of ion mobility coupled to imaging mass 
spectrometry and highlight their importance to the field.  
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Introduction: 
The biology of multicellular organisms is intricate, involving molecular interactions that are 
coordinated within cells, tissue microenvironments, and across organ systems.1 To fully 
characterize the biomolecular underpinnings of processes such as homeostasis and 
pathogenesis, technologies that can capture this molecular diversity while maintaining spatial 
context are essential.2 One such tool, imaging mass spectrometry (IMS), achieves this by 
combining the molecular sensitivity and specificity of mass spectrometry (MS) with cellular 
and tissue sampling technologies that enable rapid, high spatial resolution. IMS is a label-free 
technology that provides ion maps that are easily correlated to tissue histology for a diverse 
array of biological specimens.3–9 While alternative techniques such as fluorescence-based 
approaches can provide high resolution images, the number of molecular channels is limited 
because of excitation and emission overlap between fluorophores.10 In contrast, other 
techniques such as Raman or infrared spectroscopy are sensitive to many types of molecular 
features, but often at the expense of chemical specificity.11,12  IMS offers an untargeted 
mapping capability for hundreds to thousands of molecules in a single experiment. Moreover, 
IMS provides the analytical flexibility to investigate different classes of biomolecules including 
small metabolites,13,14 lipids,15,16 drugs,17,18  glycans,19,20 peptides,21,22 and proteins.23,24 
However, IMS faces  challenges of dynamic range, peak capacity, and the ability to structurally 
identify observed species. Traditionally, other mass spectrometry-based techniques rely on 
orthogonal separation methods such as chromatography or electrophoresis to separate 
complex mixtures and provide an additional dimension of information. However, practical 
considerations such as throughput and sampling limitations minimize their applicability to 
most imaging technology approaches. 
 
Ion mobility offers effective separation within milliseconds25 as well as providing additional 
molecular information. While there are many different types of ion mobility devices, all 
achieve molecular separation by exposing analytes to opposing forces where a force is applied 
to analytes in one direction by collisions with an inert gas and in the opposite direction by a 
voltage gradient (Figure 1). Molecules are affected differentially based on their size, charge 
and mass where factors such as temperature and pressure can have dramatic effects as 
defined by the Mason-Schamp equation.26 Interactions between analytes and the inert gas 
are defined differently for each ion mobility technique,27 but in all cases discrepancies 
between molecular size-to-charge ratio determine mobility and cause molecules to exit from 
the ion mobility cell at differing times, referred to as the drift or arrival time.28,29 Similar to 
retention times in chromatography, these arrival times can often distinguish molecules of 
similar mass. Moreover, ion mobility can be used to calculate the collision cross section (CCS), 
the 3-dimensional surface area of an ion, that provides additional structural information.30–32 
This has proven valuable in several ways, including estimation of a molecule’s binding 
affinity33 or for some applications in other areas such as the prediction of blood-brain barrier 
permeation.34 Ion mobility has effectively analyzed a wide range of analyte classes without 
the need for significant changes to the system such as switching mobile or stationary phases 
in chromatography. Not only is ion mobility capable of separating discrete analyte classes, but 
it is often used to distinguish both isobaric35,36,37 and isomeric38,39,40 species.   
 
The ion separation capability of ion mobility has major advantages when coupled to imaging 
mass spectrometry to significantly simplify spectral complexity. Moreover, use of ion mobility 
for discrimination of ions with similar or equal m/z is invaluable for direct tissue analysis 
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where MS instruments cannot distinguish structural isomers using mass resolving power 
alone. 
 
Ion mobility has been integrated with several IMS techniques including matrix-assisted laser 
desorption/ionization (MALDI),41,42 desorption electrospray ionization (DESI),43,44 laser-
assisted electrospray ionization (LAESI),45,46 liquid-extraction surface analysis (LESA),47,48 
liquid-microjunction surface sampling probe (LMJ-SSP),49 and infrared matrix-assisted laser 
desorption electrospray ionization (IR-MALDESI)50 (Figure 2). Briefly, MALDI relies on laser 
desorption for introduction of analytes to the mass spectrometer, where LESA, DESI and LMJ-
SSP are electrospray-based techniques which use solvent to desorb analytes for detection.8,51–

53 LAESI and IR-MALDESI utilize both laser desorption and electrospray for analyte 
introduction and ionization.54,55 For detailed descriptions of these ionization sources, see 
these recent reviews.56–58 While secondary ion mass spectrometry (SIMS) is also a prevalent 
IMS ion source,56,57 it has not yet been coupled to ion mobility and will therefore not be 
covered in this perspective. Regardless of IMS ion source, ion mobility provides efficient ion 
separation prior to mass analysis59 and increased signal-to-noise (S/N).36,60,61 As the resolving 
power of ion mobility technologies continues to improve, applications of ion mobility-IMS to 
discriminate biomolecules closer in m/z without the need for ultra-high mass resolving power 
mass spectrometers will be of significant benefit. In this article, we briefly describe recent 
advances in the field of ion mobility-IMS. We also discuss how recent advances impact the 
current state of the ion mobility-IMS field as well as implications for the future.  For further 
background, the reader is directed to the review from Sans, Feider et al.62  
 
 
Traveling Wave Ion Mobility Spectrometry  
Traveling wave ion mobility spectrometry (TWIMS) is perhaps the most common form of ion 
mobility coupled with IMS. Briefly, TWIMS achieves gas-phase separation by transmitting ions 
into a cell lined with a series of ring electrodes where they are radially confined with a RF 
voltage (Figure 1A), and ion propulsion is achieved by applying an additional DC voltage to a 
pair of adjacent ring electrodes. This voltage is then pulsed down the length of the TWIMS 
cell, creating a travelling electric field wave that ions follow through an inert gas, such as 
nitrogen.63,64 Differential propulsion of ions through this gas leads to separation as a function 
of effective size, shape, and charge. Similar to MS, ion mobility performance is often 
measured in terms of resolving power, but it is important to note that these values are often 
calculated differently across ion mobility methods. As such, care should be taken when 
making inter-platform comparisons as elegantly discussed in a review by May and McLean65  
and later addressed by Dodds et al.31 Within this perspective, we will use a CCS-based 
calculation (CCS/'CCS) that allows for cross-platform comparisons whenever possible. 
TWIMS commonly yields a resolving power of ~40 (CCS/'CCS),31 which is sufficient for 
resolving many isobaric ion species36,66 and some isomeric ions, often with the aid of chemical 
derivatization67 or metal adduction.68,69 CCS values for many analyte classes are also 
frequently calculated using TWIMS-based analyses, leading to the curation of several 
databases for species such as proteins and steroids.30,70 Despite being newer than some other 
ion mobility techniques, utilization of TWIMS already extends across many analytical 
disciplines. In particular, TWIMS has proven to lend itself to analysis of large proteins and 
protein complexes, even becoming popular for use in native mass spectrometry.71–73 Upon 
commercialization, TWIMS has also been incorporated into many imaging mass spectrometry 
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workflows for increasing the chemical information obtained from a pixel and applied to 
various analyte classes in an imaging context.60,74,75 For example, TWIMS has been coupled to 
many ion sources including MALDI,36,76–80 DESI,60,74,80,81 LAESI,82,83 and LESA (Figure 2A-
D).48,61,84,85  
 
TWIMS coupled to a DESI ion source was reported by Towers et al. in 2018 for the 
investigation of intact proteins and peptides from mouse liver tissue sections.60 Ion mobility 
drift time data from TWIMS proved invaluable in this work by providing ‘spectral filtration’ 
that allowed for separation of endogenous species from chemical noise. Mass spectral data 
was partitioned into three regions of mobility, allowing for the removal of many mass 
interferences for proteins and increasing S/N. This work illustrates the power of coupling 
TWIMS to imaging mass spectrometry for enhanced visualization of proteins and peptides. 
This suggests that TWIMS may afford improved dynamic range for IMS enabling key insights 
into complex biological questions within more molecularly heterogenous organ systems in 
the future. In another case, the Cooper group demonstrated LESA-based imaging coupled to 
TWIMS for the analysis of even larger analytes, intact proteins and protein complexes.84 Here, 
the authors employed native-like solvents containing ammonium acetate to their LESA 
workflow to allow protein complexes to remain in a native-like state. The detection of low 
charge state proteins directly from tissue along with CCS values calculated using TWIMS 
suggested that proteins retained a folded state through the analysis. Uniquely, this approach 
provides a way to determine how protein structure might change in relation to their 
morphological distributions in tissue. It is important to note that analysis of intact proteins 
and protein complexes is a highly elusive endeavor and determining native structure is a point 
of much discussion in the scientific community.85–87 In another example, Hale and colleagues 
showed that mobility information provided by TWIMS enabled filtering of spectral noise that 
contributed to improved ion image quality.61 For example, the authors demonstrated that 
without mobility filtering, ion images of heme-bound hemoglobin tetramer collected on 
mouse kidney was homogenously distributed, but incorporating ion mobility information 
uncovered localization to blood vessels within the kidney renal pelvis. This observation 
touches on an important issue for imaging mass spectrometry where potentially confounding 
factors such as spectral complexity, dynamic range, and chemical specificity present 
challenges in accurately determining spatial distributions.88,89 While these difficulties have 
not yet been fully addressed in the field, this work provides an example of how ion mobility 
can enhance molecular imaging performance.  

 
Small molecules and lipids are often difficult to analyze due to the presence of isobaric and 
isomeric species that impede mass spectral interpretation. Barre, Rocha and coworkers 
utilized a prototype “ђMALDI” source with enhanced speed and spatial resolution combined 
with the separating capabilities of ion mobility for IMS of lipids (Figure 3).36 In an image 
collected from rat brain tissue, the authors highlighted the drift time separation of two 
isobaric species (Figure 3A-C), ([PC(18:1_18:0)+K]+,m/z 826.60) and unidentified m/z 826.47, 
demonstrating the ability of TWIMS to reduce spectral complexity and provide a clear map of 
their distinct spatial distributions (Figure 3D-E). These two ions were easily distinguished in 
drift time space (Figure 3A-C), demonstrating ion mobility separation for enhanced 
discrimination of analytes while increasing S/N in an IMS experiment. While challenges 
associated with direct tissue sampling limit molecular coverage, these studies illustrate how 
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technological advancements such as ion mobility, lend to spatial investigation of an ever-
expanding list of biomolecular classes.  
A recent advancement in high performance ion mobility is cyclic TWIMS (cTWIMS).90 Because 
TWIMS resolving power is, in part, a function of the length of the cell, this next generation of 
TWIMS allows for theoretically unlimited resolving power by designing the cell to be cyclical, 
or continuous. This cyclical design means that ions can cycle around the cell multiple times, 
increasing the effective ‘length’ of the mobility device and thereby significantly increasing the 
potential resolving power. Using cTWIMS, Giles et al. demonstrated resolving powers of up 
to 750 (CCS/'CCS).90 While the increase in ion mobility resolving power is infinite in theory, 
two major practical factors define its limitations. First, imperfect radial confinement of ions 
leads to increased signal loss as a function of path length.91 To provide resolving powers as 
high as those described above, many passes through the cTWIMS device are required, 
necessitating relatively high ion signal abundances to withstand radial ion loss. Second, the 
cyclical nature of the device leads to a phenomenon called “wrap around” where ions with 
different mobilities can lap one another as they cycle through the device, leading to ions with 
higher mobility overlapping ions with lower mobility. This inherently makes it difficult to 
determine the number of passes each ion has made through the cTWIMS cell and makes data 
difficult to interpret. To address this issue, researchers often use mass filtering prior to ion 
mobility to allow only a small m/z window into the cTWIMS device to limit the range of 
mobilities within the cell at any given time. Even with these limitations, cTWIMS offers one of 
the highest ion mobility resolving powers recorded. This enhancement has obvious 
implications for IMS where traditional separation techniques are not applicable. Sisley et al. 
has demonstrated the use of cTWIMS with a LESA-IMS workflow to study proteins within the 
murine brain.48 In sum, a single pass within the cTWIMS cell provided detection of 30 proteins, 
where traditional LESA-IMS only yielded 16 proteins. In this case, analysis of rat kidney was 
hampered by highly abundant interfering D��and E�globin chains of hemoglobin, but mobility 
separation from a single pass of cTWIMS allowed for detection of an additional 60 proteins. 
Excellent results were obtained from multiple passes through the cTWIMS cell where 1, 2, 
and 3 cycles were compared for the analysis of rat kidney tissue. Using heat-maps of arrival 
time vs m/z, the data could be dissected into discrete regions of interest that allowed for 
removal of interferences and improved sensitivity for protein detection (Figure 4A). The 
authors found that more passes led to higher degrees of separation and therefore greater 
distinction of proteins (Figure 4B). While only currently commercially available for integration 
with DESI and electrospray-based techniques like LESA, future cTWIMS utilization for IMS has 
great potential to introduce a new generation of high-resolution gas-phase separations to 
molecular imaging experiments.   
 
Another recent development in traveling wave ion mobility is stuctures for lossless ion 
manipulations (SLIM) first demonstrated by Smith and coworkers.92–94 SLIM utilizes RF ion 
confinement within a printed circuit board device and mobility separation is achieved by 
application of DC potentials for ion manipulation through an inert gas in a traveling wave-
based approach. Some SLIM designs are capable of ultra-high resolving powers, with some 
reported CCS-based values of up to ~1860.95 Although examples of imaging with this 
technology are still limited, Nagy et al. demonstrated high resolution SLIM separations with 
LESA for imaging of disaccharides within a tripartite culture of peat moss, cyanobacteria, and 
fungi.96  Despite SLIM-IMS still being in its infancy, it has clear potential for substantial future 
contributions to spatial interrogation of complex biological systems.   
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Trapped Ion Mobility Spectrometry  
Trapped ion mobility spectrometry (TIMS) is a high resolving power ion mobility technology 
introduced by Fernandez-Lima and coworkers in 2011.97 TIMS separations are carried out in 
the first vacuum stage of a mass spectrometer consisting of an augmented ion funnel with an 
entrance funnel, TIMS tunnel, and exit funnel (Figure 1B).97,98 In brief, ions are accumulated 
in the device, where analytes with differing mobilities are trapped and separated by opposing 
forces. Moving forward through the funnel, ions are propelled by a carrier gas. In the opposite 
direction, force is applied to the ions using an axial electric field gradient. To elute trapped 
ions, the electric field gradient is gradually reduced/scanned resulting in transmission of ions 
with ascending mobilities. Note, this is reverse from most other ion mobility techniques that 
transmit ions based on descending mobility, accomplished by applying a forward force using 
an electric field and collisions with the gas counteracts this forward motion. The scan rate of 
a TIMS experiment is defined by the scan time (ms) and voltage range, which correspond to 
user-defined mobility values. Scan rates dictate the separation resolution, with slower scan 
rates resulting in higher resolutions. To date, resolving power of >300 for singly charged 
species and >200 for doubly charged species have been reported.99 
 
For IMS applications, TIMS was first introduced in a MALDI Q-TOF platform in 2019 by 
Spraggins and coworkers.37 MALDI TIMS IMS studies have successfully demonstrated 
enhanced data quality over images collected with TIMS disabled.37 Specifically, TIMS 
separations greatly increase the peak capacity of an IMS experiment, as reported by Neumann 
et al., who have detected >900 more spectral features by utilizing TIMS in comparison to Q-
TOF-only mode when analyzing metabolites within human kidney tissue.100 In addition, TIMS 
successfully resolved matrix peaks from metabolite signal and demonstrated the separation 
of both isobaric and isomeric metabolites with distinct spatial localizations within human 
kidney tissue.100 TIMS has also been utilized  in spatial interrogation of lipids. The Caprioli 
research group previously demonstrated the use of a MALDI timsTOF prototype platform for 
increased specificity of lipid analysis through in situ separation of closely isobaric lipid 
species.37 Phosphatidylcholines (PC) with unique adducts, [PC(34:3)+H]+ and [PC(32:0)+Na]+, 
have a mass difference of 3 mDa which would require a mass resolving power of over 300,000 
to distinguish, and cannot be separated by the mass resolving power of the Q-TOF platform. 
However, with gas phase separations afforded by TIMS, the two species elute at different 
mobility values and can be resolved in mobility space, presenting an alternative to ultra-high 
mass resolution instruments. The two PCs have distinct spatial localizations within the 
analyzed mouse pup tissue, with the protonated species localizing to the entire tissue, with 
the exception of the brain and the spinal cord (Figure 5A), and the sodiated species localizing 
to the brain, spine, and intestines (Figure 5B). Similarly, Fu et. al. have demonstrated in situ 
mapping of isobaric and isomeric PCs in freshwater crustacean tissue.40 They report the 
separation of isobaric species: [PC (16:0/18:1)+Na]+ and [PC(18:1/18:3)+H]+ / [PC(16:0-
20:4)+H]+ and distinguish their unique distributions in the muscle and oocytes of a female 
gammarid. In a follow up manuscript, Djambazova and coworkers have demonstrated the 
MALDI TIMS separation of isomeric lipid standards that vary in acyl chain composition, as well 
as those that vary in double bond position and geometry within acyl chains.101 Lastly, the 
authors also show in situ separation of lipid isomers that localize to different regions of a 
whole-body mouse pup.  
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Since TIMS is a relatively new introduction to the field of imaging mass spectrometry, it has 
not been integrated with other IMS techniques to the best of our knowledge, although we 
eagerly anticipate this. Furthermore, although TIMS has been used for metabolomic, and 
lipidomic analysis, it has not yet been used to study other molecular classes in an imaging 
context. Beyond imaging applications, TIMS has been utilized for in-depth lipidomic102–104 and 
proteomic104–106 analyses alike. Of note, Fernandez-Lima and coworkers have demonstrated 
LC-TIMS separations of isomeric lipid standards,103 including double bond position/geometry 
isomers, isomers that vary in acyl chain position (sn-position) and various combinations 
thereof. Although TIMS has only provided lipid isomer separation in imaging on a limited 
basis,40,101 these results clearly indicate the potential for further isomer distinction and 
mapping. Furthermore, the separation and tentative identification of different lipid classes, 
as well as the partial separation of sn-position isomers from a non-targeted analysis of human 
plasma, have also been shown. Vasilopoulou et al. carried out a comprehensive 
characterization of the lipidome in small volumes of human plasma using nanoLC and TIMS.107 
Utilizing the parallel accumulation-serial fragmentation (PASEF) capabilities of the timsTOF 
platform, they enabled fragmentation of 15 precursors in each TIMS scan. With this tool, they 
report identifications of over three times as many lipids as with standard TIMS-MS/MS. This 
study speaks to the utility of PASEF in lipid analysis for enhanced sensitivity within a TIMS 
experiment. If applied to imaging, PASEF has enormous potential to make MS/MS a much 
more prevalent practice in the field, and greatly improve the information obtained from a 
single imaging experiment.  
 
Previous reports have also shown TIMS to be a powerful tool for structural investigation of 
proteins and peptides. Recently, nESI-TIMS-MS has been used for high throughput screening 
of peptide topoisomers. The Fernandez-Lima group has demonstrated the separation and 
identification of lasso peptides from their branched-cyclic analogs, which is challenging as 
their structural stability is due to subtle differences in the tertiary structures.104 Furthermore, 
similar to previous literature, they report increased TIMS separations via metal ion adduction 
(Na, K, and Cs salt). All of these studies lay the groundwork for future IMS applications in 
which TIMS separations can be essential for addressing increasingly complex biological 
problems including clinical applications.  
 
 
High-Field Asymmetric Waveform Ion Mobility 
High-field asymmetric waveform ion mobility (FAIMS), or differential mobility spectrometry, 
is another form of ion mobility commonly exploited for use in IMS. FAIMS achieves gas-phase 
separation of ions at atmospheric pressure based on their mobility prior to entering the mass 
spectrometer.108–110 FAIMS functions by applying a dispersion field, a high frequency 
asymmetric waveform of alternating low and high fields, perpendicular to the ion trajectory 
through the device (Figure 1C). This alternating dispersion field results in ions oscillating 
through a buffer gas, usually nitrogen or helium, causing deviation from their initial trajectory 
as a function of their respective mobilities through bombarding gas. This deviation ultimately 
leads to neutralization upon collision with the electrode wall. Selective ion transmission is 
made possible by the superimposition of a secondary DC field known as the compensation 
voltage which acts to correct the deviation of ions within a select mobility window, allowing 
transmission of ions with specific mobilities. Unlike other ion mobility methods, FAIMS is not 
usually used to provide orthogonal information such as drift time or CCS but to increase 



 

 
This article is protected by copyright. All rights reserved. 

signal-to-noise, sensitivity, and dynamic range.109 FAIMS operates at atmospheric pressure, 
and  it has not yet been coupled with sub-atmospheric IMS ion sources, such as mid-low 
pressure MALDI sources. While modifications to recently developed atmospheric MALDI 
sources could make MALDI-FAIMS possible, it has not yet been reported. For this reason, all 
examples of FAIMS applied to IMS to date have been conducted with ambient ion sources 
such as DESI and LESA. 
 
FAIMS has recently shown great promise for increasing imaging data quality when coupled to 
a LMJ-SSP (Figure 2E) for protein analysis in rat brain and human ovarian cancer tissue 
sections.49 Fieder et al. demonstrated use of LMJ-SSP that provides sensitive protein sampling 
at the expense of spatial resolution (~500-1000 µm). Selective transmission by FAIMS resulted 
in detection of many proteins that were not seen with LMJ-SSP alone (Figure 6A). 
Furthermore, implementation of FAIMS yielded dramatic noise reduction resulting in S/N 
increases of up to 7-fold for some proteins (Figure 6B and C). These dramatic data 
improvements, however, came at the expense of sensitivity outside the m/z range for which 
FAIMS was optimized and signal loss of several proteins was observed. In addition, 
colocalization of several proteins to the tumor region were uncovered when FAIMS was 
coupled to LMJ-SSP for imaging of healthy and high grade serous ovarian cancer tissues. In 
later work, Garza et al. went on to demonstrate the utility of FAIMS for IMS of intact proteins 
on tissue when coupled to DESI.111 When compared to data acquired without FAIMS, DESI-
FAIMS-IMS of mouse brain demonstrated a significant increase in S/N of several high 
abundance proteins. Here, the authors acknowledged that only highly abundant proteins 
were detected, necessitating further optimization for less abundant species. However, this 
study does provide groundwork for further development of technologies for performing 
atmospheric pressure gas-phase separations.  
 
While the examples described above were conducted with a planar FAIMS device, Griffiths et 
al. recently showed the benefits of applying a cylindrical FAIMS device for protein detection 
using LESA-IMS.112 Implementation of this cylindrical FAIMS device allowed for a dynamic 
multistep compensation workflow wherein several voltages were used per pixel that provided 
increased protein coverage. While advantageous to overall data quality, this enhancement 
was to the detriment of acquisition time, requiring three to four minutes per pixel. When 
LESA-FAIMS was used for imaging of rat testes, kidney and brain, up to a 22-fold increase in 
detected proteins were observed above data collected with FAIMS voltages turned off. 
Although performed on a more sensitive mass spectrometer, the use of cylindrical FAIMS 
produced a dramatic increase in proteins detected compared to previous work conducted 
with a planar FAIMS device.84 Advantages of implementing a cylindrical FAIMS device in an 
imaging platform are especially clear when compared to data acquired from bottom-up 
proteomics studies resulting in similar numbers of detected proteins.113 There is a trade-off, 
however, as this work provides spatial information of detected proteins, it comes at the 
expense of fragmentation-based identification afforded by bottom-up proteomics. Several 
other recent FAIMS advancements have been made with implications for use in IMS. Bowman 
et al. recently investigated the separating power of FAIMS for lipid isomers using electrospray 
ionization.114 Careful internal calibration with lipid standards allowed the authors to separate 
many types of lipids: seven out of nine sn and chain length, three out of four double bond 
position, and seven out of nine cis/trans lipid isomer pairs. In another recent application of 
FAIMS for isomer separation, Shliaha et al. coupled FAIMS to an LC-MS/MS workflow for the 
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middle-down investigation of mouse embryonic stem cell histone post translation 
modifications (PTM).115 The authors found that FAIMS provided separation of many isomeric 
proteoforms with the same PTMs on different residues, resulting in discrimination of 25 out 
of 40 tested forms of histone H3. While these advancements dramatically increase duration 
of analysis, this work clearly establishes the power of FAIMS for the separation of peptide 
isomers that could prove highly beneficial for future use in IMS.   
 
Drift Tube Ion Mobility Spectrometry  
The design of drift tube ion mobility spectrometry (DTIMS) is rooted in the early days of ion 
mobility, making it perhaps the simplest modern form of these gas-phase separation 
technologies. DTIMS functions by transmitting ions through an inert gas within a drift tube 
comprised of stacked ring electrodes. Ions are driven through the cell by a uniform electric 
field where they collide with drift gas (Figure 1D). Ions with a larger CCS encounter more drift 
gas molecules compared to ions with a smaller CCS, allowing separation as a function of 
mobility.65 DTIMS has been demonstrated in varying pressures regimes, but reduced pressure 
(<5 Torr)116,117 provides efficient ion transfer from the ion mobility cell to the high vacuum 
mass spectrometer and is therefore advantageous for coupling to IMS.118 The simplistic design 
of DTIMS does not, however, equate to low performance as DTIMS can routinely achieve 
moderate-high resolving power (~60 (CCS/'CCS)65,119 and produces consistent CCS 
measurements.32 It also readily couples to MS and is commonly used to provide analyte 
separation for increased peak capacity and reduced spectral complexity.120–122 Moreover, 
DTIMS has proven invaluable for offering orthogonal information about analytes in a MS 
experiment, being a primary technology used to measure absolute CCS.65,123 Of note, DTIMS 
is the only form of ion mobility that can provide CCS values without calibration.124 This is an 
inherent benefit often leading to increased accuracy as improper calibration produces 
inaccurate CCS values.30,125 Stow and coworkers recently demonstrated the robustness of 
DTIMS for measuring CCS values in an interlaboratory study where they reported a relative 
standard deviation of 0.29%.32 This level of robustness has also been exploited by several 
groups to compile DTIMS CCS databases.124,126–129 Despite its clear utility and use in other MS 
fields, a limited number of examples of DTIMS-IMS experiments have been reported in recent 
years. This may be the result of early success of the TWIMS Q-TOF MS technology that was 
compatible with a variety of sources. Likewise, custom integration of DTIMS with modern IMS 
platforms poses many challenges such as instrument synchronization, and communication.50  
 
The Woods laboratory has published numerous examples of successful utilization of MALDI-
DTIMS.130–132 In addition, the McLean and Caprioli research groups reported DTIMS coupled 
to MALDI IMS using a custom MALDI source capable of 200 µm spatial resolution. They 
demonstrated the power of DTIMS to distinguish isobaric lipid and peptide species, allowing 
for their clear distinction that was not afforded by the mass spectrometer alone.42 
Additionally, DTIMS can be coupled to  other ion sources capable of IMS, such as DESI, LAESI 
and IR-MALDESI demonstrating the potential for its expanded use in the field.43,45,46,50,83,133,134 
 
In 2014, Jackson and coworkers utilized MALDI-DTIMS for imaging various lipid classes where 
distinct mobility trends for each lipid subclass was shown to correlate with lipid head group 
size.132 Lipids with smaller head groups (e.g. glycerophosphates with only a proton at the sn-
3 position) had the fastest drift times corresponding to the highest mobility. An important 
consideration of this study that extends to all examples of IMS datasets with ion mobility, is 
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data manageability. Without a system for data reduction, IMS file sizes with added ion 
mobility dimensionality can reach enormous sizes. In this case, the authors addressed this 
problem by restricting mass and drift time ranges to attenuate file size. In spite of this 
challenge, DTIMS provided an orthogonal element to imaging data collected from mouse 
cerebrum permitting easier lipid assignment. This work serves an example of the data 
dimensionality that DTIMS provides to an imaging experiment.  
 
Many recent advancements in DTIMS resolving power135–139 may provide the impetus for 
investigators to develop further  strategies for integrating DTIMS with IMS.  Ekelof et al. 
described the first inclusion of DTIMS to IR-MALDESI (Figure 2F) for effective imaging.50 
Validation of the modified instrument demonstrated calculated CCS differences of less than 
3.1% of previously reported values. Of note in this study, both proteins and small molecules 
were efficiently ionized by IR-MALDESI, allowing for accurate calculation of CCS for analytes 
in low and high mass ranges by this custom IR-MALDESI-DTIMS system. The authors 
demonstrated effective analysis of caffeine, and mobility separation of glucose and fructose 
when applied to analysis of Coca-Cola®. This separation presents obvious advantages for use 
in imaging of small molecules where MS/MS is often insufficient for isomer distinction, a 
situation that severely hampers analysis.140 In contrast to previous work coupling IR-MALDESI 
with trap-based instruments,141–144 this system provided the necessary dynamic range to 
detect intact proteins, lipids and small molecules in an image of an oak leaf. Data acquired 
from this proof-of-concept experiment has implications for future utilization of IR-MALDESI 
coupled to DTIMS-MS for structurally informative spatial interrogation of biomolecules.  
 
 
Conclusions and Future Directions 
The examples above clearly demonstrate the advantages of integrating ion mobility with IMS 
and the need to continue developing these technologies for biological imaging experiments. 
Throughout history, new technologies have continuously driven scientific advancement.  
Modern instrumentation and molecular imaging capabilities enable researchers to make 
connections between molecular, spatial and temporal domains with the goal of fully 
describing the interplay of biomolecular species in cellular environments. The aspiration of 
this work is to uncover how the molecular components of cells, tissues and organ systems 
interact to drive disease; ultimately enabling more effective precision treatments and 
therapies. IMS is ideally positioned to bridge the gap between the many -omics (e.g. 
lipidomics, proteomics, and metabolomics) that are foundational to modern biomedical 
research. This is made evident in the prominent role IMS is playing in recently established, 
large-scale research initiatives such as the NIH human biomolecular atlas program (HuBMAP, 
hubmapconsortium.org),145 NIH kidney precision medicine program (KPMP, kpmp.org), and 
the Cancer Research Grand Challenge in the United Kingdom (cancerresearchuk.org). As the 
field moves beyond demonstrating the capabilities of IMS towards more impactful biological 
applications, removing the ambiguity of peak annotation is critical. To fully describe the 
molecular drivers of biological processes, structural identification is paramount in 
understanding their mechanistic underpinnings. The extra data dimension afforded by ion 
mobility-IMS (x,y,z positions, m/z, and mobility), provides a path forward for improving 
sensitivity, dynamic range, and specificity in a way that is fully compatible with the imaging 
experiment.  
 



 

 
This article is protected by copyright. All rights reserved. 

It is important to note that this added data dimension presents significant computational 
challenges. As instruments become more sensitive and spatial resolution is improved, the 
number of pixels (e.g. spectra) collected in a single image increases dramatically which can 
produce terabyte sized datasets. This challenge is only compounded by the addition of ion 
mobility, which adds an extra dimension to the data matrix and exponentially increases its 
resulting footprint. While this has obvious ramifications for data analysis and processing, it 
also significantly impacts raw data storage, access, and sharing. There are relatively few 
databanks willing to store such datasets, especially without significant cost to the authors or 
journal, creating a considerable barrier for data sharing. As such, this can have a negative 
impact on scientific reproducibility and collaboration. Some ways of dealing with large data 
sizes include binning or removing noise profiles to reduce the number of data points across 
the dataset. While effective at minimizing the data footprint, it removes noise and low 
intensity peaks, making it difficult to accurately calculate critical data features such as 
absolute S/N, mass resolution, CCS, and limits of detection/quantitation. As such, we 
anticipate the development of more advanced compression algorithms and efficient file types 
that facilitate data sharing and processing while maintaining an accurate representation of 
the data.  
 
 
Few commercial software packages support visualization of ion mobility-IMS data and even 
fewer support statistical analysis. Because of this sparsity, many labs resort to custom 
software to visualize, analyze, and annotate ion mobility-IMS data. This limits the number of 
scientific groups without dedicated computational members or collaborators who can readily 
perform these experiments and utilize the performance of ion mobility-IMS for biological 
applications. Ultimately, we foresee an increase in commercial software capable of handling 
ion mobility-IMS data in the near future, in addition to the publication and distribution of lab-
built, stand-alone software. For example, the Muddiman group is currently updating 
MSiReader to include ion mobility support50,146,147 while the Van de Plas37,100,101 and Laskin148 
laboratories are each presently developing software capable of handling ion mobility-IMS 
data. Readily available and robust data analysis software that is reasonably easy to use will 
be more quickly incorporated within academic labs and enable higher quality analysis and 
interpretation of these complex data.  
 
The future of ion mobility-IMS certainly includes instrumental developments that improve 
sensitivity, transmittance, speed, and resolving power. Significant technical improvements to 
these attributes will unquestionably enhance visualization and analysis of all chemical classes. 
In particular, ion mobility-IMS is well suited to clarify the biological relevance of metabolic 
isomers, lipid double bond position, and native protein conformers, all of which are difficult 
to study with other analytical approaches. Not only will ion mobility information improve our 
understanding of normal and disease states within many biological systems, but it will allow 
us to generate testable hypotheses in order to deeply interrogate molecularly complex 
systems. When considering the field in entirety, MALDI and DESI compose a majority of ion 
mobility-IMS publications, despite the high spatial resolution and orthogonal chemical 
coverage afforded by SIMS. This can partially be attributed to fewer number SIMS instruments 
used for R&D compared to other systems, low source pressure, and high energy of secondary 
ions entering the mass spectrometer. Despite these engineering difficulties, SIMS analysis 
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would benefit from ion mobility separations because there is an abundance of isomers and 
isobars present within the m/z range most accessible to SIMS analysis (<2 kDa).  
 
 
This article has summarized recent advances within the field of integrated ion mobility and 
IMS and the potential of this technology to help unravel the molecular complexity of living 
systems. With maturation of these technologies and the future development of hardware and 
software that will usher in higher performance capabilities, the outlook for ion mobility-IMS 
for imaging experimentation and discovery is exciting.  
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Figure 1: Overview of ion mobility techniques covered in this article. (A) Travelling wave 
ion mobility spectrometry (TWIMS), (B) trapped ion mobility spectrometry (TIMS), (C) 
high-field asymmetric waveform ion mobility (FAIMS) and (D) drift tube ion mobility 

spectrometry (DTIMS). 
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Figure 2: Overview of imaging mass spectrometry ion sources discussed. (A) Matrix-assisted 
laser desorption/ionization, (B) liquid extraction surface analysis (LESA), (C) laser ablation 
electrospray ionization (LAESI), (D) desorption electrospray ionization (DESI), (E) liquid 

microjunction (LMJ), and (F) infrared matrix-assisted laser desorption electrospray ionization 
(IR-MALDESI). 
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Figure 3: TWIMS provides an orthogonal level of separation for isobaric ions, aiding in the 
elucidation of distinct spatial distributions in murine brain tissue. Data was collected in 

continuous rastering mode at 20 μm spatial resolution on a Synapt G2-Si mass spectrometer 
equipped with a prototype “μMALDI” ion source. (A) Ion mobiligram averaged from the full 

m/z range acquired. (B) Enlargement of drift range 134-145 (bins) and m/z 825-830. (C) 
Extracted ion mobiligram for [PC(18:1_18:0)+K]+ (green) and unidentified m/z 826.60 (red). 

(D) Overlay image of both species demonstrating unique distributions. (E) H&E stained 
image of tissue post-IMS. This figure is adapted with permission from ref36, Barre, F. et al. 

International Journal of Mass Spectrometry (2020). Copyright 2019 Elsevier. 
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Figure 4: Increasing passes of ions through the cTWIMS device results in higher degrees of 
separation and more proteins detected from a LESA experiment of murine kidney tissue. 

LESA experiments were performed with a microjunction diameter of ~1.5 mm and data were 
collected using a prototype cTWIMS-MS mass spectrometer with quadrupole isolation of m/z 
870 - 920. (A) 2D heatmaps plotted with arrival time vs m/z for 1, 2, and 3 passes through the 

device with regions of interest circled. (B) Venn diagram of protein numbers detected for 
each number of cTWIMS passes. This figure is adapted with permission from ref48, Sisley, 

E.K. et al. Analytical Chemistry (2020). Copyright 2020 American Chemical Society. 
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Figure 5: TIMS analysis of a whole-body mouse pup uncovers distinct spatial distributions of 
isobaric species indistinguishable by the mass spectrometer alone. Ion images were acquired 

at 50 μm spatial resolution with a 400 ms TIMS scan time on a prototype timsTOF fleX 
equipped with a MALDI ion source. (A) Ion image produced from a selected mobility region 

for [PC(34:3)+H]+. (B) Ion image produced from selected mobility region for 
[PC(32:0)+Na]+. (C) Ion image produced without mobility selection, demonstrating 

domination by the higher intensity [PC(32:0)+Na]+.This figure is adapted with permission 
from ref37, Spraggins, J.M. et al. Analytical Chemistry (2019). Copyright 2019 American 

Chemical Society. 
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Figure 6: LMJ-SSP analysis of rat brain tissue increases in S/N and number of proteins 
observed when FAIMS is applied. Data were collected using a Q Exactive mass spectrometer 
equipped with an ultraFAIMS device using an ND chip and optimized for proteins between 4 

– 12 kDa. (A) Spectral interferences are significantly reduced with FAIMS. (B) Signal 
detected of an unidentified protein (z=9) with, (red) and without, (black) FAIMS. (C) Signal 
detected of a ubiquitin (z=10) with, (red) and without, (black) FAIMS. This figure is adapted 
with permission from ref49, Feider, C.L. et al. Analytical Chemistry (2016). Copyright 2016 

American Chemical Society. 


