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ABSTRACT: Cationic, -conjugated oligo-/polyelectrolytes (CCOEs/CCPEs) have shown great 1 

potential as antimicrobial materials to fight against antibiotic resistance. In this work, we treated 2 

wild-type and ampicillin-resistant (amp-resistant) Escherichia coli (E. coli) with a promising 3 

cationic, -conjugated polyelectrolyte (P1) with phenylene-based backbone and investigated the 4 

resulting morphological, mechanical, and compositional changes of the outer membrane of 5 

bacteria in great detail. The cationic quaternary amine groups of P1 led to electrostatic 6 

interactions with negatively-charged moieties within the outer membrane of bacteria. Using 7 

atomic force microscopy (AFM), high-resolution transmission electron microscopy (TEM), we 8 

showed that due to this treatment, the bacterial outer membrane became rougher, decreased in 9 

stiffness/elastic modulus (AFM nanoindentation), formed blebs, and released vesicles near the 10 

cells. These evidences, in addition to increased staining of P1-treated cell membrane by 11 

lipophilic dye Nile Red (confocal laser scanning microscopy (CLSM)), suggested 12 

loosening/disruption of packing of the outer cell envelope and release and exposure of lipid-13 

based components. Lipidomics and fatty acid analysis confirmed a significant loss of phosphate-14 

based outer membrane lipids and fatty acids some of which are critically needed to maintain cell 15 

wall integrity and mechanical strength. Lipidomics and UV-Vis analysis also confirmed that the 16 

extracellular vesicles released upon treatment (AFM) are composed of lipids and cationic P1. 17 

Such surface alterations (vesicle/bleb formation) and release of lipids/fatty acids upon treatment 18 

were effective enough to inhibit further growth of E. coli cells without completely disintegrating 19 

the cells and have been known as a defense mechanism of cells against cationic antimicrobial 20 

agents. 21 

22 
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INTRODUCTION 1 

Continuous evolution of bacteria and antibiotic resistance poses a severe threat to animals and 2 

humans.1–3 Coates et al.4 suggested that at least 20 new classes of antibiotics are required to be 3 

developed between 2000 and 2050 to fight against antimicrobial resistance, whereas only two 4 

new classes of antibiotics have been developed during the past two decades.1,5 While the 5 

productivity of antibiotic research is impacted by many issues,1,6 the successful development of 6 

novel and effective antibiotics greatly relies on our understanding of cell-drug interactions. The 7 

cell wall of a bacteria, as the first line of defense against antimicrobial agents,7 gives mechanical 8 

integrity to the cell and is responsible for selectively transporting materials inside/outside of the 9 

cell.8 Also, bacteria often show antibiotic resistance by altering their outer cell envelopes.9–13 The 10 

outer cell envelope of a typical Gram-negative bacteria contains an outer membrane, and an 11 

inner membrane which are separated by a periplasmic space.14 The outer membrane of Gram-12 

negative bacteria can be divided into five regions: O-antigen (includes, glucosamine, 13 

galactosamine), outer core (includes, sugars such as D-glucose, D-mannose, D-galactose), inner 14 

core (includes, sugars such as heptose and keto-deoxyoctulosonate (KDO)), lipid A (includes, 15 

phosphorylated glucosamine disaccharide functionalized with fatty acids), and a phospholipid 16 

layer15 forming a lipid bilayer with lipid A (glycerol-based backbone having hydrophilic, 17 

phosphate-containing head groups, and hydrophobic tails derived from fatty acids)  (Figure 18 

S1)).16,17,18–20,21,22 On the other hand, the inner membrane consists of a phospholipid-based 19 

bilayer.23 The components of the outer cell envelope are crucial, especially the charged lipid-20 

based components as they are often susceptible to attack by oppositely charged antimicrobial 21 

compounds, such as cationic antimicrobial peptides (AMPs),24–30 and cationic -conjugated 22 

oligo/polyelectrolytes (CCOEs/CCPEs).26,31–39  23 

In the last few years, CCOEs/CCPEs have grabbed significant attention for their potential in 24 

killing or inhibiting the growth of both wild-type and antibiotic (such as -lactams)-resistant 25 

bacteria (light assisted/dark mode).26,31–38 They are very attractive because some of the cationic 26 

-conjugated molecules showed effectiveness against bacteria, such as Enterococcus faecalis (E. 27 

faecalis) which can grow in harsh environments.33 Moreover, such bacterial strains showing 28 

resistance to traditional membrane-targeting antibiotics (e.g. daptomycin), found it difficult to 29 

show resistance against charged -conjugated molecules33 mainly due to their non-specific 30 
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binding nature to bacteria. Most of the CCOEs/CCPEs have been found to be inactive against 1 

mammalian cell membrane while showing activity against bacterial membrane or artificial lipid 2 

membranes40,26 due to the abundance of negatively charged lipid moieties in bacterial outer 3 

membrane reachable by CCOEs/CCPEs.41 Leveraging CCOEs/CCPEs interesting optical, 4 

electronic, and pathogen inactivation capabilities, many have proposed their applications in 5 

photodynamic therapies for tumor/cancer treatments and more.35,42 All of these highlights the 6 

novelty of this class of antimicrobial molecules and the need to further explore and understand 7 

the mechanism of action of CCOEs/CCPEs against antibiotic-resistant bacteria.  8 

Correlating structural features with cell membrane perturbation has been identified as a crucial 9 

first step to design new antimicrobial materials. In efforts to design and synthesize cationic -10 

conjugated molecules, phenylenevinylene,38,43 phenyleneethylene,26,36,34 imidazolium,37 11 

thiophene,35,44,45 and fluorene32-backbone based antibacterial agents have been commonly 12 

reported. Bazan et al.43,35,18,46 studied phenylenevinylene-based cationic -conjugated molecules 13 

against both Gram-negative (E. coli) and Gram-positive (E. faecalis) bacteria and showed that 14 

specific features, such as length and nature of backbones and side chains; location, distribution, 15 

and density of cationic groups; hydrophilic-hydrophobic balance; and water solubility play 16 

critical roles in modulating the electrostatic and hydrophobic interactions between CCOE/CCPE 17 

and bacterial outer cell envelope. They have also shown that depending on the backbone length, 18 

CCOEs can work either like a membrane stabilizing or altering agent.47,46,43 Whitten et 19 

al.26,39,34,45,48 treated the bacteria with cationic poly(thiophene), oligo/poly(phenyleneethynylene) 20 

under dark and light-activated conditions. They used electron- (TEM), force- (AFM), and 21 

fluorescence microscopy to visualize the cell wall's physical structure/morphology, the formation 22 

of aggregates,45 location of disruption/damage on cell envelope,48 and release of cytoplasmic 23 

materials34 upon treatment. These observations helped them to identify the structural parameters 24 

of CCOEs/CCPEs causing bacterial surface alterations. They also predicted that CCPEs usually 25 

bind to and form a coating on the outer cell envelope of bacteria; while, the needle-like CCOEs, 26 

the small molecular counterparts of CCPEs, intercalate within the lipid bilayers.26 Many research 27 

groups agreed with Whitten’s proposed mechanisms (based on morphological observation) that 28 

during coating/intercalation, the outer membrane of bacteria, especially the lipid bilayers, 29 

experience moderate to significant perturbation34,42,45,18, 31,49,35 which has a major role in cell lysis 30 

and/or growth inhibition of bacteria. 31,49,35,18 Some of the specific lipid bilayer alteration modes 31 



 5

identified or predicted for cationic antimicrobial agents, include, destabilizing of the lipid bilayer 1 

(by removal of divalent metal cations),50,51 lipid bilayer remodeling,52 bleb/vesicle 2 

formation,48,26,53,54 release of lipid compounds,55,56 lipid clustering or phase segregation,55,56 3 

membrane permeabilization,54,53,50 and so on.   4 

While the morphological feature identification has been used as a tool to propose lipid layer 5 

alteration and antimicrobial mechanism, to confirm a specific kind of alteration of the bacterial 6 

outer cell envelope, we need extensive experimental approaches which can address the 7 

following: (i) unraveling the conjugated polymer-induced compositional alterations of bacterial 8 

outer membrane, (ii) composition of extracellular formations (like vesicle/micelle like 9 

formations seen in AFM images) or released compounds, (iii) connection of these compositional 10 

changes with the changes in quantitative values of mechanical properties of bacterial cell 11 

membrane upon treatment. Although, many research works have been done in designing and 12 

synthesizing efficient antimicrobial cationic conjugated molecules, very little is done to put such 13 

extensive and concerted efforts to deeply understand the antimicrobial action mechanism of 14 

CCPE. In some relevant works, total mass of released lipopolysaccharide46 was measured to 15 

understand the role of polymer chain length on membrane stabilization/alteration, or fatty acid 16 

analysis33 was done to explore the increase/decrease in specific kind of fatty acids when bacteria 17 

(untreated) was rendered resistance to CCOE on purpose. Performing the lipidomics and fatty 18 

acid analysis to understand the lipid/fatty acid loss due to treatment can take our understanding 19 

of CCOE/CCPE’s antimicrobial mode of action to another level.  20 

In this work, we thus took a holistic approach to explore the morphological, mechanical, and 21 

compositional changes of the outer cell envelope of wild-type and amp-resistant E. coli upon 22 

treatment with a promising phenylene-based, -conjugated polyelectrolyte P1 (Poly{[2,5-bis(2-23 

(N,N,N-triethylammonium)ethoxy)-1,4-phenylene]-alt-1,4-phenylene}, Figure 1) having cationic 24 

quaternary amine groups at the side chains. In our previous work,57  we have shown that a 3-min 25 

treatment using P1 retains the viability of the parent bacteria cells, but is able to inhibit the 26 

further growth of both wild-type and amp-resistant bacteria very efficiently (~99% growth 27 

inhibition). We also put efforts to compare the antimicrobial activities of P1 with that of CCPEs 28 

studied so far following such “treat (in PBS buffer)-then grow (in LB media)” method. We found 29 

that in order to achieve 70% growth inhibition, we need 15 M of P1 which was within the range 30 
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of concentration of CCPEs (reported by others)37 needed to achieve similar % growth inhibition. 1 

All of these suggested that our P1 can be a potential antimicrobial agent, and deserves more 2 

attention towards its action mechanism.  3 

To study morphological changes of P1-treated bacteria, we employed AFM and TEM 4 

techniques. AFM can help to detect the signs of cell lysis, cell wall damage, or other 5 

morphological alterations (such as the formation of holes, bulges, large blebs, rough surface 6 

patches, filamentation, and more) of the outer cell envelope of bacteria cells as a result of 7 

treatment with antibacterial agents with nanoscale resolution.8,45,53,58–60 On the other hand, TEM 8 

is beneficial to identify further details of ultrastructural changes (such as small blebs) of the 9 

bacterial cell wall.34,61,62 In addition to AFM and TEM imaging, we performed AFM 10 

nanoindentation experiments which gave us the quantitative values of Young’s modulus of 11 

bacteria cells before and after treatment with P1. Of different techniques to quantify Young’s 12 

modulus of cells,63–67,68 AFM nanoindentation stands unique for its capability to visualize the 13 

cells and map elastic modulus across the cells simultaneously. The mechanical and 14 

morphological properties obtained in this work using these techniques provided complementary 15 

information to our prior growth inhibition studies.57 In order to understand further the cell wall 16 

alteration and exposure/loss of lipids, we stained the untreated and P1-treated E. coli cells with 17 

lipophilic Nile Red dye and imaged them with CLSM. This helped to determine if lipophilic 18 

entities of the outer cell envelope were getting surface-exposed due to treatment. Finally, 19 

lipidomics and fatty acid analysis were performed to provide concrete evidence of lipid loss and 20 

resulting compositional alterations of the bacterial outer cell envelope. We also extended the 21 

lipidomics study to unravel the composition of the released components seen as vesicle-like 22 

formations around the cells in AFM images. The morphological and compositional information 23 

helped us to justify the changes in the elastic modulus of P1-treated cells and explain the 24 

bacterial growth inhibition mechanism. Adopting such an all-rounded approach to unveil the 25 

action mechanism of CCPEs more precisely can effectively assist and guide the efforts to design 26 

new ranges of CCOEs/CCPEs to fight against antibiotic resistance.  27 
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Figure 1. Structure of cationic -conjugated polyelectrolyte (P1) used in this work. 2 

EXPERIMENTAL SECTION 3 

Cationic -conjugated polymer synthesis. Neutral -conjugated polymer, Poly{[2,5-bis(2-4 

(N,N-diethylamino)ethoxy)-1,4-phenylene]-alt-1,4-phenylene} (Mn of  8.8 kg/mol (PPP 5 

standard); PDI 2.05) was purchased from Sigma-Aldrich (678066, St. Louis, MO). This neutral 6 

-conjugated polymer was quaternized to yield cationic, -conjugated polyelectrolyte (P1) 7 

following the procedure mentioned in our previous work.57 All the solvents and reagents needed 8 

for the reaction and purification were purchased from commercial suppliers (Sigma-Aldrich (St. 9 

Louis, MO), TCI America (Portland, OR), Acros organics (Fair lawn, NJ)). Tetrahydrofuran 10 

(THF) (Acros Organics, NJ), used in the quaternization reaction, was distilled from 11 

Na/benzophenone under an inert atmosphere. The rest of the reagents and solvents were used 12 

without further purification.  13 

Bacterial cultures. Wild-type E. coli (DH10B) was obtained from New England Biolab 14 

(Ipswich, MA). The ampicillin-resistant (amp-resistant) E. coli  strain (SSBIO2) was transformed 15 

according to our previous work.57 The strains were stored and cultured following the procedure 16 

we reported earlier.57 Briefly, cells were cultured overnight in solid Luria Bertani (LB) media 17 

(Miller, AMRESCO, Solon, OH). A single colony was then transferred into 4 mL of liquid LB 18 

media and incubated overnight at 37 C in a shaker-incubator at 250 rpm. The cells were 19 

collected by centrifugation (4700 rpm) for 15 min as pellets. The pellets were washed twice with 20 

5 mM phosphate buffer saline (PBS, Fisher Scientific, Hampton, NH), and resuspended in 5 mM 21 

PBS buffer. A Genesys 10S UV-Vis spectrophotometer (Thermo Fisher Scientific, Waltham, 22 

MA) was used to measure and adjust the optical density of cells at 600 nm (OD600) further.   23 
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AFM sample preparation. Briefly, 900 L of bacterial suspension (OD600 = 0.2) and different 1 

concentrations of P1 (0, 30 and 100 M) were mixed and incubated for 1 h in culture tubes (37 2 

C, 250 rpm). The treated cells were collected by centrifugation (4700 rpm, 15 min) as pellets. 3 

The pellets were washed twice with DI water and resuspended in 1 mL of DI water. Afterward, 4 

50 L of this suspension was added on top of clean glass slides and allowed to dry overnight at 5 

room temperature in a dark place. The air-dried samples were subsequently used for AFM 6 

imaging. For Young’s modulus measurement, samples that were prepared this way were fixed 7 

using glutaraldehyde (Sigma-Aldrich, St. Louis, MO) following the reported protocol69,70 to 8 

ensure that cells did not move during the modulus measurement. At first, the samples were fixed 9 

with 0.5 vol% of glutaraldehyde in 5 mM PBS buffer and kept in room temperature for 1 h. This 10 

was followed by a second fixing using 1 vol% glutaraldehyde in 5 mM PBS; the samples were 11 

then kept at room temperature for 4 h. Fixed cells were washed thrice with DI water, dehydrated 12 

sequentially using 20, 30, 50, 70, 90 and 100 vol% of ethanol (Decon Labs, King of Prussia, PA) 13 

and used for force measurement.  14 

AFM Imaging. The morphological changes of the E. coli cells before and after treatment with 15 

P1 were studied using a high-resolution AFM with a built-in inverted optical microscope (MFP-16 

3D-BIO AFM; Oxford Instruments Asylum Research, Santa Barbara, CA). Tapping-mode AFM 17 

imaging was carried out on the air-dried samples to study the bacterial surface morphology and 18 

measure surface roughness. Once a cluster of bacteria was found with the inverted optical 19 

microscope, a 500 × 500 nm2 and 5 × 5 µm2 scan with scan rate of 0.2 Hz and 256 scanning lines 20 

were carried out. An AC240TS silicon cantilever (Olympus Microcantilevers, Tokyo, Japan) 21 

with nominal spring constant of 10.06 N/m and nominal tip radius of 7 nm was used for imaging 22 

the samples. In addition, surface roughness was measured in 200 × 200 nm2 regions over the 23 

surface of at least 10 bacteria cells using the onboard Igor Pro 15 software (Waveletrics Inc., 24 

Portland, OR). The student’s t-test using Microsoft Excel 2016 was used to calculate the 25 

statistical difference between each group (i.e. (i) untreated wild-type and treated wild-type E. coli 26 

cells, (ii) untreated amp-resistant and treated amp-resistant E. coli cells, and (iii) untreated wild-27 

type and untreated amp-resistant E. coli cells). The ** symbol represents p < 0.05 and *** 28 

represents p < 0.0005 when compared with untreated cells, and the p-value for two datasets < 29 

0.05 was considered to be significantly different (one dataset is significantly different from the 30 

other).53  31 
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AFM force and elastic modulus measurement. AFM nanoindentation was used to get the 1 

quantitative value of Young’s modulus. Briefly, in this method, the cantilever moves vertically 2 

toward the cell until the cantilever tip encounters the cell surface. The cantilever tip is then 3 

pressed into the cell surface to perform an indentation, and subsequently raised until the tip is no 4 

longer in contact with the cell surface. During this process (which can be repeated many times 5 

over an entire cell surface to create a force map), the vertical deflection of cantilever is 6 

measured.71–74 The nominal spring constant (k) for this cantilever is determined using the thermal 7 

resonance method. By relating the system parameters (e.g. cantilever spring constant, k) and 8 

measured quantities (e.g. cantilever vertical deflection, d) to contact mechanics theory, the 9 

applied force (F) is obtained. Simultaneous measurement of the indentation depth (displacement) 10 

yields the force-displacement curve (Figure S2), the least-squares fitting of which gives the 11 

Young’s modulus of the sample.71–74   12 

Force mapping was performed in air on the bacteria samples. A TR400PB silicon nitride 13 

cantilever (Olympus Microcantilevers, Tokyo, Japan) was used for force mapping. The nominal 14 

spring constant (k) for this cantilever was determined as 33.5  0.8 pN/nm. Bacteria clusters 15 

consisting of 5-15 bacteria cells within a ~7 × 7 μm2 area were selected for force mapping. A 16 

total of 4096 measurements were performed within this area. Only the measurements in the close 17 

vicinity of the apex of bacteria cells were desired in subsequent analysis to avoid artifacts from 18 

edge curvature of the cells75 and non-bacteria indentation tests. Therefore, the unwanted 19 

measurements were masked using the Mask function in the Igor Pro 15 software. The force 20 

curves were fitted to the Johnson-Kendall-Roberts (JKR)76 model using Igor Pro 15 to obtain the 21 

elastic modulus of bacteria (see Supporting Information for details). Finally, student’s t-test was 22 

performed (same as AFM imaging section) for comparing the force mapping results for untreated 23 

and treated cells. Also, the mean squared errors (MSE) for force curve fits were calculated using 24 

a built-in MATLAB code.  25 

Sample Preparation for TEM. The morphological changes of the E. coli cells before and after 26 

treatment with P1 were studied using bright field high-resolution transmission electron 27 

microscopy (HRTEM) (FEI Tecnai Osiris S/TEM) operated at 200 kV. Briefly, 900 L of 28 

bacterial suspension (OD600 ~ 0.2) and different concentrations of P1 (0 and 100 M) were 29 

mixed and incubated for 1 h in a shaker-incubator (37 C, 250 rpm). The treated cells were 30 
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separated by centrifugation (4700 rpm, 15 min). The obtained pellets were washed twice with DI 1 

water and then centrifuged (4700 rpm, 15 min) again. The obtained cell samples were then fixed 2 

in 2.5% glutaraldehyde, and post-fixed with 1% osmium tetroxide. Afterward, the samples were 3 

dehydrated sequentially with ethanol (30%, 50%, 75%, 95%, and 100%), followed by acetone. 4 

Then, the samples were embedded in resin blocks using the low viscosity embedding media, 5 

Spurr’s kit (Electron Microscopy Sciences, Hatfield, PA). After that, a Leica EM UC7 6 

ultramicrotome (Leica Camera Company, Wetzlar, Germany) was used to make 100 nm thick 7 

cross-sections. Finally, the cross-sections were stained using uranyl acetate and lead citrate, 8 

embedded in copper grid (Ted Pella, Inc., Redding, CA) and used for TEM imaging. All of the 9 

chemicals used for TEM sample preparation were purchased from Electron Microscopy Science 10 

(Hatfield, PA).  11 

Nile Red staining and CLSM imaging. Nile Red (Santa Cruz Biotechnology Inc., Dallas, TX) 12 

as a lipophilic stain was used to stain untreated and P1-treated cells according to the 13 

literature.77,78 Briefly, cells (OD600 ~ 0.2) were treated with 0-100 M of P1 in a shaker-incubator 14 

(1h, 37 C, 250 rpm). The cell suspension was centrifuged (4700 rpm, 15 min) and the pellet was 15 

resuspended in 1 mL of 5 mM PBS buffer. A stock solution of 25 mM Nile Red in 16 

dimethylsulfoxide (DMSO; Alfa Aesar, Haverhill, MA) was prepared first, and 2 L of this 17 

stock dye solution were added to the bacterial suspensions (untreated and P1-treated) to yield the 18 

final concentration of Nile Red as 50 µM in the suspension. The cells were incubated in the dye 19 

for 3 h, after which the cells were centrifuged, washed twice with 5 mM PBS and resuspended in 20 

the same buffer. For CLSM imaging, 10 µL of these cells were added to glass slides (Home 21 

Science Tools, Billings, MT) and covered with coverslips. A Nikon A1R-Ti2 confocal laser 22 

scanning microscope (Center for Biotechnology, Beadle center, UNL) with a 60x objective lens 23 

was used to image the samples. The Nile Red was excited with a 560 nm laser line and emission 24 

was collected from 570-620 nm. 25 

Lipid extraction from bacteria cells for lipidomics and fatty acid analysis. Modified Bligh 26 

and Dyer method79 was used to extract the total lipid content of untreated and treated ([P1] =100 27 

M for 1 h) amp-resistant E. coli cells.55,80 Briefly, P1-treated cells in 5 mM PBS buffer were 28 

centrifuged at 4700 rpm for 15 min. After two times washing with DI water, pellets (containing 29 

cells) were resuspended in 2 mL DI water. To initiate the extraction, the samples were 30 
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transferred to Pyrex glass centrifuge tubes. 5 mL chloroform and 2.5 ml methanol was added to 1 

each of these samples (chloroform/methanol (2:1, v/v)). Samples were homogenized with 2 

vigorously inverting the tubes and then vortex mixing for 30 seconds. The samples were 3 

incubated in ice for 3.5 h, and centrifuged for 10 min at 2000 rpm. The organic lower phase 4 

containing lipids were transferred to clean Pyrex glass centrifuge tubes and extraction was 5 

repeated two more times. Finally, extracted samples were dried under nitrogen flow, transferred 6 

to 2 ml glass vials (~ 2 mg samples/vial), and carried to Kansas Lipidomics Research Center 7 

(Manhattan, KS). Xevo TQ-S mass spectroscopy (Waters Co., Milford, MA) and Agilent 6890N 8 

GC coupled to an Agilent 5975N quadrupole mass selective detector (Agilent Technologies, 9 

Santa Clara, CA) were used to analyze the lipids and fatty acids, respectively. These experiments 10 

were performed in 5 replicates, and the lipid or fatty acid contents (nmol) were normalized by 11 

the total number of cells. In addition, student’s t-test was used to analyze the statistical difference 12 

between the treated and untreated samples. 13 

Vesicle separation from cells for SEM, lipidomics and fatty acid analysis. Untreated and P1 14 

treated amp-resistant E. coli cells were gently vortexed and filtered three times using 0.2 µm 15 

filter papers. Separated vesicles were imaged using SEM (Nova NanoSEM450, FEI, Hillsboro, 16 

OR) at Nebraska Center for Materials and Nanoscience. In addition, UV-Vis absorbance of 17 

separated vesicles (suspended in DI water) was measured using Perking-Elmer Lambda 40 18 

UV/Vis spectrophotometer (Waltham, MA) to check the presence of the P1 in the extracted 19 

vesicles.  Finally, samples were freeze-dried and sent for lipidomics and fatty acid analysis.  20 

RESULTS AND DISCUSSION 21 

Morphological alterations of the cell membrane. High-resolution AFM imaging (tapping-22 

mode, in the air) was done to study the morphology of air-dried, untreated, and P1-treated wild-23 

type and amp-resistant E. coli cells.  Figure 2 shows the AFM height images representing the 24 

surface morphology of the cells. The untreated wild-type (Figure 2a) and amp-resistant (Figure 25 

2d) E. coli cells were rod-shaped, and the dimensions of the cells (length ~ 1.5-3 m, height ~ 26 

250 nm) were within the range of values reported for E. coli.81,82 The vague border around the 27 

cells could be attributed to slight dehydration of the cells.82  However, the untreated cells did not 28 
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show any sign of lysis58 which indicated that we were able to consistently follow the AFM 1 

sample preparation procedure reported by others.45,53,82  2 

  3 

Figure 2. AFM height images of wild-type (a-c) and amp-resistant (d-f) E. coli cells treated with 4 

0 (a, d), 30 (b, e), and 100 (c, f) M P1.   5 

We saw no significant differences in height images between untreated wild-type and amp-6 

resistant E. coli cells. However, the same cells showed significant aggregation after treatment 7 

with 30-100 M P1 (Figure 2b, c, e, f). In our previous work, we saw similar growth inhibition 8 

trends (up to 99%) and changes in zeta potential (-40 mV (untreated) to +15-20 mV (P1-treated)) 9 

when both wild-type and amp-resistant E. coli were incubated with P1.57 This suggested the 10 

likelihood of similarity in P1’s interaction with both wild-type and amp-resistant strains. 11 

Untreated cells typically formed a monolayer (Figure 2a, d), but the aggregation of P1-treated 12 

cells (Figure 2b, c, e, f) was observed in directions both parallel and perpendicular to the 13 

substrate (as treated cells showed more white-color coded areas (corresponding to height ~ 400 14 

nm), while untreated cells showed heights ~250 nm). We have reported similar observations of 15 

three-dimensional aggregation before, based on SEM images of the same cells.57 The extent of 16 

aggregation appeared to increase when the concentration of P1 in the treatment solution was 17 

increased from 30 µM (Figure 2b, e) to 100 µM (Figure 2c, f). Since the bacteria surface is net-18 
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negatively charged and P1 is positively charged, the electrostatic interactions (proved by zeta 1 

potential changes57) between them can coat P1 on the outer cell envelope of the bacteria.45,57 2 

Moreover, when some bacteria cells are coated with cationic P1, these P1-bacteria complexes 3 

can attract some more net negatively charged bacteria towards the P1coating and drive the cell 4 

aggregation.   5 

The AFM height images (Figure 2) also allowed us to quantify the average surface roughness of 6 

P1-treated and untreated bacteria (Figure 3). To calculate the roughness, a first-order flattening 7 

process was applied to the AFM height images.83,84 Then, 30 (200 × 200 nm2) regions were 8 

randomly selected on at least 10 bacteria cells, and the statistical significance of the differences 9 

between the data were obtained using the student’s t-test.53  10 
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Figure 3. The average surface roughness values (with standard deviation) of untreated wild-type 12 

and amp-resistant E. coli cells (blue), treated with 30 µM (green), and 100 µM (red) P1. In the 13 

AFM height images (after first order flattening process), 30 (200×200 nm2) regions were 14 

randomly selected on at least 10 cells and used for roughness measurement. An unpaired t-test 15 

was used for calculating the p-value. The symbol ** represents p < 0.05 and *** represents p < 16 

0.0005 when compared with untreated cells.  17 

The average surface roughness of untreated wild-type (5.25 ± 2.34 nm) and amp-resistant (5.54 ± 18 

2.56 nm) E. coli cells were similar (Figure 3). A gradual increase in surface roughness was 19 

observed when the cells were treated with 0 -100 M P1. When the cells were treated with 100 20 
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M P1, the surface roughness of wild-type and amp-resistant E. coli cells increased to 12.88 ± 1 

5.54 nm and 13.79 ± 6.56 nm, respectively (Figure 3). The t-test of these roughness datasets 2 

suggested that the treatment with P1 caused a significant change in the roughness of both wild-3 

type and amp-resistant E. coli, with a value of p < 0.0005. A p-value for two datasets < 0.05 is 4 

considered to be statistically significant33 (i.e. one dataset is significantly different from the 5 

other). The t-test values also showed that there was no significant difference between the surface 6 

roughness values of the untreated wild-type and untreated amp-resistant E. coli cells. Increase in 7 

surface roughness due to treatment was also observed for E. coli cells treated with 8 

phenyleneethynylene-based -conjugated CCPEs.45 In some reports, an increase in surface 9 

roughness was attributed to the loss of components (such as from O-antigen layer) from LPS,85 10 

but there may be loss of other components or other mechanisms in action (discussed 11 

later).6,50,53,54,86–88  12 
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Figure 4. AFM amplitude images of wild-type (a-c) and amp-resistant (d-f) E. coli cells treated 14 

with 0 (a, d), 30 (b, e), and 100 (c, f) M P1. 15 

The cell surface roughening observed in AFM height images was consistent with the signs of 16 

deformation observed in AFM amplitude images (Figure 4). Vesicular/micellar features ~100 nm 17 

in diameter were observed mostly around the treated cells (Figure 4b, c, e, f (shown with the 18 
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green arrow)) and some on the surface of the cells (Figure 4b, c, e, f). The formation of 1 

vesicles/micelles became most prominent when the cells were treated with 100 M P1 (Figure 2 

4c, f). Similar observations (formation of vesicle/micelle like structures) have been reported by 3 

others for cells treated with cationic antimicrobial agents.53,54,89,90,91 4 

In search of how the extracellular vesicle-like structures were formed, we found that ionic drugs 5 

such as ethylene diamine tetraacetic acid (EDTA),92, and gentamicin93 can sequester/replace the 6 

divalent metal cations (Ca+2, Mg+2) from the LPS layer. These metal cations are responsible for 7 

stabilizing the lateral repulsion of lipopolysaccharide molecules (net negatively charged) within 8 

the LPS layer of healthy cells.48,92,93 Due to the removal of the metal cations, the LPS layer can 9 

destabilize and components from the LPS layer can release to the surroundings of the cells.48,92,93 10 

In fact, many AMP-based treatment strategies have reported such a simultaneous increase in 11 

roughness and release of components from the outer membrane.6,50,53,54,86–88 Therefore, we 12 

hypothesize that the vesicular/micellar formations (Figure 4) and simultaneous surface 13 

roughening (Figure 3) are results of detachment/release of lipid-based outer membrane 14 

components driven by the electrostatic affinity of cationic P1 towards net-negatively charged 15 

lipid moieties. CLSM, lipidomics, and fatty acid analysis were done later to prove this 16 

hypothesis and confirm the composition of these released vesicles.  17 

To further investigate the ultrastructural changes of the bacteria cells, TEM images were also 18 

captured for untreated and P1-treated amp-resistant E. coli with 100 µM P1 (Figure 5). The 19 

bacterial outer membranes of untreated amp-resistant E. coli cells looked smooth. Also, the 20 

contrast (seen in Figure 5a, b) suggested that the intracellular contents of untreated amp-resistant 21 

E. coli cells were intact. While taking a closer look at the amp-resistant E. coli cells treated with 22 

100 µM P1 (Figure 5 c, d), we did not see a drastic increase in contrast at the intracellular region 23 

for most of the cells (> 85% cells in a single frame, Figure 5c). This suggested that there was no 24 

release of cytoplasmic content34,45,48,94 upon P1 treatment.  In addition, most of the treated cells 25 

did not show any other sign of drastic deformation,34,45,48 extensive tearing,95 or loss of 26 

integrity.34,45,48,95 This was in agreement with our prior observations based on live/dead assays 27 

where the majority of the P1-treated cells were not dead (< 10% dead).57 However, we observed 28 

the formation of spheroidal protrusions typically referred to as “blebs”96,97 with dimensions ~ 10-29 

20 nm (indicated with red arrows, Figure 5 c, d) from the outer membrane of treated cells.  30 
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  1 

Figure 5. TEM micrographs of untreated (a, b) and 100 M P1-treated (c, d) amp-resistant E. 2 

coli cells. The cells were stained with uranyl acetate and lead acetate. The elliptical and circular 3 

shapes seen for intact cells were due to the orientation of the cells during the cross-section of the 4 

samples using the ultramicrotome. Red arrows indicate the formation of blebs, while the yellow 5 

arrow indicates a treated E. coli cell from which cytoplasmic content was released. 6 

An obvious question could be why the vesicles seen in AFM images (Figure 4) were not visible 7 

in TEM images (Figure 5). This could be due to a very different sample preparation procedure 8 

for TEM (as compared to AFM) that required sample fixation and embedding in resin. Similarly, 9 

the blebbing seen in TEM images were not visible in AFM images because such nanoscale 10 

features (< 10 nm) are hard to resolve with the AFM (radius of the tip ~ 7 nm).98 However, the 11 

blebbing seen in the treated cells was not likely the result of sample preparation steps because the 12 

untreated cells looked smooth with a complete absence of blebs in the TEM images (Figure 5a, 13 

b).  14 
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Bleb formation has been extensively reported for Gram-negative bacteria such as E. coli.61,96,99–1 
101 In many papers, this bleb formation is linked to the interaction53 or intercalation62 of cationic 2 

antimicrobial compounds with the negatively-charged LPS layer. But, how blebs are formed in 3 

response to these interactions still remains elusive, and many mechanisms are proposed.69,102 4 

Blebbing is associated with (i) the synthesis of defective proteins (upon interaction with 5 

antimicrobial compounds) not fitting within the outer membrane;69 (ii) lipid loss from the outer 6 

membrane;102 and/or (iii) reconfiguration of the outer membrane to accommodate its constituent 7 

macromolecules when cationic antibiotics (e.g. aminoglycoside) compete and replace the 8 

divalent metal cations93 to bind with negative charges of lipid-based outer membrane 9 

components (e.g. lipid A and phospholipids from lipid bilayer). Especially the remodeling of the 10 

outer membrane has been suggested by Whitten and coworkers34,48 based on the observation of 11 

blebs on E. coli surfaces upon treatment with phenyleneethynylene-based CCPEs. In a work, it 12 

was suggested that the major constituents of outer membrane blebs are outer membrane 13 

components.102 We do not have any experimental evidence at this point of defective protein 14 

synthesis. However, the potential of cationic P1 to compete with and replace the divalent metal 15 

cations at the net negatively charged junction of lipid A and the inner core of the outer 16 

membrane (Figure S1), and the subsequent efforts of the cells to accommodate components of 17 

this destabilized LPS layer (i.e. membrane remodeling) seem to rationally explain the bleb 18 

formation. 19 

Mechanical alterations of the cell membrane: quantifying elastic modulus.  AFM 20 

nanoindentation was used to get the quantitative values of Young’s modulus by performing force 21 

mapping over cells where the cell surfaces were indented using an AFM cantilever.50,103,104 22 

Typical force-displacement curves from the AFM nanoindentation experiments are shown in 23 

Figure S2 for both untreated and P1-treated (with 30 and 100 µM P1) wild-type and amp-24 

resistant E. coli cells. The small initial decrease in the force curves from -10 nm until ~ 0 nm of 25 

piezo distance, even when the applied force is zero (Figure S2), is an indication of the “jump-to-26 

contact” phenomenon, where the short-range adhesive forces (due to intrinsic tip-sample 27 

interactions) caused the tip of the cantilever to jump swiftly to the surface of the cells.105 28 

Afterwards, as the load on the cantilever increased, the cantilever tip pressed into the outer 29 

surface of the bacteria cell. As shown in Figure S2, the slopes of the force curves were lower for 30 

P1-treated cells than untreated cells (in both wild-type and amp-resistant E. coli). The lower 31 
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slope indicated that less force was needed to achieve certain displacement82 and thus implied that 1 

P1-treated cells were less stiff than untreated cells. To quantify the changes in the mechanical 2 

properties of the cells before and after treatment, we calculated the Young’s modulus of the 3 

bacteria using the JKR model to fit the force-displacement data obtained from nanoindentation 4 

measurements. While the Hertzian model has been widely used to quantify the elastic modulus 5 

of bacteria,82,103,106 we chose the JKR model for bacteria because this model is best suited for soft 6 

samples and accounts for adhesion forces that exist between bacteria and cantilever tip.105 The 7 

fitting of the force curves was performed via the Igor Pro 15 software suite (see Supporting 8 

Information for details) which gave us the quantitative values of Young’s modulus across the 9 

bacteria samples. In addition, the mean squared errors (MSE) for force curve fits, calculated for 10 

untreated and treated cells, were very small (in the range between 0.01-0.06).  11 

Figure 6. Histograms (with Gaussian distributions (red lines)) of Young’s modulus (a-c) and 12 

force maps (d-f) for wild-type E. coli treated with 0 (a, d), 30 (b, e), and 100 (c, f) M P1. 13 

The histograms (top panels) and spatially resolved Young’s modulus maps (bottom panels) 14 

obtained for wild-type and amp-resistant E. coli are shown in Figure 6 and Figure 7, respectively. 15 

The color-coding of elasticity maps (Figure 6d, e, f, Figure 7d, e, f) indicates how the elastic 16 

modulus varies across the E. coli cell surfaces. The elasticity maps of untreated wild-type E. coli 17 

cells were relatively heterogeneous which was reflected by a large Gaussian distribution of 18 
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Young’s modulus (Figure 6a), with a maximal value of 2.10 MPa and standard deviation of 1 

1.11 MPa. The Young’s modulus of untreated cells closely matched with the reported ones 2 

using silicon nitride tips and air-dried cells,66,107,108 and the standard deviation reported here were 3 

also in agreement with literature,66,106–108,109 where this was attributed to the complexity and 4 

heterogeneous distribution of cellular components on cell surfaces. In contrast, the treatment of 5 

wild-type E. coli cells with 30 M P1 for 1 h resulted in a more homogeneous elasticity map, 6 

consistent with the narrow Gaussian curve for Young’s modulus (Figure 6b), with a maximum at 7 

~ 1.03 MPa. The modulus of treated cells (1.03 MPa   0.30 MPa) was 50% of that of untreated 8 

wild-type cells (2.10 MPa   1.11 MPa). This was also evident from the colors in the modulus 9 

maps of these samples (Figure 6d, e). The student’s t-test confirmed that the Young’s modulus 10 

data for untreated and 30 M P1-treated cells were significantly different (p < 0.05). These 11 

suggested that the surface of P1-treated cells were less stiff than untreated cells. As the P1 12 

concentration was increased from 30 M (Figure 6b) to 100 M (Figure 6c), the Young’s 13 

modulus of wild-type E. coli cells (1.07 MPa  0.69 MPa) did not change significantly 14 

(supported by t-test).  15 

Figure 7. Histograms (with Gaussian distributions (red lines)) of Young’s modulus (a-c) and 16 

force maps (d-f) for amp-resistant E. coli treated with 0 (a, d), 30 (b, e), and 100 (c, f) M P1. 17 
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The Young’s modulus of untreated amp-resistant E. coli cells (Figure 7a, 2.19 MPa  0.77 MPa) 1 

was very similar to that of wild-type E. coli cells (Figure 6a, 2.10 MPa  1.11 MPa) and the 2 

difference between them was statistically insignificant (p > 0.05). Also, Young’s modulus 3 

measurement was repeated for untreated wild-type E. coli cells. The results (Figure S3) showed 4 

that statistically there was no significant difference (p > 0.05) between two datasets of wild-type 5 

E. coli cells (Figure S3) indicating the repeatability of the measurements. In addition, Young’s 6 

modulus of both 30 and 100 M P1-treated amp-resistant cells (Figure 7b, c, e, f) decreased in a 7 

similar manner as observed for wild-type cells (Figure 6b, c, e, f). This suggested that P1 was 8 

likely acting on both wild-type and amp-resistant E. coli in a similar manner which was in 9 

agreement with similar growth inhibition of these two strains by P1 we reported earlier.57  10 

In some of the extreme cases of cell wall damage and release of cytoplasmic content for 11 

chitosan,82 ethylenediamine tetraacetic acid,110 and streptomycin110-treated E. coli cells, a 12 

decrease in Young’s modulus has been reported. We saw a decrease in Young’s modulus (Figure 13 

6, 7) in our P1-treated E. coli cells which only formed extracellular vesicles and blebs on the cell 14 

surface. Such surface alterations appeared to be mild or less damaging (as compared to 15 

disruption/ destruction of peptidoglycan layer,108,111 or release of cytoplasmic content110) to be 16 

considered as causes of cell lysis/death. Having said that, prior studies suggested that mild 17 

alterations, such as the reduction in packing50/alignment112 within the LPS layer,  release of lipid-18 

based components,44,50 and, the formation of blebs113 can cause a decrease in stiffness of cells 19 

(not limited to bacteria cells). While no report on the effect of bleb formation on the stiffness of 20 

bacteria cells was found, a study on Xenopus cranial neural crest cells113 revealed that the 21 

blebbing regions of the cells can have lower stiffness than their non-blebbing regions. 22 

Vesiculation, on the other hand, is likely the result of LPS destabilization and release of charged 23 

lipid components from lipid A and phospholipid bilayers (discussed earlier),54,89
 and such 24 

changes can also make the cell wall lose stiffness. Further analysis of lipid loss and composition 25 

of released vesicles justified this observed decrease in elastic modulus upon treatment with P1. 26 

Compositional alterations of the cell membrane. We used Nile Red, a lipophilic dye,114 to 27 

stain the untreated and treated E. coli cells (Figure 8). Nile Red emits a strong fluorescence in a 28 

lipophilic environment, but it does not show fluorescence in a hydrophilic environment.115,116 29 

Prior attempts to stain bacterial outer membranes with hydrophilic (such as fluorescein 30 
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isothiocyanate (FITC)) and lipophilic (Nile Red) dyes showed that the outer and inner cores of 1 

the outer membrane of E. coli (consisting hydrophilic moieties, such as glucose, galactose, etc.) 2 

were moderately impermeable to lipophilic Nile Red.78 Therefore, Nile Red could not reach to 3 

the lipid bilayers underneath the inner core to stain the cells effectively. In a similar attempt, 4 

Lazaro et al.116 were able to stain only 1.1% of healthy E. coli cells using Nile Red. In our 5 

experiments, the bright-field images showed a good number of untreated bacteria cells dispersed 6 

throughout the whole frame showing negligible signs of aggregation (Figure 8a). The 7 

corresponding fluorescence image (Figure 8c) showed very few points within the frame which 8 

were stained with Nile Red. The comparison between bright-field and fluorescence image thus 9 

indicated that most of the healthy cells had unexposed lipid layers which were unreachable by 10 

Nile Red dye. On the contrary, the bright-field images of treated E. coli cells (Figure 8b) showed 11 

aggregation and the corresponding fluorescence image showed that almost all of the cells were 12 

stained with Nile Red (Figure 8d), which was an indication of exposure of the lipid regions of the 13 

outer membrane upon treatment with P1. These results suggested that the P1 treatment caused a 14 

change in the outer membrane of the cells, likely reduced the packing of the outer and inner core 15 

and led to a loss of some components of the LPS layer. As a result, the lipid-containing regions 16 

(below the inner core) of the outer membrane were largely exposed, making the staining of the 17 

treated E. coli cells by Nile Red facile. Please note that the vesicles, seen adjacent to cell-P1 18 

complexes in AFM images, could not be resolved in CLSM images due to their small size and 19 

Abbe’s diffraction limit.117  20 

  21 
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 1 

Figure 8. Bright-field (a, b) and fluorescence (c, d) CLSM images of untreated (a, c), and amp-2 

resistant E. coli cells treated with 100 µM P1 for 1 h (b, d). The scale bar is 20 m. 3 

Lipid composition alteration is a common response of cells to stress-induced by antimicrobial 4 

agents.118 Now that we got evidence of loss of components (including lipids) from the outer cell 5 

envelope, we wanted to confirm the exact compositional changes due to treatment with P1. In the 6 

beginning, we thought that the released components (seen as vesicles in AFM) should be in the 7 

supernatant (separated from treated cell suspension). We then took SEM images of supernatant 8 

samples separated from both untreated and treated cell suspensions. While the supernatant from 9 

untreated cell suspension did not show any vesicle (Figure S4a), the supernatant from treated cell 10 

suspension showed only a trace amount of vesicles (Figure S4b). It then appeared more likely 11 

that those vesicles, due to electrostatic, hydrophilic, and hydrophobic interactions, 12 

adhered/stayed close to the surrounding P1-bacteria complexes and thus did not detach and 13 

transfer into the supernatants readily during centrifugation. To work around this, we first 14 
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separated the cells from supernatant, resuspended the cells in DI water, and then vortexed the 1 

suspension so that the vesicles can detach from the P1-bacteria complexes. Filtering this sample 2 

with a 0.2 m filter allowed the collection of vesicles (please see experimental section for further 3 

details). We took SEM image of these collected vesicles where a major fraction of the vesicles 4 

had size ~ 100 nm (Figure S5b) (similar to the vesicle dimension seen in AFM images, Figure 5 

4c, f). This further confirmed that using a 0.2 m filter, we effectively separated the major 6 

fraction of released vesicles from the treated cells. A similar effort to collect vesicles from 7 

untreated cells and subsequent SEM imaging did not show any vesicle (Figure S5a) which was 8 

also in agreement with the complete absence of vesicles seen in AFM image of untreated 9 

samples (Figure 4a, d).  10 

In a parallel work, we extracted lipids from amp-resistant E. coli cells after treatment with 0 and 11 

100 M of P1 (please see the experimental section for the details). We then performed 12 

lipidomics and fatty acid analysis of the lipids extracted from treated and untreated cells (Figure 13 

9a, b) as well as lipids in released vesicles (Figure S6). 14 

    15 

 16 

 17 

 18 

 19 

 20 

 21 

Figure 9. Lipid (a) and fatty acid (b) contents (nmol/cell) in untreated and P1-treated E. coli 22 

cells. The symbol ** represents p < 0.05 and shows a significant difference between the results. 23 

E. coli cells are often reported to have 3 major types of lipids: zwitterionic 24 

phosphatidylethanolamine (PE), anionic phosphatidylglycerol (PG), and anionic cardiolipin 25 

CL.119  The  % of PE, PG, and CL in a number of E. coli strains are reported to be ~75%, 20%, 26 

and 5%, respectively.120,121,119 In addition, the presence of trace amounts of 27 
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lysophosphatidylethanolamine (LysoPE) and lysophosphatidylglycerol (LysoPG) are also 1 

reported sometimes.122 It has also been reported that the % of lipids can vary depending on the 2 

growth conditions and type of strains of E. coli used.121,123,80,122,55 In our lipidomics experiments, 3 

we targeted  PE, PG, CL, LysoPE, and LysoPG and found 84.47% PE, 13.58% PG, 0.94% CL, 4 

0.60% LysoPE, 0.40% LysoPG for healthy amp-resistant E. coli cells. When we compared the 5 

lipid content of untreated and P1-treated cells, we observed a substantial lipid loss upon 6 

treatment. A 50% decrease in PG (29.41 ± 9.55 nmol/cell (untreated); 13.84 ± 2.61 nmol/cell 7 

(treated)) and 33% decrease in PE (183.07  38.89 nmol/cell (untreated); 120.72  28.12 8 

nmol/cell (treated)) were detected in the treated cells as compared to the untreated ones (Figure 9 

9a). While there was a decrease in both PE and PG content/cell in treated samples, the PE: PG 10 

ratio for untreated and treated cells was not statistically significant (p > 0.05) suggesting that PE 11 

and PG were released from the cells to almost similar extent upon treatment. 12 

In the fatty acid analysis, we found all the major saturated and unsaturated fatty acids present in 13 

any E. coli sample.80,124–126,55 The saturated fatty acids we found in our extracted lipid samples 14 

from both untreated and treated E. coli were: tetradecanoic acid (C14:0), hexadecanoic acid 15 

(C16:0), heptadecanoic acid (C17:0), and octadecanoic acid (C18:0). On the other hand, we 16 

found the following unsaturated fatty acids: palmitoleic acid (C16:1), two isomers of C18:1 17 

(oleic acid (C18:1N9), vaccenic acid (C18:1N11)), cyclopropyl C17:0 (9,10-18 

methylenehexadecanoic acid (cy17:0)) and cyclopropyl C19:0 (11,12-methyleneoctadecanoic 19 

acid (cy19:0)). In agreement with lipidomics results, fatty acid analysis (Figure 9b) also showed 20 

a decrease in the fatty acid content of bacteria cells when treated with P1. The major losses we 21 

identified were as follows: 29% decrease in C16:0, 33% decrease in C18: 1, 27% decrease in 22 

C16:1, 21% decrease in C18:0 and 37% decrease in cy17:0.  23 

Next, we analyzed the vesicles released upon the treatment of amp-resistant E. coli cells with P1 24 

and collected via filtration (as discussed earlier). The lipid composition of the released vesicles 25 

(from P1-treated cells) was as follows: PE (51%), PG (41%), and the rest were CL, lysoPE, and 26 

lysoPG (8%) (Figure S6a). The fatty acid analysis identified the presence of C16:0 (27%), C18:0 27 

(66%), and C18: 1 (7%) in these released vesicles (Figure S6b). While these analyses only 28 

confirmed the presence of lipid or fatty acid-based components in the released vesicles, our UV-29 

Vis data showed the characteristic absorbance peaks of P1 (at 285 nm and 330 nm) from the 30 
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released vesicle samples (Figure S7). Based on all these concrete evidences, we were able to 1 

prove our prior hypothesis (made after AFM image analysis) that the vesicles released from E. 2 

coli cells after treatment with P1 were composed of charged lipid moieties and cationic P1.  3 

This significant lipid and fatty acid loss explain membrane destabilization, decrease in elastic 4 

modulus (Figure 6, 7), and surface-exposed lipid moieties (CLSM, Figure 8) seen for P1-treated 5 

E. coli cells. The Young’s modulus of cells is correlated to membrane composition and cell 6 

structure.13,127 We observed a significant decrease in saturated fatty acids which are known to be 7 

responsible for high cell rigidity and low membrane fluidity.128,129 Bazan et al.33 showed that an 8 

increase in vaccenic acid makes the bacteria more tolerant to CCOE. We saw a 33% decrease in 9 

vaccenic acid (C18:1N11) which made the bacteria more vulnerable to attack by P1. Moreover, 10 

cyclopropane fatty acids can improve the stability of the membrane under extreme conditions.33 11 

We observed a loss of a major cyclopropane fatty acid (cyC17:0) which supported the membrane 12 

destabilization upon treatment with P1. The observed morphological and mechanical changes 13 

can also be explained in light of the observed phospholipid loss as a result of treatment with P1. 14 

The degree of order of lipid acyl chains in membranes has been shown to depend on zwitterionic 15 

phospholipid components (such as PE here) in anionic model membranes.130 Thus a loss of PE 16 

(33% in our case) can be a good reason for membrane disorder and destabilization thereby. On 17 

the other hand, due to the oppositely charged nature, there is an obvious electrostatic interaction 18 

between cationic P1 and anionic PG and CL. During such electrostatic interactions, P1 can 19 

replace the divalent metal cations (Ca+2, Mg+2) present in the outer membrane. Based on studies 20 

on AMPs, replacing these metal cations with cationic antimicrobial agents significantly alters the 21 

natural charge distribution within lipid bilayers51 which is critically needed for membrane 22 

stability and integrity. Thus the treatment with cationic P1 can destabilize the outer membrane by 23 

increasing intermolecular repulsion between phosphate groups of adjacent lipid moieties in Lipid 24 

A and phospholipid regions, loosening/reduction in packing, and simultaneous exposure 25 

(increased Nile red staining) and release (lipidomics) of some of the lipid-based charged 26 

components from outer membrane giving vesicle/micelle-like structures around treated cells 27 

(AFM). The compromised integrity and packing of outer cell envelope clearly explained the 28 

decrease in elastic modulus of P1-treated cells. A schematic illustrating these effects is shown in 29 

Figure 10. 30 
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Sometimes  lipid loss and vesiculation are coined as mechanisms of “buying time” 91 meaning 1 

the bacteria lose outer membrane components, while they still tend to survive and retain cell 2 

function and metabolism (as cytoplasmic content is affected negligibly by treatment). However, 3 

lipids and LPS have a role in outer membrane protein biogenesis, cell integrity, and further cell 4 

division.131,132 Especially, in order to maintain cellular structure and structural integrity during 5 

cell division, the outer membrane, peptidoglycan layer, and inner membrane have to coordinate 6 

and synchronously move towards the middle of the parent cell to create a “pinch-point” or 7 

“constricted zone.”133 Thus, any damage of the lipid and LPS layer, as we evidenced in this 8 

work, may still allow the parent cells to survive, but impede further cell division. This clearly 9 

explains the cell viability after treatment with P1, but subsequent efficient growth inhibition 10 

(bacteriostasis), like we observed earlier.57 Inhibiting the growth of bacteria rather than 11 

completely disintegrating and releasing its genetic materials to the surroundings can bring 12 

environmental benefits and help limit the spread of antibiotic resistance.134,135   13 

 14 

Figure 10. Proposed mechanism of action of P1 on wild-type and amp-resistant E. coli cells. 15 

Conclusions. We explored the morphological, mechanical, and compositional changes of the 16 

outer cell envelopes of E. coli strains upon interactions with a phenylene-based, cationic 17 

conjugated polyelectrolyte (P1). As a result of treatment, bacteria surface became rougher 18 

(AFM), showed protruded formations, like, blebs at the outer cell envelope (TEM), and formed 19 

extracellular vesicles (AFM) around the treated cells. Blebbing could be attributed to the outer 20 
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membrane remodeling. An increased staining of P1-treated cells by lipophilic dye Nile Red 1 

suggested a loosening of packing of outer cell envelope and release and exposure of lipid-based 2 

components. Lipidomics/fatty acid analysis confirmed that the treated cells experienced a 3 

noticeable loss in lipids and fatty acids from the outer cell envelope. Moreover, the released 4 

vesicles, seen in AFM, were composed of lipid-based charged moieties (PE, PG mainly) and 5 

cationic P1 as identified by lipidomics and UV-Vis experiments. Since lipids have a major role 6 

in modulating membrane rigidity and integrity, the evidences of lipid bilayer destabilization, 7 

disruption, and lipid loss clearly supported the observed decrease in elastic modulus (AFM 8 

nanoindentation) of P1-treated cells. Bacteria often alter the outer membrane and/or sacrifice the 9 

lipids from the outer membrane as a defense mechanism against losing the cytoplasmic content 10 

(based on prior observations of cationic AMPs and antibiotic drugs) as a result of which the 11 

parent cells may retain the cell viability. However, the compromised lipid significantly impacts 12 

further cell division which rightly explains the efficient growth inhibition (bacteriostatic, rather 13 

than bacteriolytic behavior) of both wild-type and amp-resistant bacteria by P1.  14 
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