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ABSTRACT

Small fluorescent molecules are widely used as probes of biomembranes. Different probes
optically indicate membrane properties such as the lipid phase, thickness, viscosity, and electrical
potential. The detailed molecular mechanisms behind probe signals are not well understood, in
part due to the lack of tools to determine probe position and orientation in the membrane. Optical
measurements on aligned biomembranes and lipid bilayers provide some degree of orientational
information based on anisotropy in absorption, fluorescence, or nonlinear optical properties. These
methods typically find the polar tilt angle between the membrane normal and the long axis of the
molecule. Here we show that solution-phase surface enhanced Raman scattering (SERS) spectra
of lipid membranes on gold nanorods can be used to determine molecular orientation of molecules
within the membrane. The voltage sensitive dye 4-(2-(6-(dibutylamino)-2-naphthalenyl)ethenyl)-
1-(3-sulfopropyl)-hydroxide, known as di-4-ANEPPS, is studied. Through the analysis of several
peaks in the SERS spectrum, the polar angle from the membrane normal is found to be 66°, and
the roll angle around the long axis of the molecule to be 305° from the original orientation. This
structural analysis method could help elucidate the meaning of fluorescent membrane probe
signals, and how they are affected by different lipid compositions.

INTRODUCTION

Small molecule fluorescent probes are important tools for understanding structure and
properties of biomembranes. These probes may signal specific membrane properties such as
viscosity, permeability, lipid phase, or electric potential.(1-6) Hundreds of membrane probes are
available with molecular structures optimized for their intended purpose. For some probe methods,
fluorophores are incorporated into the molecular structures of lipids or sterols. This yields
fluorescent probes that can, for example, selectively partition into liquidordered (Lo) or liquid-
disordered (Lg4) phases of membranes, providing contrast to image lipid rafts and domains.(2)
Another approach is for fluorescent molecules to partition into the lipid membrane to generate
signals. These probes may also serve as contrast agents based on how they partition, but their
specific molecular properties can also be exploited. For example, fluorescent molecular rotors have
rotational degrees freedom that affect their fluorescent properties and are also influenced by
membrane viscosity.(7, 8) These probes allow the detection and imaging of local rheological
properties in a membrane. Sometimes the probe is designed to have a lipophilic exterior to enter
the membrane, yet is also charged to drive passage through the membrane due to a transmembrane



potential.(9) However, the biophysical and photophysical properties of most probes are not entirely
understood. The probe’s position and orientation in the membrane, the exact meaning of a probe’s
signal, how that signal might be affected by membrane phase and composition, and how the probe
may alter the inherent membrane properties are important open questions. (10-14)

Here we focus on a class of “voltage sensitive dyes” which report on the electric fields inside
membranes through changes in their fluorescent properties.(15, 16) These dyes are based on
aminostyryl pyridinium chromophores with alkane chains at one end and hydrophilic groups at the
other end to orient the probe within the membrane. The strong electric field of the membrane
changes the probe’s excitation and emission peaks. By carefully choosing excitation and detection
wavelengths, the spectral shifts can be measured ratiometrically, independent of intensity
fluctuations. While several effects could perturb fluorescence properties, such as probe
reorientation or binding to other membrane components, the speed of response suggests that these
probes work by a Stark shift mechanism. Recent work on TDDFT and MD supports this view,
finding no effect due to intermolecular interactions.(17)

Lipid membranes create a complex electrostatic environment usually characterized by three
potential differences: the surface potential (between the membrane surface and bulk solvent), the
transmembrane potential (across the membrane, from one surface to the other) and the dipole
potential (an internal potential barrier due to the arrangement of molecular dipoles).(18) Since
membrane probes are designed to sit inside the membrane, they are not generally affected by
surface potential. The transmembrane potential controls signal transduction and other critical
biomembrane processes. It creates an electric field inside the membrane and that can be studied in
living cells with sub-second resolution with voltage sensitive membrane probes. The dipole
potential is also internal to the membrane. It creates a much larger electric field that is highly
localized to the interface between the hydrophobic and hydrophilic layers.(19) The dipole potential
is thought to affect internal membrane structure and therefore possibly influence signaling, but this
is largely speculation due to the limited structural information available. Some probes, like di-4-
ANEPPS studied here, have been shown to strongly respond to the dipole potential in addition to
the transmembrane potential.(16)

The voltage sensitive probe’s response to the dipole potential depends on many factors: the
alignment between the probe dipole moment and the membrane electric field, how the dipole
direction changes upon excitation, the dipole direction relative to the probe structure (usually
assumed to be the long axis), the orientation of the probe in the membrane, and the depth of the
probe in the membrane.(20) None of those parameters are easily determined given the difficulty
of solving structures in lipid membranes.(21-25) The molecular orientation of di-8-ANEPPS and
di-4-ANEPPS have been studied with polarized fluorescence and second harmonic generation
(SHG), as well as linear dichroism on aligned lipid membranes.(13, 26-29) These measurements
give a range of conflicting answers for the probe tilt from the membrane normal. Here we apply a
method we recently introduced called structural analysis by enhanced Raman scattering
(SABERS) to study the probe orientation.(30) It combines surface enhanced Raman scattering
(SERS), normal Raman scattering, electromagnetic fields calculated by the finite element method
(FEM) and Raman tensors from time dependent density functional theory (TDDFT).



MATERIALS AND METHODS

Sample Preparation The lipids 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) and 1,2-
dioleoyl-sn-glycero-3-phospho-(1’-rac-glycerol) sodium salt (DOPG) were purchased from
Avanti and combined at a 9:1 DOPC:DOPG molar ratio in chloroform. The lipids were dried down
under a stream of nitrogen and placed under vacuum for 30 minutes. The probe pyridinium, 4-(2-
(6-(dibutylamino)-2-naphthalenyl)ethenyl)-1-(3-sulfopropyl)-,hydroxide (di-4-ANEPPS) was
purchased from Invitrogen. It was dissolved in ethanol and added to the dried lipid film at a 12:1
lipid:probe molar ratio. The solution was dried under a stream of nitrogen, and then hydrated with
DI water to form multilamellar vesicles at a concentration of 10 mg/mL. To form small unilamellar
vesicles (SUVs) the solution was water bath sonicated until the solution went from turbid to clear.
Raman scattering experiments were recorded from these 10 mg/mL SUV solutions. For SERS
experiments, gold nanorods were purchased from Nanopartz (nominally 50 nm diameter, 150 nm
length, 800 nm peak absorbance, Lot #12H211). As received the nanorods were suspended in
cetyltrimethylammonium bromide (CTAB) surfactant. Nanorod suspensions were pelleted by
centrifugation at 1360 RCF for 15 min, and the supernatant was discarded. The nanorod pellet was
then resuspended in 200 pL of phospholipid SUV prepared as described above at a concentration
of 10 mg/mL. The nanorod/lipid solution was then bath sonicated for 5 min. The centrifugation
and sonication were then repeated several times until the CTAB headgroup was not detectable by
SERS analysis.(31)

Gold Nanorod Characterization 3 pL of gold nanorod solution was dried onto a carbon coated
grid and rinsed with water to minimize surfactant coating. The grids were imaged with a JEOL
1230 high contrast transmission electron microscope (TEM) at 80 keV.

Raman and SERS Measurements All spectra were recorded with a custom Raman
microspectrometer. The excitation source is a stabilized diode laser (Ondax) at 785 nm wavelength
and 80 mW power. The beam is further filtered by a volume holographic grating, and the power is
adjusted with a linear variable neutral density filter. The beam is brought into the imaging system
via a dichroic mirror. The beam is focused into the sample by a near-infrared corrected 40X/0.5
NA microscope objective (IR LCPlan N, Olympus). The samples are held in 2x2 mm capillaries
with 0.1 mm thick walls (Vitrotube). The objective focusses the beam spot into the sample 300
pum past the glass/solution interface. Scattered light is collected by the objective, then passes
through the dichroic mirror and through a notch filter. It is then focused with a second near-infrared
corrected objective (5x/0.1 LMPIlan N, Olympus) onto the entrance slit of a spectrograph (IsoPlane
SCT 320, Princeton Instruments). The spectrum is recorded on a front-illuminated open electrode
CCD camera (Pixis 256E, Princeton Instruments).

Computational Methods The electromagnetic near field surrounding the gold nanorods was
calculated by solving Maxwell’s equations with the Finite Element Method (FEM) in COMSOL
Multiphysics. The nanorod was constructed as a cylinder with hemispherical endcaps and given
the dielectric constant of gold according to published values.(32) The surrounding dielectric was
that of water. The nanorod structure was also surrounded by a perfectly matched layer (PML). To



simulate the relevant near field, an electromagnetic plane wave was incident on the nanorod and
polarized along its length.

The di-4-ANEPPS derived polarizability tensor was calculated by TDDFT using the Amsterdam
Density Functional package from Software for Chemistry & Materials (ADF2016).(33-35) The
geometry was optimized using the Becke-Perdew exchange-correlation potential under the
generalized gradient approximation (GGA-BP) with a triple zeta basis set with two polarization
functions (TZ2P), a large frozen core, and scalar ZORA relativistic correction.(36-39) The numeric
quality was set to “good”. Once the geometry was optimized, a vibrational Raman optical activity
(VROA) calculation was carried out for 785 nm excitation with numerical frequencies and two-
point numerical differentiation to find the derived polarizability tensor a for each mode.(40-45)

RESULTS AND DISCUSSION

SABERS determines the orientation and position of a molecule near a nanoparticle based on
the relative strength of SERS peaks caused by the electromagnetic near-field of the
nanoparticle.(30) Gold nanorods were used for this study because they are monodisperse, tunable
to the excitation wavelength, and stable in solution. The gold nanorods used here were analyzed
by TEM (Fig. 1a) which found an average rod diameter of 58 nm and a length of 154 nm. That
geometry was used to calculate the far-field extinction and the electromagnetic near-field at
frequencies ranging from the visible to near IR. The calculations were in good agreement with
measured extinction spectra (Fig. 1b). The calculated electromagnetic near-field (Fig. 1¢) decays
within ca. 30 nm and is normal to the gold nanorod surface. The field decay is calculated as a
function of distance from the gold surface for all Raman shifts (Fig. 1d). In the SERS analysis
described below, we assume a normal electric field with a field strength and decay equivalent to
the calculation result.
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Fig. 1. Gold nanorod characterization. The structure was determined from a) TEM image of the gold
nanorods, and the average size and shape were used to b) calculate the (dashed) extinction spectrum and
compare it to the measured absorption (solid). The calculation also generates c) a map of the
electromagnetic field enhancement and d) the field decay from the nanorod tip at the excitation wavelength
(785 nm, solid) and 1150 cm™! shifted wavelength (862 nm, dashed) that are used in the analysis.

SABERS relies on ratiometric analysis of SERS and Raman peaks recorded under identical
conditions. The wavelength shifted scattering spectra of lipid SUV’s with di-4-ANEPPS without
nanorods (unenhanced) and with nanorods (enhanced) are compared (Fig. 2). Given the large
electromagnetic enhancement at the end of the gold nanorods (~10°), one might expect the two
spectra to simply represent the Raman and SERS signals. However, in a nanorod/lipid suspension,
the concentration of lipid vesicles not associated with nanorods is many orders of magnitude higher
than the concentration of lipids on gold nanorods. In our experiments that concentration difference
and the surface enhancement offset so that we get similar strength SERS and Raman contributions
when nanorods are in the solution. A simple way forward is to subtract the unenhanced signal from
the enhanced signal to isolate the SERS component, but we find that nanorod absorption can make
this unreliable. We therefore record spectra at several nanorod concentrations. Plots of peak
intensity versus nanorod concentration for three modes were corrected for absorption by the
nanorod solution and fit by linear regression (Fig. 3). This measurement isolates the SERS
component as the slope of the line, and the Raman component as the y-intercept. It also reduces
error by providing these numbers from multiple experiments rather than just two (with and without
nanorods).
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Fig. 2 The experimental Raman and SERS spectra for di-4-ANEPPS in lipid vesicles, and the TDDFT
calculated Raman spectrum. Asterisks indicate lipid modes at 718 ¢m™ (symmetric choline stretch) and
1125 cm! (skeletal C-C). Arrows indicate peaks used in the current analysis and listed in the Table.

Several criteria are applied when choosing spectral peaks for analysis. First, the peak must be
observed in spectra both with and without gold nanorods. Although “legitimate” modes could exist
that are unobservable without enhancement, this criteria guards against spurious peaks related to
irrelevant molecules adsorbed to the nanorods. Second, a plot of the peak intensity versus nanorod
concentration must be linear to confirm that it is associated with the gold nanorods, as in Fig. 3.
Third, the experimentally observed peak must also be identified among the modes calculated by
TDDFT. Sometimes the match is clear, and sometimes trial and error is needed in the analysis
(checking several nearby peaks to find which gives a reasonable result). Three peaks associated
with di-4-ANEPPS passed these criteria and are highlighted with arrows in Fig. 2. The peak at
1150 cm'! is easily identified in TDDFT based on its relative position to a stronger peak nearby.
TDDFT predicts two modes (A105, A106) at that spectral location, so both were used in the
analysis. A105 is primarily a stretch of the bond between the pyridinium nitrogen and the first
carbon along the chain to the sulfate. A106 is similar. The peak at 1043 cm™ is the last of a band
of modes between 950 and 1050 cm™ and corresponds to three skeletal modes of the three carbon
chains (A97, A98, A99). Finally, the strong peak at 528 cm™ corresponds to a mode involving
deformations of the entire ring system (A48). Animations of the modes employed can be seen in
the Supporting Information. Two peaks that correspond to lipid modes were also observed and are
marked with an asterisk: the symmetric stretch of the choline headgroup at 718 cm™ and the
skeletal C-C vibrations at 1125 cm™'. However, they were not used for SABERS analysis due to
their close proximity to other peaks (718 cm™) and a lack of TDDFT analysis of the entire lipid
molecule (1125 cm™).
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Fig. 3 Spectral peak intensity as a function of gold nanorod concentration (in terms of plasmon resonance
absorption maximum) for three peaks: a. 528 cm™, b. 1043 cm™, and c. 1150 cm™'. The slopes of these lines
indicate the SERS signal, and the y-intercept indicates the Raman signal.

The analyzed peaks, assigned modes, and Raman and SERS intensities from Fig. 3 are
summarized in the Table. SABERS bases the analysis of these data on the semiclassical description
of Raman light scattering:
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where Sraman 18 the signal intensity in counts per seond.(46) /I, is the excitation power of the laser,
w, is the excitation frequency, w, is the Raman shifted frequency for the n'™ normal mode, k5 is
Boltzmann’s constant, 7 is the temperature, a and y are Raman tensor invariants (average
polarizability and average anisotropy, respectively), and Nraman 1s the number of molecules in the
beam spot. k absorbs all fundamental constants and instrumental parameters that convert the signal
to counts/second. Three modifications are made for SERS. First, enhancement factors £, , and E,, r
are added to represent electromagnetic enhancement at the excitation and Raman shifted
frequencies. Second, the orientation-averaged tensor invariants are replaced with .2, the Raman
tensor component that corresponds to a normal electric field at the nanoparticle surface. Third, the
number of molecules becomes Nsgrs, which represents the number of molecules in the enhanced
region at the nanoparticle end:
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To remove the dependence on instrumental factors, such as the spectral efficiencies of the camera
and spectrograph, the ratio, 7, between the SERS and Raman intensities is calculated, and included
in the Table. Several factors cancel in the expression for 7,:
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However, the ratio still includes the unknown number of molecules in the Raman and SERS
measurement. The latter is especially difficult to determine and is usually the most significant
unknown parameter in attempts to get quantitative information from SERS analysis.(47, 48) We
therefore take a second ratio between two peaks within the spectrum:
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Note that this second ratio for two modes, R,-», can be determined from the experimental values
in the Table and calculated with field enhancements from FEM simulations and Raman tensor
elements from TDDFT.

Table Spectral data for the three Raman and SERS peaks used in this study. The peak wavenumbers are the
experimentally observed values. The mode labels correspond to a list of all modes with increasing energy according
to TDDFT.

Peak Modes SERS Raman Fn
(cm™) (cps/ALspr) (cps)

528 A48 16 1.9 8.4
1043 A97, A98, A99 3.2 3.9 0.81
1150 A105, A106 11 16 0.69

Theoretical R,.» values are calculated for all rotations of the molecule relative to the nanorod
surface (and therefore the direction of the electric field) by rotating the molecular structure and the
Raman tensors. The rotations are defined in terms of a polar angle & from the membrane normal,
and the roll angle ¢ around the molecule’s long axis. Based on the initial orientation in Fig. 4a, ¢
(roll) rotations are first made around the z-axis and then & (polar) rotations about the y-axis. Each
vibration must also be assigned a specific distance from the nanorod surface for the field
enhancement. We find a unique location for each mode from the individual vibration amplitudes
of each atom in the molecule for that mode. The location is taken to be the mode’s amplitude-
weighted averaged atomic position, which we refer to as the center of vibration:
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where C, is the center of vibration position vector for the n™ mode, 4;, and r;, are the vibration
amplitudes and average positions, respectively, for the i atom in the #n” mode. The modes used in
this analysis are illustrated in Fig. 4, where the eigenvectors for each mode are plotted at their
center of vibration. For animations of each mode see the supporting information.

Fig. 4 The molecular structure and Raman tensors in the original calculated orientation. a) The original
molecular orientation relative to Cartesian axes. The origin is on the pyridinium nitrogen atom and the z-
axis passes through naphthylamine nitrogen atom. The pyridine and naphthylamine rings are in the y-z
plane. The roll angle ¢ is adjusted by rotation around the z-axis, and the polar angle &is adjusted by rotation
around the y-axis. The eigenvectors for the modes that represents the peak at b) 528 cm™, ¢) 1043 cm’!, and
d) 1150 cm™! are plotted to the same scale at their center of vibration.

The molecular orientation is determined by finding the best match between the experimentally
measured value of R,.» and the theoretically calculated values, using a similarity index defined as

exp Rth

=1l ol
Rexp+th

(6)

This index is 1 when the theoretical and experimental R’s match, and zero when they are very
different. The similarity index is plotted at all theoretical molecular orientations to generate a map
(Fig. 5) for each of the three pairs of peaks from the Table. The map for 528 cm™ and 1043 cm’!



shows a band of high similarity values where the polar angle is above 45° and the roll angle is
between 190° and 340°. The map for 528 cm™ and 1150 cm™ has high similarity for a somewhat
lower polar angle and a wider range of roll angles. The similarity map for 1043 cm™ and 1150 cm”
! has high values at almost all angles, indicating a lack of orientation dependence for that ratio.
Each pair of modes has high similarity at a range of orientations, and therefore indicates a range
of possible structures. However, the measurements were taken on a single sample that, presumably,
had only one molecular orientation. We therefore multiply the maps to find the orientation for
which all ratios have high similarity, which indicates the molecular orientation according to
SABERS (Fig. 5d). According to this analysis, the di-4-ANEPPS orientation has a 66° polar angle
and a 305° roll angle relative to the initial orientation (Fig. 4a).
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Fig. 5 Similarity maps generated by calculating the similarity index at all polar and roll angles. Red
regions indicate a similarity index close to one, while blue regions indicate a similarity index close to zero
according to eq. 6. a-c) The similarity maps for the indicated combination of modes calculated with eqns.
4 and 6. d) The combined similarity map obtained by multiplying the maps in a-c indicates a single
orientation where the experimental and theoretical ratios are in agreement.



The molecular orientation of di-4-ANEPPS found here is depicted in Fig. 6, which shows the
initial orientation, along with the roll and then polar rotations. During their initial development,
di-4-ANEPPS and similar dyes were presumed to have their long axis normal to the membrane.
Rather than a measurement, this was a putative structure based on the acyl chains and soluble
groups at opposite ends of the molecule, and on the intended voltage sensitive function of the
dye.(15, 49) As these dyes have become widely used, optical methods have been applied to
measure their orientation in membranes. Lambacher et al. analyzed the interferometric pattern of
the fluorescence of di-8-ANEPPS in supported membranes on silicon substrates and found a 38°
polar tilt angle.(26) Ries et al. measured polarized second harmonic generation and two-photon
fluorescence for di-8-ANEPPS in a black lipid membrane and found good agreement with a 36°
tilt.(27) However, Greeson et al. measured polarized fluorescence of di-8-ANEPPS from the
membranes of living cells and found a tilt of 63° to the membrane normal, possibly pointing to the
significant differences between pure lipid vesicles and natural biomembranes on probe
orientation.(28) Matson et al. measured the orientation of di-4-ANEPPS and di-8-ANEPPS from
linear dichroism measurements on flow-aligned vesicles using retinoic acid as a reference and
found smaller polar angles of 14° and 18° for each, respectively.(29) Finally, Reeve et al. used one
photon, two photon, and second harmonic generation imaging on GUV’s to measure both the polar
tilt and its distribution. They found a polar angle of 52° for di-4-ANEPPS.(13) These measurement
results are rather widely varied, but likely for good reasons. One is the longer acyl chains of di-8
compared to di-4. Although the longer chains were designed to reduce the rate of flip-flop between
leaflets, one would also expect the longer chain to affect the molecular orientation in the
amphipathic membrane environment.(11, 12) Another reason may be orientation sensitivity to
different membrane components and conditions such as temperature, lipid bilayer phase, and
thickness.(50) Finally, there are significant assumptions and unknowns in these measurements, in
including estimated tensor components and quantum efficiencies. Transition dipole moments were
assumed to be along the molecule (between nitrogen on the amino and pyridinium groups), which
is widely accepted. It was also assumed that emission dipole moments have the same direction as
those for excitation, but experimental evidence suggests that is not always the case.(28)

The orientation reported here from SABERS for di-4-ANEPPS is at a large tilt angle (66°) and
closest to the result by nonlinear microscopy (52°) on GUV’s.(13) Note that the much smaller
angle (14°) from linear dichroism is calibrated to measurements on retinol, which is presumed to
be perfectly normal based on measurements on the retinol group in bacteriorhodopsin.(29) It is
possible that free retinol in a membrane is at a tilted angle (like all other optical probes studied to
date), which would increase the estimated angles of di-4-ANEPPS and di-8-ANEPPS by that
method.



Fig. 6 The molecular configuration of di-4-ANEPPS in the membrane. A. The initial orientation, B. the
orientation after a ¢ = 305° rotation, and C. after a 8= 66° rotation. The horizontal lines represent the
width of a single membrane leaflet.

A unique aspect of SABERS is that it finds the molecular roll angle in addition to the polar tilt
within the bilayer since it is based on the alignment of the full polarizability tensors rather than
just estimates of a property along the molecule. However, given that the bilayer is in the Ly state,
it is not clear that the di-4-ANEPPS would take a specific roll orientation, or if it would spin around
its long axis. Most of the measurements to date based on optical anisotropy cannot make this
distinction, and one report pointed out that it affects interpretation of the structure.(27) As
presented above, SABERS indicates a static orientation for both polar and roll angles as the
structure that matches the measured peak ratios. To model a rolling di-4-ANEPPS molecule, we
ran the analysis by averaging the theoretical signal from two simultaneous orientations: the initial
configuration (Fig. 4) and that orientation plus a 90° roll rotation. For more axially symmetric
molecules like CTAB we have found this improves the analysis. However, the resulting similarity
map show no signs of an orientation where the experimental and theoretical R values were in good
agreement, thus indicating that our static solution (Fig. 6) is preferred. Future work will consider
the effect of how small distributions of both polar and roll angles would affect the analysis.

In conclusion, a new structural analysis method based on SERS from lipid bilayers on gold
nanorods, SABERS, has been applied to the voltage sensitive probe di-4-ANEPPS. Several di-4-
ANEPPS spectral peaks were assigned to specific vibrational modes whose Raman tensor
components were calculated by TDDFT. A double ratiometric analysis was employed to remove
experimental unknowns so that both the tilt and roll angles of the di-4-ANEPPS in the membrane
were determined. To gain further insight into these probes, TDDFT could also calculate the excited
state geometry and the resulting change in dipole moment could be used to directly test the
influence of electrochromism versus other possible phenomena like solvatochromism.(29) Note
that in our prior report on tryptophan, both the orientation and the z-position in the membrane were
found by SABERS.(30) Combined orientation and z-position information for voltage sensitive
dyes could help clarify both the signaling mechanism and which membrane potentials they probe.
Such information would also be beneficial to the new generation of dyes with increased sensitivity



for in vivo imaging, such as photoactivatable voltage fluors and voltage sensitive dyes with
tethered quenchers.(51, 52)
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