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Simultaneous mapping of nanoscale topography
and surface potential of charged surfaces by
scanning ion conductance microscopy†

Feng Chen,a,b Namuna Panday,b Xiaoshuang Li,c Tao Ma,b,d Jing Guo,b

Xuewen Wang,b Lidia Kos,c,e Ke Hu,a Ning Gu *a,f and Jin HeQ2Q3 *b,e

Scanning ion conductance microscopy (SICM) offers the ability to obtain nanoscale resolution images of

the membranes of living cells. Here, we show that a dual-barrel nanopipette probe based potentiometric

SICM (P-SICM) can simultaneously map the topography and surface potential of soft, rough and hetero-

geneously charged surfaces under physiological conditions. This technique was validated and tested by

systematic studies on model samples, and the finite element method (FEM) based simulations confirmed

its surface potential sensing capability. Using the P-SICM method, we compared both the topography and

extracellular potential distributions of the membranes of normal (Mela-A) and cancerous (B16) skin cells.

We further monitored the structural and electrical changes of the membranes of both types of cells after

exposing them to the elevated potassium ion concentration in extracellular solution, known to depolarize

and damage the cell. From surface potential imaging, we revealed the dynamic appearance of heterogen-

eity of the surface potential of the individual cell membrane. This P-SICM method provides new opportu-

nities to study nanoscale cell membrane and bioelectricityQ4 .

1. Introduction

Imaging the fine structures of living cell membranes is a chal-
lenging task. The ultrathin cell membrane is transparent for
optical microscopy. Atomic force microscopy (AFM) is a better
surface imaging technique to reveal the nanoscale cell mem-
brane structures. However, the physical contact between the
AFM probe and cell inevitably impairs its delicate membrane
and makes passive observations of the cell surface dynamics
difficult.1,2 Scanning ion conductance microscopy (SICM) is an
emerging scanning probe microscopy technique, using a glass

nanopipette to scan the surface of samples submerged in an
electrolyte solution.3–5 A constant electric bias is applied
across the orifice of the nanopipette, resulting in a probe–
sample distance sensitive ionic current, which is used as the
feedback signal for surface imaging. The working distance is
typically in the range of tens of a nanometer, allowing the
acquisition of a topography image without physically touching
the surface.6 Because of its robust ionic current based feed-
back mechanism, SICM is suitable for biological applications
under physiological conditions.7–13 Under these conditions,
the ionic current is relatively insensitive to the surface charge
and the substrate topography can be acquired.14 Recently,
important progress has been made to enlarge the imaging
scale15 and improve the imaging speed16,17 of SICM, enabling
better imaging of the dynamics of the cell, multicellular struc-
tures and tissue.

In addition to topography imaging, SICM is uniquely multi-
functional18 and can also provide other useful information,
such as electrochemical activities,19,20 ion channel
distributions,13,21 mechanical properties6 and surface charge
mapping.14,22,23 It is a huge challenge to map the nanoscale
surface charge distribution of a delicate interface in an electro-
lyte with high ionic strength. Recent works suggest that SICM
is a promising imaging tool for surface charge imaging of com-
plicated biological samples, including cell membranes and
tissue surfaces. For example, Perry et al. reported simultaneous
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mapping of both the topography and surface charge of living
Zea root hair cells with a bias modulated SICM.24 They
recorded the current images of the root hair cell and converted
them to a surface charge map with the help of simulations.
The same group further developed a simplified method, pulse-
potential SICM, to map the surface charge of live P12 cells.25

Klausen et al. revealed the capability of SICM for mapping the
surface charge density of lipid bilayers from a height differ-
ence by subtracting two sequentially acquired topography
images at the positive bias and negative bias, respectively.
However, it is difficult to monitor dynamic changes of a
charged surface by this method.23 Zhou et al. reported a poten-
tiometric SICM (P-SICM) technique for direct potential
imaging of a synthetic nanopore, but simultaneous mapping
of topography and potential image of a live cell has not been
reported yet.26 The setup also used an electrochemical poten-
tiostat with five electrodes, which is difficult to implement.
Although promising, the development of SICM for surface
charge/potential distribution mapping of the living cell is still
in the primitive phase.

We have simplified the P-SICM setup by just using a dual-
barrel nanopipette as the potential probe to detect the open-
circuit potential (OCP) near the apex of the nanopipette tip27

when the tip is scanned in the approach–retract scan (ARS)
mode (similar to the hopping mode).28,29 In this report, we
conducted systematic evaluation of this method by varying the
imaging parameters on a soft polydimethylsiloxane (PDMS)
based model substrate with heterogeneous charge distri-
bution. It is obvious that the surface charge/potential detec-
tion using the OCP signal is more sensitive than using
current signal. The experimental results were examined by
Finite Element Method (FEM) based numerical simulations.
We then utilized the P-SICM technique to simultaneously
map the topography and surface potential distributions of a
living cell membrane. We acquired the extracellular mem-
brane potential distribution of living melanocyte and mela-
noma cells, and further monitored the membrane topography
and extracellular potential changes of both cells after expos-
ing them to high extracellular potassium concentrations.
These results highlight the future application of P-SICM for
live cell imaging.

2. Experimental
2.1 Materials

All chemicals were purchased from Sigma Aldrich, unless men-
tioned otherwise. All aqueous solutions were prepared using
deionized water (∼18 MΩ) from a water purification system
(Ultra Purelab System, ELGA/Siemens). Phosphate buffered
saline (PBS) at pH 7.2 was prepared with the following compo-
sition (in mM): NaCl 137, KCl 2.7, KH2PO4 1.5, and Na2HPO4

4.3. The 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid
(HEPES) buffer solution contained (in mM): NaCl 143; KCl 5;
CaCl2 2.5; MgCl2 1.2; HEPES 10; glucose 10. All purchased
chemicals and solvents were used without further purification.

2.2 Nanopipette fabrication

Quartz theta capillaries (FG-G QT120-90-7.5, Sutter Instrument)
were first cleaned with piranha solution (3 : 1 mixture of sulfuric
acid and 30% hydrogen peroxide) for 30 minutes, rinsed repeat-
edly with deionized water, and dried in an oven at 120 °C over-
night. Large and small diameter dual-barrel nanopipettes with
pore diameters close to 160 nm and 60 nm, respectively, were pre-
pared from the quartz theta capillaries using a laser pipette puller
(P-2000, Sutter Instrument). The pore size at the apex was deter-
mined by the ionic current measurement and confirmed by scan-
ning electron microscopy (SEM) images (see Fig. 1(b) and S1†).

2.3 Instrumentation of P-SICM

A commercial SICM (XE-Bio, Park Systems) was modified for
the P-SICM setup as shown in Fig. 1(a). A dual-barrel quartz
nanopipette was used as the probe. The electrolyte solution
filled in both barrels of the nanopipette was the same as the
bath solution. Two Ag/AgCl wire electrodes were inserted into
both electrolyte-filled barrels and one Ag/AgCl pellet electrode
was immersed in the bath solution. One barrel was used for
the ionic current measurement and was wired to a current
amplifier (Femto DLPCA-200) with a 109 × gain, and the other
barrel was used for the potential measurement and was wired
to a battery powered high input impedance differential ampli-
fier with a 10 × gain. In the typical setup, a constant sample
bias Vs was applied to the Ag/AgCl pellet electrode in the bath
solution while the Ag/AgCl wire electrode inside the current
sensing barrel was grounded. For comparison, a constant tip
bias Vt was also applied to the Ag/AgCl wire electrode inside
the current sensing barrel while the bath solution was grounded.

We acquired the potential images based on the ARS mode.
In the coarse approach step, the probe first approaches verti-
cally from about 6 µm height from the surface to a position
with 1% current decrease, corresponding to a probe-to-sub-
strate distance (Dps) slightly over a micron. The SICM images
were then constructed based on the repeated fine approach of
the probe by controlling the current drop. For each pixel, the
probe approaches with a speed about 65 µm s−1 from the
initial position (the maximum Dps, Dps-max) and stops at the
minimum Dps (Dps-min) when the current reduction exceeds the
2% set-point. The Dps-min is about several tens of a nm. Then,
the tip is withdrawn back to the initial position Dps-max and
horizontally moved about 156 nm to the next pixel. It typically
takes about 20 minutes to finish one 20 × 20 µm image (with
128 × 128 pixels, unless specified otherwise).

A digital oscilloscope (Yokogawa DL850 scope reader) was
used to record the Z position (from the Z piezo strain gauge
sensor), current, and potential signals at a sampling rate of 5
kHz. The bandwidth setting in the oscilloscope is 500 Hz for
the Z position and 400 Hz for the potential. In the recorded
signals, we can observe a small-time delay (<2 ms) between Z
and I or V, which is typical for the ARS mode SICM.30,31 The
delay is induced by the processing time of the feedback
system, such as current denoise and Z piezo response time,
and is longer on the rougher surface.
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2.4 Surface modification of PDMS substrates

The PDMS substrate was prepared by mixing 10 parts of the
silicone elastomer base and 1 part of the curing agent
(SYLGARD, Dow Corning, USA) in a plastic Petri dish, which
was partially cured at room temperature after two days. The
steps of PDMS surface modification are illustrated in Fig. S2.†
To modify bovine serum albumin (BSA), the PDMS substrates
were first treated with oxygen plasma for 5 min (Harrick
Plasma-PDC 001) and then immersed in 5% 3-aminopropyl-
triethoxysilane (APTES) solution at room temperature for 1 h.
After rinsing with DI water, the substrates were sequentially
immersed in 0.5% glutaraldehyde (Glu) solution for 1 h and
5% BSA solution for 3 h. The BSA modified substrates were
then rinsed with DI water and dried in a gentle Ar flow. To
prepare Au/PDMS substrates, a gold layer was deposited onto
the PDMS surface by a reported method.32 Briefly, the PDMS
substrates were immersed in a solution containing 20 mM
HAuCl4, 0.5 M KHCO3, and 25 mM glucose at 45 °C until a
visible golden layer was formed on the surface. To modify gold
with 4-mercaptobenzoic acid (4-MBA) or 4-aminothiophenol
(4-ATP), the Au/PDMS substrates were immersed in 1 mM
4-MBA or 4-ATP ethanol solution overnight.

2.5 Cells culture

Mela-A, an immortalized mouse melanocyte cell line (a kind
gift from Dr William J. Pavan, NIH),33 was cultured in RPMI

1640 supplemented with 10% fetal bovine serum, 100 U ml−1

penicillin, 100 U ml−1 streptomycin, 200 nM TPA and 200 pM
cholera toxin at 37 °C in 10% CO2. The B16-F10, a mouse mel-
anoma cell line (ATCC, CRL-6322), was cultured in Dubelcco’s
Modified Eagle’s Medium (DMEM) supplemented with 10%
fetal bovine serum, 100 U ml−1 penicillin, and 100 U ml−1

streptomycin at 37 °C in 5% CO2.

2.6 Cell imaging substrates

A PDMS substrate was sterilized in an autoclave and incubated
with 50 μg ml−1 fibronectin (Gibco) in PBS. The fibronectin
solution was dried on the PDMS surface for around 45 min at
room temperature. Then the fibronectin modified PDMS was
rinsed with PBS before seeding the cells. The cells adhered
to the fibronectin-coated-PDMS substrates. Both cells were
seeded at low confluency to allow single-cell measurements,
and dead cells were removed the next day after cell seeding by
changing the medium. The cells were cultured for at least 36 h
before experiments. P-SICM experiments of the living cell were
performed in HEPES buffer at 37 °C.

2.7 Data analysis

Data analysis was carried out using XEI (Park Systems),
Gwyddion, LabVIEW, and Origin Pro (OriginLab Corp.). The
potential difference images were constructed using LabVIEW
programs; the 3D topography and enhanced color images were

Fig. 1 Simultaneous topographical and potential imaging by the P-SICM method. (a) Schematic of the P-SICM configuration with a dual barrel
theta nanopipette as the probe. (b) SEM image of the side-view of a typical large size nanopipette tip (scale bar: 5 μm). The inset shows the apex of
the nanopipette, showing two pores with a diameter of about 160 nm each (scale bar: 100 nm). (c) Simultaneously acquired approach-withdraw
curves for ionic current (black) and potential (blue) on a negatively charged PDMS substrate in 1× PBS (i). The equivalent circuit for the potential
measurement with sample bias (ii). The acquired curves of surface potential on positively (green) and negatively charged (blue) PDMS substrates (iii).
Large size nanopipette similar to (b) was used with Vs = +0.1 V.
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analyzed by XEI; and the surface roughness was analyzed
using Gwyddion. To include cell to cell and batch to batch vari-
ations, we collected data from at least two cells of each batch
and repeated this for at least three batches.

2.8 Finite element method (FEM) simulations

We used FEM simulation to solve coupled Poisson–Nernst–
Planck (PNP) partial differential equation. To simplify the
simulation, fluidic flow term was not included, and the system
was assumed to be in a steady state. COMSOL Multiphysics 5.2
with AD/DC and Chemical Reaction Engineering modules were
used for FEM simulation. Details of the simulation are given
in the ESI.†

3. Results and discussion
3.1 Validation of surface potential measurement by P-SICM

An illustration of the P-SICM setup for topography and surface
potential imaging is shown in Fig. 1(a) and explained in the
Experimental section. We used nanopipettes with two different
sizes. Fig. 1(b) shows the side view and the top view (right
inside) SEM images of a dual-nanopore nanopipette tip with a
large pore diameter of about 160 nm. In the top view image, a
separation between two similar sized pores can be barely
resolved. The SEM images of a nanopipette tip with a small
diameter of about 60 nm are shown in Fig. S1.† For experi-
ments, soft deformable PDMS substrates were prepared. To
change the surfaceQ5 charge, APTES and BSA have been used to
modify the PDMS substrates (see the Experimental methods
and section ESI-2†). In 1× PBS solution, the APTES-PDMS sub-
strate provides a positively charged surface, whereas the
BSA-PDMS provides a negatively charged surface.34

To understand the potential detection mechanism, we first
collected both current and potential signals during the
approach-withdraw motion of the nanopipette tip at different
locations of the PDMS substrates. Fig. 1(c) shows the typical
results by a large size nanopipette with Vs = +0.1 V. As shown
in Fig. 1(c(i)), both current (black) and potential (blue) time
traces are recorded during the experiment. The potential time
trace shows the changes in the potential detected using a
potential sensing barrel. When the nanopipette tip is far from
the substrate (i.e., 0.5 µm), the local potential at the apex is
almost the same as the potential of the bath solution. As the
probe apex approaches close to the substrates, the ionic
current decreases and the potential quickly drops, owing to
the increased access resistance Rac induced by the hindered
ion flow at a smaller Dps. The overall Dps-dependent changes of
both the ionic current and potential can be understood based
on the voltage divider model using a simplified equivalent
circuit diagram shown in Fig. 1(c(ii)). In the circuit, the poten-
tial sensing probe detects the potential at the point between
Rac and Rpore. The Rac, which is inversely proportional to Dps, is
connected in series with Rpore, which is determined by the
nanopore geometry and can be treated as a constant. During
the approach, the decrease of Dps leads to the increase of Rac,

and thus the decrease of the current and the potential magni-
tudes measured by the probe apex. The Dps-dependent
changes are shown as the current and potential dips in the
approach/withdraw curves in Fig. 1(c(i)). It is apparent that the
noise in the potential curve is much smaller than that in the
current curve. It should be noted that the Dps-min is slightly
changed because the current at the Dps-min is affected by the
surface charge of the substrate.14,23 For example, at the posi-
tive Vs, the Dps-min may be bigger on a positively charged
surface than on a negatively charged surface. We found that
the potential probe could directly sense the change of local
potential near the apex, which was affected by the substrate
surface charge (see FEM simulation in the next section). One
typical result is shown in Fig. 1(c(iii)). We defined ΔV, which is
the difference in the potentials at the Dps-min and Dps-max in an
approach/withdraw cycle. On a negatively charged PDMS sub-
strate, the ΔV is about −2.3 mV. On a positively charged sub-
strate, the shape of the potential dip is the same but the mag-
nitude of ΔV is reduced to about −1.6 mV. This surface charge
dependent ΔV changes can be utilized for surface charge
mapping.

We carried out systematic studies to test both positive/nega-
tive Vs and Vt by collecting current/potential approach/with-
draw curves over different charged substrates. The results are
shown in Fig. S5.† In summary, the Dps-dependent ionic
current and potential changes are affected by the polarity and
mode of the applied bias as well as the charge on the sub-
strates. The applied positive Vs produced bigger ΔV values
than the negative Vs. In addition, the positive (negative) Vs typi-
cally induce similar ΔV as the negative (positive) Vt. Compared
with the large size nanopipette, the small size nanopipette
shows a much higher sensitivity to the surface charge and
bigger ΔV changes are observed. This is attributed to the
smaller Dps-min of the small size nanopipette during imaging.
Importantly, the same surface charge difference always
resulted in a better signal-to-noise ratio in ΔV signals than the
current. Therefore, ΔV can be used to generate surface charge
images with higher sensitivity.

The topography and ΔV images of APTES and BSA modified
flat PDMS substrates, respectively, were also acquired by
P-SICM, as shown in Fig. S6.† The ΔV images will be further
discussed in section 3.3. The ΔV histograms built from the ΔV
images are shown in Fig. S6(c).† The negative shift of the ΔV
histogram of the more negative BSA-modified substrate is
evident while the topography of both surfaces are similar.
Therefore, P-SICM is sensitive to the surface charge of the flat
substrates.

3.2 FEM simulations

To better understand the experimental results of ΔV changes
over charged surfaces, we performed numerical simulations by
FEM to solve Poisson–Nernst–Planck (PNP) equations. The
details of FEM simulation and extra simulation results can be
found in ESI section-7.† A nanopore–nanoelectrode was placed
at different distances (Dps) from a charged surface and both
the ionic current through the nanopore and the potential
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changes on the floating nanoelectrode surface were calculated.
The ionic current through the nanopore has been well-
studied.21 Here, we focus on the potential changes. As shown
in Fig. S7(d),† we simulated the potential approach curves by
changing the Dps from 900 nm to 30 nm. The potential
approach curves were simulated on substrates with different
surface charge densities. The shape of these potential
approach curves is similar to the experimental results shown
in Fig. 1(c) at the tip approach region. The V becomes more
negative with the decrease of Dps, and can be affected by the
substrate surface charge up to about 200 nm. Because of the
strong screening effect under physiological conditions, the
surface charge cannot directly affect the potential probe.
However, the sample surface potential can affect Rpore, Rac and
the local potential distribution near the floating potential
probe, especially when Vs is applied.

ΔV is calculated as the difference between two potential
values at Dps-min (30 nm for a small size nanopipette and
80 nm for a large size nanopipette) and Dps-max (900 nm for
both size nanopipettes), respectively. ΔVs as a function of the
surface charge density is plotted for both the large size nano-
pipette (Fig. 2(a)) and small size nanopipette (Fig. 2(b)). The
ΔV is always more negative at the negatively charged surface
and more positive at the positively charged surface, confirming
that ΔV is sensitive to the surface charge. The changes of ΔV
under different bias conditions were also investigated. The
plot with +0.1 Vs is the same as the plot with −0.1 Vt, with all

negative ΔV values of the surface charge density ranging from
−0.1 to 0.1 C m−2. Likewise, the plot with −0.1 Vs is the same
as the plot with +0.1 Vt, with all positive ΔV values in the same
surface charge density range. These results corroborate the
experimental observations we discussed earlier (see Fig. S5†).
Regarding the effect of nanopore sizes of the nanopipette,
compared with the big size nanopipette (160 nm diameter),
the small size nanopipette (60 nm diameter) shows a slightly
increased ΔV response to the surface charge. However, in the
experiment, the small size nanopipette can produce a much
bigger change in ΔV. The Dps-min for the small size nanopipette
is likely smaller in the experiment than in simulation, thus
improving the experimental sensitivity. The fluidic movement
induced by the movement of the nanopipette tip may also
reduce the screening effect of the double layer and this effect
may be more obvious at a smaller Dps-min.

3.3 Performance of P-SICM on complicated surfaces

To further examine the capability of P-SICM for imaging
complex and soft surfaces, we prepared gold deposited PDMS
substrates (see details in the Experimental section and ESI-2†).
As revealed by optical and SEM images (Fig. 3(a)), the gold de-
posited PDMS surface shows complicated topological struc-
tures and is heterogeneous, with the coexistence of gold and
unmodified PDMS surfaces. The gold deposited area is opaque
and appears gray in the bright-field image. There are also
surface features such as black wrinkles, corresponding to
thicker gold regions, and white lines and small dots, corres-
ponding to the transparent PDMS regions without gold depo-
sition. The SEM image of the gold deposited surface further
reveals the roughness of the surface. To increase the Q6contrast
of the surface charge, we modified the Au/PDMS substrates
with 4-MBA or 4-ATP molecules (see the Experimental section
and ESI-3†). The chemical modifications did not change the
morphology of the substrates but endowed the substrates with
different surface charges.

As shown in Fig. 3, we imaged the boundary regions of an
Au/PDMS substrate modified with 4-MBA (4-MBA-Au/PDMS)
using positive Vs with the small size nanopipette. The bound-
ary region features both the rough gold deposited surface and
flat PDMS surface, which can serve as the internal reference.
Fig. 3(b) and (c) show both 3D topography and enhanced color
topography images, respectively. The 3D topography image can
better reveal the large height change of a sample and the
enhanced color topography image can better reveal the local
height difference with a large overall height change. For the
enhanced color topography image in Fig. 3(c), the color of a
pixel is determined by the height change compared to its
neighbors. While the darker color represents a bigger height
change, the relative height difference was colored in blue
(lower surface region) and brown (higher surface region),
respectively. The boundary line can be clearly visualized and is
marked by a red line. In the gold deposited region at the left
side, valleys and pits are the common features due to the
electrochemical etching during gold deposition. The light
brown areas are the PDMS domains without gold deposition.

Fig. 2 The simulated ΔV with different bias modulations as a function
of the substrate surface charge density under different bias application
modes. The results from the large size nanopipette (a, 160 nm diameter)
and small size nanopipette (b, 60 nm diameter) models.
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We quantified the surface roughness of the topography image
using the surface area ratio.27,35 The surface area ratio of
PDMS surface without gold deposition (right side of the
boundary line) is about 159 in a 5 × 5 µm2 size, while that of
the gold deposited PDMS region (left side) is around 456. The
topography images are consistent with the optical and SEM
images, suggesting that the SICM feedback system still works
reasonably well on complicated surfaces.

During scanning, the time traces of z-piezo displacement
(Z), current (I), and potential (V) were recorded using an oscil-
loscope and used for further analysis and ΔV image construc-
tion. To illustrate the principle of ΔV imaging using the ARS
mode (see the Experimental section), the typical time traces of
Z, I and V are presented in Fig. 3(d), taken from the sites (i)
and (ii) marked in Fig. 3(c). Each pixel in the ΔV image was

obtained from the potential difference at Dps-min and Dps-max

after completing a cycle (i.e., an approach–retract–pixel move)
of the probe movement. The surface potential image con-
structed from the ΔV is robust against potential baseline drift
and random noise.

In the I–t traces Q7(see Fig. S8†), the average current drop is
about 8.5%, which is due to the current overshoot of the probe
on the complicated and soft surface. In contrast, the average
current drop is about 2.2% on the flat PDMS surfaces (see
Fig. S6†) and about 2.6% on the skin cell surface (see Fig. S14†
and section 3.5). The bigger current overshoot is attributed to
the slightly longer time delay of the feedback system on the
rougher surface.

The surface charge of substrate slightly impacts the current
drop magnitude. We typically observed a higher current drop

Fig. 3 Simultaneously recorded topography and surface potential maps of Au-coated PDMS modified with 4-MBA. (a) The bright-field optical
microscopy image of an Au/PDMS substrate (scale bar: 4 µm). The inset shows a SEM image of the Au deposited area (scale bar: 1 µm). (b) A 3D
topography image. (c) The corresponding enhanced color topography image. The red line indicates the boundary of the gold deposited PDMS area.
(d) Simultaneously recorded time traces of displacement (Z), current (I), and potential (V) near sites i and ii indicated in (c). The blue, red, and green
shaded regions in the Z–t trace indicate the approach, retract, and pixel move of the probe in a cycle. (e) The corresponding surface potential differ-
ence (ΔV) image. All the images are recorded at a positive sample bias with a small size nanopipette.
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on the negative surface than on the positive surface. For
example, on the flat PDMS surface, the average current drop is
about 2.2% on the positive surface and about 2.4% on the
negative surface (see Fig. S6(d and e)†). On the gold deposited
PDMS surface, the average current drop is about 8.5% on the
positive surface and about 8.7% on the negative surface (see
Fig. S8†). The bigger current drop induces a smaller Dps-min,
making ΔV more negative. As shown in the FEM calculation,
bigger ΔV magnitude can be obtained on the negative surface
at the same Dps-min. The dependence of Dps-min on the surface
charge can further enlarge the difference of V response to
different surface charges.

Because of the height dependence of V, the true extent of
the influence of Dps-min on ΔV is unknown during imageQ8 , con-
sidering the uncertainty of Dps-min at each pixel. Therefore, the
crosstalk between the height and surface charge cannot be
avoided in the ΔV image, especially on the rough surface. The
ΔV signal is thus the convolution of both height and surface
charge contributions. We can better understand this problem
by investigating both the current and potential changes at a
specific site. Compared with the V–t trace at site (ii) in the
PDMS region, bigger ΔV changes are observed at site (i) in the
gold deposition region. As shown in the I–t trace of site (i), the
current drops more in the pit location, resulting in the bigger
Z change in the Z–t trace and the corresponding variation of
Dps-min. However, the V change in the V–t trace does not exactly
follow the changes in the I–t and Z–t traces. The bigger V
change appears at the next pixel. In general, the V changes did
not follow the I changes, as can be observed in additional
traces shown in Fig. S6 and S8.† The different response of V
and I suggests that ΔV is likely affected by both surface charge
and Dps-min.

Fig. 3(e) shows the corresponding ΔV image in the form of
a heatmap. Examining both the topography and ΔV images,
we can see that the most negative points (in blue) in the ΔV
image appear in or around the pits in the topography image
(as indicated by the arrows in Fig. 3(c) and (e)). The more nega-
tive potential at the pits can be attributed to both the probe
height change and more molecules gathering in these holes,
where more gold deposition occurs. Using positive Vs, the ΔV
values are always negative but their magnitudes are obviously
affected by the surface charge. The ΔV magnitude range and
the contrast of ΔV image are both bigger on the negatively
charged surface (4-MBA-Au) and smaller on the positively
charged surface (4-ATP-Au). When a negative Vs is applied, the
ΔV becomes positive and the contrast of ΔV image is greatly
reduced. The examples are shown in ESI-8 and 9.† For the case
of Vt, the contrast of ΔV images also show the same bias
polarity dependence. Between the nanopipettes with different
tip sizes, the small size nanopipette is more sensitive to small
surface potential changes than the large size nanopipette.
These results are consistent with the potential sensing mecha-
nism we disused earlier, confirming that we can qualitatively
reveal the surface charge distribution in ΔV imaging. In the
following experiments, we always used positive Vs with a small
size nanopipette, unless mentioned otherwise.

3.4 Mapping of the pH-dependent gold-deposited PDMS
substrates

To further validate the surface charge sensing capability of the
P-SICM on the rough surface, we altered the surface charge of
4-ATP- and 4-MBA modified Au/PDMS substrates by changing
the pH value of the bath solution. 4-MBA is less negative at
lower pH but more negative at higher pH, while 4-ATP is more
positive at low pH (see ESI-4†).36,37 Fig. 4 shows the results of
topography (enhanced color), and ΔV images and histograms
of 4-MBA-Au/PDMS at pH 9.6 (a), 4-MBA-Au/PDMS at pH 5.3
(b), 4-ATP-Au/PDMS at pH 9.6 (c), and 4-ATP-Au/PDMS at
pH 5.3 (d) using Vs = +0.1 V with a small size nanopipette.
These images were all taken near the boundary of the gold de-
posited PDMS region. In the ΔV image of Fig. 4(a), an
increased number of blue dots appear in the gold deposited
region. The ΔV values suggest these locations are more nega-
tive than other regions, likely induced by the mostly deproto-
nated carboxyl groups of 4-MBA at high pH. At pH 5.3, more
green regions appear in the gold deposited area in the ΔV
image of Fig. 4(b), suggesting the negative surface charge of
gold is reduced at a lower pH. Compared with the topography
image, the pH-dependent differences are not noticeable in the
topography images but are obvious in the ΔV images. The
corresponding ΔV histograms, constructed by the ΔV values at
all pixels of the ΔV images, are shown at the right column. At
pH 9.6, the ΔV distribution is broad and asymmetric with a
large tail extending to the more negative side in the left. At
pH 5.3, the ΔV distribution is much narrower but still asymmetric
with more ΔV values distributed in the more negative side.

Fig. 4(c) and (d) show the topography and ΔV images of the
4-ATP-Au/PDMS substrate at pH 9.6 and 5.3, respectively. At
pH 9.3, most of the gold deposited regions have the same
green color as the PDMS in the ΔV image of Fig. 4(c), reflecting
the neutralized charge of the amine group at pH 9.3. At
pH 5.3, more orange regions appear in the gold deposited
region in the ΔV image of Fig. 4(d). Most of these orange
regions are the valleys and pits filled with gold, confirming that
the 4-ATP modified gold surface become more positive than the
PDMS surface at pH 5.3. This is due to the higher percentage of
protonated amine groups of 4-ATP at lower pH. The ΔV histo-
grams of 4-ATP modified surfaces at two pH values are both nar-
rower than those of the 4-MBA case. At pH 5.6, the tail of the
histogram extends slightly more towards the positive side in the
right, as indicated by the red arrow. Statistically, the ΔV histo-
gram Q9should be similar for all the surfaces with the same level
of surface roughness if the ΔV change is induced only by the
current overshoot of the probe. The surface charge dependent
change of ΔV images and histograms confirm that we can still
map the surface charge distribution on the rough and soft sub-
strates in the buffer by the P-SICM method.

3.5 Topography and extracellular surface potential mapping
of live cell membranes

We then applied P-SICM to image the topography and extra-
cellular potential distribution of living cell membranes. Here,
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melanocyte (Mela-A), the normal skin cell, and melanoma
(B16), the cancerous skin cell are investigated. The viability of
cells was examined by re-culturing the cells for 24 hours after
P-SICM measurements. These cells can divide and show no
difference under an optical microscope from cells that have
not been imaged by P-SICM, suggesting that they were not
obviously affected by P-SICM imaging. Fig. 5(a) and (b) show

the simultaneously recorded 3D topography, enhanced color
topography and ΔV images of Mela-A and B16 cells. The
surface area ratio, a surface roughness indicator, of Mela-A is
about 203.8, and the surface area ratio of B16 is slightly higher
at around 235.8. They are bigger than that of flat PDMS surface
but much smaller than that of the gold deposited PDMS
surface, as discussed in section 3.3. The representative time

Fig. 4 Enhanced color topography and ΔV images (left column) and ΔV histograms (right column) of Au/PDMS substrates modified with 4-MBA or
4-ATP at different pH values in buffered solution using the positive sample bias mode (Vs = +0.1 V) with a small size nanopipette. (a–b) 4-MBA
modified Au-PDMS at pH 9.6 (a) and 5.3 (b). (c–d) 4-ATP modified Au/PDMS at pH values of 9.6 (c) and 5.3 (d). The solid line histograms are con-
structed from the whole ΔV images and the dashed line histograms are constructed from the right side PDMS region without gold deposition.
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traces of Z, I and V during SICM imaging are shown in
Fig. S14.† The feedback system of SICM performs relatively
well on the skin cell surface, with a uniform current drop in
the range of 2.6–2.8%. The ΔV images reveal that the cell
surface is more negative than the fibronectin modified PDMS
substrate (reddish regions in the corners of both ΔV images).
Here, the surface of B16 is slightly more negative than the
surface of Mela-A. The mean ΔV is −0.94 mV for Mela-A cells
and −1.04 mV for B16 cells. The surface potential distribution
was generally uniform, and no obvious heterogeneity was
observed in both ΔV images. The height and ΔV profiles along
the dashed lines drawn in the images further show the
detailed changes of the height and potential across the fibro-
nectin modified PDMS substrate and the cell surface. The cell
membrane surface is relatively smooth while the cell height is
up to 6 μm.

We also carried out experiments to monitor extracellular
membrane potential changes of Mela-A and B16 in HEPES
buffers with different K+ concentrations ([K+]). [K+] in the extra-
cellular solution is a critical determinant of the resting mem-
brane potential of cells and must be maintained within a
narrow range, normally between 3.5 and 5 mM. Reduction of
[K+] is associated with hyperpolarization of the resting mem-
brane potential, while depolarization effects are seen when the
[K+] is increased.38 Zhou et al. have reported that the trans
membrane potential can be dramatically depolarized by
increasing the extracellular [K+].39 To increase the extracellular
[K+], we replaced the sodium ion with potassium ion in the
HEPES buffer while maintaining the same ionic strength.
Same measurements were carried out for both Mela-A and B16
with [K+] values of 5, 25, 45, and 60 mM. Fig. S13† shows the
typical bright-field optical microscopy images of cells treated

Fig. 5 Simultaneously recorded representative topography and ΔV images of Mela-A and B16 live cells in HEPES buffer with 5 mM K+. (a–b) 3D
Topography (top), enhanced color topography (the second row), and ΔV images (the third row) of Mela-A (a) and B16 (b). Height and ΔV profiles
(bottom) are across the white and blue dashed lines, respectively. The images were collected using the sample bias mode (Vs = +0.1 V) with a small
size nanopipette of 60 nm diameter.
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with different extracellular K+ concentrations in HEPES buffer.
It is noticeable that the image contrast and resolution are
reduced with the increase of extracellular [K+]. We speculate
that this is due to the increased membrane permeability after
exposure to higher [K+], though no direct proof has been
obtained. However, the treatment with 60 mM [K+] for pro-
longed time often led to the death of cells.

Fig. 6 shows the topography (enhanced color) and ΔV
images of the cell membrane after exposure to different [K+]
for about 10 min. In the topographic images for both types of
cells, noticeable changes only appear at 60 mM, with wrinkles
on the roughed surfaces. Obvious changes were observed in
the corresponding potential images. With the increase of [K+],
the color of ΔV images gradually changes from yellow/orange
to green/blue. The ΔV images are generally featureless with
uniform ΔV distribution at lower [K+]. Starting from 45 mM, a
clear color change is observed as the ΔV becomes more nega-
tive (green or blue) during the scanning from the bottom to
the top in a time span of 15 min. The dramatic changes with
bigger color contrast in ΔV images appear at 45 mM for Mela-A
and 60 mM for B16. The representative Z–t, I–t and V–t traces
at 60 mM are shown in Fig. S14(c).† The average current drop
slightly increases to about 3.2%, reflecting a more negative cell
surface at 60 mM. The current drop is uniform in the I–t trace
but the ΔV changes are obviously bigger in the V–t trace.
Therefore, the cross talk between the height and V signal is

small and the ΔV change is mainly induced by the surface
charge/potential change. In control experiments under the
same conditions, the [K+] changes of the bath solution did not
affect the ΔV images when no cells were added to the fibronec-
tin modified PDMS.

The [K+] dependent changes of ΔV images suggest that the
cell membrane is more negative at higher [K+], which is mainly
attributed to the change in the electrostatic properties of the
cell membrane after prolonged exposure to high [K+]. The
more permeable membrane may expose the negative interior
of cells40 and allow the rerelease of more cellular contents.
The lipid surface may also become more negative, triggered by
membrane depolarization,39 though further investigations are
needed. The increased contrast of ΔV images likely suggests
that the membrane damage process triggered by elevated [K+]
is inhomogeneous. The regions in green (in the bottom half of
the ΔV image at 45 mM in Fig. 5(a)) or blue (in the top half of
the ΔV image at 60 mM in Fig. 5(c)) are likely damaged first as
a result of a higher membrane permeability. Later the whole
cell membrane is damaged and the ΔV image becomes homo-
geneous again, showing more negative mean ΔV values (see
the ΔV image at 60 mM in Fig. 5(a)). Based on the ΔV images,
the membrane of the B16 cell is less damaged at 60 mM than
the membrane of Mela-A. Therefore, the cancer cell B16 is
slightly more resistant to elevated extracellular [K+]. Fig. 6(b)
and (d) show the bar graph of mean membrane surface poten-

Fig. 6 Simultaneously recorded topography and ΔV images of Mela-A and B16 live cells at different extracellular K+ concentrations in HEPES buffer.
(a) Enhanced color topography (top panel) and ΔV images (bottom panel) of Mela-A cells. (b) The bar graph of ΔV for three batch of Mela-A cells at
different extracellular [K+]. The error bar of each bar reflects the fluctuations of ΔV from at least two cell samples. (c) Enhanced color topography
(top panel) and ΔV images (bottom panel) of B16 cells. (d) The bar graph of ΔV for three batches of B16 cells at different extracellular [K+].
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tial ΔV of Mela-A and B16 cells treated at various extracellular
[K+]. To include variations from cell to cell and batch to batch,
we collected the average ΔV data from at least two cells of each
batch and repeated this for at least three batches. The Mela-A
cells showed slightly more negative ΔV mean values at 45 mM.
A sudden increase of ΔV magnitude appeared at 60 mM for
both types of cells, indicating that the cell is severely
damaged. These live cell experiments confirm that we can sim-
ultaneously monitor the dynamic changes of the cell mem-
brane structure and surface potential of a living cell by the
P-SICM imaging method.

4. Conclusions

In summary, we have developed a P-SICM imaging technique
using a dual-barrel nanopipette, which can simultaneously
map the topography and surface charge/potential distribution
on living cell membranes. We first demonstrated the surface
charge/potential mapping capability of P-SICM on flat PDMS
substrates. In the next stepQ10 , the P-SICM was evaluated to image
soft and spiky PDMS surfaces, which were prepared by partially
coating with gold by electrochemical deposition, following
chemical modifications of the gold deposited surface. The sys-
tematic studies on PDMS substrates with different topologies
and surface charges demonstrate that P-SICM could detect
sub-millivolt potential changes with the distance between the
nanopipette tip and substrate of up to 200 nm; the probe with
a smaller pore diameter showed a higher spatial resolution
and potential sensitivity; and the quality of the potential
image is higher using a positive sample bias. The experimental
results were then confirmed by FEM simulations. However, we
also found that the height-control by SICM is less accurate on
rough surfaces, leading to the reduced accuracy of potential
measurement. Using a positive sample bias and small size
nanopipette, we have acquired the topography and surface
potential images of the membrane of normal and cancerous
skin cells. The P-SICM performs well on these relatively
smooth cell surfaces. When exposed to the elevated potassium
ion concentration in the bath solution, the cancer cell can
endure a slightly higher extracellular potassium ion concen-
tration. We also observed obvious heterogeneous domains in
the potential image, which are attributed to the possible mem-
brane damage induced by the elevated extracellular potassium
concentration. The new P-SICM method reported here provides
a new tool for cell membrane studies. Although the crosstalk
between height and potential somewhat limited the accuracy
of the acquired potential image, especially when the height
control is compromised on complicated substrates, P-SICM
can still provide a valuable means to map the surface charge/
potential distribution on soft live cell membranes. With the
continued progress of SICM feedback control, we also expect
that the accuracy of the potential imaging can be further
improved. The P-SICM method will also benefit the electro-
physiology and bioelectricity studies and complement the
current electrode-based techniques, such as patch-clamp or

microelectrode arrays (MEAs) methods, to provide high spatial
resolution and measure slow and long-term electrical changes
of non-excitable live cells.
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