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Abstract

Aims Plant residues decomposing within the soil matrix are known to serve as hotspots of N>O production.
However, the lack of technical tools for microscale in-situ NoOQ measurements limits understanding of
hotspot functioning. Our aim was to assess performance of microsensor technology for evaluating the
temporal patterns of N>O production in immediate vicinity to decomposing plant residues.

Methods We incorporated intact switchgrass leaves and roots into soil matrix and monitored O- depletion
and N:O production using electrochemical microsensors along with N>O emission from the soil. We also
measured residue’s water absorption and b-glucosidase activity on the surface of the residue - the
characteristics related to microenvironmental conditions and biological activity near the residue.

Results N>O production in the vicinity of switchgrass residues began within 0-12 hours after the wetting,
reached peak at ~0.6 day and decreased by day 2. N>O was higher near leaf than near root residues due to
greater leaf N contents and water absorption by the leaves. However, N>O production near the roots started
sooner than near the leaves, in part due to high initial enzyme levels on root surfaces.

Conclusion Electrochemical microsensor is a useful tool for in-situ micro-scale N.O monitoring in
immediate vicinity of soil incorporated plant residues. Monitoring provided valuable information on N-O
production near leaves and roots, its temporal dynamic, and the factors affecting it. The N>O production
from residues measured by microsensors was consistent with the N>O emission from the whole soil,

demonstrating the validity of the microsensors for N.O hotspot studies.
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Abbreviations

MUF: 4-Methylumbelliferone

PAS: Photoacoustic Spectroscopy

Substrate: 4-Methylumbelliferyl-B-D-Glucoside

UV: Ultraviolet

Introduction

Nitrous oxide (N2Q) efflux from agricultural soils is highly spatially and temporally variable (Smith
and Tiedje, 1979; Goodroad et al., 1984; Parsons ¢t al., 1991). Plant detritus, i.¢., residues of plant roots
and aboveground biomass incorporated within the soil matrix, play an important role as originators of
‘hotspots’ of N>O production and are in part responsible for high variability of N>O fluxes (Parkin, 1987,
Garcia-Ruiz and Baggs, 2007). Such hotspots occur due to stimulation of microbial activity by the residues,
which are abundant sources of carbon (C) and nitrogen (N). The hotspots possess greater microbial biomass,
microbial diversity, and enzyme activity compared to the bulk soil, i.¢., the soil not directly affected by
plant residues (Kuzyakov and Blagodatskaya, 2015).

In the bulk soil, oxygen (0O,) (Khalil et al., 2004), C (Myrold and Tiedje, 1985; Miller et al., 2008;
Senbayram et al., 2012), and N availability (Beauchamp, 1997; Blackmer and Bremner, 1978; Senbayram
et al., 2012; Wu et al., 2018) are known to be major factors regulating overall N-O production. In soil
microenvironment adjacent to the residues, C, N and O; availability can be different from that in the bulk
soil. Contents of C and N are higher within 4-6 mm distance from the decomposing residues, due to
diffusion of decomposition products (Gaillard et al., 1999; Gaillard et al., 2003). Increased microbial
respiration stimulated by utilization of the nutrients reduces O» near the residues (McKenney et al., 2001;
Miller et al., 2008; Chen et al., 2013). Water absorption by the residues from the surrounding soil can

contribute to lower O, within the residue and in the surrounding detritusphere (Kravchenko et al., 2017;
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Kim et al., 2020). The local anoxia stimulates denitrification, thus increases N»>O production (Miller et al.,
2008; Lietal., 2016; Kravchenko et al., 2017). However, how fast the O, depletion occurs near the residue,
and how it affects the magnitude of N>O production within the residue are still unknown. Moreover, what
are the main factors that determine the magnitude of N-O production from these plant residue-induced
hotspots is not fully understood.

One of the reasons for lingering poor understanding of N>O production from residue-induced hotspots
is a common reliance on the use of ground plant materials, which are typically well mixed with the soil, in
experimental soil N>O studies. In an intact soil, spatial distribution of residue fragments is highly
heterogeneous and is known to be a crucial source of microscale resource heterogeneity (Loecke and
Robertson, 2009). Mixing ground residues with the soil changes surface area of the residue, its contact with
the soil, and the volume of the soil directly affected by the decomposing residues, leading to potentially
significant discrepancies between the experimental results and what actually happens under field conditions
(Kravchenko et al., 2018). Hence, work with intact residue fragments is essential for the studies of residue
driven N-O hotspots.

Another impediment to understanding the drivers of N>O production in the residue-induced hotspots is
a lack of tools for measuring O- depletion and N»O production in close proximity to the residue. As a result,
field as well as laboratory studies typically measure only the N>O emitted into the atmosphere from the
entire body of the sampled soil, not the N.O produced within the individual hotspots. Electrochemical
microsensors allow in-sifu non-destructive measurements of gas concentrations with fast response time.
They have been used to examine spatial and temporal dynamics of Oz and N>O in biofilms (Nielsen et al.,
1990; Dalsgaard and Revsbech, 1992), rhizosphere (Revsbech et al., 1999), soil aggregates (Hojberg et al.,
1994), sediments (Meyer et al., 2008) and soil profiles (Hansen et al., 2014; Liengaard et al., 2014) in um
to mm scales. Due to high spatial resolution, microsensors can conduct measurements in specific microsites
within soil matrix and, potentially, in vicinity to individual fragments of decomposing plant residues.

However, they have never been used before for such purpose.
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Moreover, with few exceptions (Hojberg et al., 1994), experiments with N>O and O» microsensors have
been conducted primarily under fully saturated soil conditions (Jergensen and Elberling, 2012; Hansen et
al., 2014; Liengaard et al., 2014). The reason is that 1) the anaerobic environment of fully saturated soils is
favorable to denitrification and maximizes N»O, and 11) the microsensor measurements are more stable and
reliable 1n saturated conditions. However, N.O emissions from the soil can be substantial even in acrobic
conditions, partly due to denitrification within decomposing plant residues (Li et al., 2016; Kravchenko et
al., 2017). Thus, the use of microsensors in unsaturated soil with incorporated intact residue fragments can
generate new insights into this important component of soil N,O emission. In contrast to initial N,O
microsensors that required completely anoxic conditions to measure N»O precisely (Revsbech et al., 1988),
recent electrochemical N-O microsensors (Unisense A/S, Arhaus, Denmark) can measure both dissolved
and gaseous N,O with a detection limit of < 0.5 umol-L! (uM). Yet, the question is how reliable and
informative the data from these microsensors will be in vicinity to potential residue-induced N>O hotspots
in unsaturated soil.

The objective of this study was to evaluate the occurrence and temporal patterns of N>O production
in immediate vicinity to switchgrass (Panicum Virgatum) leaf and root residues incorporated into the soil.
Within the homogenized soil of our experimental setup, the intact switchgrass residues were expected to
serve as the primary nuclei for hotspots of N.O production. We hypothesized that the patterns of N,O
production will depend on the residue characteristics. We emulated the situation when the activity of such
hotspots is maximized, that is, when dry soil containing the residue is subjected to a wetting event. We also
created soil moisture and pore-size distribution settings which were previously found to be optimal for
promoting strong N»O production from plant residue-induced hotspots (Kravchenko et al., 2017).

Our study aimed at addressing the following research questions: 1) How soon after the wetting the
enhanced N>O production at the surface of the residue begins? 2) How long the enhanced production lasts?

3) How well the N>O levels in the vicinity of the plant residue-induced hotspots are related to the O- levels
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and N20 emissions from the soil into the atmosphere? 4) How water absorption and enzyme activity ofthe

plant residues affect the N20 production dynamics?

Methods
Soil andplant residues

Soil and plant materials were collected from a field where switchgrass was grown in monoculture
since 2008 as part ofthe Great Lakes Bioenergy Research Center (https://Iter.kbs.msu.edu/research/long-
term-experiments/glbrc-intensive-experiment/) Biofuel Cropping System Experiment located at Kellogg
Biological Station (Michigan, U.S.A). The soil ofthe experimental site is classified as Kalamazoo loam
(mesic Typic Hapludalfs) developed on glacial outwash (Oates et ah, 2016).

A composite soil sample was obtained from 5 randomly selected sites sampled at 5-10 cm depth.
The collected soil was sieved through a 6 mm sieve to remove large stones and roots, and air-dried for a
week. Air-dried soil was then sieved again to procure 1-2 aggregate fraction for the experiment. The
decision to focus on the 1-2 mm aggregate fraction was driven by our previous findings that soil-
incorporated plant residues made greater contribution to N20 emissions when surrounded by the soil with
prevalence of large pores, a setting that was the best achieved by using the large aggregate fraction
(Kravchenko et ah, 2017). The soil (1-2 mm fraction) was brought to 30% gravimetric water content level
and pre-incubated for ~10 days at 20 °C. The purpose ofpre-incubation was, first, to reduce the contribution
of Birch effect of enhanced microbial activity in wetted soil, magnified in our experiment by previous soil
disturbance and sieving (Negassa et ah, 2015); and, second, to eliminate seedlings germinated from weeds
present within the 1-2 mm soil fraction. The studied 1-2 mm fraction contained 0.97% total C, 0.095% total
N, 0.17 mg N/kg ofNOs", and 2.05 mg N/kg of NEkfi.

Switchgrass (var. Cave-in-rock) biomass was collected from 3 randomly selected sampling sites in
October 2019. To minimize the disturbance, soil near switchgrass roots was removed by shovel and the

entire plant body was plucked. In the laboratory, the plants were washed with distilled water and dried for
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~3 weeks using a botanical press, leaves and roots separately. Dried and flattened leaves and roots were
used for further analyses and experiments.
Microsensor experiment

Overview: The experimental setup consisted of two boxes (8.7x9.4x3.3 ¢cm® each) filled with
prepared 1-2 mm soil fraction with plant residues placed at a fixed position within each box (Fig. 1). To
ensure the exact placement of the residues, a removable plastic frame was installed in the center of each
box. The frame had a thin rectangular holder (area of 3.75 cm?) in the center. Flattened plant residues were
placed within the holder, the frame with the holder was installed in the box. Then two microsensors, one
for N>O and one for O, (N2O-100 and OX-100 electrochemical microsensors with 100 pm tip, Unisense
A/S, Aarhus, Denmark), were inserted through the openings on the side of the box. The microsensors were
adjusted using the translation stage so as to ensure that the tips of both microsensors were in the immediate
vicinity of each other and the surface of the residue (Fig. 1c). The openings through which the microsensors
were inserted had a rubber cover that eliminated air flow into the box after the microsensors were in place.
Lastly, the box was filled with 100 g of the prepared soil to reach ~1 g-cm™ soil bulk density.

The top of the box was covered by an air-impermeable chamber with 30 ml headspace volume
equipped with outlets for measurements of CO2 and N>O emissions from the surface of the soil. After
assembling the chambers, the microsensor monitoring in the dry soil was conducted for approximately 3-4
hours. Then 30 mL of water was slowly added with a syringe from the top of the box to bring soil water
content to 30% gravimetric content. Monitoring continued for subsequent ~5 days with every-minute
microsensor readings and daily measurements of headspace N.O and CO, using Photoacoustic
Spectroscopy (PAS, INNOVA Air Tech Instruments, Denmark) using static chamber approach with a day
interval for 5 days. We referred to the measurements next to the residue by the microsensors as N.O
production, and to the readings by PAS from the headspace above the soil samples as N>O emission.

Lxperimental design: The experiment was a randomized complete block design with 8 replications,

that is, 8 runs. Each run included two identically equipped and monitored boxes. One box contained leaf
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residues and the other box contained root residues. In each run, the residues were assigned to the boxes at
random. Because of sensor malfunctioning, only the first 4 runs produced useable O: data.

Residue preparation’. For leaf monitoring, multiple flattened switchgrass leaf fragments were
placed within the holder with minimal overlap. Each fragment was ~20 mm in length and 5-8 mm in width
(a typical width ofthe switchgrass leaves), with fragments for each experimental run cut from the same
plant (Fig. la). For root monitoring, multiple flattened plant roots with diameters ranging from 0.1 to | mm
and length of~20 mm were placed within the holder.

Sensor calibration'. The sensors were calibrated before and after every experimental run. A two-
point calibration was used for OX-100 sensors. The first calibration point (0 pM) was obtained in anoxic
solution of'sodium ascorbate and NaOH, and the second point (283.03 pM) was obtained in the air-aerated
solution of DI water as described in the sensor manual (Oxygen Sensor User Manual,

https://www.unisense.com). A four-point calibration at N2O concentrations of 0, 25, 50 and 100 pM was

used for the N20-I00 sensors. The solutions were prepared by diluting N20 - saturated water, which was

obtained by passing pure N20 through DI water.

Microsensor data processing
After calibration, the data were filtered to remove the noise in the microsensor readings. The filtering
was conducted as following: 1) Medians and standard errors were calculated for every 100-minute interval

ofthe microsensor readings. 2) Only the readings within the range ofmedian + standard error were selected
for further analyses. All O: observations were adjusted to 320 pM of O: at the point of water addition,
which was the average value of O: in the dry soil. N2O observations were adjusted so as to be set equal to
0 pM ofN:20 at the time ofwater addition. Data processing was performed using pandas library (Available

at  http://pandas.pvdata.org/) in Python 3.6 (Python Software Foundation, available at

http://www.nvthon.org/).
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Three quantitative variables were derived from the adjusted N2O microsensor measurements: peak N20
production, time elapsed from the start of'the soil wetting until the peak production, and cumulative N20
productions. In most samples the concentration of N20 increased after water addition and decreased after
reaching the peak. In case of multiple peaks, the highest peak was used (e g., Fig. 2 leafrep4&5). The time
between water application and the peak ofN20 production was referred to as a 'lag'. The values ofpeaks
and lags for microsensor data records from all individual soil boxes are marked with black dotted lines in

Fig. 2. Cumulative N20 production was calculated as the area under the microsensor curves and above zero.
For O2, cumulative O2 depletion was calculated as the area under the base O2 concentration (320 pM).

Cumulative N20 production was calculated for | day, 2 day, and 3 day periods to enable comparisons with
N20 emission data, which were collected daily. The N20 production and emission were the highest on day
| and were substantially reduced in most samples by the end ofday 2, thus no cumulative N20 calculations

after day 3 were performed for subsequent days.

Plant analysis

Switchgrass leaves and roots were subjected to water absorption measurements, zymography
analysis, and total C and N measurements. Plant materials air-dried in the botanical press as described above
were used for all the measurements.

Water absorption by residue. Water absorption by leaves and roots incorporated into the soil was
measured by placing plant residues (n=3) of the known mass within the wet soil, allowing them to
equilibrate, and then determining their weight gains. Specifically, 4 g of dry soil was packed in 5 cm O
cylinder, and soil water content was adjusted to 30% gravimetric soil water content, the level consistent
with that used in the microsensor experiment. Then, ~ 12.8 mg of dry switchgrass residue was placed in a
single layer on the surface ofthe soil, covered by another 4 g of soil, and more water was added to bring
the top soil to 30% gravimetric water content. The amount of residue added to soil was such as to ensure

that the surface area of'the incorporated material was equal to ~3 cm2. After 4 hours of equilibration, the
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soil cylinders were disassembled; the residues were retrieved, cleaned from small soil particles attached to
the surface with a brush, and weighed. The increase in the residue weight reflected the amount of water
absorbed by the residue from the surrounding soil.

p-glucosidase activity on residue surfaces: Spatial distribution of the B-glucosidase on the surface

of the soil-incorporated leaves and roots was measured using zymography (Spohn et al., 2013; Guber et al.,
2019). In a course of zymography, a membrane saturated with an enzyme-specific substrate is placed on
the surface of the studied material (¢.g., soil). The substrate diffuses from the membrane into the soil where
a contact with the enzyme results in the substrate decomposition and a release of the fluorescent product.
The map of the products distribution on the membrane is visible in ultraviolet (UV) light and is
representative of the enzyme activities on the studied surface.

Soil and residue packing procedure for zymography was similar to that of the water absorption
experiment. Specifically, a 15 g of 1-2 mm soil fraction was packed in a 4.7%2* 3.3 ¢m’ soil box, and soil
water content was adjusted to 30% (gravimetric). Then, ~ 30 mg of dry switchgrass residue was placed on
top, covered by another 15 g of soil, and more water was added to bring the top layer of soil to 30%. Soil
boxes were placed into 500 mL Mason jars, with 8 mL of distilled water added on the bottom to prevent
soil drying; and incubated for 3 days at 20 © C in the dark (n=2). Each soil box was taken out of the Mason
jar twice during the incubation, on day 1 and day 3, to take zymography images. For that, one side of the
box (4.7 * 3.3 cm?) was opened, and a 4*3 ¢m? polyamide membrane filter (0.45 um; Tao Yuan, China)
soaked in 6 mM solution of 4-Methylumbelliferyl-B-D-Glucoside (Substrate) was placed on top of the soil
surface. Substrate is the fluorogenic solution specific to B-glucosidase, which contains florescent product
(4-Methylumbelliferone, MUF) which can be cleaved by enzymes, and fluorescence intensity is then used
to calculate B-glucosidase activity. Soil surface with the membrane filter was photographed every 5 minutes
for 40 minutes in total under the UV light, using Canon EF 75-300 mm f/4-5.6 III Telephoto Zoom Lens

(Canon US.A Inc., USA).

10
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For calibration of florescence intensity, 5 plL. of MUF standard solutions with concentrations of 1,
2, 5,10, 50, 100 uM were added to 1 cm? membranes and photographed in the UV light with camera setting
described above. The parameters of nonuniform calibration were calculated as described in Guber et al.
(2019). All zymography images were corrected for the background intensity by subtracting the first image.
Then corrected zymography images were converted to MUF contents using the calibration parameters.
Time series of MUF contents on the images were used to calculate the enzymatic activities in the membrane
pixels. The activity was calculated as a maximum slope of linear parts of MUF time series (9 points for 40
mins). The 0.27 cm? wide area encompassing the residue was used to quantify the enzyme activity on the
residues (Fig. 3).

Total C and N values of the residues: Total C and N of switchgrass leaves and roots were measured

using an Elemental Analyzer (ECS 4010 CHNSO Analyzer, Costech Analytical Technologies Inc., U.S A)
(3 replicates). Approximately 15-20 mg of the residue was used for each replicate sample. The residues
were cut into small pieces (< 1 mm) using surgical scissors before being packed in the tin caps for the C

and N measurements.

Statistical analysis

Data analyses for comparisons between the residue types were conducted using PROC MIXED
procedure (SAS 9.4, SAS Institute Inc., U.S.A) following recommendations by Milliken and Johnson
(2009). For all quantitative variables derived from the microsensor N.O observations, ¢.g., pecak N>O
production, lag, and cumulative N>O production, the statistical models consisted of the fixed effect of the
residue type (leaves and roots) and random effects of the experimental run and the sensor ID.

The statistical model for the analysis of N>O and CO; emissions in the headspace air above the soil
boxes from PAS consisted of residue type, day since water addition, and their interaction as fixed effects;
and the experimental run and run by the residue type interaction as random effects. The latter was used as

an error term for testing the main effect of the residue type. Repeated measures approach was used to

11
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account for repeated measurements of N>O and CO; from the same soil box during the experiment. The
optimal variance-covariance structure was determined as such that produced the lowest AIC and BIC values
(Milliken and Johnson, 2009). For both N>O and CO-, first-order autoregressive covariance structure was
used in the final model.

The statistical model for the analysis of the enzyme activity data consisted of residue type, day, and
their interaction. Repeated measures approach was used here as well, using the same model selection
approach as described above for N.O-CO- data analysis. The model with unequal variances per day was
used as the final model. Since the interaction between the residue type and day was significant, we
conducted "slicing", ak.a simple effect testing, of the interaction by day and by residue type. When the
simple effect F-test was found to be statistically significant, comparisons among the days within each
residue type were performed using t-test.

Relationships among the studied continuous variables, ¢.g., residue mass and N-O production, N-O
production and N»O emission, were studied using regression analysis with PROC REG in SAS. To examine
the difference in regression slopes between the two residue types, we used PROC MIXED with model
consisting of the residue type effect and the interaction between the residue type and the residue mass, the
latter as a continuous variable. Replication and sensor ID were considered as random factors.

For all statistical models, the assumption of normality was checked by examining normal probability
plots. When the normality assumption was violated, the original data was log-transformed. Equal variance
assumption was checked using Levene’s test based on absolute residuals. When violated, we examined
potential unequal variance models, and the models with the lowest AIC and BIC values were selected for
further analyses. The results were reported as statistically significant when p-value was < 0.05 and as trends

when p-value was < 0.10; and marked with * (p <0.10), ** (p < 0.05), and *** (p <0.01).

Results

Microsensor experiments

12
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After adding water, O2 concentration near both leaf and root residues decreased immediately or

within 12 hours (Fig. 4a). In all 4 replications ofroot residues, Oz levels became stable soon after the initial
drop, reaching to ~280 pM. This L-shape trend of O2 dynamics in the samples with root residues was not

different from that ofthe control soil (with no residue added, data from preliminary experiment) (Fig. 4a).
However, it was not always the case in the samples with leafresidues. In two ofthe four replications ofleaf

residue, Oz levels further decreased after the initial immediate decrease and reached minimums of 50-150
pM at ~ 1.5 day after water addition. In the other two samples, O2 remained stable after the initial decrease,

similar to the root samples.

In 10 out oftotal 16 replicated samples, N20O concentration near the residues increased immediately
after the water addition (Fig. 2; Leafrep 1, 3, 4, 5, 6, and Rootrep 1, 3, 5, 6, 8). In the remaining 6 samples
(Leafrep 2, 7, 8, and Root rep 2, 4, 7), N2O concentration started to increase within 12 hours. Typically,
the N20 increases occurred almost simultaneously with the drastic drops in Oz concentrations. The time
elapsed until reaching the maximum N20 production (i.e., lag) was twice longer for leaf as compared to
root residues (0.92 vs. 0.41, p < 0.05, Fig. 5d). Both the peak and the cumulative N20 productions were
significantly higher in leafresidues compared to root residues (p < 0.05, Fig. 5a, b). Peak and cumulative
N20 productions were strongly positively correlated (p < 0.01, Fig. Sla).

Across both residue types, greater mass ofthe residue resulted in higher peaks ofN20 production

(Fig. Sib). The positive trend was present in the leafresidue, where a | g ofincrease in leafmass resulted
in a 12.3 pM increase in N20 peak production (p < 0.10), however one observation point with an

exceptionally high peak N20 production was excluded from this analysis. The residue mass did not affect
peak N20 production in the root residues. The residue mass and cumulative N20 production were not
significantly correlated, likely due to high variability ofthe latter (results not shown). N20 production was
significantly and positively correlated with cumulative Oz depletion (p < 0.10, Fig. 4b).

N20 emissions from the soil displayed similar patterns to N20 microsensor observations. The
emissions were the highest on day 1 (Fig. 6). N20 emissions from the samples with leaves were numerically

13



323

324

325

326

327

328

329

330

331

332

333

334

335

336

337

338

339

340

341

342

343

344

345

346

347

higher than those from the samples with roots through the first 5 days of incubation, but the difference
tended to be statistically significant only on day 1 (p < 0.10). The differences between leaves and roots in
terms of CQO; emission rates were not statistically significant. The CO, and N>O emissions were positively
related (p < 0.01, Fig. S2), and the relationship between them was stronger in root (R?=0.57) than in leaf
(R?=0.41) residue samples. Cumulative N>O production and cumulative N>O emission also were positively

correlated to each other for day 1, day 2, and day 3 of the experiment (Fig. 7).

Plant analysis

Both leaf and root residues absorbed significant amount of water from the surrounding soil (Fig.
8a). Leaves absorbed ~1.4 g of water per each g of air-dry biomass, while roots only absorbed 1 g of water
per g of biomass (p < 0.10, Fig. 8a). Root residues had more C but less N than leaves, resulting in contrasting
C:N ratios between the two (24.0 vs. 82.7, Table 1).

Average B-glucosidase activities from the surface of the residues are presented in Fig. 8b. At the
first day of the experiment, the enzyme activity was more than 40 times higher on root as compared to leaf
surfaces. However, by day 3 the B-glucosidase activity on roots substantially decreased while on leaves it

increased, resulting in no statistical differences between the residue types.

Discussion

Our study demonstrated the utility of the microsensors in monitoring the O, and N>O levels in
immediate vicinity to the soil incorporated plant-residues, which are known originators of N>O hotspots
(Parkin, 1987). The study provided the answers to the research questions we posed. In the conditions
optimal for both microbial activity and gas diffusion, that is, at 48% water-filled pore space (WFPS) and in
abundant presence of large air-filled soil pores of this study, the N.O is quickly emitted out of the soil in
the amounts positively associated with its production (Fig. 7). Yet, the strength of the association between

the N>O near the residues and that emitted into the atmosphere deteriorates over time, reflecting the short-
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lived nature ofthe residue hotspots' contribution to the emissions. The origin ofthe hotspot, i.e., leaves vs.
roots, affects the magnitude ofthe production and emission as well as their temporal dynamic (Figs. 2 and

6>.

Effect ofincorporated switchgrass leaves and roots on NiO production and emission

Greater amounts ofN20 produced (for 2 days) from incorporated leaves than roots (Fig. 5b) result
from lower C:N ratio and higher N contents ofthe portions ofleafresidues readily available to microbial
decomposers. While here we only measured total C and N plant contents (Table 1), marked differences
between leaves and roots, especially, in terms of total C:N ratio, suggest that similarly contrasting
differences likely occurred in labile portions of the plant tissues. While low C:N ratio in residues can
promote mineralization, high C:N ratio can lead to N immobilization, reducing N20 emissions (Miller et
ah, 2008). Also, microorganisms can utilize C and N from leaves more efficiently than those from the roots
(Garcia-Ruiz and Baggs, 2007; Parley et ah, 2014). Though not measured in this study, contrasting organic
chemistry ofleaves and roots likely played a role as well. Higher soluble organic C and N in the leaves are
known to result in rapid decomposition, while higher concentration ofcellulose, bound phenols and lignin
phenols in roots can retard decomposition (Birouste et ah, 2012; Uselman et ah, 2012; Wang et ah, 2015).
The soil used in this study had low total C, total N, and inorganic N levels compared to the residue,
indicating that the N20 production in our soil samples was primarily driven by the microbes that relied on
the readily available substrates from the residues, not soil, as their main energy source. Thus, leaves, which
provided more available nutrients resulted in greater N20O production. These results are in line with previous
studies reporting positive correlations between available C and denitrification (Myrold and Tiedje, 1985;
Miller et ah, 2008).

While it was expected that greater size ofthe incorporated residue would be associated with greater
N20 production (Garcia-Ruiz and Baggs, 2007), that trend was significant only in leafresidue samples (Fig.

Sib). We attribute this result in part to a narrower range ofroot mass compared to leafmass - as the roots
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used in the study tended to weigh somewhat less than the leaves. Differences in residue chemistry between
leaves and roots also likely contributed to the observed differences in correlation strengths. Larger water
absorption was another factor that contributed to higher N.O production in the leaves (Fig. 8a), as it
stimulated development of anoxic conditions and denitrification (Kravchenko et al., 2017).

Greater N2O production near the leaves translated into higher N>O emissions during the first day
of incubation (Fig. 6a). However, afterwards the difference between the leaves and roots disappeared,
consistent with an overall decrease in the strength of the association between N> near the residues and the
emitted N»O (Fig. 7) and pointing to the reduced importance of the residue's contribution to N>O emissions.
It is also possible that the reduction of N>O to N contributed to the decreased association between produced
and emitted N.O. However, the relatively large (> 30 pum) air-filled pores dominating soil pore-size
distribution of the studied soil (Toosi et al., 2017) are unlikely to cause complete anoxic conditions within
the soil. The final denitrification product is expected to be N.O rather than N, when the oxygen in the pore
is sufficient (Hwang and Hanaki, 2000). Most of produced N-O likely quickly escaped through the air-filled
pores, contributing to the positive relationship between N»>O production and emission. It contrasts other
works which used fully saturated soils and reported delays in N>O emission (Markfoged et al., 2011).

While the CO: and N>O emissions were positively correlated in both leaves and roots (Fig. S2),
variations in CO emissions explained 57% of variations in N,O emissions in the root residues, while only
41% in the leaf residue samples (Fig. S2). Positive correlations between CO-» and N>O emissions reflect
stimulated microbial activity in both CO- and N»O production (Azam et al., 2002; Millar and Baggs, 2004),
and the role of C utilization due to increased microbial activity in N>O production (De Catanzaro and
Beauchamp, 1985; Millar and Baggs, 2004; Hayashi et al., 2015). Weaker association between CO» and
N0 in the leaf residue samples further highlights the hotspot nature of the N>O production within the soil
with incorporated decomposing leaves. Indeed, the anoxic conditions developed in response to greater water
absorption by the leaves (Fig. 8a) were conducive to denitrification and to resultant N>O production and

emission, while unfavorable to CO, production.
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Lffect of incorporated switchgrass leaves and roots on N-O temporal dynamic

On average, the N,O levels near the root residues reached the peak level faster than near the leaves,
1.¢., within 0.4 day and 0.8 day, respectively (Fig. 5d). A more rapid start of N>O production in vicinity of
the roots probably resulted from a greater presence of inherent extracellular enzymes on the root surfaces
(Fig. 8b). The enzymes were produced by both the roots and soil microorganisms when the roots were alive
and remained since on the root surfaces (Razavi et al., 2016). Nagahashi and Baker (1984) showed that
even after the roots were dead, washed, and dried prior to incubation, B-glucosidase still remained on their
surfaces and was not readily removed by washing. Even in fumigated soil the extracellular enzymes retained
their activity for ~12 weeks (Schimel et al., 2017). Since B-glucosidase measured in this study is one of the
common enzymes produced by both roots and microorganisms, it can be regarded as an indicator of such
overall extracellular enzyme presence (Kang et al., 1998; Sinsabaugh et al., 2008; Cayuela et al., 2009).
When the roots were rewetted, the inherent enzymes were activated, and immediately started hydrolyzing
the residue. The enzymes remaining on the roots likely accelerated root decomposition, and led to
subsequently faster initiation of N>O production, as compared to the leaves. This observation is consistent
with the earlier findings that preexisting denitrifying enzymes in the soil govern the initiation of
denitrification, while it takes ~6 hours until the enzymes are newly synthesized by microbes using energy
supplied from surroundings (Smith and Tiedje, 1979). Our study supports the importance of inherent
enzymes not only in the soil but also on the surfaces of decomposing roots.

The activity of inherent enzymes on the roots decreased by day 3, possibly because their
consumption rate was greater than the rate of new synthesis (Smith and Tiedje, 1979). Synthesis of new
enzymes by microorganisms is possible only when there are sufficient available nutrients (Allison and
Vitousek, 2005; Wallenstein and Weintraub, 2008). As indicated from total plant N content (Table 1), N
was not as readily available in the roots as in the leaves in our study, leading to low enzyme activity after

the inherent enzymes were consumed. Enzyme activity in the leaves, on the contrary, was low at the

17



423

424

425

426

427

428

429

430

431

432

433

434

435

436

437

438

439

440

441

442

443

444

445

446

beginning and significantly increased by day 3 (Fig. 8b), indicating new enzyme production, likely
stimulated by higher levels of available N. Longer lag and greater peak of N>O production in leaves seemed
to be related to newly synthesized enzyme activity at the surface of the residues. Longer lag in the leaves
as compared to roots is also attributable to the presence of epicuticular layer on the leaf surfaces that
prevents the water loss (Bragg et al., 2020; Riederer and Schreiber, 2001; Yeats and Rose, 2013). The
release of labile substrates might have been delayed by this hydrophobic layer, leading to the delay of the
peak in leaf residues. While the peak N>O production is a function of the amount of dissolved organic C

and N, lag is likely more a function of the release rate of the dissolved organic matter from the residues.

O at plant residue surfaces and its relationship with N-O

We observed a weak tendency for O near the residues to be more depleted in the leaf than in the
root samples (Fig. 4a). In all root samples and 2 of the 4 leaf samples, the dynamics of O, concentrations
near the residues was not substantially different from that of the control soil, suggesting that the changes in
O- were caused by an inflow of water into the air-filled pore space of the initially dry soil samples, and not
by the plant residue decomposition. It is also possible that O sensor tips of these samples was placed in the
air-filled large pores, thus could not reflect the overall O, changes near the residues. Yet, a marked decrease
in Os that took place in 2 of the leaf residue samples following the initial drop suggested that enhanced leaf
decomposition did lead to greater O- depletion near the leaves. Overall, leaves are known to decompose
faster than roots due, in part, to their lower lignin:N ratios (Steffens et al., 2015) and lower C:N ratio
(Edmonds, 1980; Baggs et al., 2000, Zhang et al., 2008) (Table 1). Faster decomposition is associated with
greater microbial respiration and growth, thus greater O, consumption (Chen et al., 2013). Hence, these
large decreases after O, reached the initial short plateau can be due to enhanced O» consumption occurred
during leaf residue decomposition. Greater water absorption is possibly another potential contributor to

greater O depletion near leaf residues (Fig. 8a), since water absorption by the residue fragments can induce
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higher water contents in their vicinity (-150 jam) (Kim et al., 2020), consequently, reducing O2
concentrations (Kravchenko et al., 2017).

The lack of O2 stimulates denitrification and promotes N20 production (Castaldi, 2000; McKenney
et al., 2001). We observed a simultaneous occurrence of Oz depletion and N20 production, and a positive
correlation between the cumulative O:2 depletion and N20 production (p < 0.10, Fig. 4b). It contrasts with
Rohe et al. (2020) who did not find significant relationship between microsensor O2 observations and
denitrification (N20 and N20O+N2). However, Rohe et al. (2020) conducted O2 measurements at local
microsites representing only 0.2% of'the total soil volume, while they assessed denitrification from the
entire soil samples. In our study N20 and O2 were measured in close spatial proximity to each other (<1
mm distance). The discrepancy between these two studies reflects high spatial variability ofN20 production
and emphasizes the necessity of smaller-scale approach to understand N20 hotspots.

Still, O2 depletion explained only 25% ofvariation in N20 production near the residues (Fig. 4b).
One possible reason for the relatively weak association between O:2 and N20 is that some of N2O was
produced via nitrification, which likely occurred in O rich 48% WFPS experimental settings of our study.
Although denitrification is responsible for production of more than 50% of N20 in residue-incorporated
soils, nitrification is another substantial source of N2O (Li et ah, 2016). Another possible reason is the
complete denitrification 0fN20 to N2. Even though our experimental setup was designed to maximize the
N20 production and minimize its conversion to N2, complete denitrification always occurs, and it is

especially prominent when O2 is depleted to less than 25% of'the atmospheric level (Morley and Baggs,
2010). It corresponds to 75 pM O2 concentration in our study, thus in the samples with leaves which had

the greatest cumulative O: depletion (Fig. 4b), the relationship between O2 and N20 might have been

weakened due to further denitrification.

Evaluation ofmicrosensors as a toolfor hotspot detection
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Even under well-controlled experimental settings with precisely placed residues,
sieved/preincubated soil, and stable temperature and humidity in the laboratory, there was still a substantial
variability in microsensor measurements of O, depletion and N>O production in vicinity of the residues
(Fig. 5). The main cause of such variability are natural variations in characteristics of the hotspots
themselves. Our experimental set up was designed so as to minimize the variations, i.¢., we used sieved 1-
2 mm soil fraction, which was cleaned of particulate organic fragments and stones and pre-incubated. Yet,
the sizes, locations, water or air-filled status, and connectivity of pores in vicinity of each plant residue
were not controllable. The development and activity of microbial hotspots can be significantly affected by
these micro-scale conditions, leading to variations of O, depletion, N>O production and emission.

Another possible cause is variability in microenvironmental conditions surrounding the
microsensor tips. For example, after the microsensor was inserted and soil and water were added to the
experimental box, it was not possible to confirm whether the sensor's tip ended up being within the water
or in the air. The sensor's tip could have been covered by menisci of incoming water or it could have been
located within a trapped air between soil aggregates. Depending on the location and the distance to air-
filled atmosphere-connected pores, O, concentration measured by microsensors can be substantially
different even within the same soil (Rohe et al., 2020). Placing sensor tips in certain positions within pores
to observe the gas changes at the surface of residues is even more challenging, as implied by our highly
variable O depletion pattern in leaves. The microsensor’s 100 pm-scale resolution measures the gas
dynamics in a certain pore near the residue, and might not fully represent the dynamics occurring on the
entire residue surface. Moreover, concentrations and fluxes in water and air are drastically different and not
reflected by the gas partial pressure values — the actual data recorded by the microsensors. OQur experiment
stresses the difficulties in measurements of N.O production, especially in unsaturated conditions of soil at
a microscale.

Another peculiarity observed in microsensor performances in our study were occasional simultaneous

fluctuations in the records from all operating microsensors (Fig. 2). The artificial nature of such fluctuations
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was evident from identical patterns present simultancously in N>O and O, microsensors of both boxes. The
artificial patterns were small compared to the peak measurements, thus non-detectable during the first 2
days of cach experimental run, but they became visible when the microsensor readings decreased
approaching atmospheric levels (Fig. 2). What induces such fluctuations and how to minimize them requires
further investigation.

Despite discussed above limitations and difficulties, it should be emphasized that the use of
microsensors enabled generating valuable information on N»QO production near the residue hotspots and on
its temporal dynamic. The obtained information was consistent with the N>O emissions measured using the
traditional approach and agreed well with the effects of plant residue characteristics on N>O production
expected based on theoretical considerations and published literature. Our results emphasize the validity
and usefulness of the microsensors for studies of soil N>O production hotspots aimed at understanding

mechanisms of micro-scale N>O hotspot production.
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Click here to access/download;table;Tables.docx

Table 1. Total carbon and nitrogen contents in the plant residues.

Plant type Carbon (w %)*** Nitrogen (w %)""" C:N ratio""
Leaf 442 (0.54) 1.90 (0.17) 24.0 (2.5)
Root 47.4 (0.40) 0.58 (0.08) 82.7(12.1)

*** indicates significant differences between leafand roots (p < 0.01).



Figure 1. Experimental setup for microsensor measurements, (a) Flattened residue fragments in the holder.
Holder was used to fix the location of residue fragments in the soil box. (b) The experimental setup. It
shows boxes containing soil with incorporated residues, microsensors inserted into the boxes, and tubing
connecting the air chambers above the soil boxes with the PAS device for measuring air concentrations of
N20 and COz2. (¢) Schemetic representation ofthe microsensor locations in vicinity to the residue within

the soil box.
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Figure 2. Dynamics ofIN:0 concentrations in the soil microcosms with (a) leafand (b) root residues. Black
dotted lines indicate the timepoint at which the lag time and the peak (maximum) concentration were
determined. Colored area under each curve presents cumulative N20 production for 2 days. Red circles

mark an example ofartificial fluctuations in one ofthe experimental runs.



Figure 3. Examples of (a) boxes with soil and plant residues used for soil zymography and (b) resultant
zymography images. Yellow dotted rectangles on (a) mark the areas that were subjected to zymography,
i.e., membrane placement. The white dotted rectangle on (b) encompasses the area used to calculate the

enzyme activity for the incubated plant residue.
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Figure 4. (a) Microsensor recorded Oz concentrations near switchgrass residues and control soil during the
experiment. Water addition started at time 0. (b) Cumulative O: depletion plotted vs. cumulative N20
production during the first 2 days ofthe experiment. Dotted line is the linear regression model fitted to the

data {p < 0.10, one-tailed test).
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Figure 5. Boxplot of quantitative measurements from microsensor and Photoacoustic Spectroscopy, (2)
Peak N20 production - the maximum N20 concentration observed from 5 days of microcensor recordings,
(b) Cumulative N20 production - the area under the microsensor curves and above zero for 2 days, (c)
N20 emission -N20 from the surface ofthe soil measured from headspace, (d) lag N2O production - the
time elaped from the start ofthe soil wetting until the peak production, (¢) minumum O: concentration -
the lowest Oz concentration observed from 5 days of microcensor recordings, and (f) O: depletion for 2
days - the area under the base O:2 concentration. ** and * indicate significant differences between leaves
and roots (p < 0.05 and 0.10). Black dots are individual observations from each run. The coefficients of

variavtion were presented as percentage.
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Figure 6. (a) N20 and (b) CO2 emission rates from the soil boxes with incorporated leafand root residues,
measured using Photoacoustic Spectroscopy. Vertical lines represent standard errors. * indicates significant

differences between leaves and roots (p < 0.10).
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Figure 7. Relationship between cumulative N20O productions (measured from soil pore using microsensor)
in and emissions (measured from headspace using photoacoustic spectroscopy) from the microcosms (a)
for 1 day, (b) 2 days, and (c¢) 3 days ofthe experiment. Dotted lines represent linear regression models. All
regressions were statistically significant atp < 0.01 andp < 0.05 (marked with *** and **). There were no

significant differences between regression slopes ofleaves and roots.
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Figure 8. (a) Average water absorption levels by leafand root residues. The difference between leaves
and roots is significant at/? < 0.10. (b) Average enzyme (P-glucosidase) activity at the surface ofthe plant
residues at day 1 and 3 ofthe experiment. Different letters mark significant differences between the days
within each residue type (p < 0.10). Symbol ** indicates the significant differences between residue types

at a given day (p < 0.05). Vertical lines represent standard errors.



