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Abstract: Engineering the fate of supramolecular assemblies by heat 
treatment (i.e., using thermal preparative pathways) remains 
challenging and a largely ad hoc process. The rational design of such 
trajectories requires precise manipulation of the strength of 
molecularly encrypted interactions along an assembly path defined by 
changes in free energy as a function of temperature. Here, we use 
temperature-triggered liquid-liquid phase separation of proteins to 
program the nano- and meso-scale assembly of a genetically 
encoded amphiphile—a post-translationally lipidated protein— along 
user-defined thermal trajectories. This molecularly defined pathway 
was used to funnel thermal energy into the system to direct building 
blocks to a previously inaccessible region of the energy landscape, 
and to synthesize two-dimensional nanomaterials with sophisticated 
structures such as braids and toroids. Because proteins’ phase 
boundaries and transition are programmable at the sequence-level, 
our strategy opens new horizons to expand the structural hierarchy 
and functional landscape of protein-based materials. 

Introduction 

Programming the hierarchical organization of supramolecular 
assemblies offers promising opportunities for the design of 
functional materials.[1]  At the molecular level, programming often 
involves engineering deep energy minima to sculpt the shape of 
the energy landscape, which controls the hierarchical 
organization of the assemblies.[2] This is achieved by encoding 
competing interactions in the covalent framework of the mole-
cules and leveraging the difference in how these forces scale with 
distance (molecular coordinates) to control the equilibrium 
geometry.[3] This approach, however, is best suited for thermody-
namically favored assemblies; and less so for kinetically-
trapped[4] and adaptable assemblies.[5] Also since assembly 
instructions are only included in the building blocks’ chemical 
structure, altering their supramolecular assembly and function 
requires costly and time-consuming synthetic manipulation of 
building blocks.  
To access assemblies with distinct forms and functions from the 
same building blocks, the order or type of processing steps (i.e., 
the preparative pathways) can be changed to direct molecular 

building blocks to different regions of the energy landscape.[6] 
Specifically, changes to an operating parameter are used to 
modify the free energy landscape  along the user-defined 
assembly trajectory by modulating programmable attractive and 
repulsive interactions that determine the hierarchical organization 
(Figure 1a). Pathway-dependent control over the structure and 
function of supramolecular assemblies can be achieved by i) 
funneling energy (chemical, thermal, etc.) into the system at 
defined time/composition coordinates[5, 7]; or ii) modulating 
solution operating parameters such as ionic strength,[8] pH,[9] 
solvent composition,[9b, 10] etc.[11] during the sample preparation. 
Modifying the free energy landscape by modifying temperature 
(thermal processing) offers unique advantages such as high-
resolution spatial/temporal control and rapid reversibility, which 
are absent from chemical processing methods.[11a, 12] 
Consequently, heat treatment is frequently used as a materials 
processing method to improve properties of condensed and soft 
materials, (e.g., hardening of alloys[13] and controlling the nano-
morphology of polymers[14]). However, use of this strategy to 
control nano- and meso-scale assemblies of biomacromolecules 
such as proteins has been hampered by the incomplete 
understanding of the temperature dependence of competing 
interactions (e.g., ionic, H-bond, etc.) that govern the proteins’ 
structure and supramolecular assembly as well as the difficulty in 
accounting for entropic and solvation contributions in water.[15] 
Despite the progress in our understanding of the thermodynamic 
assembly of concentrated protein solutions,[16] the design of 
protein-based assemblies that can traverse complex thermal 
trajectories in a programmable manner and yield structurally 
diverse nano-assemblies remains challenging. 
To overcome these challenges, we designed a hybrid protein-
based amphiphile with two domains that exhibit different 
temperature-dependent interaction potentials due to their distinct 
physicochemistry. The net attractive/repulsive interactions of 
each domain with itself or solvent can be measured and 
quantitatively described using solution thermodynamic 
parameters as a function of temperature (e.g., second virial 
coefficients[17] or interaction parameters[18]). This information can 
then be integrated into the molecular design of building blocks to 
enable programmable navigations of assemblies on the energy 
landscape by changing the operating parameter (temperature) 
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We hypothesized that judicious choice of thermal processing rate 
(i.e., quenching or annealing) enables the control of the 
assemblies’ structural hierarchy by accessing configurations 

outside of thermodynamic equilibrium (Figure 1a). 

Figure 1. (a) The self-assembly of a model supramolecular building block— a 
genetically encoded amphiphile—is governed by the topology of its energy 
landscape which is a function of molecularly encoded competing interactions 
and how they scale with molecular coordinates. User-defined modulation of 
competing interactions along an assembly path, defined by changes in the free 
energy as a function of operating parameter such as temperature (T), enables 
directed assembly of building blocks toward new configurations outside of 
equilibrium-allowed regions. (b) The chemical structure of the prototypical 
UCST polypeptide, RIP, contains flexible and structure-breaking residues as 
well as amino acids capable of forming ionic and hydrogen bonds. (c) The 
chemical structure of lipidation domain (the N-terminal peptide fragment). The 
myristoyl group is highlighted in grey. We note the large due to the large 
asymmetry between RIP and lipidation domain, this lipoIDPP integrates the 
molecular features of both peptide amphiphiles and polymeric surfactants. 

Results and Discussion 

To demonstrate the feasibility of this approach, we used post-
translationally lipid-modified intrinsically disordered protein 
polymers (lipoIDPPs) to start our design process. Our strategy 
exploits i) the relative temperature-independence of the 
hydrophobic effect between 25 °C and 100 °C,[19] and ii) IDPPs’ 
well-documented ability to exhibit sequence-defined temperature-
triggered liquid-liquid phase separation (LLPS).[20] The amino acid 
sequence of IDPP determines how the net attractive/repulsive 
interactions between polypeptide chains changes in response to 
increases or decreases in temperature.[21] For example, IDPPs 
with temperature-sensitive attractive interactions (e.g., H-bond or 
ionic) between the chains exhibit an upper critical solution 
temperature (UCST).[22] At elevated temperatures, the interaction 
of IDPP with water is favored but as the temperature is reduced, 
the net attractive forces between IDPP chains are increased, 
resulting in a demixing of the protein solution and formation of an 
IDPP-rich phase below a critical temperature. We hypothesized 
that the user-defined thermal trajectories across this thermody-
namic phase boundary can be used to manipulate the nano-
morphology of polymer-rich aggregates by controlling the kinetics 
of phase separation. This will enable pathway-dependent control 
over LipoIDPP aggregates to achieve structurally diverse nano-and 
meso-assemblies from one building block, simply by varying the 
thermal processing parameters such as the rate of cooling and/or 
final temperature. 
In this work, we selected an IDPP based on the consensus 
sequence of resilin[23]— a commonly used template for encoding 
UCST behavior—containing 20 repeats of Gly-Arg-Gly-Asp-Gln-
Pro-Tyr-Gln.[24] This octapeptide contains: i) glycine and proline 
residues that are conformationally flexible and can break the 
secondary structure to ensure that the polypeptide chain remains 
disordered and does not form kinetically trapped aggregates even 

at elevated temperatures; ii) a basic arginine residue and an 
acidic aspartic acid for ionic interactions; iii) glutamine, a polar 
uncharged amino acid capable of forming hydrogen bonds; and 
iv) tyrosine, an aromatic amino acid to promote UCST phase 
behavior (Figure 1b).[21, 25] We called this IDPP resilin-inspired 
polypeptide (RIP hereafter). 
Short-range hydrophobic interactions—orthogonal to sequence-
encoded LLPS—were introduced via lipidation of RIP with 
myristic acid (C14:0) using a reconstituted lipidation pathway in 
E.coli.[26] To control lipid placement, we coexpressed RIP with the 
enzyme N-myristoyltransferase (NMT), which catalyzes the 
addition of a myristoyl group to the N-terminal glycine of a short 
peptide substrate (GAGAGAYRGGSGGSGGS) fused to RIP 
(Figure 1c). The lipidated IDPP was purified by leveraging its 
phase behavior (cold-coacervation) at 20 mgL-1 culture.[27] 
Purified myristoyl-modified protein (M-RIP) was characterized by 
SDS-PAGE, HPLC, and mass spectrometry (Figure S1-S3).  
After molecular characterization, we used FT-IR and circular 
dichroism (CD) to investigate the effect of lipidation on the global 
structure, conformation, and interactions of M-RIP. The FT-IR 
spectra of  lyophilized RIP and M-RIP exhibited many similarities 
such as the presence of broad signals often observed in 
intrinsically disordered proteins (Figure 2a). However, subtle 
differences in the shape of peaks in amide I–III regions indicate 
that myristoylation alters the conformations/interactions of protein 
domains. For example, RIP spectra contained one single broad 
peak in amide I region (1600–1700 cm-1) centered around 1637 
cm-1 (assigned to random coils), while M-RIP spectra in the same 
region exhibited additional features (shoulders) at 1624 and 1647 
cm-1

.  Consistently, both proteins exhibit the characteristic 
negative CD signal at ~200 nm (Figure 2b,c and S4), as often 
observed in disordered proteins. The deconvolution of CD signal 
only showed a modest decrease (<10%) in the disordered content 
of M-RIP (Figure S5), within the limit of detection of this technique 
and the accuracy of deconvolution algorithm. Because the M-RIP 
sequence is highly asymmetric, and contains high fraction of 
achiral glycine residues, these results only indicate that lipidation 
does not globally alter the disordered nature of RIP at the chain 
level, while subtle alterations in the conformations/interactions of 
disordered chains cannot be ruled out.  
To complement this global (chain-level) view, we then used 1D 
and 2D NMR techniques to investigate how lipidation modulates 
the structure and dynamics of the protein domain at the local 
(residue) level. 1H NMR spectra of RIP and M-RIP in D2O were 
similar, confirming that lipidation did not result in a global change 
in the secondary structure of RIP domains (Figure S6). The most 
remarkable changes, however, were confined to the methyl side 
chain of alanine residues (that are only found in the lipidation site), 
and the alpha protons of aspartic acids (found in the resilin 
domain). Consistency, we observed large chemical shift 
perturbations (CSP) for the amide protons of alanine and glycine 
residues in the lipidation site, ∆δHN measured using 1H-15N 
heteronuclear single quantum coherence (HSQC), Figure 2d and 
S7a. In contrast, the CSP for the amino acids found in the resilin 
domain were close to zero, except for Asp and its neighboring Gln 
residues (Figure 2d, inset). The magnitude of these ∆δHN CSPs 
are smaller than reported literature values for changes in the 
ionization of aspartic acids but the shifts along the nitrogen 
channel (∆δN) is consistent with changes in hydrogen bonding 
(Figure S7b).[28] Together, these experiments provide strong 
evidence that while RIP and M-RIP remain highly disordered and 
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conformationally flexible, lipidation alters M-RIP's structure and 
interactions (e.g., hydrogen bonding) at the local level—
specifically the lipidation site, and acidic and polar charged 
residues. 

Figure 2. Spectroscopic characterization of the effect of lipidation on the 
structure and conformation of resilin-derived IDPP. (a) Attenuated total 
reflectance FT-IR spectra of lyophilized RIP and M-RIP showing subtle 
differences in amide I–III bands.  The grey is a visual reference placed at 1650 
cm-1, which corresponds to the absorbance of random coils in solution. Variable 
temperature-CD spectra of (b) RIP and (c) M-RIP. The shaded area 
corresponds to standard deviation of signals averaged over 15s at each 
wavelength. Both RIP and M-RIP exhibit a prominent negative peak centered ~ 
at 200 nm, which is consistent with the presence of significant disordered 
domains in both constructs. (d) Chemical shift perturbations between HSQC 
spectra of RIP and M-RIP reported as weighted Euclidean distance ∆δHN. The 
proline residue (an imino acid which forms secondary amides) does not yield a 
signal in this experiment. The residue numbers correspond to the position of 
amino acids within the resilin domain, and subscript “L” is used to denote signals 
from the residues in the lipidation site. 

 
The effect of lipidation on IDPP’s UCST thermo-response—
binodal coexistence boundaries and reversibility of LLPS—has 
not been systematically characterized. Therefore, using 
temperature-programmed turbidimetry, we first mapped the 
UCST phase-transition boundaries of M-RIP to define the 
system’s operating temperature range. Both M-RIP and the 
control RIP readily dissolved in deionized water at room 
temperature (>5% w/v, 2.7 mM). The turbidity of the M-RIP 
solution increased gradually over the course of 10 min (Figure S8), 
suggesting that under these conditions, the myristoylated 
construct undergoes LLPS below room temperature; in contrast 
the RIP solution remained clear for this period of time. The stock 
solution was then diluted to the desired concentrations which 
were subsequently heated to 80 °C and cooled to 20 °C at the 
rate of ±2 °C min-1. Solution transmittance was measured as a 
function of temperature during each cycle. Results obtained 
during the first cooling cycle were combined to generate a 3D 
contour plot to represent the phase boundaries as functions of 
temperature and concentration (Figure 3a). 
We defined the cloud point, Tcp the critical temperature below 
which the 1-phase solution is no longer stable, as the temperature 

when the transmittance drops below 35% (schematically shown 
with a plane separating 1-phase and 2-phase regions). As shown 
in Figure 3a, M-RIP exhibited a sharp UCST behavior as the 
turbidity of the solution rapidly increased when the temperature of 
the solution decreased to below Tcp at each concentration. From 
these results we first conclude that sequence-defined lipidation 
does not result in an inversion of UCST phase behavior to LCST, 
contrary to the effect of hydrophobic amino acids shown to 
promote LCST.[19] Second, given the lack of phase behavior for 
unmodified RIP (Figure S9) within the tested temperature range 
(15–70 °C), we conclude that lipidation modulates boundaries 
between 1-phase and 2-phase regions by increasing the Tcp due 
to the hydrophobicity of the lipid. A similar observation has been 
reported for synthetic polymers, in which the use of hydrophobic 
chain ends increases the polymers’ UCST cloud point.[29] 
We used the cross-section of the 3D surface with the blue plane 
in Figure 3a to establish a partial temperature-concentration 
phase diagram (i.e., the coexistence curve which quantifies the 
dependence of Tcp on concentration). The UCST phase boundary 
of M-RIP depends varies linearly with the natural log of M-RIP 
solution concentration in the tested regime (Figure S9). The 
observed UCST phase behavior was reversible (i.e., < 5% change 
in final turbidity under experimental conditions) over three heating 
and cooling cycles (Figure 3b). However, the difference measured 
between the apparent Tcp in heating and cooling cycles increased 
with the rate of heating/cooling (Figure S10). These observations 
conclusively demonstrate that lipidation modulates the 
boundaries of the coexistence curve to higher temperatures 
without sacrificing macroscopic reversibility, a feature 
advantageous for tuning the LLPS of proteins with extremely low 
UCSTs, near or even below 0 °C, into biologically relevant 
temperature ranges.[20a, 30] 

Figure 3. Characterization of M-RIP’s thermo-response (UCST phase 
boundaries and its reversibility). (a) 3D contour plot depicts transmittance of M-
RIP solution as a function of concentration and temperature. The blue plane 
schematically represents the Tcp and separates 1-phase region from demixed 
2-phase solution. The coexistence curve is defined by the intersection of the 
blue plane and the contour plot. (b) The reversibility of M-RIP’s UCST phase 
transition is demonstrated by heating (red) and cooling (blue) cycles at the rate 
of ± 2 °C.min-1, [M-RIP] = 25 µM (see Figure S9 for representative plots). 

To test our hypothesis that the assembly of M-RIP in the IDPP-
rich phase is a function of thermal trajectories across the 
thermodynamic phase boundary, we subjected M-RIP to three 
distinct thermal treatment processes: direct dissolution without 
heating or cooling (D), annealing (A), or quenching (Q) 
schematically shown in the inset of Figure 4a. We then 
characterized the assemblies using dynamic light scattering 
(DLS) at identical temperature endpoints (25 °C, below the 
coexistence curve). We compared both correlation functions 
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(CRF) and the average hydrodynamic radius (Zavg) at the end 
points for all three processes, as well as at intermediate 
temperatures for the annealing process in which the cooling rate 
of thermal trajectory was compatible with the equilibration times 
required for DLS measurements. 
Comparison of CRFs obtained at the end of each trajectory, D 
(dotted black line), Q (dashed golden line), and A (solid blue), 
confirms the pathway dependence of M-RIP assembly. As shown 
in Figure 4a, the CRF of M-RIP prepared at room temperature (D) 
irreversibly shifted to longer time scales after one cycle of thermal 
quenching (Q) In both cases, CRFs appeared to exhibit well- 
defined exponential decay with a single dominant decay time (τ). 
A similar shift to longer decay time was also observed for the end 
point of annealing trajectory, but the presence of a distinct 
shoulder at long decay time, marked with an arrow at τ ~ 105 µs, 
suggests the presence of large aggregates in the solution after 
annealing. The analysis of CRFs using the method of cumulants, 
which provides a rough estimate of the hydrodynamic size of 
assemblies, suggests a similar energy landscape for assemblies 
(irreversible shift to larger sizes after thermal treatment which 
depended on the thermal trajectory). RIP remained unassembled 
(unimers < 10 nm), albeit we also noted the presence of a small 
population of larger aggregates (>300 nm, Figure S12).  

Figure 4. DLS and FT-IR characterization of size and structure of constructs 
along three user-defined thermal processes: Direct dissolve (D); annealing (A) 
or quenching (Q): heating above the UCST coexistence curve (70 °C) followed 
slow annealing (-2°C.min-1) to room temperature or rapid quenching (-20 °C.min-

1) to 4 °C, respectively. CRFs (a) and the aggregate size (b) at the endpoint of 
process D (dotted), Q (dash), and A (solid) as well as the intermediate 
temperatures for the annealing pathway. DLS confirms the pathway-dependent 
assembly of M-RIP. RIP remained unassembled in this temperature range. The 
arrow added is to emphasize the formation of distinct populations during 
annealing cycle. The shaded grey area in (b) represents the size regime of 
unassembled RIP (see Figure S12 for intensity distributions). Error bars indicate 
the standard deviation of three measurements, [(M-)RIP] = 50 µM. (c) The 
amide I band region of a solution of RIP and M-RIP in D2O before and after 
thermal treatment. Myristoylation or the preparation pathway subtly alters the 
line profile of amide I band (e.g., the location of shoulders and minor peaks). 
The peak locations are added to aid visual comparison, and the deconvoluted 
spectra are presented in Figure S14. The grey line in each panel is a visual 
reference placed at 1650 cm-1, which corresponds to the absorbance of random 
coils in solution.[31] The spectra are the result of signal averaging of 2-3 
measurements, each collected after 128 scans, at 2 cm-1 resolution. 

Because the amount of scattered light scales with the sixth power 
of diameter, these aggregates skew the cumulants analysis as 
Zavg is the intensity weighted harmonic mean size (Figure 4b, grey 
shaded area). Nonetheless, we did not observe any noticeable 
change in CRFs or intensity distributions of RIP in this 
temperature range (20–70 °C, Figures S11 and S12). In contrast, 
M-RIP assemblies remained in a distinct size range, 200 nm <Zavg 
< 1500 nm. M-RIP remained assembled even at 70 °C as the 
observed hydrodynamic size remained an order of magnitude 
larger than the unimers observed for RIP. These results 
complement turbidimetry observations as they demonstrate that 
disappearance of turbidity above Tcp is due to a reduction in the 
size of aggregates below the threshold needed for scattering 
visible light. As temperature is reduced below 46 °C, the size of 
the assemblies started to increase, consistent with an increase in 
the attractive forces between RIP chains at low temperatures, 
eventually reaching a plateau of 1500 nm around 30 °C. The final 
Zavg of M-RIP after annealing remained larger than the direct 
solution process but smaller than what was observed in the 
quenching process. 
To complement the insights derived from light scattering, we used 
FT-IR to investigate the conformational change in RIP and M-RIP 
in each pathway (Figure 4c). We chose this technique because, 
unlike CD and NMR, the acquisition of FT-IR spectra is not 
hindered by the turbidity and aggregation of protein solution. The 
differences in the amide I band region of RIP and M-RIP were 
consistent with subtle differences noted in the spectra of protein 
powder, albeit the peak location and relative intensities change in 
D2O. Notably, the spectrum of RIP shows a single broad peak 
(~1650 cm-1) in each pathway (D, Q, and A), while the spectral 
features of M-RIP amide I band change as a function of thermal 
treatment. Moreover, the peaks above 1700 cm-1 (attributed to 
protonated Asp side chains[32]) are different in the spectra of RIP 
and M-RIP (consistent with the NMR results) and exhibit subtle 
pathway-dependent differences for lipidated constructs. We then 
deconvoluted the amide I band by peak fitting (Figure S14, Table 
S2) to quantify the observed differences in IR lineshapes. The 
results show that both myristoylation and the preparative pathway 
subtly influence the structures and interactions (ionization and H-
bonding) of M-RIP. However, we note that the quantitative 
comparison of deconvolution results requires an assumption that 
H/D exchange is rapid and quantitative.[33] The disordered nature 
of the resilin domain (confirmed by CD and FT-IR) supports this 
assumption, but we remain cognizant that lipid-induced assembly 
can slow the H/D exchange process, thus affecting the shape and 
intensity of the amide I band.[31-32, 34] 
Having confirmed that M-RIP assembly depends on the thermal 
processing sequence, we used microscopy to investigate the 
morphology of M-RIP at the end point of these trajectories (Figure 
5). Differential interference contrast (DIC) microscopy was used 
to visualize the assemblies obtained in the turbid solution at the 
end of the D pathway (Figure 5a, Figure S15). M-RIP under these 
conditions formed spherical assemblies resembling protein-rich 
coacervates reported for other proteins undergoing LLPS.[35] 
Intriguingly, these droplets were quite round and no structure with 
an ellipsoidal cross-section was observed. Moreover, they did not 
exhibit pinching or spreading behavior, and did not fuse or 
coalesce upon contact, Figure 5a (inset) and Figure S16 for time-
lapse DIC).  



RESEARCH ARTICLE    

5 
 

We used transition electron microscopy (TEM) to image these 
spherical aggregates at higher resolution. As shown in Figure 5b, 
these assemblies exhibited similar characteristics (round edges 
and a lack of fusion between contacting particles) in TEM images. 
Intriguingly, all spheres (diameter = 988 ± 277 nm, Figure 5c) had 
uniform contrast, and their cross-sectional area did not change 
when viewed from different angles (Figure S17). This suggests 
that M-RIP formed stable microspheres in D pathway that did not 
collapse onto the surface after drying.  

Figure 5. Microscopic characterization of M-RIP assemblies below the UCST 
coexistence curve at the end of the D (a–c) and Q (d–f) trajectory using DIC and 
TEM. (a) Pathway D led to formation of M-RIP droplets with a solid-like 
character that did not fuse upon contact at the end of D pathway. (b) TEM and 
SEM (inset) confirm that M-RIP forms microspheres under these conditions, 
consistent with the results of DIC experiments. (c) Size distribution of the 
microspheres obtained from TEM image analysis. See Figure S15 for size 
distribution obtained from DIC. See Figure S19 for TEM of RIP control. (d) TEM 
Shows that M-RIP solid microspheres transition to thin fibrils in pathway Q. See 
Figure S20 for thin fibers formed during annealing pathway. (e, f) Width and 
length distribution for the fibers produced in quenching pathway obtained from 
TEM image analysis. Measurement results are reported as mean ± SD (N > 50), 
[M-RIP] = 50 µM (DIC) and 70 µM (TEM).  

Scanning electron microscopy (SEM) confirmed the presence of 
these stable protein-based microspheres on the TEM grid (Figure 
5b, inset). These observations, which are in contrast with the 
behavior of the canonical liquid-like coacervates reported in the 
literature,[36] suggest that M-RIP forms solid-like droplets with 
reduced dynamics under the D pathway. This is likely due to the 
combination of lipid-induced assembly and high charge content of 
RIP that change the interfacial properties of protein-rich droplets 
in water (Figure S18). 
TEM analysis of pathway A demonstrated the presence of a 
mixture of microspheres and thin fibers, width 9 ± 2 (Figure S20). 
However, these fibers did not interact strongly with the uranyl 
acetate contrast agent and often required imaging under 
defocused mode to enhance contrast. Finally, consistent with the 
DLS, TEM confirmed that pathway Q resulted in an irreversible 
morphological transition in M-RIP assemblies from micro-sphere 
to fibrils, Figure 5d–f). Although fibrils exhibited narrow dispersity 
in width (24 ± 4 nm), they were relatively polydisperse in length 
(1030 ± 460 nm) and had a large persistence length (~19 µm) 
(Figure S21). These fibrils did not interact with Thioflavin T (Figure 
S22), which suggests that their cross-sections are likely not 
amyloid-like.[37]  
We were encouraged by the observed morphological transition 
(microsphere to short fibrils) in pathway Q. Compared to spheres, 

fibrils have a higher propensity to form higher-order assemblies 
due to their increased surface-area-to-volume ratio, Moreover, at 
temperatures below coexistence curve, the overall interaction 
between M-RIP fibrils are attractive, suggesting that aging of M-
RIP fibrils would yield new previously inaccessible higher-order 
assemblies. To explore this possibility further, we incubated M-
RIP fibrils at room temperature (below cloud point) and used TEM 
to analyze the resulting structures. We observed that M-RIP 
formed a rich array of higher-order 1D and 2D assemblies after 
6–18 h incubation at room temperature (Figure 6). Based on the 
intermediates observed, we identified twisting (Figure 6a–c) and 
parallel (Figure 6d-f) packing as two dominant modes of assembly 
that accounted for the observed rich polymorphism in the final 
structures. We observed similar structures when the aged 
solution of M-RIP was analyzed with DIC microscope, suggesting 
that these self-assembled structures were present in the solution 
and were not artifacts of TEM sample preparation (Figure S23). 
We propose that pathway-dependent assembly of M-RIP is due 
to distinct temperature-dependence of interactions among RIP, 
lipid, and water (Figure 7). In pathway D, lipid-induced assembly 
increases the local concentration of proteins and nucleates the 
formation of M- RIP droplets, which adopt spherical geometry to 
minimize interfacial tension. In pathways Q and A, increasing the 
temperature above UCST phase boundary changes the balance 
of attractive interactions between RIP/RIP and RIP/water. This  
 

Figure 6. The hierarchical assembly of M-RIP (70 µM) fibrils when incubated 
below TUCST leads to a rich array of 1D and 2D assemblies. Representative 
structures of intermediates and products of two dominant assembly modes, 
twisting (a–c) and parallel assembly (d–f). (a) Fibrils (inset) first self-assemble 
into thin and long threads that associate (twist around each other) to form 
strands (bundle of threads, white arrow). (b) Compact assembly of the strands 
results in the formation of discrete (1D) braids. The inset contrasts the discrete 
braids formed via this mechanism with a flat sheet formed via parallel assembly 
(marked with a black arrow). (c) Formation of lasso-like objects via super-coiling 
(a higher-order 2D assembly) of braids. Bottom inset shows an example of loops 
formed from the super-coiling of braids. The top inset shows an example of 
untwisted termini of the braid containing twisted strands. (d) Sheets are 
generated via the lateral assembly of fibers. Multiple sheets can stack on top of 
each other (inset, three stacked layers). (e) Ribbons are produced from the 1D 
assembly of sheets and exhibited a moderate right-handed twist. The top inset 
shows the cross-section of a fragmented ribbon formed from the assembly of 5-
7 fibers. (f) 2D assembly of sheets into toroids. The top inset demonstrates an 
intermediate of this process in the presence of precursor fibers. The bottom 
inset is a toroid with ellipsoidal cross-section. All scale bars represent 500 nm. 
M-RIP is often visualized as positively stained on the TEM image. The images 
in panel (a), insets of panels (c), and (e) are processed with Fiji black and white 
image inversion algorithm for better visualization of the details. See Figure S24 
for additional TEM images. 
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alters  the dimensions of RIP chains (i.e., expansion of collapsed 
coils) and their macroscopic solubility (i.e., aggregation). In 
contrast, the hydrophobic forces between the lipid motifs are less 
dependent on the temperature. Consequently, as the temperature 
is increased, M-RIP droplets are solubilized but dominant lipid-
lipid interactions will limit the expansion of the disordered protein 
corona. This interplay between the lipid and protein corona can 
change the physicochemical properties of assemblies (charge, H-
bond, and packing parameter) as a function of temperature, which 
ultimately controls the morphology of oligomers in each pathway. 
While more work is needed to fully reveal the molecular changes 
in oligomers in different pathways, the differences in temperature-
dependence of zeta potential of RIP and M-RIP support the 
proposed mechanism and the interplay between the lipid and 
charged RIP chains. (Figure S25). We suggest that the rate of 
cooling modulates the kinetics of phase-separation and the type 
of structures formed below phase boundary. Rapid quenching 
favors the formation of short fibrils (kinetic product), while slow 
annealing results in the formation of long fibers. Below the UCST 
phase boundary, the multi-valent interactions between RIP chains 
are reinstated which direct the higher-order assembly of shorter 
(and more dynamic) fibrils into observed 1D and 2D structures. 
 

Figure 7. (a) Temperature modulates the molecular interactions and 
conformations of disordered thermo-responsive proteins such as RIP. (b) 
Proposed mechanism for pathway-dependent assembly of M-RIP. 

Conclusion 

Our results support the hypothesis that LLPS can be used to 
encode a programmable response along user-defined thermal 
processes. The judicious choice of thermal processing methods 
modulated the balance between competing interactions to control 
the energy landscape and reach previously inaccessible phase 
and structural configurations. 
Our strategy opens new opportunities for simultaneously 
controlling the phase behavior and programming of the assembly 
of protein-based materials. Despite significant progress 
describing the influence of the physicochemistry of IDPPs (amino 

acid sequence, length, etc.) on their thermodynamic phase 
boundary, the design rules to control the kinetics of LLPS at the 
amino acid level and the outcome of rate-dependent processes 
such as quenching are not clearly understood. 
Cells often use post-translational modifications to control the 
thermodynamics and kinetics of protein phase separation in 
vivo.[38] We propose that modification with hydrophobic motifs 
such as lipids is a promising and untapped chemical design space 
to tune the material properties of a protein-rich phase. Future work 
is directed at systematic investigation of the effect of 
(macro)molecular characteristics (IDPP sequence, and length, 
lipid type), solution parameters, thermal processing variables 
(quench depth and rate), and confinement[39] on hierarchical 
nano- and meso-scale organization of this new class of hybrid 
materials. We envision an exciting synergy—between high 
throughput recombinant synthesis of hybrid biopolymers, 
characterization of both the kinetics and thermodynamics of their 
phase behavior,[22] and in-situ liquid cell electron microscopy[40]—
that can exponentially accelerate the pace of bio-nanomaterials 
design and discovery. We expect that this strategy will be 
applicable to other naturally occurring IDPs with UCST 
behavior,[20e] synthetic polymers,[41] or multi-component hybrid 
systems[42] and impact the application of this class of biopolymers 
for the templated synthesis of nanomaterials at extreme 
temperatures, responsive reactors and engineered protocells.  
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