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Abstract

The use of aqueous polymer-based phase separation within water-in-oil emulsion droplets
provides a powerful platform for exploring the impact of compartmentalization and preferential
partitioning on biologically relevant solutes. By forming an emulsion, a bulk solution is converted
into a large number of chemically isolated microscale droplets. Microfluidic techniques provide
an additional level of control over the formation of such systems. This enables the selective
production of multiphase droplets with desired solution compositions and specific characteristics,
such as solute partitioning. Here, we demonstrate control over the chemical microenvironment by
adjusting the composition to increase tie line length for poly(ethylene glycol) (PEG)-dextran
aqueous two-phase systems (ATPS) encapsulated within multiphase water-in-fluorocarbon oil

emulsion droplets. Through rational adjustment of microfluidic parameters alone, ATPS droplets



containing differing compositions could be produced during the course of a single experiment,
with the produced droplets demonstrating a controllable range of tie line lengths. This provided
control over partitioning behavior for biologically-relevant macromolecules such that the
difference in local protein concentration between adjacent phases could be rationally tuned. This
work illustrates a broadly applicable technique to rationally create emulsified multiphase aqueous
systems of desired compositions through the adjustment of microfluidic parameters alone,

allowing for easy and rapid screening of various chemical microenvironments.

Introduction

The field of aqueous phase separation has experienced a resurgence in recent years as it has been
used to mimic crowded, compartmentalized cellular environments.'¢ The ability to have
simultaneously existing, yet chemically distinct, phases allows for a model of the multi-
compartmental organization found in vivo.”!'' To this end, several forms of phase separation,
including the segregative phase separation of neutral polymers, have been incorporated into such
systems.® Various reactions, including RNA catalysis,> bio-inspired mineralization,'* and
transcription/translation,'*!> have been studied inside such environments, yielding both a better
understanding of cellular mechanisms and additional experimental control over such reactions. As
these experiments are performed within phase-separated aqueous solutions prepared as needed for
each system, there is a great deal of control over the solution’s chemical environment, such as
polymer concentration and relative phase volume. Similarly, microfluidic methods have also been
used to explore phase separation through the production of chemically isolated monodisperse
emulsion droplets with controllable environments in the form of water-in-oil emulsions.!¢

However, there has generally been little focus on controlling the specific composition of the



resulting aqueous phase-separated droplets, particularly with a goal of directing the resulting
solution dynamics with regards to biomimetic applications. Since the polymer composition of the
phase-separated system determines the partitioning of solutes within the solution, the ability to
influence this aspect of the droplets is desirable. In this work, we have used microfluidics to
produce multiphase aqueous water-in-fluorocarbon oil emulsion droplets, where the aqueous
phase compositions, resulting tie line lengths, and solute partitioning behavior may be rationally

controlled through variations of microfluidic parameters alone (Figure 1A).

The physical chemistry governing bulk aqueous phase separation has been explored for decades,
particularly as a means of using neutral polymer or polymer/salt aqueous two phase systems
(ATPS) in biological separations, as included solutes typically demonstrate preferential
partitioning among the phases present.?*2® Given an arbitrary two phase system, a phase diagram
maps the total polymer compositions that result in either single phase or phase-separated solutions.
For any composition within the phase-separated region, there exists a tie line connecting it to two
points on the binodal line, which give the polymer composition of the individual phases (Figure
1B).2425:2930 The tie line length (TLL) reflects the disparity in composition between the two phases;
longer tie lines indicate more distinct phases, and lead to stronger solute partitioning.>2631-35 Solute
localization within distinct coexisting aqueous phases, both as a bulk system and as droplets, has
been extensively studied for use in applications such as biomolecular purification and
extraction 3% bioengineering, 4 modeling of membraneless organelles,'!** and reactant
localization.'?"144° Such phase-separated systems have also been studied in the form of emulsions,
recently in conjunction with microfluidic technologies, resulting in the production of both all-

aqueous!'®192150-53 and  water-in-0il**’ emulsions with controllable morphologies, surface



chemistry, and encapsulated components. However, while TLL has long been used as a means of
controlling local solute concentration within bulk ATPS 242732343839 quch efforts have generally not
been undertaken for droplet-based systems, due to the difficulty in selecting specific phase

compositions on an individual droplet level.

Here, we have used microfluidics to selectively produce ATPS-containing water-in-fluorocarbon
oil emulsions with specific TLL, giving us influence over the partitioning of biological solutes
within the coexisting aqueous phases. We chose poly(ethylene glycol) (PEG) and dextran (Figure
S1) as the phase-separation driving polymers, due to their well-understood segregative phase-
separation behavior. The oil and surfactants used in this work were adapted from previously
published work and utilize the fluorinated oil HFE-7500 with a water-soluble, positively-charged
polyetherdiamine (Jeffamine ED-900) and a fluorocarbon-soluble, negatively-charged
carboxylated perfluoropolyether (Krytox 157 FSH) (Figure S2).® We selected an emulsion system
containing a fluorocarbon oil-based continuous phase due to its potential in future work to
encapsulate biological reactions, as water-in fluorocarbon oil emulsions have been used
extensively in such applications due to their minimal molecular transport between droplets.’-!
The methods and techniques discussed here are not limited to this specific system and could be
adopted for other water-in-oil emulsion systems, such as those containing a hydrocarbon oil-based
continuous phase. We have demonstrated that biomolecular solute partitioning behavior can be
tuned through control over microfluidic variables alone. This additional level of control will
advance the design of cellular mimics, as well as the ability to screen multiple ATPS compositions

for desired characteristics with a single experimental setup.
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Figure 1: Overview of droplet production and measurement methodology. (a) Schematic of

microfluidic setup showing the production of multiphase water-in-fluorocarbon oil emulsion
droplets. (b) Fluorescence intensity measurements of each phase are used to quantify polymer
concentration, leading to the mapping of a phase diagram. Inset: overlaid fluorescence image
shown. Dextran Alexa Fluor 488 (false colored green) and PEG Alexa Fluor 647 (false colored

blue). Scale bar 100 ym.



Materials and Methods:

Materials

Poly(ethylene glycol) (MW 8 kDa), Dextran from Leuconostoc mesenteroides (average MW 9
kDa to 11 kDa), Jeffamine ED-900 (O,0'-Bis(2-aminopropyl) polypropylene glycol-block-
polyethylene glycol-block-polypropylene glycol), HEPES (N-(2-Hydroxyethyl)piperazine-N'-(2-
ethanesulfonic acid)), methanol, Ficoll PM 70 (MW 70 kDa) (Figure S1), 40 kDa Ficoll-TRITC
(polysucrose 40-tetramethylrhodamine isothiocyanate, average MW 30 kDa to 50 kDa), 400 kDa
Ficoll-TRITC (polysucrose 400-tetramethylrhodamine isothiocyanate, average MW 350 kDa to
450 kDa), catalase from bovine liver (lyophilized powder, 2,000-5,000 units/mg protein), 3-(1,1-
dimethyl-2-hydroxyethyl)-3-amino-2-hydroxypropanesulfonic acid (AMPSO), sodium chloride
(NaCl, anhydrous), and Tris buffered saline were purchased from Sigma-Aldrich, Co. (St. Louis,
MO). Magnesium chloride hexahydrate and ammonium hydroxide were purchased from EMD
Millipore (Burlington, MA). HFE 7500 was acquired from 3M (Maplewood, MN) and TMC
Industries (Waconia, MN). Krytox 157 FSH was purchased from Miller-Stephenson (Danbury,
CT). Dextran Alexa Fluor 488 (MW 10 kDa) and Fluorescein-5-Isothiocyanate (FITC) were
purchased from ThermoFisher Scientific (Waltham, MA). BSA-TRITC (albumin from bovine
serum (BSA), tetramethylrhodamine conjugate) and ConA-TRITC (concanavalin A,
tetramethylrhodamine conjugate) were purchased from Invitrogen (Eugene, Oregon). m-PEG37-
NHS ester was purchased from BroadPharm (San Diego, CA). Details regarding the preparation
of PEG Alexa Fluor 647 and PEG-catalase-FITC, which were produced in-house, are found in

Text S1.

Fluorocarbon Oil Phase Preparation




The water-in-fluorocarbon oil emulsion system used was adapted from previously published
literature and was selected for its high stability and biocompatibility, as well as ease of
production.®®¢? The oil phase consisted of the fluorocarbon oil HFE 7500 with 1.8 wt.% Krytox
157 FSH ammonium salt. The Krytox 157 FSH was converted to its ammonium salt to ensure a
negative charge on its carboxylate headgroup. A mixture of 10 wt.% Krytox in methanol was
prepared, resulting in a cloudy solution with pH ~5. Ammonium hydroxide was added drop-wise
until the pH was above 7, at which point the Krytox partially precipitated from solution. The
methanol was decanted and was completely removed by blowing nitrogen gas over it and leaving
it under vacuum. The resulting Krytox was an extremely viscous liquid, which was dissolved in

HFE 7500 to 1.8 wt.%.

Forming Emulsions via Vortex Mixing

To prepare multiphase aqueous emulsions from bulk ATPS, first individual solutions of PEG
and dextran were prepared. The following method was used for both polymer solutions. The
polymer was dissolved into solution (5 mM HEPES, 1 mM MgCl,) at 40 wt.%, before being mixed
using both a vortex mixer and a rotisserie until fully dissolved (typically overnight). Then, 1 mL
of the solution was transferred to a separate container. The Jeffamine was slightly warmed to
ensure it was completely liquid, before it was added to the polymer solution to a final concentration
of 0.71 vol.%. Additionally, the appropriate labeled polymer (either PEG Alexa Fluor 647 or
dextran Alexa Fluor 488) was added to a final concentration of 0.25 vol.%. This solution was then
mixed completely via vortex mixing. A separate solution of only SmM HEPES, 1 mM MgCl,, and

0.71 vol.% Jeffamine was also prepared.



The bulk ATPS were prepared by mixing appropriate masses of the 40 wt.% PEG, 40 wt.%
dextran, and non-polymer containing solutions to achieve the desired final compositions. These
were then mixed completely using a vortex mixer. The final emulsions were prepared by mixing
200 uL of the previously prepared fluorocarbon oil phase (HFE 7500 with 1.8 wt.% Krytox) with
100 uL of the ATPS, which was pipette mixed before addition to ensure homogeneity during

emulsion formation. The emulsion was formed by vortex mixing for 15 seconds.

Forming Emulsions via Microfluidics

When performing a microfluidic experiment, the stock 40 wt.% polymer and non-polymer
containing solutions were prepared as described above. These were then used to prepare 20 wt.%
solutions of each polymer by mixing equal masses of the 40 wt.% polymer solution with the non-
polymer containing solution. These were mixed completely and used as the starting aqueous

solutions for the microfluidic trials.

Full details regarding the microfluidic system are found in Text S2. Two separate reservoirs
containing fluorocarbon oil phase were attached to the top and bottom inlets of the 2-reagent
droplet chip (100 pm etch depth, hydrophobic coating) (Dolomite Microfluidics, Royston, UK),
while the PEG and dextran solutions were connected to the middle two inlets (Figure 1A). The
pressure of all reservoirs was slowly increased until flow was observed in all channels. The
pressure of each channel was set to 500 mbar and the droplet production was allowed to stabilize
for 5 minutes (Figure S3B). Following this, the pressures could be adjusted, always keeping the
both fluorocarbon oil-containing channels at 500 mbar, and the total aqueous pressure at 1000

mbar. Samples were collected within Eppendorf tubes only after at least 1 minute had passed



following the change in pressure settings, to ensure all droplets produced under the previous setting
were clear of the device and outflow tubing. Droplets were collected for at least 1 minute to ensure
a large enough population to image. When complete, the microfluidic chip was cleaned by flowing

water, ethanol, and air through it respectively.

Quantifving Phase Composition Using Confocal Microscopy

All fluorescence and transmitted light images were acquired using a Leica (Wetzlar, Germany)
TCS SPS5 PL confocal microscope using a HC PL APO 20x/0.75 CS2 objective, using Leica LAS-

X software. Images were analyzed using ImageJ (National Institutes of Health).

The concentration of PEG and dextran in solution was determined by relating each polymer’s
relative dilution compared to its starting stock solution (40 wt.%), which contained a known
amount of fluorescently labeled polymer. First, calibration curves of both PEG and dextran were
obtained. Each polymer solution was prepared as described above, at 40 wt.% polymer and 0.25
vol.% labeled polymer solution. Using this starting stock and a non-polymer solution prepared as
described above, solutions of 35 wt.%, 30 wt.%, 25 wt.%, 20 wt.%, 15 wt.%, 10 wt.%, 5 wt.%,
and 0 wt.% were also prepared. These were emulsified in the fluorocarbon oil phase and observed
using confocal microscopy. Sequential scanning was used to ensure that each labeled polymer’s
emission did not interfere with the collection of the other dyes. Scanning settings were optimized
to ensure maximum intensity at 40 wt.%. At least three images of droplets were acquired for each
concentration. Then, using Image]J, the average fluorescence intensity of 30 droplets (10 from each
image) was recorded, as well as the intensity of the background (also 30 measurements), which

was subtracted from the fluorescence intensity. This was repeated for each solution, resulting in a



range of fluorescence intensity. This was related to the relative dilution of the starting solution
(e.g. the 20 wt.% sample had a relative dilution of 0.5 from the starting 40 wt.% stock) in order to
account for slight variations in the starting concentration of the stock solution in future trails.
Calibration curves were obtained using this method for both the PEG and dextran solutions (Figure

S4).

When phase-separated droplets were observed, three images were acquired sequentially using
both the PEG and dextran scan settings. Then four measurements were obtained from each set of
droplets: PEG intensity in the PEG-rich phase, PEG intensity in the dextran-rich phase, dextran
intensity in the PEG-rich phase, and dextran intensity in the dextran-rich phase. The background
intensity for both images was also measured. Each measurement consisted of 30 individual
droplets (10 from each image). After background subtraction, the calibration curves for each
polymer were used to determine the dilution of each phase relative to the starting PEG and dextran
solutions, and subsequentially the concentration of PEG and dextran in each phase. Additionally,

the tie line length (TLL) of each phase composition was calculated using:

TLL = \/(Cdex,dex—rich - Cdex,PEG—rich)2 + (CPEG,dex—rich - CPEG,PEG—rich)Z (1)
where Ciex dexsicn and Caexprcricn are the concentrations of dextran in the dextran-rich phase and
PEGe-rich phase, respectively, and Cpgg dgexsich and Cprc prcricn are the concentrations of PEG in the

dextran-rich phase and PEG-rich phase, respectively

Determining Partitioning of Solutes within Emulsion Droplets

The partitioning of solutes was explored using 40 kDa Ficoll TRITC, 400 kDa Ficoll TRITC,

BSA-TRITC, ConA-TRITC, and PEG-catalase-FITC. As the TRITC and FITC fluorescence
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emission overlapped with the previously collected dextran Alexa 488 scan when the 488 nm laser
line was used, it was necessary to obtain a separate dextran calibration curve with a reduced
emission collection window. The calibration curve was otherwise obtained as described above,

ensuring that minimal TRITC fluorescence was visible.

Stock solutions of each solute were prepared at the highest reasonable concentration viable given
their respective solubilities. This was done to ensure the brightest possible signal when the final
ATPS droplets were viewed using microscopy. Each stock solution was prepared in a solution with
5 mM HEPES and 1 mM MgCl,. Ficoll 40 kDa TRTIC was prepared at 3 mM, Ficoll 400 kDa
TRITC at 0.6 mM, BSA-TRITC at 0.6 mM, and ConA-TRITC at 10 mg/mL. Despite repeated
mixing, some solid remained present in the ConA-TRITC stock solution, as expected.®®
Additionally, as Ficoll can also phase-separate in the presence of PEG, dextran, or both,!4256465
sufficiently low concentration was selected to avoid this, with each solution visually checked for
turbidity to ensure no phase separation had occurred. The PEG-catalase-FITC solution was
prepared in-house, and the exact concentration was not determined. Instead, the solution was
repeatedly concentrated using a 10 kDa molecular weight cut-off centrifugal filter until sufficiently

concentrated to achieve a strong fluorescence microscopy image.

To explore partitioning, the solutes of interest were added to the 40 wt.% polymer solutions and
non-polymer containing solution (which were prepared as described above) at a concentration of
0.5 vol.% (from the stock solutions described above). This was done to ensure that the
concentration of solute was equal between both solutions in the microfluidic reservoirs, and so

would remain constant despite changing PEG:dextran solution mixing ratios.
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After droplet production, the droplets were imaged as described above, with an addition scan for
the labeled solute fluorescence. Then, the fluorescence intensity was measured for each phase
(with background subtraction) as described above (with 30 measurements total). For 40 kDa Ficoll
TRITC, 400 kDa Ficoll TRITC, and BSA-TRITC, where the solute fluorescence was similar
within all droplets, the effective partitioning coefficient (K) was calculated by dividing the average
intensity of the fluorescent solute in the PEG-rich phase (Ipgg) by the average intensity in the

dextran-rich phase (Lyextran):

K — IpEG (2)

lqextran

ConA-TRITC and PEG-catalase-FITC resulted in droplets with a distribution of intensity, likely
due to aggregation leading to uneven inclusion of solute between individual droplets. For these,
the effective partitioning coefficient was calculated for individual droplets first, before being
averaged for each sample, as the partitioning coefficient is not concentration-dependent and is the

same for each droplet with identical phase compositions.

To calculate the change in concentration of each solute within the individual droplet phases with
varying PEG:dextran pressure ratio, first the droplet morphology was measured, resulting in the
calculated volume ratio of the PEG-rich and dextran-rich phases, as detailed in Text S3. Then, the
concentration of solute in each phase was calculated by first determining the concentration in the
dextran-rich phase using the starting bulk concentration (Cy,i) of each solute, the calculated PEG-
rich:dextran-rich volume ratio (Ry), and the measured effective partitioning ratio (K):

Chuik(1+Ry)
C = — 3
dextran 1+K*R,, ( )

Then, the concentration in the PEG-rich phase was calculated using

12



CPEG =K * Cdextran (4)

Results and Discussion

To explore the microfluidic production of multiphase water-in-oil emulsion droplets with
controllable solution microenvironments, we selected the well-understood ATPS of PEG (MW 8
kDa) and dextran (MW 10 kDa)*?*2> and produced an emulsion using a fluorocarbon oil-based
continuous phase.® As our microfluidic platform, we chose to use a pre-manufactured glass chip
designed to mix two solutions to form the interior of the droplets, allowing us to change the

pressure of each polymer solution, and thus their mixing (Figure 1A).

We first show a means to quantify the resulting aqueous phase compositions of the droplets
through fluorescence microscopy alone by measuring the intensity of fluorescently-labeled
moieties of the polymers participating in phase separation. We then apply this technique onto
droplets created through microfluidics, exploring the degree of control we have over phase
composition through the manipulation of microfluidic parameters alone. Finally, we examine how
this influence manifests in the partitioning of various biologically-relevant macromolecular

solutes.

Measuring Bulk-Prepared ATPS Phase Composition

In order to validate the measurement of phase composition via fluorescence microscopy (as
described in Text S4), the method was first explored using bulk PEG-dextran ATPS of known

concentration in the form of multiphase water-in-fluorocarbon oil emulsion droplets. By preparing
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the ATPS before emulsification, the total concentration of PEG and dextran could be specified.
Then, after measuring the concentration of the phases using the calibration curves obtained above,
the resulting tie line length could be calculated and subsequently plotted as a phase diagram, where
the tie lines could be compared to the known bulk compositions. Additionally, non-phase-
separated samples were explored, to verify the method regardless of phase separation behavior.
Eighteen bulk concentrations were chosen, spanning across both the single-phase and phase-
separated regions of the phase diagram, ranging from 6 wt.% PEG/3 wt.% dextran to 20 wt.%

PEG/20 wt.% dextran.

Of the chosen concentrations, four samples did not phase separate and an additional sample (8
wt.% PEG/8 wt.% dextran) exhibited a mix of phase separated and non-phase separated droplets.
This final sample likely contained a bulk composition of polymers extremely close to the binodal,
resulting in slight variations in polymer composition shifting phase behavior drastically. As such,
it was excluded from measurements. For the remaining non-phase-separated samples, the
concentration of PEG and dextran calculated from the fluorescence intensity agreed well with the

known bulk concentration (Figure S6A).

The samples with polymer concentrations high enough to cause phase separation were imaged
and the concentration of PEG and dextran was measured in both phases. Two samples (15 wt.%
PEG/15 wt.% dextran and 20 wt.% PEG/20 wt.% dextran) demonstrated at least one phase with a
fluorescence higher than that accounted for in the calibration range, indicating that the polymers
were concentrated above 40 wt.%. As these were outside of calibration, they were not included in

further analyses. When the remaining phase compositions were calculated, the resulting tie lines
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could be measured and plotted, where they formed a distinct phase diagram with a clear binodal
line (Figure S6C). Additionally, when the known bulk concentrations of the ATPS were plotted,
they fell close to the tie lines drawn between the phase compositions measured with microscopy,

indicating a good agreement between the two methods (Figure S6A).

To demonstrate the range of the phase diagram that could be explored with this technique, we
prepared samples containing equal bulk concentrations of PEG and dextran ranging from 9 wt.%
PEG/9 wt.% dextran to 14 wt.% PEG/14 wt.% dextran. As the bulk concentration increased, the
resulting phase compositions become more distinct, visualized on a phase diagram as extending
further out into the phase-separated region (Figure 2A), and within microscopy images as an
increasing contrast in fluorescence between the two phases. The resulting length of the tie lines
were quantified as a means of determining the degree of chemical dissimilarity between the two
phases. As the composition of the bulk ATPS changed, so did the TLL, increasing as the bulk

concentrations increased (Figure 2B).

In order to determine whether this technique could be used to select the desired phase
composition of a given droplet system, we prepared a series of compositions expected to have the
same tie line length, using the phase diagram generated by the bulk ATPS to select potential bulk
concentrations of PEG and dextran (Figure 2C). Although these bulk ATPS contained widely
varying total concentrations of each polymer, they demonstrated similar TLL, indicating that the

final compositions of each phase after phase separation were very similar (Figure 2D).
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Microfluidic Production of ATPS Droplets

When producing an ATPS via the mixing of two solutions, the amount of each solution
incorporated into the resulting system determines the final bulk phase composition of the ATPS,
as each solution dilutes the other. To control this with microfluidics, we separated the PEG and
dextran solutions and specified the pressure applied to each, thus governing the degree of mixing.
Although the concentration of PEG and dextran in the microfluidic reservoirs remained constant,
this variation in mixing allowed us to scan through compositions with varying TLL by changing
the amount of each solution incorporated into the final droplets. Practically, this was determined
by the ratio of pressures applied to each fluid, which we express as Rpgc.gexran (defined as the
pressure of the PEG solution divided by the pressure of the dextran solution). In order to simplify
the influencing factors between different pressure configurations, the total aqueous pressure was
set constant at 1000 mbar (i.e., Prgg + Paexwan = 1000 mbar). The pressure of the fluorocarbon oil

phase was also kept constant, with both reservoirs maintained at 500 mbar.

Droplets were produced over a range of Rpgg.gexian from 0.5 to 5, with sixteen total pressure ratios
explored. After collection, confocal microscopy confirmed that each produced a monodisperse
population of droplets. Droplets produced with a Rpgc.dexean at or below 0.8 were not phase
separated, indicating that the resulting concentrations of PEG and dextran was located in the
single-phase region of the phase diagram (Figure 3, left). However, for Rpgg.gexuan at or above 0.9,
phase separation was observed, with clearly complete phase separation occurring at Rpgc.dextra Of
1.25 (Figure 3, middle). As the pressure of the PEG solution increased, more PEG was
incorporated into the droplets, lengthening the resulting TLL as the resulting droplet composition

shifted further into the two-phase region on the phase diagram. Additionally, the relative phase
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volumes of the droplets changed, with the PEG-rich phase contributing more to the droplets’

volume as Rpgc.dexran increased (Figure 3, right).

5 ‘

Figure 3: Laser scanning confocal microscopy images of water-in-fluorocarbon oil emulsion
droplets produced via microfluidics at varying PEG:dextran pressure ratios. Fluorescence channels
have been false colored and overlaid, with the brightness adjusted for viewing: PEG Alexa Fluor

647 (blue) and dextran Alexa Fluor 488 (green). Scale bar 200 ym.

When the compositions of the phases were measured, they were again found to form the binodal
line of a phase diagram (Figure 4A). As Rpgg.dexran InCreased, the phase compositions shifted further
into the phase-separated region of the phase diagram, confirming that the variation in pressure
ratio resulted in a variation of solution incorporation into the droplets, changing the final
composition and the resulting TLL. Accordingly, the PEG:dextran effective partitioning ratio was

calculated for the included fluorescently labeled PEG and dextran, showing that each partitioned
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more strongly into their respective polymer-rich phase as the PEG:dextran pressure ratio was
increased (Figure 4B) This was further quantified by calculating the length of the tie lines for each
set of droplets produced, which was compared to the set PEG-dextran pressure ratio (Figure 4C).

AS Rprg.extan Increased, the length of the tie lines also increased.
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in-fluorocarbon oil emulsion droplets produced via microfluidics. (a) Measured phase composition
of produced ATPS emulsion droplets ranging from Rpgg.dexran Of 0.9 to 5. (b) Partitioning of PEG
Alexa Fluor 647 (blue) and dextran Alexa Fluor 488 (green) within phase-separated droplets vs.
the PEG:dextran pressure ratio used to produce the droplets. (c) Graph of calculated tie line length

vs. the PEG:dextran pressure ratio used to produce the droplets.

Controlling Partitioning Behavior with Microfluidic Parameters

In order to examine how our control over the TLL of the polymer phase composition within the
multiphase droplets translated into control of solute partitioning and concentration, we selected
solutes which are known to have preferential partitioning within PEG-dextran ATPS. This
partitioning was quantified as an effective partitioning coefficient, which was calculated by taking
the ratio between the fluorescently labeled solutes’ intensity in the PEG-rich phase and the
intensity in the dextran-rich phase. First, we examined solutes expected to partition into the more
hydrophilic dextran-rich phase. Ficoll, a highly branched polysucrose, was an ideal candidate, as
it is chemically similar to dextran, a glucan (Figure S1). Additionally, we selected both 40 kDa
and 400 kDa Ficoll, as partitioning is also dependent on solute size, with larger solutes generally
exhibiting stronger partitioning.?*3767 Previous observations without our lab have demonstrated
its preference for the dextran-rich phase of a PEG/dextran ATPS, making it an ideal starting point

for examining our control over partitioning strength.

The experimental trails with Ficoll TRITC (40 kDa and 400 kDa) were prepared such that the
concentration of the solute was equal in both the PEG and dextran starting solutions, to ensure
equal incorporation across all Rpgg.gexran- While emulsions were produced with Rpgg.gexian ranging

from 0.5 to 5, only those droplets produced with Rpgg.dexran greater than or equal to 1.25
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demonstrated phase separation. This was the case for all emulsions prepared with additional
solutes. This differed from the emulsions prepared without additional solutes, where a Rpgg.dextran OF
0.9 was required for phase separation. Likely, the inclusion of the solutes shifted the location of
the binodal line such that a different polymer composition was required for phase separation to

occur.

Ficoll partitions to the dextran-rich phase, resulting in K < 1. Here, Ficoll 40 kDa TRITC
demonstrated an effective partitioning coefficient of 0.78 + 0.6 at the lowest Rpgg.dextran (1.25),
which decreased to 0.61 + 0.4 as Rppg.gexnan Was increased to 5 (Figure 5C). This relatively modest
~1.3-fold increase in partitioning strength was within the error of our measurements. In contrast,
Ficoll 400 kDa TRITC exhibited not only a stronger partitioning overall, but a larger change, as
its partitioning began at 0.40 + 0.05 before reducing to 0.16 + 0.02, resulting in a 2.5-fold increase
in partitioning strength. This difference between the 40 kDa and 400 kDa MW Ficoll reflected the

expected trend of larger molecular weight solutes generally showing stronger partitioning.37667

Additionally, we selected several well-explored proteins (BSA and ConA) to serve as
representative biomacromolecules and demonstrate the ability to partition and concentrate
biologically relevant solutes. These fluorescently labeled solutes, BSA-TRITC and ConA-TRITC,
were included similarly to the Ficoll 40 kDa TRITC and Ficoll 400 kDa TRITC described above,
starting at an equal concentration in the PEG and dextran solutions. After droplet production, the
BSA-TRITC showed a 2.9-fold increase in partitioning strength, decreasing from 0.55 + 0.08 to
0.19 £ 0.03. The ConA-TRITC yielded the largest change, starting at a partitioning coefficient of

0.33 +0.09 before reducing to 0.05 +0.02, a 6.6-fold increase in partitioning strength (Figure 5B).
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Figure 5: Partitioniné of fluorescently labeled solutes within ATPS emulsion droplets. (a) Example
microscopy image of PEG-catalase-FITC partitioning within PEG:dextran ATPS emulsion
droplets (RpgG.dexran = 2.5). The fluorescence channel has been false colored red. Scale bar 200 xm.
(b) Example microscopy image of Concanavalin A-TRITC partitioning within PEG:dextran ATPS
emulsion droplets (Rpgg.aexran = 3). The fluorescence channel has been false colored red. Scale bar
200 um. (c) Graph showing effective partitioning of fluorescently labeled solutes within
PEG:dextran ATPS multiphase droplets vs. the PEG:dextran pressure ratio used to produce the

emulsions.

As all of these solutes exhibited preferential partitioning into the dextran-rich phase of the
produced PEG/dextran ATPS emulsion droplets, we selected a final solute to demonstrate the
ability to control the partitioning of solutes within the PEG-rich phase. Because all of the solutes
tested above partitioned into the dextran-rich, we selected a PEGylated protein as the final solute
of interest: PEG-catalase-FITC. After incorporation into the droplets, we observed partitioning

into the PEG-rich phase, as expected, and measured the partitioning coefficient at 1.9 + 0.2 when

23



RpeGudextran Was 1.25. At Rppguaexan Of 5, the partitioning coefficient had increased to 3.1 + 0.2,

showing a 1.6-fold increase in partitioning strength (Figure 5A).

In addition to experimentally determining the effective partitioning ratio of each solute using
fluorescence intensity, the concentrations of the solutes within the individual phases were also
estimated at both the lowest Rpgg.gexiran Of 1.25, and the highest of 5. As Rpgg.gexran Was changed, not
only did the phase compositions and resulting solute partitioning behavior change, but also the
relative volumes of the PEG-rich and dextran-rich phases. These individual volumes were
estimated using microscopy images and used to calculate the volume ratio between the two phases
(Figure S5). Using these values, as well as the known starting concentration of each solute in the
bulk samples and the effective partitioning ratios, the estimated local solute concentration in both
phases was calculated (Tables S1 and S2). All solutes for which the starting bulk concentration
was known (excluding PEG-catalase) showed an increase in local concentration within their
preferential phase when Rpgg.exean Was increased, reflecting the increase in partitioning strength
also observed above (Figure S7, Tables S1 and S2). The largest increase in local concentration was
demonstrated by ConA, which had begun at a starting bulk concentration of 0.05 mg/mL. This was
increased to 0.088 + 0.015 mg/mL in the dextran-rich phase with a PEG:dextran pressure ratio of
1.25, and further concentrated to 0.31 + 0.04 mg/mL at the highest PEG:dextran pressure ratio of

5.

Conclusions
We have demonstrated how tie-line length can be used to rationally control the distribution of
biomolecular solutes within phase-separated aqueous droplets produced via microfluidics.

Multiphase aqueous water-in-fluorocarbon oil emulsion droplets were created with control over
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their final phase composition and resulting partitioning behavior via rational adjustments to the
microfluidic parameters used to create them. This was accomplished through the microfluidic
selection of specific ATPS compositions with varying tie line lengths, measured using
fluorescence confocal microscopy to quantify the concentration of PEG and dextran in both
aqueous phases. After determining the relation between microfluidic parameters (i.e. PEG:dextran
pressure ratio) and the resulting ATPS tie line length, the chemical microenvironments of the final
multiphase emulsion droplets could be chosen, allowing the adjustment of solute partitioning

behavior within them via microfluidic changes alone.

The control afforded by the ability to design ATPS w/o emulsion droplets with a desired
composition has obvious implications in the incorporation of reactions. Tuning the partitioning
coefficient of reagents between phases allows for influence over local concentration, reaction
initiation, and reaction rate.* While this facilitates the modeling of the cellular environment’s
compartmentalization, it also could have importance in the fine-tuning of systems without direct
mimicry in mind as well, such as the reaction of biomineralization, where partitioning and droplet
morphology are critically important to the final mineral formed.!”> We intend for these results to
provide a tool that enables directed design of multiphase systems for potential applications within

the broad fields that utilize aqueous phase separation.
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