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Shear and endothelial induced late-stage calcific
aortic valve disease-on-a-chip develops calcium
phosphate mineralizations†

Melissa Mendoza, a Mei-Hsiu Chen,b Peter Huangc and Gretchen J. Mahler*a

Calcific aortic valve disease (CAVD) is an active pathobiological process leading to severe aortic stenosis,

where the only treatment is valve replacement. Late-stage CAVD is characterized by calcification,

disorganization of collagen, and deposition of glycosaminoglycans, such as chondroitin sulfate (CS), in the

fibrosa. We developed a three-dimensional microfluidic device of the aortic valve fibrosa to study the

effects of shear stress (1 or 20 dyne per cm2), CS (1 or 20 mg mL−1), and endothelial cell presence on

calcification. CAVD chips consisted of a collagen I hydrogel, where porcine aortic valve interstitial cells

were embedded within and porcine aortic valve endothelial cells were seeded on top of the matrix for up

to 21 days. Here, we show that this CAVD-on-a-chip is the first to develop human-like calcified nodules

varying in calcium phosphate mineralization maturity resulting from high shear and endothelial cells,

specifically di- and octa-calcium phosphates. Long-term co-culture microfluidic studies confirmed cell

viability and calcium phosphate formations throughout 21 days. Given that CAVD has no targeted therapies,

the creation of a physiologically relevant test-bed of the aortic valve could lead to advances in preclinical

studies.

Introduction

Calcific aortic valve disease (CAVD) is an active
pathobiological process ranging from mild valve thickening
(aortic sclerosis) to severe leaflet calcification (aortic
stenosis).1–3 Late-stage CAVD has been characterized by
increased leaflet stiffness due to the formation of calcified
nodules, the disorganization of collagen bundles, and the
deposition of glycosaminoglycans (GAGs), such as chondroitin
sulfate (CS), in the fibrosa layer.2,4 In the United States, it is
reported that the prevalence of moderate to severe calcific
aortic stenosis in patients ≥75 years old is 2.8% and is
projected to more than double by 2050.5 Current treatments
for CAVD include surgical valve replacement and/or minimal
drug interventions tailored to other cardiovascular diseases.1

Advances in valve disease research have conventionally relied
on animal and static cell culture models, but engineered

dynamic models may help to further the understanding of
CAVD onset and progression in a mechanically-complex
environment. Organ-on-a-chip models, or microfluidic
systems integrating living cells to mimic multicellular
architectures and organ functional units, have emerged as
tools to study tissue pathophysiology in vitro. Organ chips
utilize engineering and cell biology to provide a mechanically-
complex environment capable of recapitulating in vivo
biological responses.6

The aortic valve is made up of three semilunar leaflets,
each composed of three distinct layers characterized by their
extracellular matrix (ECM) composition and orientation. The
fibrosa layer is composed of circumferentially-aligned
collagen fibers, the spongiosa is composed of collagen and
randomly-oriented proteoglycans rich in GAGs, and the
ventricularis is composed of mostly radially-orientated
elastin. These layers are sandwiched between protective
endothelial cell layers that provide mechanical strength,
elasticity, and structural integrity to withstand various
mechanical forces.7,8 Leaflets are constantly exposed to shear,
flexure, tension, and compression during each cardiac cycle,
yet modelling this environment in vitro can be challenging
due to their rapid, constant motion in vivo.9–11 The calcific
nodule-prone fibrosa is exposed to low (1 dyne per cm2)
oscillatory shear stress, while the ventricularis experiences
high (20 dyne per cm2) steady shear (Fig. 1a). Higher levels of
shear stress on the fibrosa side have been reported in cases

1374 | Lab Chip, 2022, 22, 1374–1385 This journal is © The Royal Society of Chemistry 2022

a Department of Biomedical Engineering, Binghamton University, P.O Box 6000,

Binghamton, NY, 13902, USA. E-mail: gmahler@binghamton.edu;

Tel: +1(607)777 5238
bDepartment of Mathematical Sciences, Binghamton University, Binghamton, NY,

13902, USA
c Department of Mechanical Engineering, Binghamton University, Binghamton, NY,

13902, USA

† Electronic supplementary information (ESI) available: Supplementary methods
and Fig. S1–S4. See DOI: 10.1039/d1lc00931a

http://orcid.org/0000-0002-0856-3815


Lab Chip, 2022, 22, 1374–1385 | 1375This journal is © The Royal Society of Chemistry 2022

of aortic stenosis.7 These forces are important in determining
several biological responses, such as gene expression, protein
activation, and changes in cell phenotype. Abnormal cardiac
forces, specifically in CAVD pathogenesis, can induce ECM
remodelling, alter cell proliferation and morphology, and
initiate apoptosis, ultimately leading to disease initiation and
progression within the fibrosa.9,11–13

Given the knowledge gaps in human CAVD pathophysiology,
animal models emerged as vital tools in pre-clinical
pharmacological studies. However, common CAVD animal
models, such as mice, rabbits and pigs do not fully recreate
human biological responses and/or require significant time and
maintenance. Moreover, mice do not share human-like valve
anatomy, rabbits cannot spontaneously develop atherosclerotic
lesions, and pigs require long, expensive, and complex
studies.14

Despite the myriad of pre-clinical and clinical valve
studies, many details of the human CAVD pathological
cascade remain unknown. Healthy and viable human aortic
valve leaflet tissue is not realistic to obtain given that most
are from valve replacement surgeries. However, similar to
that of human physiology, pigs develop atherosclerotic

vascular and valvular sclerosis when fed high-fat and high-
cholesterol diets for 2 weeks to 6 months, and have trilayer
leaflets and comparable anatomical structure.14,15 Further,
porcine interstitial and endothelial cells are commonly used
for in vitro valve models due to well-established isolation
protocols and tissues are more readily-accessible than healthy
human tissue.2,12,14,16 In vitro models further explore human/
porcine similarities and allow study timelines to shorten
from 3–8 months in animal models to 2–21 days in benchtop
models.14 Several research groups have developed static two-
dimensional (2D) and three-dimensional (3D) aortic valve
models utilizing different approaches, such as transwells,
novel biomaterials, and bioengineered or natural hydrogels.
Gould et al. utilized porcine aortic valve interstitial cells
(PAVIC) and porcine aortic valve endothelial cells (PAVEC)
embedded into a poly(ethylene glycol)/transwell platform to
identify various co-culture signalling pathways for up to 9
days.17 Tseng et al. developed a 3D PAVIC + PAVEC co-culture
assembly using magnetic levitation to study cell phenotypes
and ECM production over 3 days.18 Hjortnaes et al. induced
endothelial-to-mesenchymal transformation (EndMT) with
transforming growth factor beta-1 (TGFβ-1) and osteogenic
medium in transwells to study the interaction between ovine
aortic valve endothelial and interstitial cells over 14 days.19 A
separate study by Hjortnaes et al. combined methacrylated
gelatin and hyaluronic acid to form a 3D hydrogel platform
to study PAVIC phenotypic fate as a response to substrate
stiffness and TGFβ-1 in 21 days.20 Dahal et al. utilized
collagen I(COL-I)-GAG hydrogels with PAVEC to identify the
role of EndMT in both early- and late-stage CAVD in 48-hour
cultures.4 Most recently, Gee et al. developed a mechanically-
constrained COL-I hydrogel embedded with PAVIC and/or
PAVEC to study their intercellular communication via
paracrine signalling over 7 days.21

While static in vitro models of the aortic valve have
emerged as alternatives to animal models, valves are
mechanically complex and a dynamic environment is needed
to study valvular mechanobiology. There have been few
research groups to study aortic valve disease in vitro under
dynamic conditions. In 2006, Butcher et al. applied
continuous steady shear (20 dyne per cm2) for 48 hours in a
parallel plate flow system to study valvular and vascular
hemodynamics.22 Furthermore, Butcher and Nerem studied
the effects of shear stress on a 3D PAVIC + PAVEC co-culture
model for up to 96 hours.23 Young et al. developed a
microfluidic device to compare cell–ECM interactions
between PAVEC and vascular endothelial cells under 11–220
dyne per cm2 steady shear for 4, 8, and 12 minute intervals.24

Chen et al. developed a methacrylated gelatin/bilayer
membrane device to model PAVIC + PAVEC paracrine
interactions over 24 hours under 20 dyne per cm2 steady
shear.25 Mahler et al. characterized the role of shear stress on
EndMT in a 3D microfluidic bioreactor utilizing PAVEC
exposed to shear (2, 10, and 20 dyne per cm2) over 48
hours.26 Wang et al. developed an organ-on-a-chip device to
study the application of mechanical stimulation (0–4.26 dyne

Fig. 1 Aortic valve anatomy and experimental comparison. a. Healthy
aortic valve, leaflet microstructure, and native shear stresses. b.
Experimental methods of static and dynamic aortic valve fibrosa model
(COL-I = collagen-I, PAVIC = porcine aortic valve interstitial cells,
PAVEC = porcine aortic valve endothelial cells, GAG =
glycosaminoglycan, CS = chondroitin sulfate).
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per cm2) on PAVIC transformation throughout 4 days.27 Most
recently, in 2018, Lee et al. explored the mechanobiological
response of PAVEC under shear stress (up to 20 dyne per
cm2) and frequency profiles (0.8–2 Hz) within a microfluidic
generator throughout 24 and 48 hours.28 Still, there is room
for further exploration and innovation in the field of aortic
valve microfluidics to model valvular diseases and expand
pre-clinical tools. Physiologically-relevant dynamic valve
models have the potential to elucidate the pathophysiology of
human CAVD.

Here, we developed a 3D microfluidic device of the aortic
valve fibrosa layer capable of cell culture for up to 21 days to
study the effects of shear stress, endothelial cells, and
chondroitin sulfate on in vitro calcification. We assessed the
hypothesis that culture calcification will increase with
endothelial cell presence, high chondroitin sulfate
concentration, and high shear rates. This hypothesis was
tested by comparing static (no shear) and dynamic (1 or 20
dyne per cm2 shear stress) 3D hydrogel cultures via (1)
qualitative and quantitative Alizarin Red S staining analysis,
(2) scanning electron microscopy with energy dispersive X-ray
spectroscopy analysis, and (3) long-term culture viability.

Experimental
Materials and methods

CAVD on-a-chip devices were fabricated using soft
lithography and corona discharge, and contain an internal
3D hydrogel matrix. Disease progression was assessed using
Alizarin Red S and scanning electron microscopy with energy
dispersive X-ray spectroscopy, and culture viability was
examined with confocal microscopy. The following sections
provide detailed Materials and methods.

Microchannel fabrication

Detailed methods are provided in ESI.†

Device design

The polydimethylsiloxane (PDMS) (Sylgard-184, Dow Corning)
devices consisted of a flow channel (30 mm × 15 mm × 50
μm), and an internal cylindrical reservoir (6 mm diameter × 3
mm) for containing a 3D matrix. Mina et al. previously
characterized the computational fluid dynamics within this
microchannel.29 Detailed methods are provided in ESI.†

Primary cell culture

All models utilized PAVIC and/or PAVEC isolated from tissues
obtained at local abattoirs, as described in Gould and
Butcher.16 PAVIC (passage 3) were grown to confluency in
Dulbecco's modified Eagle medium (DMEM) (Gibco Life
Tech) supplemented with 10% fetal bovine serum (FBS)
(VWR) and 1% penicillin–streptomycin (Gibco Life Tech).
PAVEC (passages 3–5) were grown to confluency in a 50 μg
mL−1 COL-I-coated (Corning) flask in DMEM supplemented

with 10% FBS, 1% penicillin–streptomycin, and 50 U mL−1

heparin sulfate (Sigma-Aldrich) prior to seeding experiments.

Hydrogel fabrication

The 3D ECM was made by mixing a PAVIC pellet at 1 × 106

cells per mL with sterile 3XDMEM, 18 MΩ water, FBS, 0.1 M
sodium hydroxide (Sigma-Aldrich), and rat-tail COL-I
(Corning) on ice. Hydrogels consisted of 1.5 mg mL−1 COL-I-
only healthy controls or 1.5 mg mL−1 COL-I with CS (Sigma-
Aldrich) (early-disease = 1 mg mL−1 or late-disease = 20 mg
mL−1). In static conditions, PAVIC-embedded 300 μL
hydrogels were seeded into 50 μg mL−1 Cell-TAK™ pre-
treated (Corning) 24-well plates (Corning). After 1 hour,
PAVEC were seeded onto the matrix at 95 000 cells per cm2 in
400 μL PAVIC medium, and medium was replaced every 48
hours. In dynamic conditions, the PAVIC-embedded (1 × 106

cells per mL) hydrogel was injected into the pre-treated
PDMS middle layer utilizing a 23G sterile needle (BD) and
allowed to crosslink for 1 hour. PAVEC (95 000 cells per cm2)
were introduced onto the matrix via microchannel inlet and
allowed to attach for 4 hours prior to the flow initiation. Each
device was then connected to a peristaltic pump (205S,
Watson Marlow) using 0.51 mm inner diameter tubing (Cole-
Palmer) and 0.79 mm inner diameter connector tubing (Cole-
Palmer). Steady shear stresses of 1 or 20 dynes per cm2 were
applied to the top of the matrix by controlling the flow rate.
A recirculating 500 μL reservoir of PAVIC medium was
replenished every 48 hours. Static and dynamic conditions
were placed at 37 °C and 5% CO2 for up to 21 days (Fig. 1b).

Alizarin Red S (ARS) staining

Disease progression was assessed following experimentation
with ARS (Sigma-Aldrich), a histological stain for calcium
deposition.30–32 Static and dynamic hydrogels were washed 3
times with 1× phosphate buffered saline (PBS) (10× PBS
Ultrapure, VWR), fixed with 4% paraformaldehyde (PFA)
(Sigma-Aldrich) in 1× PBS overnight at 4 °C, washed again 3
times with 1× PBS, and stained with 40 mM ARS (pH 4.1–4.3)
for 20 minutes using gentle agitation.26 Unbound ARS stain
was removed with 18 MΩ water washes and gentle agitation
till all unbound dye was removed from hydrogels. Brightfield
images (Eclipse Ts2, Nikon) were obtained and used to
quantify nodule areas and pixels stained in ImageJ.33 Nodule
area quantification was obtained using measurement tools to
identify the surface area of individual nodules. Additionally,
the percent-stained area was quantified: images were
converted to 16-bit, converted to binary using a threshold to
distinguish the background (black pixels) from calcified
nodules (white pixels), and obtained the percent-stained area
per image with the particle analysis tool. Image
quantifications represented as n ≥ 4 images per condition.
Bound ARS stain was then released from hydrogels with 10%
acetic acid (Amresco) in 18 MΩ water overnight using gentle
agitation, submerged in a bath sonicator for 1 hour, heated
for 10 minutes at 85 °C, placed on ice for 5 minutes and
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centrifuged at 19357 × g for 15 minutes. The supernatant was
neutralized with 10% ammonium hydroxide (Sigma-Aldrich)
in 18 MΩ water and absorbance was read at 405 nm using
Gen5™ (BioTek) with a plate reader (Synergy H1, BioTek),
where ARS concentration was calculated using a standard
curve.31,32 All conditions contained n ≥ 3 hydrogels, where
each dynamic data point represents a microfluidic device and
each static data point represents average per experiment.

Scanning electron microscopy with energy dispersive X-ray
(SEM/EDX) spectroscopy

Disease progression was also assessed with SEM/EDX, an
imaging and spectroscopy technique to analyze
microstructure and chemical composition.34–37 Following 3–
21 days, static and dynamic hydrogels were washed 3 times
with 1× PBS, fixed with 4% PFA overnight, and washed again
3 times with 1× PBS. Samples were subjected to ethanol
(Koptec) dehydration for 20 minutes each: 50%, 70%, 95%,
and 100% ethanol in 18 MΩ water, and again 100% ethanol
in 18 MΩ water. Samples were then subjected to
hexamethyldisilazane (HMDS) (Sigma-Aldrich) dehydration
for 20 minutes each: 1 : 2 HMDS : 100% ethanol, 2 : 1 HMDS :
100% ethanol, 100% HMDS and again 100% HMDS overnight
till the sample dried out in the fume hood.35,37 Samples were
mounted onto aluminum sample holders with carbon tape
(Electron Microscopy Sciences) and prepared with 15 nm
carbon coat (Cressington 208C, Ted Pella). Samples were
imaged under SEM (FE-SEM Supra-55 VP, Zeiss) with the
following parameters: 3–5 kV, 6–8 mm working distance, and
the In-Lens detector. EDX analyses were performed with the
following SEM and software (EDAX GENESIS v5.11, Ametek)
parameters: 15 kV, 8.5 mm working distance, and 12.5–51.2
μs Amp Time to ensure 10–40% dead time. Data represented
as n ≥ 5 measurements per condition in atomic percent
(At%) and calculations of At% calcium to phosphorous ratios
(Ca/P) were used to quantify calcium phosphate
mineralizations.

Viability assessment

Static and dynamic cultures were observed throughout 21
days to assess cell morphology and long-term viability. After
days 3, 7, 14, or 21, hydrogels were washed 3 times with 1×
PBS, stained with 3 μM calcein AM (488/520 nm, Thermo
Fisher) for 30 minutes at 37 °C and 5% CO2, and imaged
utilizing confocal laser scanning microscopy (LSM 880,
Zeiss). Images were further used to assess cell area and
circularity at 14 and 21 days; detailed methods are provided
in ESI.†

Statistical analysis

All data was presented as mean ± standard error of the mean
(SEM), where analyses were conducted in GraphPad Prism 8
(GraphPad). The Kruskal–Wallis tests with Dunn's multiple
comparisons post-hoc tests were used to compare groups,
where p-value < 0.05, was considered statistically significant.

Experimental sample sizes (n) were specified in methods and
figure legends.

Results & discussion
Results

Shear stress and endothelial cells drive microfluidic
derived calcification in 14 days. Microfluidic devices were
used in 14 day studies with PAVIC-only embedded into COL-I
hydrogel constructs and demonstrated minimal calcification,
as seen in qualitative and quantitative ARS results (Fig. 2 and
3 and S1†). ARS stain concentration increased in the presence
of increasing shear compared to static controls (Fig. 3a–c). In
the presence of either 1 or 20 mg mL−1 CS, average nodule
area decreased in dynamic environments (Fig. 3d–f).
Additionally, regardless of GAG concentration, total average
percent-stained area increased in the presence of shear stress
compared to that of static controls (Fig. 3g–i). To further
enhance the aortic valve fibrosa model and determine the
role of endothelial cells, PAVEC were seeded onto the 3D
constructs for 14 day studies. Co-culture models likewise
demonstrated that increased shear stress resulted in
increased calcification (Fig. 2 and 4 and S1†). As seen in ARS
qualitative results, there was an increase in calcified nodules
present in dynamic conditions compared to static models
and interstitial cell-only cultures (Fig. 2 and S1†).
Quantitatively, ARS concentration increased as shear stress
increased, regardless of the GAG concentration in the culture
(Fig. 4a–c). In the presence of both 1 or 20 mg mL−1 CS,
surface area analysis of nodule size indicated that the average
nodule area decreased with shear stress (Fig. 4d–f). Similar to
that of ARS stain quantification, the total percent-stained
area in qualitative analysis indicated that increased shear
also resulted in increased stained area regardless of CS
concentration (Fig. 4g–i). Although individual nodule areas
were smaller in dynamic conditions, they constituted a larger
percent-stained area (Fig. 2–4).

SEM/EDX reveals calcified nodule microstructure and
presence of calcium phosphate mineralizations. SEM/EDX
spectroscopy was used to support ARS results. Given results
of high GAG content (20 mg mL−1 CS) and high shear stress
(20 dyne per cm2) combined, this study explored nodule
formation under SEM compared to their static counterparts.
Calcified nodule microstructure showed mineral structures
embedded within the fibrous COL-I matrix, specifically
localized around fiber bundles (Fig. 5a). EDX analysis
revealed the presence of several elements including: carbon,
nitrogen, oxygen, sodium, magnesium, aluminum, silicon,
phosphorous, sulfur and calcium (Fig. 5b, c and 6). Given the
elements of interest in calcification studies, EDX analyses
demonstrated At% for calcium, phosphorous, magnesium,
and aluminum. Results indicated higher calcium and
phosphorous At% in dynamic hydrogels compared to static
controls, and significantly higher percentages in co-culture
samples compared to those with PAVIC-only (Fig. 5b and d).
Elemental percentages for each condition, including
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magnesium and aluminum trace elements, were further
compared (Fig. S2†). Ca/P ratios, demonstrating the level of
mineralization, were plotted to show each measurement
against a variety of well-studied pathobiological calcium
phosphates with increasing maturity leading to
hydroxyapatite (Ca/P = 1.67) formation. Results indicated that
dynamic-derived calcified nodules were composed of several
forms of naturally-occurring calcium phosphates
(Fig. 5d and e). In PAVIC-only studies, Ca/P ratios aligned
with dicalcium phosphates (Ca/P = 1) where Ca/P = 1.13 ±
0.04 at high shear and Ca/P = 1.08 ± 0.12 when combined
with high CS (Fig. 5d). In PAVIC + PAVEC studies, Ca/P ratios
aligned with dicalcium phosphates and octacalcium
phosphates (Ca/P = 1.33) where Ca/P = 1.24 ± 0.03 at high
shear and Ca/P = 1.14 ± 0.02 when high shear was combined
with high CS. However, static Ca/P ratios were statistically
different and fell below all the calcium phosphate thresholds:
PAVIC-only Ca/P = 0.06 ± 0.02, PAVIC + 20 mg mL−1 CS Ca/P =
0.10 ± 0.03, and PAVIC + PAVEC Ca/P = 0.09 ± 0.03, PAVIC +
PAVEC + 20 mg mL−1 CS Ca/P = 0.17 ± 0.04 (Fig. 5d and e).

Long-term co-culture microfluidic studies confirm cell
viability and calcium phosphate formations. Given the
intensity of the calcification forming as a result of dynamic
conditions, cell viability and morphology was assessed.
Results indicated that both static and microfluidic cultures
were viable for up to 21 days, as shown via live 3D Calcein
AM staining. While cells embedded into static hydrogels
began to spread throughout the matrix, cells embedded into
dynamic hydrogels at 20 dyne per cm2 had a significantly
higher circularity index and did not spread throughout the
matrix (Fig. 6a and S3†). Further, formation of calcium
phosphates over long-term cultures for PAVIC + PAVEC at 20
dyne per cm2 and 20 mg mL−1 CS was analyzed. At 14 and 21

days, cultures showed the same elemental spectra with
varying intensity and comparable mineral microstructure
(Fig. 6b). This demonstrated that although the calcium and
phosphorous At% were significantly higher at 21 days, the
Ca/P ratios were not statistically different to those of 14 day
studies with the same culture conditions (PAVIC + PAVEC at
high shear and high CS 21 day culture Ca/P = 1.15 ± 0.01)
(Fig. 6b and c). Additionally, dynamic Ca/P ratios from days
7–21 aligned with dicalcium phosphate and octacalcium
phosphate minerals, while static Ca/P ratios aligned with
monocalcium phosphates (Ca/P = 0.5) (Fig. 6c). SEM images
indicated microcalcifications as early as 3 days under high
shear embedded into COL-I fibrous bundles, yet Ca/P ratios
lacked mineral maturity (Fig. 6c and S4a†). Static and
dynamic calcium and phosphorous elemental percentages
were compared at each time point up to 21 days (Fig. S4b
and c†).

Discussion

Few studies have employed the use of dynamic in vitro
models to study aortic valve mechanobiology.22–28 In this
study, a multi-layer PDMS microfluidic device capable of
viable 3D cell culture for up to 21 days at high shear was
developed. To our knowledge, this is the first microdevice to
develop highly-calcified cultures mainly driven by high shear
and endothelial cell presence. Natural biopolymer-based 3D
hydrogels, such as COL-I hydrogels, provide physiologically-
relevant cell culture environments, matrix tunability, and
microstructural complexity.4,7,20 COL-I is also the most
abundant collagen type in the aortic valve by dry weight
(74%), in comparison to collagen-III (24%) and collagen-V
(2%).38 CS was integrated into the COL-I hydrogels to mimic

Fig. 2 Static and microfluidic Alizarin Red S (ARS) staining after 14 days, porcine aortic valve interstitial cells (PAVIC) only and when co-cultured
with porcine aortic valve endothelial cells (PAVEC). ARS qualitative images, arrows indicate calcific nodules (scale = 50 μm). Magnified high shear
conditions (scale = 200 μm) shown in Fig. S1† (COL-I = collagen-I, PAVIC = porcine valve interstitial cells, PAVEC = porcine aortic valve endothelial
cells, CS = chondroitin sulfate).

Lab on a ChipPaper



Lab Chip, 2022, 22, 1374–1385 | 1379This journal is © The Royal Society of Chemistry 2022

the migration of proteoglycans that deposit around calcified
nodules in the fibrosa during CAVD.2,4 Previous studies
indicate that high levels of CS contribute to the highest rates
of EndMT and disease progression when compared to other
GAGs, such as hyaluronic acid and dermatan sulfate.4,29,39

Although the results shown in this study indicate that shear
and endothelial cells play a larger role in driving disease
progression, 20 mg mL−1 CS did also influence the outcomes.

It was evident that endothelial cells played a major role in
the promotion of culture calcification in both static and
dynamic models. However, there are conflicting studies
referring to the influence of valvular endothelial cells on
interstitial cell activation. Studies have demonstrated that
the presence of PAVEC suppress and protect against
culture calcification, and thereby model valve
homeostasis.22,23,25,26,17,19 However, recent studies such as
Gee et al. align with the current findings, reporting that
PAVEC actively induce PAVIC pathological remodelling and
calcification via paracrine signaling.21 Further, although
Hjortnaes et al. showed that ovine aortic valvular interstitial

cells suppress endothelial calcification, in the same study
they also showed that in transwell co-cultures, endothelial
cells further contributed to interstitial cell myofibroblastic
activation and calcification.19 These studies indicate that
endothelial dysfunction and EndMT play a role in valvular
pathophysiology, leading to disease onset and progression.
EndMT, a process well-studied in valvular development, is a
process by which endothelial cells undergo phenotypic and
functional changes thereby lose endothelial cell markers
(CD31/PECAM-1) and gain mesenchymal cell markers
(αSMA), and migrate into the interstitial space.4,8,21,26,29

Rattazzi and Pauletto questioned whether endothelial cells
have a double-faced behavior leading to the complexity of
valve calcification; a paracrine negative feedback loop may be
driving interstitial and/or endothelial cell activation and
calcification.40 This could explain the conflicting literature,
stressing that future studies continue to identify interstitial–
endothelial interactions and the role that EndMT plays
throughout CAVD initiation and progression.

Fig. 3 Static and microfluidic Alizarin Red S (ARS) staining
quantification after 14 days, porcine aortic valve interstitial cells
(PAVIC) only. ARS stain quantification static and dynamic a. without
chondroitin sulfate (CS), b. with 1 mg mL−1 CS, c. with 20 mg mL−1 CS.
Mean ± SEM, n ≥ 3 experiments/condition. ARS average nodule area
quantification static and dynamic d. without CS, e. with 1 mg mL−1 CS,
f. with 20 mg mL−1 CS. ARS average percent-stained area quantification
static and dynamic g. without CS, h. with 1 mg mL−1 CS, i. with 20 mg
mL−1 CS. Mean ± SEM, n ≥ 4 images/condition. Statistical significance
shown according to Kruskal–Wallis with Dunn's multiple comparisons
post-hoc test, *p < 0.05 **p < 0.01 (COL-I = collagen-I, PAVIC =
porcine valve interstitial cells, CS = chondroitin sulfate).

Fig. 4 Static and microfluidic Alizarin Red S (ARS) staining after 14
days, co-cultured porcine aortic valve interstitial cells (PAVIC) and
porcine aortic valve endothelial cells (PAVEC). ARS stain quantification
static and dynamic a. without chondroitin sulfate (CS), b. with 1 mg
mL−1 CS, c. with 20 mg mL−1 CS. Mean ± SEM, n ≥ 3 experiments/
condition. ARS average nodule area quantification static and dynamic d.
without CS, e. with 1 mg mL−1 CS, f. with 20 mg mL−1 CS. ARS average
percent-stained area quantification static and dynamic g. without CS, h.
with 1 mg mL−1 CS, i. with 20 mg mL−1 CS. Mean ± SEM, with n ≥ 4
images/condition. Statistical significance shown according to Kruskal–
Wallis with Dunn's multiple comparisons post-hoc test, *p < 0.05 **p <

0.01 (COL-I = collagen-I, PAVIC = porcine valve interstitial cells, PAVEC
= porcine valve endothelial cells, CS = chondroitin sulfate).
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As seen in this study and within current literature, valvular
disease is an active procalcific process, leading to severe
extracellular matrix remodelling, fibrosis, and calcification.3,8,13

Experimental CAVD models in vitro, ex vivo, and in vivo have
identified signalling pathways to elucidate molecular
mechanisms for this active process, and to provide potential
diagnostic and therapeutic outcomes.41 Bone morphogenic
protein (BMP), Notch1, wingless-related integration site (Wnt),

and TGFβ1 signalling pathways have been found to play a role
in CAVD pathophysiology, specifically driving endothelial
cell dysfunction promoting interstitial osteogenic
differentiation.41–47 Similarly, studies have shown that EndMT
is dependent on BMP, Notch, Wnt, and TGFβ signalling.46

Ankeny et al. identified SMAD-1/5/8 phosphorylation and BMP-
2/4/6 expression in ex vivo human calcified fibrosa tissue.42

Sucosky et al. demonstrated that in response to aortic pulsatile

Fig. 5 Static and microfluidic scanning electron microscopy with energy dispersive X-ray spectroscopy (SEM/EDX) after 14 days, porcine aortic
valve interstitial cells (PAVIC) only and when co-cultured with porcine aortic valve endothelial cells (PAVEC). a. SEM qualitative images (scale = 200
nm). EDX qualitative elemental atomic percentages in b. PAVIC-only and c. PAVIC + PAVEC cultures. Mean ± SEM, n ≥ 5 measurements. Statistical
significance shown in Fig. S2.† Calcium phosphate mineralization based on EDX atomic percentages in d. PAVIC-only and e. PAVIC + PAVEC co-
cultures, where monocalcium phosphate calcium to phosphate ratio (Ca/P) = 0.5, dicalcium phosphate Ca/P = 1.0, octacalcium phosphate Ca/P =
1.33, and hydroxyapatite Ca/P = 1.67. Mean ± SEM, n ≥ 4 calculations. Statistical significance shown according to Kruskal–Wallis with Dunn's
multiple comparisons post-hoc test, *p < 0.05 **p < 0.01 ***p < 0.001 ****p < 0.0001 (COL-I = collagen-I, PAVIC = porcine valve interstitial
cells, PAVECs = porcine valve endothelial cells, CS = chondroitin sulfate, Ca = calcium, P = phosphorous, Mg = magnesium, Al = aluminum, Ca/P
= calcium to phosphorous ratio, At% = atomic percent).
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shear stress for 48 hours, cultures of porcine aortic valve leaflets
expressed BMP-4.43 Studies have shown that TGFβ
supplementation of in vitro and ex vivo systems induces nodule
formation and EndMT.12,26,29,41,47 Gaur et al. proposed that the
Wnt/β-catenin pathway drives osteoblastic differentiation,
similar to that of BMP and TGFβ by RUNX2 activation.44 Garg
et al. established that the Notch1 pathway mutations, requiring
cell–cell contact, induce CAVD.45 Although not directly
investigated here, BMP, Notch, Wnt, and TGFβ signalling may
be at play in this in vitro calcification process.

Shear stress was hypothesized to be a driving factor for
calcification, given that abnormal hemodynamic forces have
been known to cause tissue remodeling.7,9,11 In this model,

diseased conditions were represented by high 20 dyne per
cm2 shear, while healthy conditions were represented by 1
dyne per cm2 shear stress as normally experienced by the
fibrosa. Some in vitro dynamic studies have reported that the
introduction of shear stress resulted in a homeostatic
response.22,23,25,26 Butcher et al. showed that the presence of
20 dyne per cm2 over 48 hours had a protective effect on
PAVEC against calcification.22 Chen et al. demonstrated that
PAVEC significantly suppressed PAVIC myofibroblastic
activation within a 3D culture over 24 hours, which was then
further enhanced by the presence of 20 dyne per cm2 steady
shear.25 Mahler et al. detailed that PAVEC exposed to 2 dyne
per cm2 or oscillatory shear over 48 hours upregulated

Fig. 6 Static and microfluidic viability and calcium phosphate mineralization throughout 21 days, porcine aortic valve interstitial cells (PAVIC) co-
cultured with porcine aortic valve endothelial cells (PAVEC) and 20 mg mL−1 chondroitin sulfate (CS). a. Static and high shear 20 dyne per cm2

qualitative viability via Calcein AM days 3, 7, 14 and 21 (representative 2D images and z-slices 4 μm apart, scale = 50 μm). Cell area and circularity
was quantified at days 14 and 21 in Fig. S3.† b. Scanning electron microscopy (SEM) at 14 and 21 days (scale = 200 nm) and energy dispersive X-ray
spectroscopy (EDX) spectra output. All SEM images shown in Fig. S4.† c. Calcium phosphate mineralization based on EDX atomic percentages,
where monocalcium phosphate calcium to phosphate ratio (Ca/P) = 0.5, dicalcium phosphate Ca/P = 1.0, octacalcium phosphate Ca/P = 1.33, and
hydroxyapatite Ca/P = 1.67. EDX elemental atomic percentages for calcium and phosphorous shown in Fig. S4.† Mean ± SEM, n ≥ 4 calculations.
Statistical significance shown according to Kruskal–Wallis with Dunn's multiple comparisons post-hoc test, *p < 0.05 **p < 0.01 ***p < 0.001
****p < 0.0001 (C = carbon, N = nitrogen, O = oxygen, Na = sodium,Mg = magnesium, Al = aluminum, Si = silicon, P = phosphorous, S = sulfur,
Ca = calcium, Ca/P = calcium to phosphorous ratio).
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EndMT and inflammation, and did not when exposed to
higher shear (10 or 20 dyne per cm2).26 Butcher and Nerem
found that 20 dyne per cm2 for 96 hours on a PAVIC + PAVEC
co-culture model allowed PAVEC to stimulate PAVIC into a
quiescent phenotype. However, that same study
demonstrated that PAVIC-only cultures exposed to the same
shear increased cell activation.23 Similarly, Wang et al. found
that 2D cultures exposed up to 4.26 dyne per cm2 steady
shear enhanced PAVIC myofibroblastic transformation.27

Further, PAVEC-only cultures exposed to steady shear
expressed pathological differentiation markers over 48
hours.28 Again, there are discrepancies in literature with
respect to PAVIC-only, PAVEC-only, and PAVIC + PAVEC
activation as a response to dynamic conditions. It is also
important to note that published studies aforementioned
identified cell–cell and cell–ECM changes only up to 4 days
under shear. Although prior studies set the groundwork for
dynamic valvular research, it is possible that these studies
may not fully align with the findings in this study due to
their short-term culture periods. This study pushes the late-
stage valvular research field to create long-term, shear-
induced pathobiological changes in physiologically-relevant
3D co-cultures. Abnormally high shear stresses within this
fibrosa model could induce changes in the ECM and the
cells, specifically causing apoptosis.9,11 SEM images showed
that nodules were formed around and embedded into COL-I
bundles as early as 3 days at high shear, whereas static
micrographs of the matrix show the random distribution of
COL-I fibers. This demonstrates engineered calcification
disrupting the ECM into dense COL-I bundles, yet further
work is need to quantify these changes within the
microfluidic system. Additionally, changes in cell morphology
as a result of high shear were shown, while also observing a
large population of viable cells throughout long-term
cultures. Studies have shown microcalcifications to occur at
sites of cell death, whether through apoptosis or necrosis,
and thereby considering cytoskeletal remains as a
mechanism for calcium accumulation.8 However, Rodriguez
and Masters found not only apoptotic and necrotic cells
localized around nodules, but also found a strong majority of
viable cells.48 This indicates that apoptotic and necrotic cell
presence is still not well understood in calcification studies.8

ARS has been conventionally used to histologically identify
calcification, yet the ARS stain is not highly-specific and
depends on the pH and concentration. In 1968, Puchtler
et al. showed that ARS binds to calcium deposits intensely or
selectively to varying minerals at different pH levels, leading
to differences in histological color.30 After cross-examination
of Puchtler et al. with results in this study, imaging hinted at
the possible traces of calcium, magnesium, iron,
phosphorous, copper, sulfates, and hydroxides.30 However,
further identification was needed to evaluate calcific nodule
formation. SEM/EDX has increasingly been used for
biological samples to analyze chemical composition,
composition distribution, and composition concentration of
a sample.31,34–37 Here, SEM was used to confirm

mineralization and EDX to assess the elemental composition
of those nodules, and urge that future studies rely on SEM/
EDX to identify pathobiological calcification.

Although substantial nodule formation within 14 days was
shown without the need for osteogenic medium, FBS- and
glucose-rich basal medium could be contributing to cell
activation towards disease. Landry et al. identified that the
addition of increased nutrient content, such as serum
exceeding 2% or high glucose (>10 mM), and mechanical
stimuli promote the activation of quiescent primary cardiac
fibroblast.49 Similarly, a static PAVIC calcification study
utilized low serum (1% FBS) for calcification studies to isolate
the effects of cell–ECM interactions.48 Further investigation is
needed to isolate the effects of nutrient content from cell–cell
signalling and cell–ECM calcification studies.

Hydroxyapatites (Ca/P = 1.67) are common mineralizations
found in the pathological deposition of minerals and organic
compounds of diseases such as cancer, cardiovascular
abnormalities, and osteoporosis.31,37,50 As seen in ex vivo
studies of human calcified aortic valves, the microfluidic device-
derived calcifications are similarly composed of a variety of
naturally-occurring calcium phosphates: monocalcium
phosphates (Ca/P = 0.5), dicalcium phosphates (Ca/P = 1), and
octacalcium phosphates (Ca/P = 1.33). Mineralization studies
identify mono-, di-, and octa-calcium phosphates as the main
calcium phosphate phases and precursors to hydroxyapatite
formation, where the formation highly depends on pH,
temperature, and culture conditions.35,51,52 Although
hydroxyapatite mineralizations were not found, there were
several measurements relevant to dicalcium phosphates and
octacalcium phosphates in highly-calcified conditions. Studies
of mineralized tissue and pathological calcifications consider
that the presence of hydroxides and stable magnesium
complexes are favorable for the formation of calcium phosphate
precipitations, which can explain the detection of such trace
elements in these EDX studies. Trace elements, where At% is
<1%, have the ability to influence the reactivity and stability of
biologically-formed mineralizations, specifically the solubility
and microstructural changes.50 Culture time was further
assessed as a factor for mineral maturity, but 21 day dynamic
co-cultures at high shear and high CS were not sufficient to
produce hydroxyapatites.

Given the complexity of CAVD, it is possible that the
introduction of external stimuli, such as oxidized low-density
lipoproteins, inflammatory cytokines (ex. TGFβ-1 or tumor
necrosis factor alpha (TNFα)), and/or osteogenic medium,
may further lead to hydroxyapatite formation.2,11,19,29,36,53

Additional complexity that could advance the model includes
the incorporation of complex hemodynamic forces exhibited
in vivo (ex. laminar versus turbulent flow, steady versus
pulsatile versus oscillatory flow),9–11,26,28,43 and further
microstructural complexity, such as the incorporation of a
three-layer system comprising of the fibrosa, spongiosa, and
ventricularis,8,54 or the incorporation of oxidized low-density
lipoproteins and immune cells to further progress the model
toward a pathological cascade.13,41,53
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Conclusions

A microfluidic device capable of withstanding high-shear with
viable cell cultures for up to 21 days has been developed,
where cultures produced human-like calcified nodules varying
in calcium phosphate mineralization maturity. The key
takeaways of this study include: 1) development of a 3D
microfluidic late-stage CAVD modelling platform, 2) creation
of human-like calcified nodules of varying calcium phosphate
maturity as those seen in ex vivo calcified human aortic valves,
3) significant calcification generated in a 14 day time frame,
and 4) no external stimuli, such as osteogenic medium or
inflammatory cytokines, needed to drive disease. This research
may provide key answers to hypothesized pathways leading to
CAVD onset and progression. Although this first late-stage
CAVD-on-a-chip model requires further development, there is
no current targeted treatment for CAVD aside from total valve
replacement and this model is progress toward a
physiologically-relevant test-bed of the aortic valve fibrosa for
preclinical toxicology and pharmacology applications.
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