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Abstract 

Mechanosensing at the interface of a cell and its surrounding microenvironment is an essential 
driving force of physiological processes. Understanding molecular activities at the cell-matrix 
interface has the potential to provide novel targets for improving tissue regeneration and early 
disease intervention. In the past few decades, the advancement of atomic force microscopy 
(AFM) has offered a unique platform for probing mechanobiology at this crucial microdomain. In 
this review, we describe key advances under this topic through the use of an integrated system 
of AFM (as a biomechanical testing tool) with complementary immunofluorescence (IF) imaging 
(as an in situ navigation system). We first describe the body of work investigating the 
micromechanics of the pericellular matrix (PCM), the immediate cell micro-niche, in healthy, 
diseased, and genetically modified tissues, with a focus on articular cartilage. We then 
summarize the key findings in understanding cellular biomechanics and mechanotransduction, 
in which, molecular mechanisms governing transmembrane ion channel-mediated 
mechanosensing, cytoskeleton remodeling, and nucleus remodeling have been studied in 
various cell and tissue types. Lastly, we provide an overview of major technical advances that 
have enabled more in-depth studies of mechanobiology, including the integration of AFM with a 
side-view microscope, multiple optomicroscopy, a fluorescence recovery after photobleaching 
(FRAP) module, and a tensile stretching device. The innovations described here have 
contributed greatly to advancing the fundamental knowledge of extracellular matrix 
biomechanics and cell mechanobiology for improved understanding, detection, and intervention 
of various diseases.  
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1. Introduction 

Since its invention in the 1980s (Binnig et al., 1986), atomic force microscopy (AFM) has 
witnessed exponential growth in applications across multiple disciplines, spanning materials 
science, physics, chemistry, biology and medical science. While originally purposed as a 
surface characterization tool, AFM has emerged as a common modality for small-scale 
mechanical measurements. In biomedical research, owing to its ease of operation in fluids, 
versatility in force ranges and contact geometries, AFM is now a standard tool for quantifying 
the micro- and nanomechanics of biological tissues, cells and biomacromolecules (Ando et al., 
2013; Han et al., 2017; Li et al., 2017). This technique has been used in multiple loading modes, 
such as a nanotribometer to measure frictional and shear properties of bio-interfaces and tissue 
surfaces (Coles et al., 2008; Han et al., 2007a; Han et al., 2007b), or a molecular force sensor 
to quantify intra- and intermolecular interactions (Abu-Lail et al., 2006; Dean et al., 2006; Han et 
al., 2008; Oberhauser et al., 1998; Rief et al., 1997; Rojas et al., 2014), or has been customized 
into a nanorheometer to assess time-dependent poroviscoelastic properties (Azadi et al., 2016; 
Connizzo and Grodzinsky, 2018; Han et al., 2011a; Nia et al., 2013). Among these many 
applications, the most common one is for AFM to serve as a nanoindenter for quantifying the 
elastic and viscoelastic indentation properties of biological samples. For uncalcified biological 
samples, AFM-based nanoindentation has several advantages over instrumented 
nanoindentation, as it is suitable for quantifying material moduli spanning ten orders of 
magnitude (from ~ 1Pa to 10 GPa), and is much less time consuming with regards to sample 
preparation and quantification of µm-scale spatial heterogeneity (Han et al., 2017). As early as 
the 1990’s, AFM has been used to quantify cell biomechanics (A-Hassan et al., 1998; Barbee et 
al., 1995). Since then, in alignment with the progression of experimental characterization 
methods, a comprehensive theoretical framework has been established for extracting elastic 
and time-dependent poroviscoelastic properties from the nanoindentation outcomes (Lin and 
Horkay, 2008; Mattice et al., 2006). Even for calcified tissues, AFM nanoindentation has 
demonstrated its unique applications in studying nanoscale anisotropy and heterogeneity (Tai et 
al., 2007), and the recently available commercial PeakForce nanomechanical mapping module 
has demonstrated its potential in delineating nanoscale heterogeneity beyond the resolution of 
conventional instrumented nanoindentation (Rux et al., 2022; Zhou et al., 2020b).   

Given its high sensitivity in force and spatial resolution, AFM has become a major tool in 
understanding the mechanobiology at cell-matrix interfaces (Krieg et al., 2019; Sen and Kumar, 
2010). Interactions at cell-matrix interfaces are a crucial driving force of cell signaling, 
homeostasis, matrix integrity as well as disease pathogenesis (Humphrey et al., 2014) (Fig. 1). 
On the matrix front, in many tissue types, the immediate microniche of cells is distinct from the 
bulk of the ECM. Cells are often surrounded by a complex pericellular coating consisting of 
proteoglycans, glycosylated lipids and transmembrane glycoproteins, termed as the “glycocalyx 
layer”. The glycocalyx layer plays crucial roles in regulating cell plasma membrane architecture, 
integrin-matrix interactions, and other mechanosensitive signaling (Kuo and Paszek, 2021). In 
studies on tumor metastasis, the bulky glycocalyx layer of cancer cells has been shown to 
facilitate integrin clustering by funneling active integrins into adhesion sites and altering integrin 
state by applying tension to matrix-bound integrins arising from its fixed charges in a manner 
independent of actomyosin contractility, a mechanism termed as “kinetic trap”. In circulating 
tumor cells, the abundantly expressed glycoproteins are suggested to promote focal adhesion 
assembly as well as integrin-dependent signaling, cell growth and survival, underlying the 
importance of glycocalyx layer in the metastatic cell phenotype (Paszek et al., 2014).  
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In tissues with dense matrices, the pericellular layer is further defined by a hierarchically 
assembled, mechanically functional micro-domain that has distinct composition and structure 
relative to bulk matrix, known as the “pericellular matrix” (PCM) (Wilusz et al., 2014). The PCM 
shows exclusive localization or preferential localization of glycoproteins, proteoglycans and 
proteoglycan-hyaluronan complexes (Möckl, 2020; Wilusz et al., 2014), as well as thinner 
collagen fibrils (Chery et al., 2021). The PCM is also where initial events of matrix assembly, 
including collagen fibrillogenesis and proteoglycan-hyaluronan association take place (Birk and 
Brückner, 2011; Quinn et al., 1999). Given its immediate contact with cells, the PCM plays a 
pivotal role in regulating cell mechanosensing such as cell-matrix adhesion, migration, solute 
transport, growth factor sequestration, stem cell fate, metastasis, and is often the site of disease 
initiation (Ferreira et al., 2018; Guilak et al., 2018).  

On the cell front, interactions between cells and their microenvironment are essential for 
physiological processes such as signaling, development, and homeostasis (Humphrey et al., 
2014). Cells sense their environment through mechanosensitive molecules at the cell 
membrane, such as integrins, stretch-activated ion channels, G protein coupled-receptors, and 
growth factor receptors (Martino et al., 2018). Specifically, integrin-mediated cell adhesion is a 
major mechanism of cell mechanotransduction. In vivo, integrins bind to ECM molecules such 
as collagens and fibronectin. This binding enables the formation of focal adhesion sites, 
activating a cascade of intracellular events, including F-actin polymerization, activation of the 
RhoA-ROCK (Rho-associated protein kinase) pathway and mechano-adapation of LINC (Linker 
of Nucleus and Cytoskeleton) complex on the nucleus membrane (Heo et al., 2018; Li et al., 
2016; Sun et al., 2016) (Fig. 1). These events modulate the conformation of chromatin in the 
nucleus, as well as downstream cell signaling and functions. In turn, the type and amount of 
specific integrin expressions are also driven by the composition and structure of ECM, 
contributing to the feedback loop of cell-matrix interactions (Seetharaman and Etienne-
Manneville, 2018). Indeed, ECM and cell-generated force propagation is ensured by the 
regulation of cytoskeletal tension, modulated by stress fibers (SF) comprised of motor protein 
myosin II, F-actin, and cross-linking proteins. Alterations in second messengers, such as 
cytoskeletal tension, distribute the external stimuli signals to a wide variety of intracellular 
enzymes and ion channels (Martino et al., 2018). Ion channels, including transient receptor 
potential vanilloid-type 4 (TRPV4), Piezo1/2, and voltage-gated calcium channels (VGCC), are 
activated upon external stimuli via second messengers, and mediate the mechano-responses of 
cell development and disease initiation (Jin et al., 2020; Martinac, 2004). Changes in nuclear 
and cytoskeletal organization, as well as ion channel activities, are direct manifestations of cell 
phenotypic shifts in response to mechanosensing of the microenvironment. For both the cell and 
matrix, fluorescence microscopy is commonly used for quantifying the composition and 
distribution of ECM/PCM molecules, as well as the structure of subcellular organelles. To this 
end, synergistic application of AFM as a mechanical tool, and fluorescence microscopy as a 
complementary real-time imaging modality, enables a unique platform for probing 
micromechanobiology at the cell-matrix interface.  

This review focuses on the synergistic applications of AFM and fluorescence microscopy 
throughout the studies of mechanotransduction, in which, AFM was used as a nanomechanical 
testing tool with complementary fluorescence imaging as an in situ navigation system. The 
general applications of AFM in the characterization of the structure (Cascione et al., 2017; Jung 
et al., 2010), biomechanics, and mechanobiology (Kiio and Park, 2020; Liang et al., 2020; 
Ozkan et al., 2016) of cells and ECM can be found in a few recent review articles. Thus, this 
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review focuses on the axis of cell-matrix interface interactions, including the PCM, 
transmembrane ion channels, cytoskeleton, and nucleus. Section 2 describes the body of work 
on matrix biomechanics by total internal reflectance fluorescence microscopy (TIRF)-guided 
AFM nanomechanical mapping, with an emphasis on its applications in the PCM. These studies 
have been primarily focused on musculoskeletal tissues, and in particular, articular cartilage, 
whose PCM has been studied most extensively (Guilak et al., 2018; Wilusz et al., 2014). 
Section 3 summarizes the key findings in the biomechanics and mechanobiology of cells as well 
as nuclear mechanics. AFM and fluorescence imaging have been applied simultaneously to 
quantify single cell biomechanics and subcellular structure to find correlations between the two. 
Meanwhile, AFM has also been used as a force transducer to apply forces to cells or subcellular 
constituents, while fluorescence imaging was used to measure the structural or signaling 
outcomes. These applications were conducted in a wider spectrum of musculoskeletal, 
cardiovascular, immunoengineering, and cancer research. Section 4 presents technical 
advances on this front, in which, customized modifications were applied to further expand the 
applications of AFM-based nanomechanical testing and fluorescence imaging. In the closing 
section 5, we provide our remarks on challenges and future opportunities of these technologies.  

 

2. Applications in Pericellular Matrix Biomechanics 

For the past decade, AFM-nanomechanical mapping has been applied with fluorescence 
imaging to delineate the micromechanics of PCM versus bulk ECM on tissue cryo-sections 
(Wilusz et al., 2012b). To this day, although the PCM is a prominent feature in many tissue 
types, TIRF-guided AFM has mainly been applied to articular cartilage, except for one study on 
the meniscus (Sanchez-Adams et al., 2013). This section focuses the applications of AFM and 
fluorescence imaging in the understanding of PCM biomechanics in healthy, degrading, and 
regenerative cartilage tissues.  

2.1. Micromechanics of PCM in healthy and diseased tissues 

In the pioneering work by Darling et al., AFM force-volume mapping was first applied to the 
cryo-sections of human, porcine, and murine cartilage samples to demonstrate the feasibility of 
assessing tissue microscale heterogeneity (Darling et al., 2010). Building on this work, Wilusz et 
al. integrated AFM with real-time TIRF imaging, in which, IF-labeling of the PCM biomarker, 
collagen VI, was used to separate the micromodulus of PCM and bulk ECM 
(territorial/interterritorial matrix, or T/IT-ECM) via image registration (Fig. 2a). The use of a 
microspherical tip provides sufficient resolution to delineate the micromoduli of the matrix from 
those representing the cell remnants, and to quantify the spatial heterogeneity of PCM and T/IT-
ECM (Wilusz et al., 2012b). For example, with an indenter with R ≈ 2.5 µm radius, a maximum 
indentation depth ≈ 100 nm yields ≈ 0.7 µm tip-sample contact radius. Given that the stress 
fields are largely constrained to the region directly underneath the tip-sample contact area within 
the Hertzian contact framework (Johnson, 1985; Jacobs et al., 2010), this method yields a 
spatial resolution at the sub-µm level. With this method, the anisotropy and heterogeneity of 
PCM was quantified in healthy porcine cartilage. The PCM exhibited uniform mechanical 
properties from superficial to deep zones, unlike the case of bulk ECM. On the other hand, 
similar to that of bulk ECM, PCM exhibited apparent anisotropy throughout tissue depth 
(McLeod et al., 2013). Also, the PCM was found to be resistant to broader enzymes that are 
known to degrade cartilage bulk ECM, including chondroitinase ABC and hyaluronidase (Wilusz 
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and Guilak, 2014), further underscoring the distinctiveness of this microdomain. In contrast to 
this uniformity in cartilage, appreciable zonal variation of PCM was detected in porcine 
meniscus, in which, the tension-bearing fibrous outer region had higher modulus in both the 
PCM and bulk ECM than the compression-bearing inner region (Sanchez-Adams et al., 2013).  

Given its immediate contact with chondrocytes, the PCM is highly sensitive to altered 
metabolism during the initiation of osteoarthritis (OA). In cartilage specimens from early OA 
patients, both the PCM and bulk ECM showed significant reduction in micromodulus. This 
reduction was accompanied by the radial expansion of PCM labelled by collagen VI (Wilusz et 
al., 2013), illustrating the loss of both structural and mechanical integrity of PCM (Fig. 2b). Such 
observation also corroborated a more recent study showing the progressive reduction of PCM 
micromodulus with increased cell clustering (Danalache et al., 2019). Together, these results 
suggest that early OA is marked by micromechanical damage of PCM and associated aberrant 
cell proliferation.  

While studying human specimens provides direct clinical relevance, testing animal models 
enables a mechanistic understanding of disease pathogenesis. In murine OA model, the PCM 
was identified as one leading site of disease initiation and possibly a casual factor of more 
widespread matrix degeneration. Following the destabilization of the medial meniscus (DMM) 
surgery (Chery et al., 2020), a prevalent in vivo post-traumatic OA model (Glasson et al., 2007), 
the reduction of PCM micromodulus in wild-type (WT) mice was apparent as early as 3 days 
post-surgery, which precedes changes in both the bulk ECM properties 1 week after (Doyran et 
al., 2017), and overt histological indications of cartilage damage 4-8 weeks after DMM (Glasson 
et al., 2007) (Fig. 2c). This early degeneration can be attributed to the degradation of aggrecan, 
the major cartilage proteoglycan, as its degradation neo-epitopes are localized in the PCM at 
this early stage (Singer et al., 1995). The degeneration of PCM was also associated with 
demoted chondrocyte calcium signaling activities, [Ca2+]i, one of the earliest and most 
fundamental cell responses to biomechanical cues (Clapham, 2007). In turn, when PCM 
degeneration was partially blocked by the small molecule MMP-inhibitor, GM6001, both the 
PCM micromechanics and chondrocyte calcium signaling were restored toward the baseline 
level (Chery et al., 2020).  

Therefore, aided by AFM testing and IF imaging, changes at the cell-matrix interface were 
identified as an early hallmark of wide-spread, progressive tissue degeneration. The PCM could 
potentially serve as a new target for OA detection and initiation. This concept, while established 
on cartilage, could be applicable to other load-bearing and mechanosensitive tissues as well. 
On the technical front, application of IF-AFM to murine tissue sections was limited by its small 
size and integration with the bony tissue. Such technical challenges could be overcome by 
applying Kawamoto’s film-assisted cryo-sectioning (Kawamoto and Kawamoto, 2014), which 
prevents the fracturing of underlying bony tissues and maintains soft tissue integrity during cryo-
sectioning. It is worth noting that it is unclear how the properties of PCM in cartilage and other 
tissues vary across different joint types (e.g., ankle, knee, hip, TMJ) and species. Such 
knowledge gaps, addressable by the IF-AFM technique, could provide a foundation to translate 
findings from animal models to clinical applications of OA and other mechanosensitive diseases.  

2.2. Roles of individual matrix molecules in PCM biomechanics 

Given the distinct molecular composition of the PCM, several studies have aimed at pinpointing 
the roles of individual matrix molecules in the integrity and mechanobiological functions of the 
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PCM. Biomechanical significance of the two major cartilage PCM biomarkers, collagen VI and 
perlecan, was investigated. In cartilage, perlecan, a heparan sulfate (HS) proteoglycan, 
regulates cell mechanosensing and activation of fibroblast growth factor-2 (FGF-2) (Vincent et 
al., 2007), and stabilizes PCM through interactions with collagens VI and XI (Guilak et al., 
2021). The contribution of perlecan heparan sulfate-glycosaminoglycan (HS-GAG) chain to 
PCM biomechanics was assessed by evaluating the impact of heparinase III digestion on 
porcine cartilage cryo-sections (Wilusz et al., 2012a). The digestion increased the PCM 
micromodulus, and thus, it is hypothesized that perlecan and its HS-GAGs soften the PCM by 
shielding the stiffer fibrillar constituents, contributing to the native cellular microenvironment for 
proper cell mechanotransduction.  

Additionally, genetic ablation of collagen VI was found to impair the PCM integrity. In Col6a1−/− 
mice, the PCM exhibited reduced modulus relative to age-matched WT controls at both young 
adult (2 months) and mature (9 months) ages (Zelenski et al., 2015) (Fig. 3a). This softening of 
PCM was in alignment with increased chondrocyte swelling and TRPV4-mediated [Ca2+]i 
signaling in response to hypo-osmotic stimuli in situ, illustrating the role of collagen VI in 
mediating the PCM integrity and chondrocyte mechanosensing. Interestingly, despite the 
impairment of PCM, the bulk ECM of Col6a1−/− cartilage did not show an appreciable 
phenotype. Meanwhile, loss of collagen VI led to accelerated hip OA (Alexopoulos et al., 2009), 
but attenuated knee OA (Christensen et al., 2012) in aged Col6a1−/− mice, indicating that the 
role of collagen VI in cartilage health may vary with disease stage and location.  

Our recent studies highlighted the crucial role of decorin, a small leucine-rich proteoglycan 
(SLRP), in the mechanobiological functions of PCM. In cartilage, decorin is present throughout 
the ECM, but is more concentrated in the PCM. At the whole tissue-level, decorin strengthens 
the assembly of the aggrecan network in the ECM, and thus, is essential for both maintaining 
tissue-level biomechanical properties of cartilage (Han et al., 2019) and slowing the 
degeneration of cartilage in OA (Han et al., 2021; Li et al., 2020). At the microscale, loss of 
decorin was found to reduce aggrecan content and micromechanics of the PCM, and this effect 
became progressively more pronounced from newborn (3 days) to adult (3 months) ages in 
Dcn−/− mice, as assessed by IF-AFM (Chery et al., 2021) (Fig. 3b). In turn, loss of decorin 
resulted in demoted [Ca2+]i activities in situ, which was attributed to the reduction of fixed 
negative charges in the immediate cellular microenvironment. Thus, despite not being a PCM-
exclusive molecule, decorin also plays a crucial role in regulating the biomechanics and 
mechanobiological functions of cartilage PCM by mediating the assembly and retention of 
aggrecan therein.  

A few other molecules were also studied in the context of PCM integrity. Collagen III is a minor 
fibril-forming collagen that is present in cartilage at low concentration (~ 1-5%) and is more 
concentrated in the PCM (Hosseininia et al., 2016). Reduction of collagen III was also found to 
impair the micromodulus of cartilage PCM in Col3a1+/− mice, which could be due to the impaired 
assembly of collagen II fibrils, rather than reduction of proteoglycans (Wang et al., 2020). 
Collagen V is a regulatory fibril-forming collagen that primarily mediates the initial assembly of 
collagen I fibrils (Birk and Brückner, 2011). Impact of collagen V on cartilage PCM was studied 
in the context of temporomandibular joint (TMJ) cartilage, a hybrid tissue of collagen I-
dominated fibrocartilage and collagen II-rich hyaline cartilage. Reduction of collagen V was 
found to impair the micromodulus of PCM in the hyaline layer in the TMJ condyle of Col5a1+/− 
mice. This was attributed to the altered proliferation and chondrogenesis of progenitor cells with 
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the loss of collagen V in the fibrous layer, and thus, impaired matrix development 
(Chandrasekaran et al., 2021). Besides the aforementioned matrix molecules, there are many 
other constituents that are either exclusively or preferentially distributed in the PCM, such as 
collagens IX, XI, matrilins, chondroadherin and cartilage oligometric matrix protein (COMP) 
(Batista et al., 2014; Han et al., 2011b; Heinegård, 2009; Heinegård and Saxne, 2011). Applying 
IF-AFM to genetic murine models of these molecules could shed new insights into the 
mechanobiological functions of cartilage PCM, and thus, help identify new targets for disease 
intervention or regeneration.  

2.3. Engineering of PCM biomechanics  

One key characteristic of cartilage PCM is the high fixed charge density endowed by the 
residing proteoglycans, especially aggrecan. In disease, degeneration of aggrecan leads to loss 
of local fixed charge density, contributing to disrupted chondrocyte mechanotransduction (Chery 
et al., 2020). As such, an array of biomimetic proteoglycans (BPGs) were developed to partially 
imitate the molecular architecture and biophysics of aggrecan and other proteoglycans 
(Prudnikova et al., 2018; Prudnikova et al., 2017). For instance, BPG10, a “bottle-brush”-like 
synthetic polymer comprised of ~6-7 CS-GAGs conjugated onto a ~10 kDa poly(acrylic acid) 
(PAA) core, has demonstrated the potential to molecularly engineer cartilage 
mechanotransduction through modulation of the existing cellular microniche of the PCM. Upon 
diffusion into bovine cartilage explants, BPG10 was found to be localized in the PCM and 
surrounding territorial domains, possibly due to its molecular adhesion with native aggrecan 
molecules. Such localization was found to augment the PCM micromodulus (Fig. 3c). As a 
result, chondrocyte [Ca2+]i signaling was also enhanced under both physiologic and osmotically-
stimulated environment. It was thus suggested that BPG10, and perhaps other BPGs, could 
serve as a potential molecular therapy by targeted engineering of PCM biomechanics and cell-
PCM mechanosensing (Kahle et al., 2022).  

In addition to explant studies, IF-AFM was also implemented to assess the newly deposited 
PCM by chondrocytes in vitro to gain new insights into cell-matrix interactions for improved 
design of hydrogels in tissue engineering. Bovine chondrocytes were cultured in both soft (~ 5 
kPa) and stiff (~ 20 kPa) hyaluronan-based hydrogels, and the newly synthesized proteins and 
GAGs were labeled by the functional noncanonical amino acid tagging (FUNCAT) method via 
click chemistry (Loebel et al., 2019; McLeod and Mauck, 2016). Despite being surrounded by a 
much stiffer native PCM in vivo (~ 50 kPa in human (Wilusz et al., 2013), ~ 60 kPa in bovine 
(Kahle et al., 2022), and ~ 1 MPa in mice (Chery et al., 2021)), when chondrocytes are cultured 
in vitro, much softer hydrogels (~10-20 kPa) are required to maintain cell viability and prevent 
dedifferentiation (Wang et al., 2016). In engineered hydrogel systems, deposition of nascent 
proteins and GAGs were apparent as early as one day after culture. These nascent molecules 
were more confined near the cell surface in the stiffer hydrogel than in the softer one. At 7 days 
of culture, the micromodulus of the neo-PCM was similar (~ 15 kPa) in both hydrogels at the 
vicinity of cells and underwent progressive change toward the hydrogel bulk modulus radially. 
Thus, it was suggested that the distribution and assembly of nascent matrix was influenced by 
the existing microenvironment. On the other hand, cells also demonstrated self-adaptivity to the 
microenvironment, as the local modulus of immediate cell-matrix interface was similar (~ 15 
kPa) despite differences in the bulk hydrogel properties (Loebel et al., 2020).  
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3. Applications in Cell Biomechanics and Mechanobiology 

One major contribution of synergistic AFM and IF imaging was in uncovering the molecular 
activities governing cell mechanotransduction. These studies have investigated the dynamic 
changes in cytoskeletal and nuclear structure, as well as cell mechanical properties to elucidate 
the structure-mechanics relationships at the sub-cellular scale. AFM has also been used as a 
force transducer to induce mechanical stimuli, which allows for real-time tracking of subcellular 
structural changes or intracellular calcium activities under fluorescence microscopes to 
elucidate the roles of molecular constituents in cell mechanosensing. This section describes the 
mechanobiology knowledge generated on the transmembrane ion channel, cytoskeleton, and 
nucleus in various cell and tissue types. 

3.1. Mechanotransduction of transmembrane ion channels 

The transmembrane ion channels play a key role in mediating cell sensing of their immediate 
microenvironment. The pioneering work by Charras et al., demonstrated the feasibility of 
monitoring cell calcium influx under mechanical stimulation by AFM tips (Charras and Horton, 
2002; Charras et al., 2001). In this study, osteoblasts isolated from neonatal rats were labelled 
with Fluo3-AM for intracellular calcium imaging and subjected to AFM-nanoindentation and 
force relaxation using colloidal microspherical tips. During indentation, deformation of the cell 
membrane and spontaneous calcium influxes were recorded via confocal imaging 
simultaneously. This set-up enabled direct observation of the activation of strain-induced 
intracellular calcium signaling, as well as the transmission of calcium influxes to adjacent cells. 
Results identified two cellular responsive pathways to mechanical stimuli, in which the ion 
channels were responsible for the fast activation due to stretching of the cell membrane, 
followed by a longer relaxation phase mediated by the cytoskeleton. Interestingly, through 
selective disruption of cytoskeletal constituents, this study identified microtubules and vimentin, 
but not F-actin, as moieties required to modulate this longer relaxation phase.  

In addition to osteoblasts, similar approaches were applied to other cell types, including 
myoblasts and immune cells. Formigli et al., used commercial pyramidal AFM tips to stretch 
C2C12 myoblasts through tip-cell adhesion during cantilever retraction and noted an increase in 
calcium influx, which also propagated to adjacent cells through cell-cell contact gap junctions 
(Formigli et al., 2005). Similarly, Cazaux et al., stimulated T cells and macrophages with a ramp-
and-hold force relaxation using microspherical tips and recorded simultaneous calcium pulses. 
Meanwhile, they applied controlled photo-activation of Rac, a small G protein, in T cells and 
quantified the simultaneous mechanical changes via AFM (Cazaux et al., 2016). These studies 
have demonstrated a broad potential for studying ion channel-mediated mechanotransduction in 
multiple cell types and diseases by integrating AFM and immunofluorescence imaging. 

Lee et al., uncovered the pivotal roles of Piezo1/2 ion channels in the mechanotransduction and 
immune responses of chondrocytes (Lee et al., 2014; Lee et al., 2021). A tipless AFM cantilever 
was used to compress individual cells up to the strain mimicking injurious loading (~ 50%), and 
the resulting calcium influx was recorded simultaneously via an inverted bottom-up fluorescence 
microscope. The key role of Piezo1/2 ion channels were evidenced by the pronounced Ca2+ 
influx of Piezo1/2-co-transfected neuro2A cells, which had no response to mechanical 
stimulation without transfection. Conversely, in chondrocytes, knockdown of Piezo1/2 via siRNA 
or small molecule Piezo inhibitor, GsMTx4, led to substantial reduction of mechanically evoked 
Ca2+-influx (Fig. 4a). In turn, inhibition of Piezo1/2 channels was shown to reduce chondrocyte 
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death under injurious loading (Lee et al., 2014). Their recent follow-up study further elucidated 
the role of Piezo1 in the mechanoresponses of chondrocytes under inflammatory stimulation. A 
tipless cantilever was used to induce cyclic compressive loading to chondrocytes, and the 
resultant intracellular calcium content and flux were monitored. Outcomes showed increased 
responses in mechanically evoked [Ca2+]i activities under the stimulation of inflammatory 
cytokine interleukin (IL)-1α. This increase in Ca2+ influxes was attenuated by 2 µM GsMTx4 + 5 
µM dynasore that inhibit the Piezo channels, but not by GSK205 or verapamil, inhibitors of 
TRPV4 and VGCC, respectively (Fig. 4b). Such response was found to be mediated by 
inflammation-induced upregulation of the IL1R-p38 MAP-kinase pathway, which up-regulates 
Piezo1. Increased Piezo1 function led to rarefication of F-actin, which was suggested to 
contribute to the stiffness reduction and phenotypic shift of chondrocytes in OA (Lee et al., 
2021). It was thus hypothesized that inhibition of Piezo1 channel could play a protective role in 
reducing mechanical injury-induced cartilage damage and OA progression. 

3.2. Mechanotransduction and remodeling of cytoskeleton 

Dynamics of actin filaments are a major driving force of cell mechanotransduction. Earlier 
studies have applied AFM to induce mechanical perturbations to the apical surface of bovine 
aortic endothelial cells, and the time-dependent distal displacement was monitored in 3D by 
tracking integrin-bound fluorescent nanoparticles via defocused microscopy (Rosenbluth et al., 
2008). Outcomes identified a distance-dependent slow stress propagation in response to 
external mechanical stimuli, which was explained by the poroelastic model to account for both 
actin-mediated cytoskeletal deformation and flow of cytoplasm. Also, AFM force curve-based 
topographical imaging was coupled with fluorescence imaging to observe the dynamic changes 
in the cortical actin network in live vascular endothelium cells, and confocal microscopy was 
applied to directly observe the actin-destabilization (Kronlage et al., 2015). AFM 
nanoindentation and bottom-up fluorescence imaging were performed simultaneously on GFP-
transfected NIH 3T3 fibroblasts (Gavara and Chadwick, 2016). Results showed that the amount 
of myosin, and to a lesser extent, actin assembled in the stress fibers are major determinants of 
cell stiffness.  

In cancer-related research, AFM-nanoindentation was applied with spinning disk confocal 
microscopy (SDCM) to directly observe the local deformation of the cell membrane and 
cytoskeleton during nanoindentation. Comparing cells with (NIH 3T3 fibroblasts) or without 
(MDA-MB-231 breast cancer cells) the perinuclear actin cap (apical stress fibers), it was 
highlighted that the actin cap is a major determinant of the higher stiffness and mechanical 
anisotropy observed in 3T3 fibroblasts (Efremov et al., 2019). Also, AFM nanoindentation, 
confocal microscopy and a bi-layered finite element modeling were applied to decouple the 
modulus of MDA-MB-231 cells with their surrounding 3D environment in collagen I-based 
hydrogels. A positive correlation was found between the stiffness and invasiveness of cells into 
a collagen hydrogel, and actomyosin contractility was identified as one major mechanism of the 
initial metastatic invasion (Staunton et al., 2016). 

Two key studies elucidated the growth and deformation mechanisms of actin networks at the 
molecular level. Parkesh et al. studied the dynamics of Arp2/3 complex-activated actin network 
formation between two flat nucleating surfaces of an ActaA-coated tipless cantilever and 
substrate. Growth of the actin network was measured by the deflection of the actin-associated 
cantilever up to ~100 nN force, while epifluorescence images were taken to quantify the size of 
the polymerized actin network during growth. In doing so, they demonstrated the load-
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dependent growth of the actin network, and showed that the force-growth velocity relationship of 
the actin network was dependent on the loading history (Parekh et al., 2005) (Fig. 5a). Using 
this setup, Chaudhuri et al. further elucidated the reversible stress softening mechanism of 
dendritic actin networks, where the AFM cantilever served as both a nucleating surface and a 
microrheological device (Chaudhuri et al., 2007). In response to a sinusoidal load at 0.1-20 Hz, 
actin networks exhibited stress-stiffening up to the critical stress ~ 233 Pa, followed by 
reversible softening at higher stresses (Fig. 5b). This behavior was attributed to entropic 
elasticity as filaments are extended, leading to a stress-stiffening regime and reversible buckling 
of actin filaments at higher loads. This non-linear mechanics of actin networks was also noted at 
the cellular level. When fibronectin-coated AFM spherical tips were used to apply cyclic tension 
to fibroblasts from rat vomeronasal organs, an initial increase in tension was followed by a 
decrease due to stress relaxation of the actin network followed by a long-term, slow increase in 
tension as the cycles persisted, likely due to the diffusion limited recruitment of myosin II 
(Watanabe-Nakayama et al., 2011). This response was suggested to contribute to the adaptive, 
and possibly self-protective mechanoresponse of cells, where they initially stiffen under the 
stimulation of an external force, but then, become increasingly insensitive to repeated 
perturbations. 

In addition to actin filaments, microtubules also contribute to the time-dependent cell mechanics. 
When 3T3 fibroblasts were perturbed by AFM, organelle displacement at locations far from the 
initial contact point could be detected. Such long-range displacement was suggested to be 
mediated by both actin and microtubule cytoskeletons (Silberberg et al., 2008). Similarly, when 
compressed by tipless AFM cantilevers, L929 fibroblasts exhibited locally distinct changes in 
shape and depth of cytoskeleton imprints due to force propagation through the cytoskeleton, as 
observed by TIRF imaging of basal membrane topography. Upon disruption of each 
cytoskeleton constituent, it was shown that both actin filaments and microtubules contribute to 
cell stiffness and force transduction throughout the cytoplasm (Jonas and Duschl, 2010). Also, 
simultaneous volumetric images of lysosome trafficking, vimentin nuclear caging, and actin 
dynamics have been achieved on HeLa cells under AFM-nanoindentation via volumetric light 
sheet fluorescence microscope (LSFM), illustrating the feasibility to uncover the roles of 
vimentin, a representative intermediate filament cytoskeleton, in cell biomechanics and its 
stiffening effect under applied forces (Nelsen et al., 2020). 

3.3. Nuclear Mechanics and Mechanobiology 

Nuclear mechanics, an emerging field within the study of cellular mechanics, has substantially 
benefited from the combination of AFM and fluorescence imaging. These techniques have 
revealed how interactions between cells and their surrounding environment can impact the 
behavior of the nucleus, as well as two primary determinants of nuclear biomechanics, 
chromatin and lamin A/C. Confocal microscopy has been applied to track nuclear deformation 
induced by AFM-nanoindentation to extract biomechanical properties of the nucleus (Krause et 
al., 2013). For example, mechanical anisotropy of the nucleus was demonstrated by tracking the 
3T3 fibroblast nucleus deformation induced by pyramidal AFM tips via laser confocal scanning 
microscopy (LCSM) (Haase et al., 2016). A higher strain was observed along the minor axis of 
the elliptical-shaped nucleus. This anisotropy was found to be mediated by actin filaments along 
the minor axis and microtubules along the major axis. Inside the nucleus, balance between 
chromatin organization, an outward entropic force, and lamin A/C localization, a containment 
force, was shown to contribute to the inherent non-isotropic mechanical properties. 



12 
 

Beicker et al., built a vertical light sheet enhanced-side view fluorescence microscope integrated 
with AFM to monitor nuclear morphology during compression by microspherical indenters (R ≈ 
2.5 µm) (Beicker et al., 2018). Two stiffness regimes were detected from the indentation 
response of ovarian cancer SKOV3 cells, where a 1.5× increase in modulus was found at ≈ 0.6 
µm indentation depth. In tracking the positions and structures of cell/nuclear membrane and 
structures, they found that the first regime was due to cytoplasmic deformation and attributed 
the modulus increase to the onset of nucleus deformation. In a follow-up study, they decoupled 
the contributions of chromatin and lamin A/C to the non-linear mechanical properties (Hobson et 
al., 2020). Using nuclear cross-sectional area and perimeter as surrogates for nuclear volume 
and surface area, they correlated the indentation force with nuclear morphological changes. 
Assisted by an empirical numerical model of strain-stiffening effect, they showed that chromatin 
and lamin A/C are separately resisting changes in nuclear volume and surface area, 
respectively.  

As the nucleus is wrapped inside the cytoplasm, direct quantification of nuclear biomechanics 
was made possible using AFM needle-tips (R < 200 nm) to penetrate through cell plasma and 
nuclear membranes. Sharp needle-like AFM tips were fabricated by focused ion beam (FIB) 
milling and applied to various cell types (Liu et al., 2014). During indentation, puncture of cell 
plasma and nuclear membranes, and subsequent deformation of chromatin, were visualized by 
laser confocal scanning microscopy, allowing the separation of cytoplasmic and nuclear moduli. 
A pronounced softening effect of nuclei was found once nucleus was isolated from fibroblast-like 
cells. Additionally, the more invasive T24 bladder carcinoma cell line showed softer nuclei than 
the non-invasive RT4 line, illustrating nuclear biomechanics as a possible indicator of metastatic 
potential. Recently, McCreery et al., applied the needle-tip technique to elucidate the dynamics 
of cell membrane repair and nucleus-ECM cross-talk (McCreery et al., 2021). HeLa cells were 
transfected with CHP4B-GFP, a protein required for the repair of damaged plasma and nuclear 
membranes, to monitor the active repair process following the needle-tip puncture. Confocal 
imaging enabled the correlation of plasma/nuclear membrane penetration with the local force 
peaks of each F-D curve and the validation of membrane repair by the intracellular intensity of 
CHP4B (Fig. 7a). Also, applying this set-up to vibratomed cryo-sections of bovine cartilage, they 
demonstrated significant softening of chondrocyte nuclei when the residing ECM was 
enzymatically degraded by MMP-13 or ADAMTS-4, highlighting the interconnectivity of nucleus, 
cytoskeleton, and the surrounding ECM.  

Recent work by Raman and colleagues further quantified the nanomechanics of nucleolus, the 
non-membranous nuclear body consisting of highly compacted proteins and RNAs, by 
integrating the multi-harmonic, dynamic AFM with confocal imaging. In this mode, a soft 
cantilever (nominal k < 0.1 N/m) was excited by Lorentz force near its resonance frequency 
during the indentation on the cell surface. Maps of zeroth to second order harmonic amplitudes, 
A0, A1 and A2, as well as phase angles, ϕ1, ϕ2, were obtained in fluid. Storage and loss moduli 
were extracted by analyzing these terms in the Hertzian contact mechanics framework with 
corrections for near-surface hydrodynamics (Raman et al., 2011). This set-up was further tuned 
for cell nanomechanical mapping by the use of microfabricated tips with long-carbon tips to 
minimize the hydrodynamic squeeze film effects and achieve subcellular resolution, as well as 
the integration with spinning disk confocal microscopy to confirm the identity of intracellular 
structures, size, and locations in the cells (Efremov et al., 2022). Aided by live fluorescent 
markers of nucleoli and F-actin, the moduli of nucleoli in NIH 3T3 fibroblasts and MDA-MB-231 
breast cancer cells were quantified (Fig. 6b). The nucleoli showed ~ 2× higher storage modulus 
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than surrounding areas for both cell types, which was attributed to the highly compacted 
conformation of residing proteins and RNAs. In comparison to 3T3 fibroblasts, MDA-MB-231 
cells showed a larger size of their nucleoli, which was correlated with the high ribosome RNA 
synthesis, cell growth and metabolism in this cancer cell line. In contrast to other studies, for 
both cell types, the nucleus itself did not yield higher modulus relative to the surrounding 
cytoplasm and was suggested to have similar properties at this length scale.  

4. Technical Advances in Customized AFM-Fluorescence Imaging Devices 

Recent technical advances have enabled specialized and more in-depth characterization of cell 
mechanotransduction beyond the classical AFM-based nanomechanical testing coupled with IF 
imaging. This section presents four extended modes, including the implementation of side-view 
optical imaging, multiple optomicroscopy, fluorescence recovery after photobleaching (FRAP), 
and a tensile device integrated with AFM. We also summarize new findings from these modes.  

4.1. AFM with side-view optical imaging 

Conventional AFM often integrates with optical microscopes that are configured to have a 
“bottom-up” view to image cell deformation and labelled cellular proteins, which yields images 
perpendicular to the loading axis. Such approaches, however, are not able to capture the more 
substantial cellular deformation and cytoskeletal arrangements that take place along the loading 
axis. To address this limitation, Chaudhuri et al. developed a side-view AFM to achieve direct, 
high numerical-aperture epifluorescence side-view imaging of cells (Chaudhuri et al., 2009). 
This system was first applied to track adhesion between leukocyte and endothelial cells. A 
leukocyte was attached onto a concanavalin A-coated AFM cantilever and brought into vertical 
contact with an endothelial cell (Fig. 7a). Aided by side-view fluorescence imaging, the large 
force rupture events were found to coincide with the return of leukocytes to their steady-state 
shape, indicating that the detachment of actin cytoskeleton from the membrane was localized to 
discrete areas, and was responsible for these large force ruptures. Next, this system was used 
to track adherent cell contraction against an applied load. The contractive force generated by 
GFP-actin-transfected U20S cells were measured between a fibronectin-coated AFM cantilever 
and glass substrates, with cell shape and actin cytoskeleton structure monitored simultaneously. 
This set-up allowed the generation and measurement of contractile forces normal to the surface 
of adhesion. The resulting inward contraction, as marked by decrease in both cell height and 
width, evidenced cell contraction as an active behavior.  

Subsequently, this system was used to measure the contraction, mechanics, and dynamics of 
single platelets (Lam et al., 2011). Rapid, high contraction and adhesion forces of individual 
platelets up to ~ 79 nN were quantified, which was remarkable given their small size compared 
to myoblasts (~ 300 nN force with three orders of magnitude in volume). The platelet contraction 
was also found to depend significantly on the stiffness of the microenvironment. It was 
suggested that the high elasticity and contractile forces of the platelets could contribute to clot 
stiffening through direct reinforcement by platelets and induce strain-stiffening of fibrins under 
tension arising from platelet contraction.  

This new AFM-fluorescence imaging set-up has shown potential for wide applications in 
studying cell contractility, cell-cell adhesion, as well as underlying mechanisms such as protein 
localization, cytoskeletal rearrangement, and possibly nucleus and nucleus-cytoskeleton 
coupling. A few later studies have further modified and improved the design of side-view IF 
imaging. For example, as described in Section 3.1, a side-view optical microscope has been 
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used together with AFM to elucidate the role of Piezo1/2 ion channels in regulating chondrocyte 
calcium influx under the stimuli of compression and inflammation (Lee et al., 2014; Lee et al., 
2021). More recently, prism-based volumetric light sheet fluorescence microscope system was 
developed to obtain high resolution volumetric imaging during AFM-based mechanical stimuli. It 
has been applied to capture volumetric images of lysosome trafficking, vimentin nuclear caging, 
and actin dynamics on the order of one second per single-cell volume, as described in Section 
3.2 (Nelsen et al., 2020), and delineation of the roles of chromatin and lamin A/C in nuclear 
mechanics, as described in Section 3.3 (Hobson et al., 2020), demonstrating its potential in 
investigating the cell-matrix mechanobiological cross-talk.  

4.2. AFM with multiple optomicroscopy 

Complementing AFM with multiple optical imaging modalities has the potential to acquire 
simultaneous structural remodeling and functional biomechanical outcomes in live single cells. 
Trache and Lim integrated an AFM with TIRF and fast-spinning disc (FSD) confocal microscopy 
for real-time imaging of live cellular mechanotransduction (Trache and Lim, 2009). An open-
head AFM scanner with a customized, full-rotation stage was mounted on an inverted 
microscope platform to preserve all features of a fluorescence microscope. The optical 
components containing a half wave plate, beam splitter and two illumination ports to enable the 
white laser to simultaneously feed the illuminators of both TIRF and FSD confocal by single-
mode optical fibers (Fig. 7b). This system was applied to study cellular remodeling in vascular 
smooth muscle cells (VSMCs). VSMCs transfected with mRFP-actin and vinculin-GFP were 
mechanically stimulated by fibronectin-coated AFM colloidal tips with pN-to-nN-level forces, and 
TIRF was applied for the real-time tracking of actin filament and vinculin reorganization at the 
basal cell surface, while FSD confocal was used for monitoring the 3D actin network throughout 
the entire cell body. As a result, restructuring of actin filaments in the cell body and focal 
adhesions at cell-substrate contact in response to the mechanical pulling were tracked 
simultaneously. This microscope was also used to image calcium oscillations in a single liver 
epithelial cell under AFM stimuli. One suggested potential application was to simultaneously 
track calcium signaling and its downstream myosin-light-chain (MLC)-dependent cytoskeletal 
contraction.  

This device was then applied to study the role of RhoA-induced cytoskeletal tension in cell 
remodeling to elucidate the role of tensile stress in vessel wall remodeling (Lim et al., 2012). 
When tensile stress was induced to VSMCs by fibronectin-coated colloidal tips, cells expressed 
increased expressions of both actin fibers throughout the cell body and vinculin on the basal cell 
surface (Fig. 7b). Upon the activation of RhoA, VSMCs exhibited increased stress fiber 
formation, cell stiffness, integrin activation, myosin phosphorylation, and vice versa. Thus, it was 
suggested that pre-existing cytoskeletal tension, as mediated by RhoA pathway, governs cell 
response to external mechanical stimulation. Cells can sense and adapt to the physical 
microenvironment by a coordinated response of the actomyosin apparatus to establish a new 
homeostatic state. Their follow-up work further elucidated that the cytoskeletal tension is 
mediated by RhoA-Src cross-talk, which in turn, induces two distinct force-stiffness functional 
regimes for integrin α5β1-binding to matrix molecules such as fibronectin (Sreenivasappa et al., 
2014). 

4.3. AFM-FRAP module 
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Recently, fluorescence recovery after photobleaching, or FRAP, has become an increasingly 
popular tool in studying the molecular kinetics and dynamics in a spatiotemporal specific 
manner, where a small region of interest is bleached by a brief exposure to a high-power laser 
light, and subsequent recovery of fluorescently tagged molecules is monitored over time 
(Fritzsche and Charras, 2015). Synergistic application of FRAP and AFM could enable the 
measurement of the turnover dynamics of cellular structures directly underneath the point of 
contact or any location within the cell volume under real-time application of mechanical stimuli. 
Skamrahl et al. constructed a new optomechanical AFM-FRAP platform by integrating AFM with 
a FRAP module (Skamrahl et al., 2019). In this platform, an oil immersion objective on a wide-
field fluorescence microscope and FRAP laser unit were connected to the AFM in a bottom-up 
set-up. Photobleaching was induced in microscopic regions of interest (diameter ~ 2 µm) via a 
single laser pulse, enabling the observation of intracellular fluorescence recovery (Fig. 7c).  

Under this module, a constant indentation force was applied to the apical actin cortex of live 
HeLa cells for ~ 150 sec via microspherical tips. In this period, photobleaching was induced, 
and the turnover of actin and filament lengths of ventral actin stress fibers were then monitored 
by FRAP (Fig. 7c). The findings showed that the contraction of F-actin fibers in the cortex was 
mediated by both Arp2/3 and formin, which govern the fluorescence recovery at short and long 
time scales, respectively. In contrast, actin stress fibers were found to be dominated by formin, 
consistent with the literature. Increasing applied apical forces from 0.1 to 10 nN was found to 
significantly increase both the formin-mediated F-actin turnover rate and the stress fiber length, 
illustrating the adaptative response of actin cytoskeleton to mechanical stimuli. It was suggested 
this new module could be used to study the mechanoadaptive cytoskeleton remodeling 
dynamics in other models such as T-cell activation, stem cell differentiation, and cell migration.   

4.4. AFM-tensile device 

Given the salient mechanosensitivity of cells, probing cell mechanobiology under a controlled 
external mechanical stress could provide crucial insights into the fundamental processes of 
mechanotransduction. Both commercial and custom-made cell stretching devices have been 
developed to work in combination with either optical microscopy or AFM. Hecht et al. designed a 
uniaxial cell-stretching stage that can be integrated with AFM and fluorescence imaging at the 
same time (Hecht et al., 2012). A fibronectin-coated polydimethylsiloxane (PDMS) substrate 
was used for cell culture and adhesion, and the substrate was connected to a motorized stretch 
device to enable controlled step movement and relaxation. This device was inserted between 
the AFM head and a bottom-up fluorescence microscope (Fig. 7d). With this device, tensile 
stretch was applied to squamous cell carcinoma (SCC-25) cells. As a result, strain-dependent 
change in the cytoskeleton was directly visualized, and the strain-softening effect could be 
quantified by AFM at the same time (Fig. 7d).  

Becerra et al. recently developed a disk-shaped cell stretch device using dielectric elastomer 
films that can be electro-actuated by the ring-shaped peripheral electrodes (Becerra et al., 
2021). With cells seeded in the middle of the elastomer surface, an equi-biaxial or uniaxial 
tensile strain can be applied to the elastomer using an annular or four-electrode configuration, 
respectively. Both static and sinusoidal dynamic deformations could be applied to a single 
adherent cell by controlling the actuating voltage profile. Potential application of this device was 
demonstrated on T3T fibroblasts and cardiac myocytes. A tensile strain-induced reversible 
stiffening was found in cardiac myocytes, and high-resolution topography and modulus maps 
were obtained on fibroblasts to illustrate the long-term stability of the instrument. These proof-of-
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concept studies illustrated the potential of tensile devices for studying mechanoadaptation and 
cytoskeleton remodeling of various cell types.  

5. Concluding Remarks 

Molecular interactions at the cell-matrix interface are crucial biophysical driving forces of cell 
physiological processes, including proliferation, homeostasis, and disease progression. 
Understanding this critical microdomain can provide novel targets for disease detection and 
intervention, as well as tissue regeneration and repair. As outlined by this review, integrated 
AFM-fluorescence devices have expanded our understanding of this microenvironment by 
introducing various optics-based changes, transitioning from conventional optical microscopy to 
more advanced imaging modalities for real-time comprehensive imaging. The coalescence of 
AFM and fluorescence imaging has progressed to capture many molecular events taking place 
at the cell-matrix interfaces, including pericellular matrix-mediated mechanotransduction, 
cytoskeleton remodeling, ion channel activities, and mechanically coupled molecular-level 
protein expression. This methodology platform thus holds promising potential for addressing 
many open questions in cell mechanobiology to facilitate disease intervention and regeneration. 
For example, how do various matrix molecules, e.g., different collagen types and structures, 
elicit differentiated expressions of specific integrins? How do different integrin types impact 
cytoskeleton remodeling and nucleus mechanotransduction? How does the proteoglycan and 
fixed charge microenvironment of the PCM and/or glycocalyx layer regulate the 
mechanosensing of integrins and ion channels, in addition to the kinetic trap mechanism 
(Paszek et al., 2014) endowed by glycoproteins? How does inflammation alter cell-matrix 
interactions that augments focal adhesion, and in turn, progressive fibrosis in scar tissues? 
Further development and applications of advanced nanomechanical tools, such as multi-
harmonic AFM (Raman et al., 2011), array-AFM (Yang et al., 2019), 3D-AFM force mapping 
(Akhtar et al., 2019; Zhou et al., 2020a), as well as parallel cantilever-free probe arrays (Cao et 
al., 2021), and their wider applications in biological tissues and cells will further expand our 
understanding of processes at the cell-matrix interface. Collectively, these techniques will 
benefit the development of novel regeneration or disease modification strategies targeting this 
critical microdomain.  
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Figure Captions 

Fig. 1. Schematic illustration highlighting several key molecules mediating the interactions at the 
cell-matrix interface. In the glycocalyx layer, also known as the pericellular domain, both 
collagen fibrils and fibronectin enable integrin-binding, which in turn regulates the formation of 
Adhesion Complex (AC) and polymerization of F-actin. Transmembrane constituents such as 
protein mucin 1 (MUC1), with several phosphorylation sites in its cytoplasmic tail, and receptor 
CD44, a receptor for hyaluronan (HA), are abundant throughout the cell membrane. 
Additionally, syndecans, a family of transmembrane proteoglycans, associate with the actin 
cytoskeleton, growth factors, and integrins through their ectodomain thus activating downstream 
signaling pathways responsible for a broad range of cellular behavior. Meanwhile, pericellular 
molecules including large proteoglycans (e.g., aggrecan), small leucine-rich proteoglycans 
(SLRPs), HA, collagen VI and perlecan, also regulate the integrity of pericellular matrix and the 
mechanosensitive activities of ion channels. The AC, in conjunction with the mechanosensing of 
transmembrane moieties and ion channel-mediated cytoskeletal mechanotransduction 
collectively affect downstream mechanosensitive pathways (e.g., Rho, Rac, MAPK/ERK, 
YAP/TAZ, β-catenin, etc.), and Linker of Nucleuskeleton and Cytoskeleton (LINC)-mediated 
nucleus mechanotransduction, which regulates downstream expression of mechanosensitive 
genes. In the schematic, only a few key matrix and cellular constituents are shown to 
demonstrate the complexity of cell-matrix mechanobiology and to increase clarity. These 
illustrated molecules represent general mechanotransduction events at cell-matrix interfaces, 
and are not specific to individual cell types. The schematic is inspired by Ref. (Afratis et al., 
2017; Bourguignon, 2019; Chery et al., 2020; DuFort et al., 2011; Guo et al., 2022; Humphrey et 
al., 2014; Martino et al., 2018; van Putten and Strijbis, 2017; Wiberg et al., 2002).  

Fig. 2. Micromechanics of the pericellular matrix (PCM) in healthy and osteoarthritis (OA) 
cartilage via IF-guided AFM nanomechanical mapping. a) Top panel: Schematic illustration of 
the IF-AFM on cryo-sectioned cartilage. Bottom panel: phase contrast (top) and collagen VI IF 
(bottom) images highlighting the PCM and territorial/interterritorial extracellular matrix (T/IT-
ECM) during AFM tests. Adapted with permission from (Wilusz et al., 2012b). b) Left panel: 
Representative maps of indentation modulus, Eind, show reduced PCM modulus in OA cartilage 
relative to the normal control from human specimens. Middle panel: Comparison of the PCM 
and T/IT-ECM moduli between normal and OA human cartilage specimens (mean ± 95% CI, 15-
16 regions from n = 4 donors, *: p < 0.05). Right panel: IF images of type VI collagen show 
increased staining and expansion of collagen VI-labeled PCM domain in OA cartilage. Adapted 
with permission from (Wilusz et al., 2013). c) Representative maps of Eind show the early 
modulus reduction of PCM and T/IT-ECM at 1 week after the destabilization of medial meniscus 
(DMM) surgery applied to 3-month-old wild-type male mice, relative to the contralateral Sham 
control. Right panel: Summary of longitudinal changes in the microscale and tissue-level 
modulus of cartilage from 3 days to 8 weeks after DMM (mean ± 95% CI, n ≥ 5 animals, all the 
bars are significantly different from the baseline with p < 0.05, unless noted as “n.s.”, that is, not 
significant). Adapted with permission from (Chery et al., 2020). 

Fig. 3. Roles of individual matrix molecules in the micromechanics of cartilage pericellular 
matrix (PCM) via IF-guided AFM nanomechanical mapping. a) Collagen VI. Left panel: 
Representative IF images of collagen VI show its localization in the PCM of wild-type (WT) 
cartilage and its absence in Col6a1−/− cartilage at 2 months of age. Middle panel: 
Representative map of indentation modulus obtained on 2-month-old Col6a1−/− murine femoral 
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head cartilage and corresponding perlecan-labeled IF image. Right panel: Comparison of the 
PCM and T/IT-ECM moduli between WT and Col6a1−/− cartilage at 2 and 9 months of ages 
(mean ± SEM of ≥ 24 sites from n = 3 animals, *: p < 0.05). Adapted with permission from Ref. 
(Zelenski et al., 2015). b) Decorin. Left panel: Representative IF images of aggrecan and 
decorin show the reduction of aggrecan and absence of decorin in Dcn−/− knee cartilage in 
comparison to WT at 3 months of age. Right panel: Comparison of the PCM and T/IT-ECM 
moduli between WT and Dcn−/− cartilage at 3 days, 2 weeks and 3 months of ages (mean ± 95% 
CI from n = 5 animals, *: p < 0.001). Adapted with permission from Ref. (Chery et al., 2021). c) 
Biomimetic proteoglycan (BPG10). Left panel: IF images of adult bovine cartilage explants 
infiltrated with fluorescently labeled BPG10 and co-stained with collagen VI demonstrate the 
preferred distribution of BPG10 within the PCM and nearby territorial domain. Right panel: Box-
and-whiskers plots of the PCM, T-ECM, and IT-ECM micromodulus for control and BPG10-
treated bovine cartilage (> 600 locations for each region, n = 5 animals). Each matched pair of 
circles represents the average modulus of untreated and BPG10-treated cartilage of the same 
animal. Adapted with permission from Ref. (Kahle et al., 2022).  

Fig. 4. Mechanotransduction of chondrocyte Piezo1/2 ion channels measured by AFM and side-
view, real-time IF imaging. a) Roles of Piezo1/2 in chondrocyte mechanoresponses to 
compressive strains. Top panel: Schematic illustration of chondrocyte compression via an AFM 
tipless cantilever and a representative trace of mechanically activated Ca2+ influx of primary 
chondrocytes (dotted blue line indicates the time when compression initiates). Sequential side-
view IF images show the vertical compression and lateral expansion of an individual 
chondrocyte under the compression. Bottom panel: Impact of Piezo1/2 knockdown on the 
maximal Ca2+ influx of chondrocytes under compression. Left: Chondrocytes treated with 
Piezo1-targeting or Piezo2-targeting siRNAs (Ps1 and Ps2, mean ± SEM, *: p < 0.0005 versus 
respective controls). Right: Chondrocytes treated with piezo-inhibitor GsMXTx4 at 20 µM (Gs20) 
and 40 µM (Gs40), as well as 2 µM GsMXTx4 with 5 µM dynasore (Gs2+dyn5), the dynamic 
GTPase inhibitor (mean ± SEM, #: p < 0.0005 versus the control). Adapted with permission from 
Ref. (Lee et al., 2014). b) Roles of Piezo1 in chondrocyte mechanoresponses under 
inflammatory stimuli. Top panel: Schematic illustration of cyclic chondrocyte compression every 
10 seconds via a tipless cantilever and representative traces of mechanically activated Ca2+ 
influx of individual chondrocytes with or without the stimulation of 10 ng/mL IL-1α. Bottom panel: 
Impact of Piezo1 knockdown on the maximal Ca2+ influx of primary chondrocytes under 
compression and IL-1α stimulation. Left: Chondrocytes treated with Piezo1-targeting siRNA and 
IL-1α (mean ± SEM, *: p < 0.01). Right: Chondrocytes treated with IL-1α and small molecule 
inhibitors of specific ion channels, including Piezo1/2 (2 µM GsMTx4 + 5 µM dynasore, GsDy), 
TRPV4 (25 µM GSK205, G205) and VGCC (0.5 µM verapamil, Verap) (mean ± SEM, #: p < 0.01 
versus the IL-1α-only group, *: p < 0.0001 between untreated and IL-1α-only groups). Adapted 
with permission from Ref. (Lee et al., 2021). 

Fig. 5. Molecular mechanics of actin networks via customized AFM force spectroscopy and IF 
imaging. a) Growth of actin networks. Top panel: Schematic illustration of experimental 
geometry (top) and images of an AFM cantilever before and during polymerization (bottom). In 
the presence of cytoplasmic extract mix, an ActA-functionalized cantilever activates the Arp2/3 
complex and initiates the formation of a branched actin network between the cantilever and 
glass substrate. Growth of this actin-network deflects the cantilever, which enables the 
measurement of actin dimensional growth and restoring force exerted by the cantilever. 
Brightfield image (left) and IF images of rhodamine-labelled actin (middle, right) show the 
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growth of the actin network at the end of cantilever. Bottom panel: Force-velocity relationship of 
actin-network growth. Left: A representative length force-time trace curve (red solid line) from a 
single experiment with the vertical dotted lines marking the transitions between phases A, B and 
C. The black dotted line in phase b is a linear fit to highlight the load-independence of this 
phase. Right: Force-velocity relationship for the same experiment shows the load-independent 
B and stall C phases. Adapted with permission from Ref. (Parekh et al., 2005). b) Reversible 
stress softening of actin networks. Top panel: AFM-based microrheology of growing dendritic 
actin networks. Left: Schematic illustration of the experimental set-up, in which, the substrate is 
driven sinusoidally, and the force transmitted through the network (red mesh) is measured by 
the AFM cantilever. Middle: IF image of the actin network used for calculating the total actin 
network area. Right: Corresponding stress and strain curves calculated from the applied 
sinusoidal loading as a function of time. Bottom panel: Averaged and normalized trace of the 
nonlinear elasticity of actin networks (mean ± STD, n = 28 measurements). Each individual 
measurement was normalized by the difference between the elasticity before the measurement 
Emin and the maximum elasticity for increasing stresses Emax and σc. Three distinct regimes of 
elasticity are identified: linear, stress stiffening, and the reversible stress softening at σ > σc. 
Inset: histogram of σc, with a mean value of 233 Pa. Adapted with permission from Ref. 
(Chaudhuri et al., 2007). 

Fig. 6. Biomechanics of the nucleus measured by AFM and confocal microscopy. a) Puncture of 
plasma and nuclear membrane by AFM needle tip on HeLa cells expressing CHMP4B-GFP. 
Left panel: Top: Schematic illustration of probing isolated CHMP4B-eGFP HeLa cells with the 
needle tip. Bottom: Representative force-distance curve indicating force-relaxation regions 
corresponding to combined membrane puncture (A), retraction of probe from nuclear membrane 
(B), and retraction of probe from plasma membrane (C) (Inset: SEM image of an AFM needle 
tip). A fluorescent z-stack reconstruction image (1) before needle puncture reveals the small (≈ 
1 µm) distance between plasma and nuclear membranes, matching observations of the force-
relaxation curve. (2) Indirect visualization of the AFM needle-tip (pink) and CHMP4B recruitment 
at the puncture site (green) within the nucleus (blue) during needle puncture. Right panel: Top: 
Representative fluorescence images of CHMP4B at 1, 5 and 10 minutes after puncture. Bottom: 
Relative fluorescence intensity of HeLa CHMP4B-eGFP cells (n = 10, mean ± SEM) probed with 
a needle tip versus a microspherical tip. Adapted with permission from Ref. (McCreery et al., 
2021). b) 3D nanomechanical mapping of the nucleolus biomechanics of NIH 3T3 fibroblast and 
MDA-MB-231 breast cancer cells. Left panel: Top: SEM image of a representative long carbon 
tip (left inset: a parabolic fit for tip radius estimation; right inset: a regular pyramidal tip of the 
same cantilever type for comparison). Bottom: Vertical cross-section of confocal z-stack images 
along the marked lines in the right panel show the size and depth of the nucleoli (red) and cell 
shape (F-actin, green). Right panel: Representative nanomechanical maps of Estorage and 
confocal images of nucleoli (SYTO85 staining) show the higher storage modulus at the nucleoli 
of both cell types. Adapted with permission from Ref. (Efremov et al., 2022). 

Fig. 7. Custom-built devices that integrate AFM nanomechanical testing and IF imaging. a) AFM 
with side-view optical imaging. Top panel: Left: Schematic illustration of side-view imaging path 
and desired image of sample (dotted line: image plane). Right: A bright-field and merged IF 
side-view images of a U2OS cell showing cell membrane (red), GFP-actin (green) and the 
stained nucleus (blue). Dotted lines: substrate surface. Bottom panel: Schematic illustration of 
the measurement of adhesion between a leukocyte (red) and an endothelial cell (green), and 
representative images of the leukocyte labeled with a membrane dye taken at the indicated 
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distances. White arrows: tethers between the two cells. Right: Force (red) and corresponding 
aspect ratio of the cell (black, dimensions illustrated in the inset) measured for all the images 
taken with the side-view imaging path. Adapted with permission from Ref. (Chaudhuri et al., 
2009). b) AFM with multiple optomicroscopy. Top panel: Picture shows the integrated design 
with AFM scanner, TIRF and confocal microscopes, and schematic illustration of tensile 
stretching of a vascular smooth muscle cell (VSMC) in vitro via a fibronectin-coated 
microspherical AFM tip. Bottom panel: Representative TIRF and confocal images of VSMC co-
expressing vinculin-GFP (green) and actin-mRFP (red) before and after stimulation by a 
fibronectin-coated AFM tip. White arrow heads: actin fibers undergoing appreciable disassembly 
(big arrow heads) or assembly (small arrow heads) in response to the stimulation. Adapted with 
permission from Ref. (Lim et al., 2012; Trache and Lim, 2009). c) AFM with the FRAP module. 
Top panel: Schematic illustration of the AFM-FRAP setup for simultaneous quantification of 
molecule kinetics and cell mechanics. Bottom panel: Application of AFM-FRAP in ventral actin 
stress fibers. Representative map of indentation slope on a HeLa cell, and time-series of FRAP 
kymographs of ventral actin stress fibers of a HeLa cell in response to 10 nN external applied 
force. Adapted with permission from Ref. (Skamrahl et al., 2019). d) AFM with the tensile 
stretching device. Top panel: Image of the cell stretching device (see original reference for the 
legends of different device parts a-g), and schematic illustration of the integrated assembly 
including the stretching device, top-down AFM head, and inverted microscope. Bottom panel: 
Structure and mechanics of squamous cell carcinoma (SCC)-25 cells under tension. Left: 
Cytokeratin IF images of living SCC-25 cells showing cell tensile deformation. Right: 
Corresponding modulus maps showing the reduction of modulus at 20% cell stretching of SCC-
25 cells. White arrows: keratin domains with higher modulus before deformation. Adapted with 
permission from Ref. (Hecht et al., 2012).  
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