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Lignin is a heterogeneous aromatic plant cell wall biopolymer 
that is synthesized via radical coupling reactions of three pri-
mary monolignols: p-coumaryl alcohol (H unit), coniferyl 

alcohol (G unit) and sinapyl alcohol (S unit) (Fig. 1a)1. Given the 
available reactive centres of the monolignols, the lignin polymer 
is typically composed of a heterogeneous network linked by C–O 
and C–C bonds. Recent work has revealed that components beyond 
the traditional three monolignols can be incorporated into lignin  
(Fig. 1b), including flavonoids, hydroxystilbenes and hydroxy-
cinnamic amides2. In addition, lignin can be covalently linked to 
hemicellulose and often exhibits pendent hydroxycinnamic acids 
or benzoic acids, depending on the plant species2,3. The resulting 
polymer has a complex structure that lends rigidity and hydropho-
bicity to the plant cell wall, facilitating upward growth and water 
transport, respectively.

The natural abundance of biomass provides promising oppor-
tunities for lignin conversion to supply chemical products that are 
currently derived from fossil-based feedstocks. Indeed, industrial 
conversion of lignin into value-added products is critical to the 
viability of a lignocellulosic bioeconomy4,5. However, lignin remains 
under-utilized because its compositional heterogeneity presents 
challenges for selective depolymerization and upgrading or direct 
use as a material (Fig. 1a). Although a wide variety of strategies have 
been pursued with the goal of depolymerizing lignin into mono-
mers and oligomers6–10, the resulting heterogeneous mixtures of 
phenolic compounds can require costly separation steps for chemi-
cal production. Thus, continued research and innovation is required 
to realize lignin valorization at scale.

One approach with the potential to overcome the utiliza-
tion barrier for lignin is biological funnelling, which harnesses 
microbial metabolic pathways to convert heterogeneous chemi-
cal mixtures into a defined product with high atom efficiency11–19. 
Aerobic catabolism of aromatic compounds is particularly well 

suited to this approach, as these pathways converge on a few cen-
tral intermediates and are amenable to engineering20. In bacteria, 
this catabolism involves activation of the aryl ring by oxygenation 
reactions. These reactions occur in upper pathways, so named for 
their roles in catabolizing a wide variety of aromatic compounds 
to a small number of shared intermediates. Lower pathways then 
transform these intermediates to central metabolites21. Shared inter-
mediates include catechol, protocatechuate and gallate, three com-
pounds that are subject to ring-opening catalysed by dioxygenases  
(Fig. 1c)22,23. In an alternative aerobic aromatic catabolic strategy, not 
discussed here, the aromatic ring is activated by coenzyme A (CoA) 
thioesterification before hydrolytic cleavage21. Metabolic engineer-
ing efforts, primarily in bacteria that catabolize aromatics aerobi-
cally, have converted aromatic substrates in lignin-derived streams 
to value-added compounds11,13,15,17–20,24–30. The ultimate viability of 
biological funnelling strategies relies on convergent microbial path-
ways that transform lignin towards target molecules.

In this Review we focus on three key classes of enzymatic 
reaction that enable the catabolism of lignin-related compounds 
(referred to hereafter as LRCs) to target products in bacterial hosts. 
All three classes of reaction activate aromatic compounds for oxi-
dative ring-opening, namely O-demethylation, hydroxylation and 
decarboxylation. Importantly, in the context of effective microbial 
biocatalysts for lignin valorization, these reactions are increasingly 
recognized as rate-limiting steps13,27,29,31–33. Optimization of these 
steps through enzyme engineering, metabolic engineering and 
experimental evolution is coming to the forefront as an exciting and 
biotechnologically critical application for realizing industrial-scale 
biological lignin valorization.

Aromatic O-demethylation
Catalytic and thermal depolymerization of lignin feedstocks, espe-
cially those from angiosperms that are rich in G/S-type lignin units, 
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produces a wide variety of methoxylated compounds, including 
methoxyphenols (for example, guaiacol and syringol), aromatic 
aldehydes (for example, vanillin and syringaldehyde), aromatic 
acids (for example, vanillate and syringate) and biaryls (for exam-
ple, 5,5′-dehydrodivanillate)7. Aerobic catabolism of these aromatic 
compounds makes use of O-demethylation to generate diols for ring 
cleavage. Although there is little difference in the activation of the 
aromatic ring by a hydroxyl versus a methoxy substituent, depro-
tonation of the hydroxyls is critical in the proposed mechanisms 

of both extradiol and intradiol ring-cleaving dioxygenases23,34. 
O-demethylation reactions impact a wide variety of biological pro-
cesses outside aromatic catabolism, including DNA repair, epigen-
etic modification and gene expression35,36, and diverse enzymatic 
mechanisms have evolved to carry out these reactions.

So far, three primary classes of enzymes have been identified that 
catalyse the O-demethylation of LRCs (Fig. 2 and Supplementary 
Table 1): Rieske oxygenases (ROs)37,38, cytochromes P450 (P450s)39 
and tetrahydrofolate (THF)-dependent demethylases40,41. ROs and 
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P450s are typically multi-component systems that utilize a reductase 
and sometimes a ferredoxin to transfer electrons from NAD(P)H to 
the oxygenase. The oxygenase components of ROs and P450s con-
tain a mononuclear non-haem iron centre and haem iron, respec-
tively, that catalyse the activation of O2 and the monooxygenation  

of the methyl group to produce a hemiacetal intermediate, which 
breaks down spontaneously to yield the demethylated product along 
with formaldehyde. For THF-dependent demethylases, the methoxy 
methyl group is transferred non-oxidatively from the aromatic sub-
strate to the THF cofactor40,41. As described in the following, the 
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catalytic cycles of these enzymes require additional components to 
regenerate the cofactor. Both ROs and P450s catalyse a wide variety 
of oxidative chemistries in nature, making them attractive scaffolds 
for protein engineering and directed evolution to enhance micro-
bial lignin valorization42,43.

ROs function as two- or three-component systems (Fig. 2a,b and 
Supplementary Table 1). In two-component systems, a reductase 
utilizes a flavin coenzyme, either flavin mononucleotide (FMN) or 
flavin adenine dinucleotide (FAD), to transfer reducing equivalents 
from NAD(P)H to the oxygenase. Three-component systems have 
an additional ferredoxin that transfers electrons from the reductase 
to the oxygenase. The oxygenase itself has a Rieske-type ferredoxin 
that directs electrons to the mononuclear iron. Substrate binding 
near the iron ion precedes binding and reductive activation of O2 at 
the mononuclear iron. A high-valency ferryl species then hydroxyl-
ates the substrate at its reactive O-methyl group. Rearrangement of 
the hydroxylated species gives the ultimate products34.

ROs involved in the O-demethylation of LRCs include VanAB 
and LigXacd, which catalyse the O-demethylation of vanillate 
and 5,5′-dehydrodivanillate, respectively. VanAB is a Type I-α 
RO (according to the Kweon classification system38) in which 
VanA is the oxygenase and VanB is an FNRC-type reductase with 
a C-terminal [2Fe-2S] domain (F, ferredoxin; N, NAD(P)H; C, 
C-terminal [2Fe-2S]). LigXacd from Sphingobium sp. SYK-6 (SYK-6 
hereafter) is a Type III-α RO comprising an oxygenase (LigXa), a 
ferredoxin (LigXc) and an FNRN-type FAD/NADH-reductase 
(LigXd; N, N-terminal [2Fe-2S]). Pseudomonas putida KT2440 
(KT2440 hereafter), developed as a whole-cell biocatalyst for 
aromatic catabolism44, employs VanAB to demethylate vanillate  
(Fig. 2b)45,46 and syringate47. Either NADH or NADPH may serve 
as the electron donor, and many orthologues of VanAB can utilize 
both nicotinamide coenzymes46,48,49.

P450s constitute a large superfamily of cysteine-ligated haem 
enzymes39 that catalyse a variety of stereo- and regioselective reac-
tions, although they are best known for monooxygenation50. As in 
ROs, P450s employ a short electron transport chain to transfer elec-
trons from NAD(P)H to the oxygenase (Fig. 2c,d and Supplementary 
Table 1). Also as in ROs, bacterial P450s can function as two- or 
three-component systems with a FAD-containing reductase that 
reduces the P450 directly or indirectly via a ferredoxin51. As a third 
possible architecture, the P450 and reductase can occur in a single 
polypeptide52. In all cases, substrate binding near the open coordi-
nation position over the haem leads to a change in the spin state of 
the iron, permitting reduction of the metal ion. Binding and reduc-
tive activation of O2 follow, forming a reactive ferryl-haem species. 
Analogous to the mononuclear non-haem iron RO enzymes, the 
ferryl species hydroxylates the reactive O-methyl group of the sub-
strate, which rearranges to yield formaldehyde and the demethyl-
ated product. Electron or hydrogen atom transfer from the reactive 
C–H bond to the ferryl is often rate-limiting53.

The first lignin-relevant P450s were identified in Rhodococcus 
rhodochrous and they were observed to demethylate o-substituted 
phenols and p-methoxylated benzoates, respectively54,55. Other 
P450s have been shown to demethylate p-methoxybenzoate com-
pounds in Rhodopseudomonas palustris56,57. More recently, GcoAB 
from Amycolatopsis sp. ATCC 39116 was characterized in detail as 
a tool for O-demethylation of the LRC guaiacol to yield catechol 
(Fig. 2d)58. GcoA belongs to the CYP255A family. GcoB, the cog-
nate reductase, is analogous to the FNRN-type reductase compo-
nent of ROs38, with a FAD-containing domain and an N-terminal  
[2Fe-2S] ferredoxin domain. Somewhat unusually, GcoAB forms a 
stable complex58,59. GcoAB catalyses the O-demethylation of a vari-
ety of aromatic substrates in addition to guaiacol59,60. This promis-
cuity, combined with comprehensive structural studies of the GcoA 
active site, enabled the substitution of active-site residues to expand 
the substrate range to include syringol60, o-vanillin and p-vanillin61. 

Finally, AgcAB, which is found in two Rhodococcus species and 
shares over 50% amino-acid sequence identity with GcoAB, cataly-
ses the O-demethylation of larger, 4-alkylguaiacol substrates to yield 
4-alkylcatechols (Fig. 2d)62.

Recent interest in lignin-relevant P450s from bacteria63 demon-
strates continued opportunity for enzyme discovery. For example, 
preliminary studies identified guaiacol-specific O-demethylases in 
Corynebacterium64, Streptomyces65 and Moraxella66, but no further 
metabolic or protein engineering has been reported. Heterologous 
expression of a two-component P450 O-demethylase system from 
R. rhodochrous J3 enabled P. putida EM42 to grow on guaiacol67, 
and a new CYP199A25 from Arthrobacter was identified as a 
p-methoxybenzoate demethylase68. Furthermore, the P450BM3 
fusion protein has been employed in a synthetic peroxygenase sys-
tem to regio-selectively O-demethylate several aromatic ethers69. 
Interestingly, to our knowledge, no P450 O-demethylases have yet 
been reported for the utilization of vanillate or syringate.

Aerobic bacteria employ a third, non-oxidative mechanism for 
aromatic O-demethylation, in which THF serves as the acceptor of 
the methyl group (Fig. 2e,f and Supplementary Table 1). Unlike ROs 
and P450s, THF-dependent O-demethylases do not generate form-
aldehyde as a by-product, thereby avoiding the cytotoxicity and 
enzyme inhibition associated with this compound48,49,70. In SYK-6, 
two enzymes catalyse THF-dependent O-demethylation reactions: 
LigM demethylates vanillate and 3-O-methylgallate, and DesA pref-
erentially demethylates syringate (Fig. 2f)40,41. In these reactions, 
transfer of the methyl group produces 5-methyl-THF, an essential 
intermediate in C1 metabolism for the biosynthesis of methio-
nine71,72. THF is regenerated by MetF and LigH15,41. Crystal struc-
tures of LigM reveal that the enzyme forms a cloverleaf shape with 
a large central cavity to accommodate THF and the substrate73,74. 
A tyrosine serves as an acid to the substrate methoxy oxygen, 
facilitating methyl transfer to THF-N5. Recently, LigM and DesA 
homologues were characterized in Novosphingobium aromaticiv-
orans DSM 12444, along with a new O-demethylase, DmtS, which 
converts 3-O-methylgallate to gallate (Fig. 2f)75. LigM and DesA 
homologues are also present in Agrobacterium tumefaciens C58 and 
Rubrobacter xylanophilus DSM 994141, and have been identified in 
thermophilic lignin-degrading microbial communities analysed 
using stable isotope probing (Levy-Booth, D. J. et al.; manuscript 
in preparation). This latter study highlights the considerable poten-
tial of metagenomic approaches for identifying enzymes for lignin 
bioconversion. Furthermore, several methyltransferase systems 
catalyse O-demethylation in anaerobic bacteria76–79, but their activ-
ity may be oxygen-labile, potentially limiting their use in aerobic 
industrial bioprocessing.

Aromatic hydroxylation
Hydroxylation of the aromatic ring is a key strategy for generating 
activated aromatic diols. LRCs for aromatic hydroxylation include 
monomers derived from p-hydroxyphenyl-type lignin as well as 
aromatic acids that are frequently esterified to lignin or hemicel-
lulose, such as 4-hydroxybenzoate (4-HBA), p-coumarate and 
hydroxyphenylacetate80. Flavin monooxygenases (FMOs)81 com-
prise the main class of enzymes that catalyse mono-hydroxylation 
of LRCs (Fig. 3 and Supplementary Table 2). Three other classes 
of aromatic hydroxylase have been reported: ROs82, P450s and 
pterin-dependent enzymes83. However, only hydroxylation by P450s 
has been identified in natural lignin-relevant catabolic reaction 
pathways thus far, and only in fungal hosts, to our knowledge84,85. In 
plants, three P450s—CYP73A, CYP98A and CYP84—catalyse three 
phenyl ring hydroxylation steps in monolignol biosynthesis, which 
modulates the H/G/S ratio of the monolignol pool86. Other aro-
matic and xenobiotic compounds that are not typically considered 
LRCs, often containing hydroxyl substituents at the m- or o-position  
(such as 3-hydroxybenzoate and salicylate, respectively), as well 
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as phenol and benzoate are also subject to ring hydroxylation in 
preparation for ring cleavage. Among the ring-hydroxylating ROs, 
those that transform the non-LRC compounds phenol87, naphtha-
lene88, salicylate89, biphenyl90 and benzoate91 have been well studied 
and could serve as scaffolds for protein and metabolic engineering 
efforts. Although these compounds are not common LRCs, these 

scaffolds could prove useful in overcoming bottlenecks in aromatic 
catabolic pathways.

FMOs employ a flavin cofactor to activate O2 (vide infra), form-
ing a C4a-hydroperoxyflavin intermediate, which subsequently 
introduces one oxygen atom into the substrate (Fig. 3a,b and 
Supplementary Table 2). Two types of FMO catalyse lignin-relevant 
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aromatic hydroxylation reactions: one-component systems that 
bind FAD as a prosthetic group, and two-component systems that 
utilize FAD, FMN or riboflavin81.

Single-component FMOs contain a Rossmann fold to ensure 
tight association of FAD with the active site throughout the cata-
lytic cycle81. Both flavin reduction and substrate oxidation occur 
within the active site. Single-component FMOs use NAD(P)H to 
directly reduce the flavin, where hydride transfer from the NAD(P)
H to flavin takes place rapidly given the transient coordination 
of the nicotinamide. These enzymes demonstrate regioselective 
hydroxylation, high substrate specificity, as well as strong control 
over the bound flavin, potentially as a mechanism to avoid futile 
consumption of the nicotinamide cofactor. The single-component 
FMO 4-hydroxybenzoate-3-monooxygenase, also known as PHBH, 
from Pseudomonas fluorescens and other pseudomonads has been 
the subject of several decades of biochemical and structural stud-
ies92. Orthologues of PHBH are found widely among aromatic cata-
bolic bacteria, but these orthologues demonstrate diversity in their 
preference and specificity for NADH or NADPH93–95.

Two-component FMOs diverge structurally and mechanisti-
cally from single-component systems96. As their name implies, 
these enzymes utilize two proteins to carry out monooxygenation 
of the aromatic substrate: a reductase component that reduces the 
flavin using NAD(P)H, and an oxygenase component that accepts 
the reduced flavin and catalyses hydroxylation of the substrate. 
Whereas the flavin moiety in single-component FMOs can rapidly 
transition between conformations in the oxidized state92, thereby 
facilitating a transient interaction with the nicotinamide cofactor, 
two-component FMOs only accept a reduced flavin from a reduc-
tase partner97. For two-component FMOs, although the reductase 
can reduce the flavin in the absence of substrate98, the presence of 
substrate stimulates flavin reduction in some reductases99. Binding 
of the correct substrate triggers flavin motion towards the bound 
NAD(P)H in FMOs, initiating the catalytic cycle100.

A number of two-component FMOs that transform LRCs have 
been characterized. PheA1A2 from Bacillus thermoglucosidasius 
A7 hydroxylates phenol to generate catechol (Fig. 3b)101, which is 
subject to ortho-cleavage in this strain. AphAB from Rhodococcus 
rhodochrous EP4 catalyses the hydroxylation of the 4-alkylphenols 
to 4-alkylcatechols (Fig. 3b), which are subject to meta-cleavage by 
the enzyme AphC102. Structures for these two-component FMOs 
have yet to be reported. The best characterized two-component 
FMO is 4-hydroxyphenylacetate hydroxylase (HPAH), which 
catalyses the hydroxylation of 4-hydroxyphenylacetate (HPA)99,103 
to 3,4-dihydroxyphenylacetate (DHPA) (Supplementary Table 2). 
4-Hydroxyphenylacetate (HPA) is a minor component of softwood 
lignin streams, but structural and mechanistic insights gleaned 
from 4-hydroxyphenylacetate hydroxylase (HPAH) provide a foun-
dation for understanding the activity of two-component FMOs on 
diverse substrates.

In the context of lignin catabolism, ROs are important for 
O-demethylation (vide supra) and for performing ring hydrox-
ylation in the lower pathways. ROs are also instrumental in the 
catabolism of many xenobiotics and compounds that are not 
lignin-relevant. Therefore, hydroxylation reactions mediated by 
ROs are described here for comparison to the FMO reaction para-
digm (Fig. 3c–f). For example, the biphenyl (5-5) linkage between 
aromatic groups is commonly found in lignin104, and degradation 
pathways for biphenyl compounds have been identified in multiple 
species of soil bacteria90. In pseudomonads and rhodococci, biphe-
nyl dioxygenase is a three-component system composed of four 
proteins: BphA1 and BphA2, which together form the oxygenase 
component, BphA3 (the ferredoxin) and BphA4 (the ferredoxin 
reductase) (Fig. 3d)90. In these systems, the large subunit of the oxy-
genase harbours the active site105, making it an ideal target for engi-
neering substrate recognition and specificity. Although many ROs 

catalyse dihydroxylation reactions, others catalyse the monooxygen-
ation of hydroxylated aromatic compounds (Fig. 3e)106. One exam-
ple is salicylate 5-hydroxylase (S5H) from Ralstonia sp. U2, which 
catalyses hydroxylation of salicylate to form gentisate (Fig. 3f).  
Salicylate 5-hydroxylase (S5H) is composed of NagAaAbGH and 
displays similar specificity for NADH and NADPH107. Mirroring 
the example of GcoAB presented above, mutation of RO active-site 
residues has led to expansion of the repertoire of chemistries per-
formed and substrates accepted by these enzymes108–110.

Decarboxylation
Analogous to O-demethylation and hydroxylation, aromatic decar-
boxylation can prime LRCs for ring-opening. Aromatic decarbox-
ylation can be classified into two mechanistic types: reductive and 
oxidative. These are distinguished by the substitution of the carbox-
ylate by either a hydride or a hydroxyl group, respectively (Fig. 4 
and Supplementary Table 3). Reductive aromatic decarboxylases 
typically belong to the amidohydrolase superfamily (AHS) or the 
prenylated FMN (PrFMN) utilizing UbiD-related protein family. 
Two enzyme classes are known to perform oxidative decarbox-
ylation: ROs and FMOs. These processes, exemplified by salicy-
late 1-hydroxylase (PhnIIA3A4)111, appear to be limited to o- and 
p-hydroxylated forms of hydroxybenzoates, perhaps because this 
configuration facilitates charge delocalization between the hydroxyl 
and carboxylate during the catalytic cycle. The relative position-
ing of carboxylates and hydroxyl groups on the ring dictates which 
enzyme type(s) may be utilized for decarboxylation. In the aero-
bic bacterial catabolism of LRCs, the decarboxylation reactions 
described so far proceed predominantly through the reductive 
route. Oxidative decarboxylation of LRCs is found in fungal sys-
tems112, and oxidative aromatic decarboxylation is prevalent in the 
bacterial catabolism of non-LRC aromatics, originating from hydro-
carbons, including phthalate isomers. Examples of well-studied oxi-
dative decarboxylation pathways are included for comparison with 
the reductive decarboxylation reaction paradigm.

Decarboxylation of o-substituted compounds may proceed 
by a reductive decarboxylation mechanism, mediated by AHS 
enzymes. Members of this superfamily typically catalyse the hydro-
lysis of an ester or amide bond at a carbonyl or phosphoryl cen-
tre113,114. However, a subfamily of AHS enzymes (COG2159) catalyse 
decarboxylation (Fig. 4a)115–117. This subfamily has the distorted 
triose-phosphate isomerase (TIM)-barrel structure characteristic of 
the superfamily and a metal ion in the active site. The AHS-type 
decarboxylases are exemplified by LigW from SYK-6, which cataly-
ses the decarboxylation of 5-carboxyvanillate to vanillate and CO2. 
LigW contains a catalytically essential Mn2+, although other decar-
boxylases contain Zn2+. In AHS-type hydrolases, the metal ion coor-
dinates water, activating it for nucleophilic attack. By contrast, in the 
carboxylases, the metal ion binds the substrate in a bidentate man-
ner via the hydroxyl and carboxyl groups, promoting distortion of 
the aromatic ring and charge delocalization to facilitate C–C bond 
fission113,116. The reaction proceeds by protonation of the carbon 
adjacent to the carboxylate group, which departs as CO2 (refs. 116,118). 
Interestingly, SYK-6 harbours a second copy of 5-carboxyvanillate 
decarboxylase, LigW2, but the function of this redundancy remains 
poorly understood119. Other examples of AHS-type decarboxylases 
include ro01859 from Rhodococcus jostii RHA1 and ag00121 from 
an Agrobacterium species. These enzymes were recently proposed 
to be involved in the production of 1,2,4-benzenetriol, or hydroxy-
quinol, as part of an alternative pathway for beta-ketoadipate pro-
duction from protocatechuate, gentisate (2,5-dihyroxybenzoate) 
and 2,6-dihydroxybenzoate120,121. Reductive decarboxylation may 
also be catalysed by an NTF2-type enzyme scaffold, as exem-
plified by a gallate/protocatechuate decarboxylase described in 
several fungal species, for which a bacterial equivalent has not  
been identified122–124.
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A second class of enzymes that catalyse the reductive decarboxyl-
ation of LRCs is the UbiD-family enzymes (Fig. 4c). These enzymes 
require a unique PrFMN cofactor, which is produced by UbiX, a 
prenyl transferase (Fig. 5)125. Genes encoding this system typically 
occur in a BCD cluster where enzyme B encodes the prenyl transfer-
ase, C encodes the UbiD-type decarboxylase, and D is an open read-
ing frame of unknown function126,127. Interestingly, the D element is 
not commonly found in clusters encoding the prototypical UbiX/
UbiD ubiquinone pair126. To form the PrFMN cofactor, UbiX first 
catalyses the formation of a fourth, non-aromatic ring in the FMN 
isoalloxazine moiety using dimethylallyl phosphate or dimethylal-
lyl pyrophosphate as a prenyl donor125,128. The newly synthesized 
cofactor is then transferred to the decarboxylase and undergoes 
an oxidative maturation step to the active PrFMNiminium form128,129.  

The decarboxylase itself, UbiD, requires potassium and divalent 
metal ions, such as manganese or iron, to properly bind the flavin 
cofactor128. Importantly, FMN prenylation prevents the two-electron 
redox chemistry that commonly occurs in flavoenzymes130. Two 
reaction mechanisms have been proposed for this class of enzyme, 
involving 1,3-cyclodipolar addition and a quinoid intermediate 
for polarophile and non-polarophile substrates, respectively128,131. 
Notable examples of a UbiD-type decarboxylase include AroY 
enzymes from Klebsiella sp. and Enterobacter sp., which catalyse the 
conversion of protocatechuate to catechol (Fig. 4d)132,133.

Aromatic oxidative decarboxylation performed by FMOs and ROs 
is described for many xenobiotic and non-LRCs. Examples of oxida-
tive LRC decarboxylation are sparse, but have been observed in fungi, 
including transformation of 4-HBA and gallate to hydroquinone  
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and pyrogallol, respectively134. FMOs, ROs, as well as the accom-
panying dehydrogenases, offer attractive scaffolds for engineering 
towards an expanded slate of aromatic substrates accessible to an 
organism, or towards overcoming bottlenecks in aromatic cata-
bolic pathways. For example, PhnIIA3A4 and NahG, two salicylate 
1-hydroxylases, which are a RO and FMO, respectively (Fig. 4e–h), 
display reaction mechanisms mirroring processes described in the 
previous sections135–137. Although uncommon, o-hydroxybenzoate 
LRCs may arise from partial processing of aromatic dimers, such 
as in the case of 5-carboxyvanillate for 5,5′-dehydrodivanillate. 
Some RO-mediated reactions, however, produce cis-dihydrodiols, 
which necessitate subsequent dehydrogenation to generate the cor-
responding catechol (Fig. 4i)138. For example, in the catabolism of 
benzoate, another non-LRC, the BenABC enzyme system catalyses 
the dihydroxylation of benzoate to (Z)-1,6-dihydroxycyclohexa-
2,4-diene-1-carboxylate (Fig. 3d), which is in turn oxidized by 
the dehydrogenase BenD to form catechol using NAD(P)+ as the 
electron acceptor (Fig. 4j)91,111,139. The parallel decarboxylation 
strategies employed for the catabolism of LRCs and xenobiotics 
highlight the intersections of these pathways, and suggest these 
reaction paradigms could be adapted for lignin valorization as well 
as bioremediation.

Translating biochemical insights for improved in vivo 
function
O-demethylation, hydroxylation and decarboxylation are often 
rate-limiting steps in microorganisms engineered to convert LRC 
mixtures to single products13,27,29,31–33. Despite robust characteriza-
tion in vitro, the relative advantages and disadvantages of each 
biochemical paradigm when implemented in vivo remain largely 

unknown. Chassis selection and optimization, a critical component 
to achieve success in vivo, has been reviewed elsewhere19,140. Here 
we highlight selected challenges and opportunities for translating 
biochemical insights to tailored microbes for lignin valorization.

Many of the enzymes discussed here rely on reducing equiva-
lents, suggesting that equipping strains for LRC conversion with 
systems for maintaining redox balance will be critical for suc-
cessful application. For example, it was recently shown that the 
PHBH analogue PobA137 introduces a bottleneck leading to 
4-HBA accumulation in KT2440 due to an unfavourable NADP+/
NADPH ratio141. By replacing PobA, which accepts only NADPH, 
with an exogenous enzyme, PraI, which accepts both NADH 
and NADPH141, the 4-HBA bottleneck was overcome. In another 
approach, the addition of formate to KT2440 fermentations acti-
vated endogenous NAD+-dependent formate dehydrogenases, 
thereby increasing the rate of NADH regeneration142. Diverse 
fungal hydroxylases112,134,143 also present an intriguing source 
for improved hydroxylation. As more enzymes catalysing redox 
chemistries are engineered into a single microbial chassis, cofactor 
engineering will be essential to maintain cell viability and efficient 
biocatalytic function51,144.

Similarly, metabolic engineering strategies should consider the 
production of required coenzyme(s) in tandem with expression of 
the cognate enzyme. For example, a bottleneck in protocatechuate 
decarboxylation to form catechol by the UbiD-like decarboxylase 
AroY has been reported31,32. Recent efforts improved strain perfor-
mance by increasing the availability of PrFMN, the coenzyme for 
AroY, via overexpression of an additional prenyl transferase30 or 
enzymes involved in the production of the precursor dimethylallyl 
phosphate129. This example indicates the importance of engineering  
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robust production of coenzyme, especially when the exogenous 
enzyme system requires non-native or low-abundance coenzymes.

In the case of multi-component enzyme systems, balanced 
expression of each component is often required to optimize 
activity in engineered hosts. For example, adequate turnover of 
4-methoxybenzoate by the R. palustris CYP199A4 demethylase 
system in Escherichia coli required additional ferredoxin, HaPux, 
which was achieved by expressing two copies of the associated 
gene145. Similarly, modulating the ratio of partner redox proteins in 
a myxobacterial CYP260A1 system affected the P450 catalytic activ-
ity as well as product profiles146. In cases where analogous single- 
and multi-component systems are available, the metabolic burden 
of expressing a larger enzyme versus two smaller enzymes should 
be considered. Finally, enzyme stability is another critical yet largely 
unexplored area. Evaluating protein stability, and engineering chap-
erones or co-translational folding when necessary147, is a burgeon-
ing area of research.

The potential flexibility of partner interactions in multi- 
component systems presents an interesting opportunity to engineer 
increased turnover and expanded substrate specificity. Electron 
transfer between the substrate and haem-ferryl in P450s53, or the 
reductase in ROs148, can be rate-limiting. Detailed characteriza-
tion of cofactors, including redox potentials, electron transport 
pathways, component complexes and the active-site features that 
facilitate efficient electron delivery and catalysis, offer multiple 
routes to engineer faster turnover and thereby improve flux. With 
regard to substrate specificity, recent studies highlight that flexible 
redox partner combinations for bacterial P450s may have impor-
tant implications for function and specificity149. The use of electron 
transport chains as scaffolds for engineering new substrate speci-
ficities to access additional LRCs, or redirect flux in a desirable way, 
is a compelling opportunity for future work.

The cytotoxicity of substrates, intermediates and by-products 
should be considered and mitigated where possible. Indeed, accu-
mulation of cytotoxic intermediates or by-products may be a dif-
ferentiating feature towards achieving in vivo success. For example, 
RO- and P450-mediated O-demethylation generates formalde-
hyde, whereas THF-dependent systems generate 5-methyl-THF. 
Formaldehyde is an acutely toxic compound for which microorgan-
isms have a variety of detoxification pathways150. Thus, it is plau-
sible that engineering-enhanced formaldehyde detoxification will 
improve the utility of RO- or P450-based biocatalysts, especially 
in heterologous hosts. Indeed, the coupled action of formaldehyde 
dehydrogenase and formate dehydrogenase can regenerate two units 
of NADH for the cell, and formaldehyde utilization via the ribulose 
monophosphate (RuMP) cycle has been shown to mitigate toxicity 
and avoid waste of carbon in KT2440151. In vivo, tolerance adaptive 
laboratory evolution could be useful in mitigating formaldehyde 
toxicity by leveraging natural selection to identify non-intuitive 
genetic targets for improving growth152,153. Alternatively, spatial 
partitioning of reactions that generate toxic by-products to outer 
membrane vesicles, which natively contribute to aromatic catabo-
lism in KT2440154 and can be engineered to carry active enzymes155, 
holds promise to decrease intracellular toxicity. Finally, utilization 
of dynamic metabolic control to mitigate toxicity is another com-
pelling and proven strategy for metabolic engineering156.

Given the systems-level complexity that ultimately governs 
the efficiency and success of microbial cell factories, direct com-
parisons between multiple paradigms may guide selection for a 
given application. For example, vanillate O-demethylation by the 
RO VanAB represents a rate-limiting step in the production of 
muconate from LRCs33. Bacteria typically employ just one of the 
three enzymatic strategies for O-demethylation of a given sub-
strate, but replacing or supplementing VanAB with a P450 sys-
tem or a THF-dependent O-demethylase and directly comparing 
muconate production could reveal whether a heterologous system  

outperforms the native VanAB. Further investigation to uncover the 
underlying reason for improved strain performance could provide 
insight into why a particular biocatalytic mechanism is optimal for 
a given system in a holistic context, in comparison to evaluating the 
in vitro performance of an enzyme for a given substrate in isolation. 
Furthermore, these comparisons can provide targets for continued 
in vivo optimization.

The evaluation of combinatorial enzyme:chassis systems will 
require the development of robust in vivo screening methods. A flu-
orescent biosensor paired with fluorescence activated cell sorting157 
or high-throughput selection assays coupled to growth158 are options 
that have been successfully implemented in microbial chassis for the 
optimization of LRC catabolism159. However, the utilization of tran-
scription factor-based biosensors requires genetic tractability and 
is often host-specific, limiting applicability by chassis. Metabolic 
flux analysis for the quantification of intracellular fluxes within a 
network160, both at the node of interest as well as central carbon 
metabolic pathways, can provide insight into the broader cellular 
demands of one strategy versus another.

As bottlenecks in metabolite turnover are overcome, efficient 
uptake of LRCs may become limiting. Aromatic carboxylates are 
not predicted to passively permeate the bacterial membrane161, sug-
gesting the requirement for a transporter system for many of the 
LRCs discussed here. Identification and characterization of import 
mechanisms for LRCs of interest in model chassis, as was recently 
done in KT2440162, is an important first step towards engineering 
uptake systems for high productivities. Colocalization of enzymes 
within a pathway by engineered protein scaffolds and metabolons 
is an established strategy for increasing flux through diverse path-
ways163,164 that could be targeted to membranes for localized activity 
upon substrate import.

Summary and outlook
Aromatic O-demethylation, hydroxylation and decarboxylation 
are catalysed by multiple enzymatic paradigms that differ in cofac-
tor utilization and enzyme class. Often, the critical enzymes per-
forming these reactions vary in rate, stability and in vivo activity, 
all details that factor into their use in biotechnological applications. 
Comparisons of similar chemistries mediated by different enzyme 
classes will ultimately inform rational metabolic engineering, syn-
thetic biology and cell-free conversion technologies. When bringing 
together pathway components from diverse microbes into engi-
neered systems, optimization becomes a non-trivial, multi-variable 
problem. Among these variables, cofactor and coenzyme availabil-
ity and utilization can play a large role in mediating flux through 
the pathway, but other factors intrinsic to the native system may 
also play a critical role in successful biocatalysis, and these factors 
may be harder to predict and control. Although many enzymes that 
conduct important biochemical reactions in aromatic catabolic 
pathways have been extensively characterized, exciting opportu-
nities in biological lignin valorization should encourage renewed 
focus on these pathways and their potential application in industrial 
bioprocessing.
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