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Nanosecond bacteria inactivation realized by 
locally enhanced electric field treatment

Ting Wang1 & Xing Xie    1,2 

Bacterial contamination in water is still a critical threat to public health; 
seeking efficient water disinfection approaches is of great significance. 
Here we show that locally enhanced electric field treatment (LEEFT) by 
electrodes modified with nanoscale tip structures can induce ultrafast 
bacteria inactivation with nanosecond electrical pulses. A lab-on-a-chip 
device with gold nanowedges on the electrodes is developed for an operando 
investigation. Attributed to the lightning-rod effect, the bacteria at the 
nanowedge tips are inactivated by electroporation. A single 20 ns pulse 
at 55 kV cm−1 has achieved 26.6% bacteria inactivation, with ten pulses 
at 40 kV cm−1 resulting in 95.1% inactivation. LEEFT lowers the applied 
electric field by about 8 fold or shortens the treatment time by at least 106 
fold, compared with the system without nanowedges. Both Gram-positive 
and Gram-negative bacteria, including antibiotic-resistant bacteria, are 
inactivated with nanosecond pulses by LEEFT. According to simulation, when 
the membrane of the cell located at the nanowedge tip is directly charged by 
the concentrated charges at the tip, it is charged much faster and to a much 
higher level, leading to instant electroporation and cell inactivation.

Public health is threatened by a wide variety of pathogenic water con-
tamination. More than 650 million people around the world still lack 
access to clean water1. The importance of finding effective water dis-
infection methods cannot be overstated. The action speed is a major 
parameter indicating the efficacy of a water disinfection method, since 
higher speeds allow higher flow rates and lower hydraulic retention 
times. Antibacterial agents, such as metal ions and compounds, are 
intensively studied for their antimicrobial applications in water2,3. 
They act by interrupting cell functionalities, such as causing protein 
dysfunction, oxidative stress and genotoxicity, which takes place at 
a timescale of minutes to hours4,5. A silver nanocluster packed with 
daptomycin was reported to cause 84% Staphylococcus aureus cell 
damage after 2 h of incubation at the concentration equivalent to 10 μM 
daptomycin and 200 μM Ag (ref. 6).

The stronger oxidants used in water disinfection, such as free 
chlorine and ozone, have faster antimicrobial effects on microbes. 
They damage the cell structure via direct oxidation or generation of 
reactive oxygen species (ROS)7. The CT values (that is, the product 
of concentration and hydraulic retention time) of these disinfection 

methods indicate a trade-off between the treatment time and disinfect-
ant dose: to shorten the treatment time, a higher dosage is necessary. 
The treatment time to achieve 99% inactivation of Escherichia coli is 
10 s and 0.1 s using 6 mg l−1 free chlorine and 5 mg l−1 ozone (the high-
est typical doses), respectively7. Most other pathogenic bacteria and 
protozoa are more resistant than E. coli7.

Although chemical-based approaches are widely used in water 
disinfection, they cause problems such as generating carcinogenic 
disinfection by-products and inducing antimicrobial resistance8–10. 
Therefore, alternative physical methods are also investigated, such 
as using ultraviolet (UV), thermal treatment and electric field treat-
ment. UV at around 260 nm can damage bacteria DNA by dimerizing 
thymine molecules, inhibiting transcription of genetic code and pre-
venting its reproduction. The dosage for 99% inactivation of bacteria 
and viruses ranges from 5 mW s−1 cm2 to 25 mW s−1 cm2, meaning that 
with a typical UV intensity of 5 mW cm−2, the required exposure time 
is at least 1 s (refs. 7,11). Another light-related method, photocataly-
sis, inactivates waterborne microbes through a photocatalytic redox 
mechanism relying on photocatalytic materials, such as TiO2. At least 
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increase) to some extent right after the pulse, but some cells main-
tain a low intensity for up to 10 s until the fluorescence finally spikes. 
Although pores are induced on the membrane by the single pulse, 
some pores may close quickly within milliseconds after the pulse, thus 
limiting further dye diffusion into the cell and delaying the fluorescence 
spike15. No significant difference is found between the cells located 
at the positive and negative electrodes. The microscopy images at 
different timepoints show that the dye diffuses into the cell from the 
nanowedge tip, indicating that the cell damage is directly induced by 
the nanowedge (Fig. 1c).

To distinguish reversible cell damage and cell inactivation, a dou-
ble staining method is used. Another live/dead cell viability stain, 
SYTOX Green, is first added to the medium before treatment to deter-
mine total cell damage (green fluorescence). Twenty minutes after the 
treatment, PI is then added to stain the inactivated cells (Supplemen-
tary Fig. 2). Reversible pores should already close within the 20 min 
window, so the cells also stained with PI (show orange or red colour) 
are considered to have permanent cell damage and be inactivated15,29. 
After a single 20 ns pulse at 55 kV cm−1, 59.7% and 26.6% nanowedges 
at the positive electrodes achieved bacteria damage and inactivation, 
respectively. After ten pulses are applied at 40 kV cm−1, the percentages 
increase to 98.8% and 95.1%. The nanowedges at the negative electrodes 
show similar performance (Fig. 1d).

The side-by-side comparison of the optical microscopy and scan-
ning electron microscopy (SEM) image (Fig. 1e and Supplementary Fig. 3)  
shows that some inactivated cells are flattened and have cytoplasm 
release (red arrows), while some other inactivated cells still maintain 
their original structure (white arrows). The flattened cells show intracel-
lular compound release but not severe cell membrane damage, indicat-
ing the cell inactivation is due to membrane permeability increase at 
one point but not whole-cell oxidation or degradation30. For the cells 
being inactivated but still maintaining a good structure, no pores are 
observed. The electroporation pores have sizes at nanometre scale 
and are at most metastable, and are thus too fragile to withstand the 
sample preparation required for SEM imaging15.

The non-connected nanowedges could also induce ultrafast bac-
teria inactivation with nanosecond pulses. Three rows of nanowedges 
(8 μm length, 200 nm tip width and 1 μm middle width) have been 
fabricated between the positive and negative electrodes (Fig. 1f). The 
simulation shows that the electric field could be enhanced at both tips. 
After 106 pulses (20 ns pulse width at 14 kV cm−1) are applied, 70.1% and 
52.7% nanowedges achieve bacteria damage and inactivation, respec-
tively, at the positive side tips (pointing up), and 72.4% and 47.7% at the 
negative side tips (Fig. 1f,g). When smaller tip structures (4 μm long and 
200 nm wide) are densely arranged, a larger number of bacteria could 
be inactivated (Fig. 1h), suggesting that an antimicrobial and biofilm 
inhibition surface could be developed. Nevertheless, there is a trade-off 
between the nanotip arranging density and electric field enhancement, 
where the nano-enhanced electric field will decrease when the horizon-
tal interval between the nanotips is smaller (Supplementary Fig. 4).

LEEFT enables ultrafast bacteria inactivation
The antimicrobial performance of LEEFT is compared with that of CEFT 
(without nanowedges) at three different pulse widths (20, 200 and 
2,000 ns) (Fig. 2a,b). The antimicrobial efficiency of LEEFT is repre-
sented by the percentage of nanowedges that achieve bacteria damage/
inactivation. The antimicrobial efficiency of CEFT is the percentage of 
cells damaged/inactivated between the two electrodes (Supplemen-
tary Fig. 5). The duty cycle is 0.1% (pulse width/period = 0.1%), and the 
effective treatment time (that is, the product of pulse width and pulse 
number) is 20 ms for all three pulse widths. With 2,000 ns pulses, >95% 
bacteria inactivation is achieved at 40 kV cm−1 applied electric field 
in CEFT (Fig. 2a). In LEEFT, similar inactivation efficiency is achieved 
at 12 kV cm−1, demonstrating over three-fold reduction in the applied 
electric field, which is attributed to the electric field enhancement at 

tens of minutes are used to achieve 99% disinfection12. Heat acts to kill 
bacteria by denaturation of proteins and nucleic acids. For thermal 
processing, 1 min at 65 °C is necessary to inactive 90% of most water- 
and food-borne pathogens13. In conventional electric field treatment 
(CEFT) processes, high-voltage electrical pulses are applied between 
two parallel plate electrodes to generate a strong electric field, which 
induces irreversible electroporation that damages the cell membrane 
and thus cell inactivation14. Pulses with micro- to millisecond durations 
are already capable of inducing cell inactivation, which has pushed the 
action speed to the subsecond region14.

As the action speed is critical to the disinfection method, it is 
intriguing to know what the minimum time is needed to inactivate 
bacteria and by which method. Antimicrobial agents usually need 
a relatively long time since they inhibit bacteria by disturbing their 
microbiology processes. The action speed of oxidants is limited by the 
mass transfer and kinetics of the redox reactions. The physical methods 
can be faster, such as electroporation, where the pore formation on 
the membrane needs only a few nanoseconds after a sufficient trans-
membrane voltage (TMV) is built up15,16. However, building up the TMV 
usually requires tens to hundreds of microseconds, which becomes 
the major speed limitation. That is why electrical pulses with micro- 
to millisecond pulse width are currently used in CEFT. Furthermore, 
an extremely high applied voltage (typically several tens of kilovolts) 
is required in CEFT, which leads to safety concerns and high energy 
consumption, thus largely hindering its wide application14,17.

In this Article, we push the bacteria inactivation time to the nanosec-
ond scale using locally enhanced electric field treatment (LEEFT). LEEFT 
is improved from CEFT by decorating the electrodes with nanoscale tip 
structures, which can locally enhance the electric field by lightning-rod 
effect and reduce the applied voltages18. As charges are concentrated 
at the nanoscale tips, we hypothesize that LEEFT can charge the cell 
membrane much faster than CEFT and break the charging time limit, 
thus inducing ultrafast electroporation. LEEFT with low-voltage direct 
current and alternating current has demonstrated superior performance 
for water and aerosol disinfection19–28. Recently, an operando investiga-
tion of LEEFT with microsecond pulses illustrated that electroporation 
is the predominant mechanism18. Nevertheless, the antimicrobial effect 
of LEEFT with nanosecond pulses has not been discovered before. Here 
we achieve ultrafast nanosecond bacteria inactivation using LEEFT. We 
have developed a LEEFT platform with lab-on-a-chip devices to conduct 
operando investigations, demonstrated the ultrafast nanosecond anti-
microbial effect at the single-cell level and illustrated its mechanisms. 
The results show that nanosecond LEEFT has significant advantages over 
CEFT by both shortening the treatment time and lowering the applied 
electric field. The cell located at the nanoscale tip is charged instantly 
by the charges concentrated at the tip, which induces rapid electropora-
tion and bacteria inactivation. Thus, using LEEFT, we demonstrate and 
characterize nanosecond bacteria inactivation.

Bacteria inactivation achieved by nanosecond 
pulses
A lab-on-a-chip is developed for the operando investigation. Two gold 
electrodes with gold nanowedges are deposited on the chip surface. The 
model bacteria Staphylococcus epidermidis are uniformly immobilized 
on the chip and immersed in de-ionized (DI) water (Fig. 1a and Supple-
mentary Fig. 1). When a voltage is applied, the electric field near the 
nanowedge tips is greatly enhanced due to the lightning-rod effect. The 
applied electric field is 55 kV cm−1 when 138 V is applied across a 25 μm 
electrode gap, and simulation shows that the nano-enhanced electric 
field achieved at the nanowedge tips can be ~400 kV cm−1 (Fig. 1b).  
A live/dead cell viability stain propidium iodide (PI) is added to the water 
before treatment. When pores form on the cell membrane, the cell is 
stained with PI and shows red fluorescence. The fluorescence chang-
ing of individual cells after a single 20 ns pulse at 55 kV cm−1 applied 
electric field is shown in Fig. 1c. All cells have a dye inflow (fluorescence 
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the nanowedge tips (Fig. 2b). For shorter pulses, the advantage of LEEFT 
is further revealed. The antimicrobial efficiency drops dramatically in 
CEFT as the pulses are shortened (Fig. 2a). Only 0.89% inactivation is 
found with 20 ns pulses at 40 kV cm−1. On the contrary, LEEFT shows 
only a slight decrease in antimicrobial efficiency when the pulses are 
shortened to 20 ns (Fig. 2b). This result indicates that 20 ns pulses 
are too short to charge the cells in the bulk space (in CEFT) but are 
almost long enough to induce electroporation on the cells located at 
the nanowedge tip (in LEEFT).

The bacteria inactivation by LEEFT and CEFT with 20 ns pulses 
at different effective treatment times (different pulse numbers) are 
shown in Fig. 2c,d. With 20 ms effective treatment, 37% nanowedges 
induce bacteria damage under 7 kV cm−1 in LEEFT (Fig. 2c), which is 
higher than 19.4% in CEFT under 55 kV cm−1 (Fig. 2d), indicating an 
eightfold decrease of the applied electric field in LEEFT. At 55 kV cm−1, 

CEFT achieved 10% bacteria inactivation after 200 ms effective treat-
ment time, while LEEFT achieved 97.1% with 200 ns, which is 106 times 
shorter. This result shows the significant advantage of LEEFT in terms 
of shortening the treatment time and reducing the applied electric 
field. For nanosecond LEEFT, by slightly increasing the applied electric 
field, the effective treatment time can be shortened by several orders  
(Fig. 2d). Therefore, applying a stronger electric field can greatly reduce 
the overall energy consumption (Supplementary Fig. 6 and Supple-
mentary Section 2.1).

For an antibiotic-resistant strain of S. epidermidis, LEEFT achieves 
similar bacteria inactivation performance as the regular strain  
(Fig. 2e,f). This could be explained by the mechanism of electropora-
tion where the pores are induced on the lipid bilayer, and the two strains 
have the same basic structure of lipid bilayers. The inactivation effi-
ciency of Gram-negative bacteria E. coli is lower than the Gram-positive 
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Fig. 1 | Bacteria inactivation by nanosecond pulses at the nanowedge 
tips. a, The model bacteria S. epidermidis are immobilized on the chip. b, The 
simulated nano-enhanced electric field under 55 kV cm−1 applied electric field. 
c, The relative PI intensity of individual cells after a single pulse is applied. Each 
line represents a single cell located at the nanowedge tip on either the positive 
or the negative electrode. The microscopy images show the PI dye diffusion 
pattern. d, Bacteria inactivation after LEEFT (20 ns pulse, 40 kV cm−1, ten pulses). 
The red and orange cells are inactivated cells stained with PI. e, Side-by-side 
comparison of optical microscopy and SEM images after LEEFT (20 ns pulse, 

55 kV cm−1, ten pulses). The red arrows indicate the flattened cells, while the white 
arrows indicate the inactivated cells that still maintain a good shape. f, Bacteria 
inactivation achieved by non-connected nanowedges, and the simulation of 
the nano-enhanced electric field. g, Bacteria inactivation at the nanowedge tips 
that are arranged in a ‘GT’ pattern. Top: DIC channel microscopy image before 
LEEFT. Bottom: fluorescence channel microscopy image after LEEFT. h, Bacteria 
inactivation achieved by densely packed nanotips. The inactivated cells in g and h 
are only indicated by PI stain and show red fluorescence.
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S. epidermidis (Fig. 2e,f). As they have different cell wall structures, the 
lethal electroporation threshold may be different31. Gram-positive bac-
teria have thicker cell walls because of a thick peptidoglycan layer out-
side the lipid bilayer membrane, which is usually used to explain their 
higher resistance to mechanical and oxidation disruption compared 
with Gram-negative bacteria32–36. Although Gram-negative bacteria 
have thinner cell walls, they have two sets of lipid bilayers. As LEEFT kills 
bacteria via causing electroporation on the lipid bilayer, the additional 
set of lipid bilayers may explain the higher resistance of E. coli to LEEFT 
over S. epidermidis.

The bacteria inactivation is induced by 
electroporation
Our previous work demonstrated that electroporation is the pre-
dominant mechanism for bacteria inactivation in LEEFT18. Here we 
find reversible electroporation under nanosecond pulses, confirming 
that the bacteria inactivation by nanosecond pulses is also caused 

by electroporation. Each line in Fig. 3a represents the PI uptake of an 
individual cell at the nanowedge tip. The cells are subjected to intermit-
tent treatment, where 20 ns pulses are applied at 12 kV cm−1 and 0.1% 
duty cycle for 1 s (the yellow area), and then turned off for 4 s (the blue 
area). The fluorescence increases when the pulses are applied, sug-
gesting pore formation and dye inflow. When the pulses are removed, 
the fluorescence stops increasing immediately, indicating quick pore 
closure and membrane recovery. This process can be repeated sev-
eral times unit the cell is eventually inactivated. This phenomenon is 
also found in cells located at the tips of non-connected nanowedges 
(Supplementary Fig. 7). The rapid membrane recovery is common in 
electroporation but not in other kinds of cell damage, such as thermal 
treatment or oxidation, indicating that electroporation is induced in 
LEEFT and can cause bacteria inactivation.

To investigate whether there is ROS or oxidation damage induced 
by the electrical pulses, the cell oxidative stress is detected using a 
fluorescence probe DCFH-DA. The dye is widely used to detect cellular 
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Fig. 2 | Antimicrobial performance of LEEFT. a,b, Antimicrobial efficiency of 
CEFT (a) and LEEFT (b) under different pulse widths. EF (kV cm−1) represents the 
applied electric field (EF = applied voltage/distance separating the electrodes). 
The effective treatment time and duty cycle are fixed at 20 ms and 0.1%. c,d, 
Antimicrobial efficiency of CEFT (c) and LEEFT (d) subjected to 20 ns pulses 
at different effective treatment times. The duty cycle is 0.1% (20 μs period and 
50 kHz). e, Antimicrobial efficiency of LEEFT on S. epidermidis (SE), antibiotic-

resistant S. epidermidis (resistant SE) and E. coli treated with 20 ns pulses at 
22 kV cm−1. In a–e, data are presented as mean values. Error bars represent the s.d. 
from n = 3 replicates. The dot plots represent raw data of total bacteria damage 
(red circles) and bacteria inactivation (blue triangles). f, Microscopy images 
of the bacteria after LEEFT with 20 ns pulses at 22 kV cm−1 after 20 μs effective 
treatment time.
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ROS levels37,38. No oxidative stress is detected under 20 ns pulses at 
22 kV cm−1 and 50 kHz (0.1% duty cycle) even after 20 ms effective 
treatment time (Fig. 3b), but >80% bacteria inactivation has already 
been achieved at 22 kV cm−1 with 20 μs effective treatment time (as 
shown in Fig. 2d), suggesting that the bacteria inactivation is not due to 
oxidation. Additionally, even when notable oxidative stress is detected 
by DCFH-DA in some cells (for example, 20 ns/500 kHz at 22 kV cm−1), 
it does not necessarily cause bacteria inactivation (Supplementary 
Fig. 8). This further supports that the bacteria inactivation achieved 
without detected oxidative stress should be solely due to electropo-
ration. Furthermore, the cell membrane peroxidation is measured 
using BODIPY 581/591 C11 reagent, and no membrane peroxidation is 
detected under 20 ns pulses when ~90% bacteria inactivation has been 
achieved (Supplementary Fig. 9)39. Cell damage due to water ionization 
and bubble formation is also ruled out (Supplementary Section 2.2). 
Compared with 2 μs pulses, 20 ns pulses induce less oxidative stress 
under the same applied electric field and higher frequencies, indicat-
ing that applying nanosecond pulses is more pristine than using long 
pulses, therefore inducing less side reaction and generating fewer 
disinfection by-products (Supplementary Section 2.3).

Proposed mechanism of the ultrafast 
electroporation
According to the mechanism of electroporation, charged ions in the 
extracellular medium and cytoplasm will migrate under the external 
electric field, accumulate at the two sides of the cell membrane and 
build up the TMV, thus inducing electroporation (Supplementary 
Fig. 10a). Charging the cell membrane is like charging a capacitor in 
a circuit. In a medium with a relatively low conductivity, the charged 
ions travel slower in the medium, so a longer time is needed to fully 
charge the membrane (corresponding to longer capacitor charging 
time with higher circuit resistance) (Supplementary Fig. 10b)40. There-
fore, nanosecond pulses are usually considered impossible to induce 
electroporation in CEFT (Supplementary Section 2.4 and Fig. 10c,d).

Here we propose another membrane charging mechanism for cells 
at the nanowedge tip: instead of being charged by ions in water, the 
cell membrane is directly charged by the charges concentrated at the 
nanowedge tip (Fig. 4a). As the charges in the gold nanowedges travel 
much faster than the charged ions in the medium, the membrane could 
be fully charged almost instantly, thus inducing electroporation. The 
non-connected nanowedge could also be polarized by the external 
electric field, which causes quick cell electroporation at the tip.

To verify the proposed mechanism, the membrane charging pro-
cess is simulated using a finite element method. The 3D models are built 
for cells 1, 2 and 3, which are between the two electrodes, on the surface 
of a flat electrode and at the nanowedge tip, respectively (Fig. 4b).  
The applied voltage reaches 60 V at 10 ns (12 kV cm−1). The TMV versus 
time shows that the cell at the nanowedge tip (cell 3) is charged much 
faster and to a much higher level than the cell in bulk (cell 1) (Fig. 4c). 
Cell 3 is charged to 87% at 100 ns, while only 23% is achieved for cell 
1 (Supplementary Fig. 11). Cell 3 achieves up to 30 times higher TMV 
than cell 1 before 100 ns. After 104 ns, the ratio stabilizes at 7.5 (Fig. 4d). 
This demonstrates two types of enhancement that LEEFT achieves: 
increasing the charging speed and elevating the charging amplitude.

Cell 2 on the surface of a flat electrode is also charged fast (to 68% 
at 100 ns), but the final charging amplitude is similar to that of cell 1 
(Fig. 4c and Supplementary Fig. 11). We use the TMV ratio of cell 2 to 
cell 1 to represent the role of direct cell–electrode contact, and the 
ratio of cell 3 to cell 2 to represent the role of nanowedges (Fig. 4d). 
The ratio of cell 2 to cell 1 falls to 1 after 104  ns, indicating that the direct 
cell–electrode contact contributes only to the higher charging speed 
but not the final charging amplitude. The ratio of cell 3 to cell 2 is higher 
than 10 before 100 ns and stays at 7 after 104 ns, suggesting that the 
nanowedges contribute to both higher terminal charging amplitude 
and higher charging speed.

We then evaluate the inner and outer cell membrane potential to 
further investigate the cell charging process. Compared with cell 2,  
the slow membrane charging of cell 1 is mainly due to the slow potential 
build-up of the outer membrane, which is due to the slow ion trans-
portation in the extracellular medium (Fig. 4e). As cell 2 and cell 3  
directly contact with the electrode, they have equal outer membrane 
potential with the electrode, which reaches 60 V at 10 ns. It is worth 
noting that the inner membrane potential of cell 3 is much lower than 
that of cell 2 (Fig. 4e). For the flat electrodes without nanowedges, 
the potential gradient between the positive and ground electrode 
should be uniform. As cell 2 contacts with the bulk electrode and the 
inner membrane is very close to the electrode (the membrane thick-
ness is 50 nm), the inner potential is just slightly lower than 60 V, 
which is about 59.9 V. For cell 3, the long and thin nanowedge creates 
a highly non-uniform potential gradient near the tip, as shown by 
the potential contour in Fig. 4f. Therefore, at only 50 nm (membrane 
thickness) from the tip, the potential already drops to around 56 V, 
which becomes the initial inner potential of cell 3. From 10 ns to 100 ns, 
the inner potential further drops quickly, which could be explained 
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by the quicker migration and accumulation of negative ions inside 
the cytoplasm due to the larger driving force from the larger initial 
TMV (Fig. 4e). In summary, the quick and high-amplitude membrane 
charging at the nanowedge tip occurs because the cell membrane is 
directly charged by the concentrated charges at the nanowedge tip. 
This matches our proposed membrane charging mechanism. Cells 
not directly contacting the nanowedge tip still need to be charged by 
the ions in the medium between the cell and the tip (Supplementary 
Section 2.5). Therefore, the direct cell–nanowedge contact guarantees 
the fastest membrane charging, which is critical for the nanosecond 
cell electroporation and inactivation in LEEFT.

Discussion on strategies to improve LEEFT 
performance
As the effective zone of LEEFT (where the electric field is enhanced) is 
limited to about 2 μm from the nanowedge tips (Fig. 1b), LEEFT can be 
considered as a heterogeneous disinfection process. Similar to other 
heterogeneous processes, there are several ways to improve antimicro-
bial efficiency. Firstly, the electrodes can be covered with nanoscale 
tips with a relatively high density to increase the effective area. In our 
previous studies, we grew dense CuO or Cu3P nanowires on copper mesh 
electrodes for LEEFT water disinfection20–22,24,41. In addition, it is dem-
onstrated that, under neutral pH, bacteria could be transported to the 
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Fig. 4 | Theoretical analysis of the ultrafast cell electroporation in LEEFT.  
a, Schematic of the membrane charging and electroporation. b, The 3D models 
of the simulation. Two concentric spheres of 1 μm and 0.9 μm in diameter are 
built to represent the outer and inner membrane of the cell. A part of the outer 
membrane is hidden in the enlarged image to show the two membranes. c, Left: 
TMV build-up with time. The dashed line indicates that the applied voltage 
reaches 60 V at 10 ns. Right: the simulation figures showing the membrane 

charging amplitude (represented as the electric field strength) at 100 ns. The 
white arrows indicate the electric field direction. The red arrows indicate the 
position analysed in the left figure. d, The TMV ratio between cells 1, 2 and 3. 
e, Change of the inner and outer membrane potential with time. f, Potential 
distribution and the potential contour (white lines) plotted at an interval of 0.5 V 
at 100 ns.
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nanoscale tips on both positive and negative electrodes18, probably due 
to the combination of electrophoretic and dielectrophoretic forces. 
The parameters of electrical pulses, such as pulse width, direction and 
voltage, could be altered to effectively manipulate cells in the flow and 
to drive bacteria cells towards the tips. Furthermore, mixing could be 
introduced to increase the possibility of bacteria touching the tips. 
Due to the ultrafast nanosecond bacteria inactivation in LEEFT, very 
quick contacts between the cells and the tips are sufficient to achieve 
effective bacteria inactivation, thus potentially leading to high water 
throughput and disinfection efficiency.

Conclusion
This work demonstrates ultrafast bacteria inactivation using nano-
second electrical pulses in LEEFT. A single 20 ns pulse at 55 kV cm−1 has 
achieved 26.6% bacteria inactivation, while ten pulses (total 200 ns) 
at 40 kV cm−1 results in 95.1% inactivation. Compared with the system 
without nanowedges, the treatment time is shortened by at least 106 
fold, or the applied electric field is lowered by about 8 fold to achieve 
similar bacteria inactivation in LEEFT. Because at the nanowedge tips 
the cell membrane can be directly charged by the concentrated charges, 
the TMV can reach 30-fold higher values than that of a cell in the bulk 
space within 100 ns. Such instant membrane charging induces rapid 
electroporation and, thus, bacteria inactivation.

Methods
Lab-on-a-chip fabrication and pre-treatment
A lab-on-chip is developed to visualize and characterize the bacteria 
inactivation of LEEFT. The chips were fabricated by depositing gold 
nanowedges and electrodes on a glass wafer substrate (Supplementary 
Fig. 1). Gold is both mechanically and electrochemically stable and has 
little antimicrobial effect. It is also widely used as electrodes or contact 
pads in microchips. The gold nanowedges have a width of 200 nm at the 
tip, which gradually increases to 1 μm at the base to allow a steadier con-
nection to the bulk electrode. The thickness, length and interval of the 
nanowedges is 200 nm, 8 μm and 7 μm, respectively. The nanowedges 
were first defined using electron beam lithography and deposited by a 
lift-off method. Then, the 300-nm-thick bulk gold electrodes with 25 
or 50 μm electrode separation gap were fabricated using the photo 
lithography and lift-off method. The fabricated chips were coated 
with poly-l-lysine for bacteria immobilization18. To reuse the chips, 
the used chips were washed with 5% bleach, 30% H2O2 and DI water to 
remove the attached bacteria and the old poly-l-lysine, and recoated 
with poly-l-lysine. The detailed chip fabrication and pre-treatment 
methods are outlined in Supplementary Section 1.1.

Bacteria culture, collection and immobilization on the chip
The model bacteria S. epidermidis (ATCC 12228), the antibiotic resistant 
S. epidermidis (ATCC 700576) and E. coli (ATCC 10798) were cultured 
for 15 h in nutrient broth and LB broth, respectively. Four millilitres of 
the bacteria solution were washed three times with 10 mM phosphate 
buffer by centrifuging at 1,000 g for 5 min, and finally concentrated to 
0.5 ml. A drop of the prepared bacteria suspension was added onto a 
poly-l-lysine coated chip to cover the gap between the two electrodes. 
After 50 min for the cells to settle down, a layer of bacterial cells were 
immobilized on the chip surface. The unattached cells were gently 
washed away with 5 ml DI water using a pipette. After adding a drop of 
DI water containing the live/dead cell distinguishing stain, the chip was 
flipped, secured on a coverslip and loaded onto an inverted microscope 
for observation.

Electrical pulses and the antimicrobial efficiency
The electrical pulses were applied to the chip using a pulse generator 
(Avtech Electrosystems, AV-1010-B), which was triggered by a waveform 
generator (Keysight, 33509B). The pulse waveform was measured using 
an oscilloscope (Tektronix, DPO 5104) (Supplementary Fig. 12).  

The applied electric field used in the figures and discussions is the 
background electric field, which is simply calculated by the equation 
EF = V/d, where V is the applied voltage and d is the distance separating 
the positive/negative electrodes. As the distance between the elec-
trodes is subject to change in other studies and in practical applica-
tions, using the background electric field to represent the applied 
treatment strength makes it more convenient to compare with other 
studies (Supplementary Section 1.2). Pulses were delivered at a duty 
cycle of 0.1% (pulse width/period = 0.1%) to allow the membrane to 
fully discharge between pulses and avoid electrochemical reactions. 
In the experiments shown in Fig. 3b, both 1% and 0.1% duty cycles  
were tested, which corresponded to 500 kHz frequency (2 μs period) 
and 50 kHz frequency (20 μs period) for 20 ns pulses, and 5 kHz fre-
quency (200 μs period) and 0.5 kHz frequency (2 ms period) for 2 μs 
pulses, respectively.

The antimicrobial efficiency of CEFT is the percentage of cells inac-
tivated or damaged between the two electrodes. As CEFT is a homogene-
ous treatment process, the area of interest is the bulk space between the 
two electrodes (Supplementary Fig. 5a). The antimicrobial efficiency is 
calculated as the number of inactivated or damaged bacteria divided by 
the total number of bacteria between the two electrodes. The antimicro-
bial efficiency of LEEFT is represented by the percentage of nanowedges 
inducing bacteria damage or inactivation. Different from CEFT, LEEFT 
is a heterogeneous process. The area of interest (effective zone) is the 
nanowedge tips, not the whole bulk space between the two electrodes. 
Therefore, the percentage of the nanowedges that can induce bacteria 
inactivation is the best characterization of the antimicrobial efficiency 
of LEEFT (Supplementary Fig. 5b). There are 330 nanowedges on one 
chip. For both CEFT and LEEFT, each treatment condition was repeated 
three times with three chips. The error bars represent the standard 
deviation (s.d.) from the three replicates.

Double staining method, oxidative stress detection, 
membrane lipid peroxidation detection and microscopy
Before treatment, the bacteria immobilized on chip were immersed in 
a drop of DI water containing 5 μM live/dead cell viability stain SYTOX 
Green (Invitrogen). The cells damaged during the treatment would 
show green fluorescence. Twenty minutes after the treatment, PI (Inv-
itrogen) was added at 15 μM to stain the inactivated cells, which would 
show a red, orange or yellow fluorescence in the microscopy images 
(Supplementary Fig. 2). Reversible pores should already close within 
the 20 min window, so the cells stained with PI are considered to have 
permanent membrane damage and be inactivated15.

To measure the bacterial cell oxidative stress, the cells were stained 
using a fluorescence probe DCFH-DA (Sigma-Aldrich) at 0.2 mM during 
the bacteria immobilizing process for 50 min (ref. 18). When electrical 
pulses are applied, the cells having oxidative stress will show a green 
fluorescence. Strong oxidation will result in stronger fluorescence in 
more cells. Therefore, the overall cell oxidative stress (Fig. 3b, top) was 
calculated as the product of the area of cells showing fluorescence and 
the mean DCFH-DA fluorescence intensity of the cells.

To assess lipid peroxidation, S. epidermidis cells were stained with 
20 μM BODIPY 581/591 C11 reagent (Invitrogen) for 50 min and then 
treated with electrical pulses. In the presence of lipid peroxides, the 
stained cells will show a fluorescence shift from red at ~590 nm to green 
at ~510 nm (ref. 39). The green/red ratio was calculated by averaging the 
green/red fluorescence ratio of ten cells exactly located at the tip of ten 
nanowedges. Higher ratio indicates more severe lipid peroxidation.

The bacteria were observed using an inverted fluorescence micro-
scope (Zeiss Axio Observer 7). The cell and nanowedge images were 
captured via the Differential Interference Contrast (DIC) channel. PI 
was excited at 555 nm. SYTOX Green and DCFH-DA were excited at 
488 nm. BODIPY 581/591 C11 was excited at both 488 nm (for green 
fluorescence) and 555 nm (for red fluorescence). All emission light was 
filtered by a 90 HS filter.
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Bacterial cell SEM imaging
The bacteria immobilized on the chip surface were first fixed overnight 
in phosphate buffer (pH 7.4) containing 2% glutaraldehyde and 2% para-
formaldehyde (Electron Microscopy Sciences) at 4 °C. Subsequently, 
the sample was dehydrated in ethanol solution with increasing con-
centrations (50%, 70%, 90% and 100%) for 30 min per step, followed 
by critical point drying (Electron Microscopy Sciences Ltd. EMS850)  
(ref. 42). The samples were then sputter-coated with a thin layer of gold 
and observed using an SEM (Hitachi SU8230).

Electric field and TMV simulation
The nano-enhanced electric field and TMV were simulated using a 
finite element method in COMSOL Multiphysics 5.6. The electric cur-
rent module was used for the simulation. Two concentric spheres were 
built to represent a bacterial cell with 1 μm diameter and 50-nm-thick 
cell wall43. For the extracellular water, intracellular medium and cell 
membrane, the conductivity values were set at 5 × 10−4, 0.2 and 5 × 10−7 
S m−1 (ref. 44), and the relative permittivity values were 78.5, 60 and 
70, respectively45. Although most bacteria are negatively charged at 
a neutral pH, the resting TMV caused by this initial surface charge 
was ignored in the simulation. This is because the resting TMV ranges 
between approximately −0.14 and −0.075 V (ref. 46), which is much 
lower than the reported electroporation threshold (1 V) (ref. 47) and 
the TMV achieved in this simulation (for example, ~4 V at 12 kV cm−1 
applied electric field as shown in Fig. 4c).

Data analysis
All microscopy images were processed using scripts developed 
in MATLAB (version 2021b, MathWorks). The error bars on the 
data represent the s.d. derived from three independent tests with  
three chips.

Data availability
The data supporting the findings of this study are available within the 
paper and Supplementary Information. Source data are provided with 
this paper. All other data are available from the authors on reasonable 
request.

Code availability
The scripts for data analysis were developed in MATLAB (version 2021b, 
MathWorks) and are available from the authors on reasonable request.
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1. Additional methods 

1.1. Chip fabrication and pretreatment 

To fabricate the gold nanowedges, a layer of electron beam resist PMMA A6 was spin-coated 

on the surface of a glass wafer substrate. Then, the substrate was exposed using an electron beam 

lithography system (Elionix ELS-G100). After development, a thin layer of gold (200 nm) was 

deposited using an e-beam evaporator (Denton Explorer). The unwanted gold was removed by a 

lift-off method using acetone, leaving the gold nanowedges on the substrate. After the nanowedges 

were fabricated, the 300 nm thick bulk gold electrodes with 25 or 50 μm electrode separation gap 

were fabricated using a similar procedure except that photolithography was used rather than e-

beam lithography. A layer of photoresist (NR9-1500py) was first spin coated on the substrate, then 

exposed by photolithography (Heidelberg MLA150), and the gold was deposited by e-beam 

evaporator and lift-off method.  

To achieve bacteria immobilization on the chip, the fabricated chips were first washed with 

5% bleach for 30 min, rinse with DI water, washed with 30% H2O2 for 1 hour, stored in DI water 

overnight,1 and then dried in oven before treatment. The dried chips were then coated with 

positively charged poly-L-lysine (0.01%, mw 150,000-300,000; Sigma-Aldrich) for bacteria 

immobilization. Specifically, poly-L-lysine and 2 M borate buffer was first mixed at 1:1, then 

about 50 μL of the mixture was added onto the center of a dried chip, covering the gap between 

the two electrodes. After 3 hours of coating at room temperature, the chips were rinsed with DI 

water and dried in 60 ℃ for 20 min. The coated chips were stored in 4 ℃ to avoid coating layer 

degradation. Poly-L-lysine is a positively charged polymer, which can immobilize the negatively 

charged bacteria on the chip surface. To reuse the chips after experiments, repeat the wash and 

coating steps.  



 4 

1.2. Calculation of the applied electric field 

The applied electric field used in the figures and discussion is the background electric field, 

which is calculated by the equation, EF = V / d, where V is the applied voltage and d is the distance 

separating the positive/negative electrodes. Since the electrode separation distance is subject to 

change in other studies and in real applications, same applied voltage may yield very different 

electric field. Therefore, the background electric field is widely used in electric field treatment to 

represent the applied treatment strength. For LEEFT, the electric filed at the tip (Etip) is enhanced 

roughly estimated by Equation S1: 

𝐸!"# = 𝑎 ∙
𝐿$%$&'()*(
𝐷$%$&'()*(

∙ 𝐸+%,-*.&/$)																																														(S1) 

where 𝐸+%,-*.&/$) is the background electric field, 𝐿$%$&'()*( and 𝐷$%$&'()*( is the length and 

width of the nanowedge, and 𝑎 is a constant.2 The exact electric field at the nanowedge tip is 

affected by some factors, such as the exact shape and material of the nanowedge. Therefore, using 

the background electric field to represent the applied treatment strength is more general, and makes 

it more convenient to compare with other studies. 
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2. Additional discussion 

2.1. Energy consumption in nanosecond LEEFT 

For nanosecond LEEFT, applying a stronger electric field can greatly reduce energy 

consumption (Figure S6). It is because by slightly increasing the applied electric field, the 

effective treatment time can be shortened by several orders of magnitude (Figure 2d). This 

property is different from the chemical-based antimicrobial methods relying on oxidation, where 

increasing the chemical dosage only allows a similar scale of treatment time decrease, so that the 

product of dosage and time (i.e., the CT value) remains similar for a certain disinfection 

efficiency.3 It can be explained by the inherent mechanism difference between electroporation and 

oxidation. For electroporation, the cells cannot be perforated if the electric field does not reach a 

threshold, no matter how long the electrical pulse is and how many pulses are applied. However, 

once pores are induced by a strong electric field, a short effective treatment time is sufficient to 

inactive the bacteria, which can reduce the energy consumption by several orders of magnitude. 

2.2. Water ionization and bubble formation in LEEFT 

There should be no water ionization events causing cell inactivation, since the breakdown 

strength of water is higher than 2 MV/cm with the pulse width <50 ns,4, 5  which is much higher 

than the highest applied electric field in this work (55 kV/cm) and the nano-enhanced electric field 

at the nanowedge tips (<1000 kV/cm). Bubbles were only formed under very strong treatment 

conditions where severe oxidative stress has already been detected (denoted by * in Figure 3b). 

In this study, there was no bubble formation under 20 ns pulses even at 55 kV/cm. 

2.3. Electrochemical oxidation in nanosecond LEEFT 

Nanosecond pulses induce less oxidative stress than longer pulses (Figure 3b), meaning that 

the ultrashort pulses are less likely to induce electrochemical reactions under the same voltage and 
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duty cycle. Although electrochemical reactions may cause more bacteria inactivation, they raise 

problems including water splitting and generating disinfection by-products (DBPs), thus 

deteriorating the water quality. With nanosecond pulses, a stronger electric field and higher 

frequencies could be applied to achieve more efficient bacteria inactivation, while maintaining 

pristine electroporation, eliminating unwanted side reactions, and minimizing DBP generation. 

Ultrafast nanosecond pulses are also safer to operate, which makes the approach more applicable 

for real-world water disinfection applications.  

2.4. Membrane charging and electroporation process 

The electroporation processes are shown in Figure S10a. When the cell is exposed to an 

external electric field E, the charged ions in the cytoplasm and extracellular medium will migrate 

and accumulate at the two sides of the membrane, generating an induced TMV (𝛥𝑉). When the 

TMV reaches a certain threshold, water molecules penetrate the membrane, generating a water 

column and the hydrophobic pore. Then, the lipids rearrange their head group toward the water 

column, generating the hydrophilic pore. Charging the cell membrane by ions is like charging a 

capacitor in a circuit, where C is the membrane capacitance, and Ri, Re, Rm are the resistance of 

the cytoplasm, extracellular medium, and the membrane (Figure S10b). 

The TMV induced by the external electric field (𝛥𝑉) is given in Equation S2:6 

∆𝑉 = 𝑓0𝑟𝐸𝑐𝑜𝑠𝜃 51 − 𝑒𝑥𝑝 :−
𝑡
𝜏=>																																																			(S2) 

where fs is a factor related to the electric field and properties of the cell and medium, r is the cell 

radius, 𝐸 is the external electric field strength, θ is the angle between the direction of electric field 

and the point of interest, t is the pulse width, and τ is the RC time constant of the membrane, which 

is the time required to charge the membrane to 63.2% of the maximum possible TMV. The 

membrane charging constant τ is further determined by Equation S3:6 
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𝜏 =
𝑟𝐶1

A 2𝜎(𝜎"
2𝜎( + 𝜎"

D + 𝑟
𝑑 𝜎1

																																																													(S3) 

where r is the cell radius, Cm is the surface capacitance of the membrane, σi, σe, and σm are the 

conductivities of the cytoplasm, the extracellular medium, and the membrane, respectively, and d 

is the thickness of membrane. According to the values reported in literature, the fs, σi, σm, Cm, d, 

and r are 1.5, 0.2 S/m, 5×10-6 S/m, 0.01 F/m2, 50 nm, and 0.5 µm, respectively.6 The relationship 

between the membrane charging constant τ and the extracellular medium conductivity σe is shown 

in Figure S10c. The charging constant increases with the decrease of conductivity, meaning that 

longer time is needed to charge the membrane when the extracellular medium conductivity is low. 

The dependence of the membrane charging percentage on the pulse width under different medium 

conductivities is shown in Figure S10d. Tens of nanoseconds can only charge the membrane to 

<50%, especially under low conductivities. The conductivities of DI water, tap water, and juice 

are around 5×10-5, 1×10-2, and 3×10-1 S/m, respectively.7  

2.5. Membrane charging process when not contacting the nanowedge 

For the cells not directly contacting the nanowedge tip, the membrane still needs to be charged 

by the ions in the medium between the cell and the tip.  In this case, the charging speed will be 

affected by both the strength of the locally enhanced electric field, which is determined by the 

distance of the cells away from the nanowedge tips, and the conductivity of the medium. When 

the cells are very close to the nanowedge tips (e.g., less than a few hundred nanometers) and the 

medium conductivity is not very low, inactivation in nanoseconds may still be possible. 

Nevertheless, the direct cell-nanowedge contact guarantees the fastest membrane charging, which 

is critical for the nanosecond cell electroporation and inactivation in LEEFT. 
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3. Supplementary figures 

a 

 
b 

 
 

 
 
Figure S1. Photos of the chip and the experimental setup. (a) Digital photos and optical 

microscopy images of the lab-on-a-chip with 20 μm or 50 μm gap between the two electrodes.  (b) 

The experimental setup. The cells are immobilized on the chip surface. The medium is DI water 

containing SYTOX Green or PI stain.  
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Figure S2. A schematic of the double staining method with SYTOX Green and PI stain. 
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Figure S3. Side-by-side comparison of the optical microscopy images and SEM images for 

bacteria inactivation by LEEFT using (a) 20 ns pulses at 22 kV/cm with 20 μs effective treatment 

time and (b) 20 ns pulses at 12 kV/cm with 20 ms effective treatment time. 
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Figure S4. Simulation of the enhanced electric field of nanotip structures on chip. (a) Simulation 

images of the nanotip structures on chip with different horizontal interval. (b) The nano-enhanced 

electric field over the horizontal interval between nanotip structures.   
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Figure S5. The area of interest for CEFT and LEEFT. (a) The white rectangle is the area of interest 

for CEFT, which is to investigate the antimicrobial efficiency in the bulk space between the two 

electrodes. The antimicrobial efficiency of CEFT is calculated as the percentage of cells 

inactivated or damaged between the two electrodes in the white rectangle. The image was taken 

after 20 ns pulses at 55 kV/cm for 200 ms effective treatment time. More bacteria are damaged or 

inactivated at the electrode edge, which is induced by the electric field enhancement due to the 

thin electrode edge (300 nm thick). However, in practical applications, the electrodes are two 

parallel plates, where there is no sharp edge and significant electric field enhancement. So, the area 

of interest (white rectangle) is defined to consider the bulk space and avoid the area affected by 

the edge. (b) The nanowedge tips are the effective zones of LEEFT, so that the red squares are the 

area of interest for LEEFT. The antimicrobial efficiency of LEEFT is represented by the 

percentage of nanowedges inducing bacteria damage or inactivation, which is calculated by the 

number of nanowedges have damaged/dead bacteria at the tip after treatment divided by the total 

number of nanowedges. The image was taken after 20 ns pulses at 40 kV/cm for 200 ns effective 

treatment time. 
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Figure S6. Relative energy consumption of 20 ns pulses at different applied electric field. The 

energy consumption J is calculated by 𝐽 = 𝑛 ∫ 𝑉𝐼(𝑡)𝑑𝑡!!
2"

, where V is the applied voltage, I is the 

current, t1, t2 is the starting and ending time of one pulse, t is time, and n is the pulse number. The 

relative energy consumption is calculated by normalizing all data to the smallest J value. Data are 

presented as mean values. Error bars represent the s.d. from n = 3 replicates. 
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Figure S7. PI fluorescence intensity indicating quick pore closure in the cells located at the tips of 

non-connected nanowedges. The “on” (yellow area) indicates 20 ns pulses at 12 kV/cm for 1 s. 

The “off” (blue area) indicates 0 V for 4 s. The insets are optical microscopy images of the cell. 
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Figure S8. The stack fluorescence microscopy image of DCFH-DA stained cells (green, indicating 

oxidative stress) and PI stained cells (red, indicating cell inactivation) after LEEFT of 20 ns/500 

kHz at 22 kV/cm for 20 ms effective treatment time. The green cells have oxidative stress, but not 

all of them are inactivated. This indicates that even significant oxidative stress is detected in some 

cells, it does not necessarily cause bacteria inactivation. 
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Figure S9. Analysis and microscopy imaging of cell membrane peroxidation under 20 ns pulse 

treatment. To assess lipid peroxidation, S. staphylococcus were stained with 20 μM BODIPY 

581/591 C11 reagent and then treated with 20 ns pulses at several different applied electric field 

and effective treatment times. In the presence of lipid peroxides, the stained cells will show a green 

shift in fluorescence activity from red at ~590 nm to green at ~510 nm. The Green/Red Ratio is 

calculated by averaging the green/red fluorescence of 10 cells located exactly at the tip of 10 

nanowedge. Higher ratio indicates more sever lipid peroxidation. The results show that the cell 

Green/Red Ratio after treated with 20 ns pulses stays the same with the control group, which are 

significantly lower than the positive control group, indicating that no significant lipid peroxidation 

is detected under 20 ns pulses. The corresponding antimicrobial efficiencies are the same as the 

data shown in Figure 2d. No significant membrane peroxidation is detected even though around 

90% bacteria inactivation is achieved, indicating that the bacteria inactivation is not due to 

extracellular ROS generation or membrane peroxidation. Data are presented as mean values. Error 

bars represent the s.d. from n = 3 replicates.  
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Figure S10. Electroporation process and membrane charging speed analysis. (a) A schematic of 

the electroporation process. When the lipid bilayer membrane is exposed to an external electric 

field E, charged ions accumulate on the two sides of the membrane, generating an induced TMV 

(𝛥𝑉). Then, water molecules orient their dipoles along the transmembrane voltage, forming a water 

column across the lipid bilayer. The lipids will rearrange their hydrophilic head group toward the 

water column, generating the hydrophilic pore. (b) The equivalent electrical circuit of the cell 

membrane charging. Ri, Re, Rm, and C is the resistance of cytoplasm, extracellular medium, 

membrane, and the capacitance of the membrane. (c) The relationship between the membrane 
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charging constant τ and the extracellular medium conductivity σe. (d) The dependence of the 

membrane charging percentage on the pulse width under different medium conductivities. 
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Figure S11. The normalized TMV representing the charging ratio changed with charging time. 
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Figure S12. Waveform of a single electrical pulse. (a) The original pulse is a peak due to the short 

pulse width. (b) The peak is represented as a square pulse at the root mean square (RMS) voltage, 

which is 108.1 V (22 kV/cm when applied to 50 μm). (c) The RMS voltage is calculated by the 

equation 𝑉345 =	K
6
7 ∫ 𝑉8(𝑡)𝑑𝑡2!

2"
, where T is 20 ns, 𝑡6, 𝑡8 are the starting and ending time of the 

peak, V  is potential, and t is time. The area under the original pulse voltage square (blue line) 

equals to the area under square pulse voltage square (orange line).  
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