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ABSTRACT For the past 50 years, evidence for the existence of functional lipid domains has been steadily accumulating.
Although the notion of functional lipid domains, also known as “lipid rafts”, is now widely accepted, this was not always
the case. This ambiguity surrounding lipid domains could be partly attributed to the fact that they are highly dynamic,
nanoscopic structures. Since most commonly used techniques are sensitive to microscale structural features, it is therefore
not surprising that it took some time to reach a consensus regarding their existence. In this review article we will discuss
studies which have used techniques that are inherently sensitive to nanoscopic structural features (i.e., neutron scatting,
nuclear magnetic resonance, and Férster resonance energy transfer). We will also mention techniques that may be of
use in the future (i.e., cryo-EM, droplet interface bilayers, inelastic X-ray scattering, and neutron reflectometry), which can
further our understanding of the different and unique physicochemical properties of nanoscopic lipid domains.

SIGNIFICANCE Membrane nandomains, including lipid rafts, in biological membranes have been a hot topic in
research over the past few decades. Once controversial, lipid rafts now are believed to be nanoscopic, transient,
and highly dynamic structures. Due to their small and dynamic nature, many techniques have had difficulty studying
these nanodomains. Here we report on established (neutron scatting, nuclear magnetic resonance, and Forster
resonance energy transfer) and emerging techniques (cryo-EM, droplet interface bilayers, inelastic X-ray scattering,
and neutron reflectometry) which have molecular-scale sensitivities, and describe how these techniques have been
used to measure fundamental properties of lipid nanodomains (i.e. size, composition, and molecular structure).

1 INTRODUCTION

The lipid bilayer is now accepted as being the underlying structure of cell membranes. However, this was not always the case. In
the late 1800s, Charles Overton conducted a series of experiments that demonstrated the boundary layer surrounding cells
contained lipids (1). However, it was not until 1925 that Gorter and Grendel, using red blood cells and a Langmuir trough —
developed by Agnes Pockels (2)) and refined by Irving Langmuir (3) — who presented convincing evidence that the lipid bilayer
was indeed the underlying structure of biological membranes(4)).

Although the discovery by Gorter and Grendel advanced our understanding of the boundary layer surrounding cells, the
existence of a simple lipid bilayer could not explain many of the physicochemical properties associated with it. To address its
electrical and permeability properties, Danielli and Davson (1935) proposed a model made up of a thin “lipoid film”, onto which
proteins were adsorbed, resulting in a protein-lipid-protein “sandwich” structure (5), as shown in Fig. [TJA. This model could, in
theory, explain the differential sensitivity of the cell surface to molecules of different sizes and solubilities, as well as ions of
different charge. More importantly, however, the Danielli-Davson model of the cell membrane highlighted the significance of
proteins in biological membranes.
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Figure 1: Cartoon of membrane evolution. As models for biological membranes have evolved, they have yielded a more detailed
picture of the plasma membrane (PM). (A) The evolution of the 1920s Gorter and Grendel membrane (1} 4)) by Danielli and
Davson, where the lipid bilayer was sandwiched between adsorbed protein films (5) in order to address some of the PM’s
physicochemical properties. Protein-inclusive models advanced to include cytoskeletal elements and biomolecular diversity,
culminating in the fluid mosaic model by Singer and Nicholson(6)). Although evidence for lipid domains existed when the fluid
mosaic model of the PM was proposed (e.g., (7H10), it was not until the late 1990s, when Simons and Ikonen proposed the lipid
raft model (C) (11)) that researchers started to carry out systematic studies to characterize them in vivo

In 1931, Max Knoll and Ernst Ruska (12) developed a prototype electron microscope (EM) with 400 power magnification.
A couple of years later, von Borries and Ruska built the first EM which exceeded the resolution of an optical microscope
(13). The development of the EM allowed for more detailed studies of the cell PM, and it was this capability that J. David
Robertson used to eventually develop his unit membrane model (14). Specifically, using fixing agents, such as osmium tetroxide
and potassium permanganate, Robertson and co-workers observed cell membranes from nerve fibers and other tissues, as
triple-layered structures consisting of two dense layers, bordering a light central zone of approximately equal thicknesses.
Although Robertson’s unit membrane model was not unlike the one proposed by Danielli and Davson (5)), it nevertheless
highlighted two enduring features: (i) that the lipid bilayer is the underlying structure of all membranes; and (ii) that biological
membranes are chemically asymmetric.

The main drawbacks of the unit membrane model was that it did not address the dynamic nature of cell membranes and the
proteins did not penetrate the lipid bilayer — i.e., they only associated with the bilayer surface. In 1972, Singer and Nicolson
proposed the now well known fluid mosaic model (Fig. [IB) of the PM, which addressed the two above-mentioned deficiencies
of Robertson’s unit membrane model (6). Namely, in addition to the peripheral proteins which were held to the membrane
by electrostatic and weak noncovalent interactions, there were proteins which embedded themselves into the fluid bilayer.
These so-called integral membrane proteins interacted with the membrane to a higher degree and although they are randomly
distributed over large length scales, they could form aggregates over short distances, with lipids interacting with specific
proteins (6)). The 1972 paper by Singer and Nicolson also implied the presence of lateral heterogeneity, but the idea that lateral
heterogeneity was somehow related to biological function was still to come (15).

The notion of lipid domains was hypothesized shortly after the publication of the fluid mosaic model of the PM (7H9).
Moreover, in the 1980s it became known that PM domains possessed unique lipid and protein compositions (10) and that
sphingomyelin and glucosylceramide were sorted into domains by the cell’s machinery (16). In 1997, Simons and Ikonen (11))
proposed the now well-known, but at the time, controversial “lipid raft” theory that stated that sphingolipids and cholesterol
dynamically form domains (Fig. [T[C), which act as platforms for protein-lipid interactions and as relay stations for intracellular
signaling. However, the theory was brought into question as it was based on data that biological membranes exhibit resistance
to solubilization by detergents such as, Triton X-100. (It should be noted that Triton X-100 can potentially promote domain
formation in homogeneous lipid mixtures — although evidence has varied — which argues against the idea that detergent-resistant
membranes are a hallmark of functional rafts.)(17H19) Further a controversy remains on the correlation between rafts and
biological function.(20) Finally, in light of there being no “direct” evidence for lipid rafts from optical microscopy studies, it
was suggested that rafts were perhaps, dynamical, nanoscopic supramolecular structures (21} 22)).

In this review article we will describe recent studies reporting on the static and dynamic structures of nanoscopic lipid
domains in both model and in vivo membrane platforms. Since lipid domains have been debated from when they were first
proposed, researchers have used a range of experimental techniques to study them. Here, we will primarily focus on techniques
that are inherently sensitive to nanoscopic structures and often short time scales, as much of the current research points to
lipid domains being nanoscopic in size and transient in nature.(23} |24) Importantly, we will also highlight new and interesting
physical techniques that may potentially help us to further understand the physical nature of lipid domains.
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2 FUNDAMENTAL TECHNIQUES

Neutron scattering, NMR, and Forster resonance energy transfer (FRET) are established techniques used to detect nanometer-
scale lateral heterogeneities in membranes. Neutron scattering and NMR are sensitive to nuclear properties — spatial density for
neutron scattering and magnetic moment for NMR — which enables them to interrogate nanoscale features through isotopic
labeling (e.g., substitution of protium for deuterium). With FRET, acceptor and donor fluorophores are used to transfer energy
transfer, enabling the technique to detect small changes in distance. Thus neutron scattering, NMR, and FRET have been used
extensively to study the lateral structure of phase separated membranes.

2.1 Neutron Scattering

The neutron was discovered by James Chadwick in 1932. (25) It was then quickly realized that this new uncharged particle
could be used to probe atomic nuclei. In contrast to x-rays, neutrons scatter from atomic nuclei and do so, in a somewhat
random fashion, by different elements throughout the periodic table. For example, the coherent scattering length, or the ability
to scatter neutrons, is practically the same for hydrogen and aluminum — not so for x-rays — even though they differ greatly in
atomic number. More importantly for the current discussion, is that the different hydrogen isotopes (i.e., protium, deuterium
and tritium) also scatter very differently from each other(26). This unique property of neutrons enables the powerful neutron
scattering protocol known as contrast variation which allows one to systematically highlight, or attenuate, different features of
a complex system (27-H32)). In some cases, such as viruses that are primarily made up of a nucleic acid core surrounded by
a protective protein coating, the thickness of the core and coating — because they differ in their scattering abilities — can be
determined simply by changing the H;O/D;O ratio of the solvent, such that only one of the two structural features (nucleic
acids or protein) is “visible” to neutrons (33H35)). Moreover, through the use of deuterated biomolecules, one can methodically
alter and create neutron contrast to detect the presence of nanoscopic lipid domains.

2.1.1 Small Angle Neutron Scattering

The wavelength of neutrons is on the order of Angstroms, as such, they are capable of detecting nanoscopic membrane features.
However, to do so, one needs to introduce neutron contrast such that the lipid domains differ in scattering ability from their
surrounding environment. This can be accomplished, for example, through the selective deuteration of a lipid that preferentially
partitions into one of the two lipid phases (i.e., the domain or its surround) (36, 37). The H,O/D,0O solvent ratio is then adjusted
such that, one of the two phases is contrast matched to the solvent, making only one phase “visible” to neutrons. From the
resultant SANS data, and differential scanning calorimetry, one is then able to determine the size and composition of the
lipid domains and the size of, for example, the spherical unilamellar vesicles (ULVs) that they populate (38H41)). Using this
approach, Pencer et al. (36) made use of small angle neutron scattering (SANS) and selective deuteration to observe lipid
domains approximately 20 nm in diameter in 1:1:1 lipid mixtures of dioleoyl phosphatidylcholine (DOPC), chain-deuterated
dipalmitoyl phosphatidylcholine (ADPPC), and cholesterol. Replacing DOPC with stearoyl oleoyl phosphatidycholine (SOPC)
eliminated the lipid domains, highlighting the importance of lipid composition in domain formation and stability.

The Pencer et al. study (36) was extended by Heberle et al. (28)) using the well-characterized, four component phase
separating lipid mixture of distearoyl phosphatidycholine (DSPC), DOPC, palmitoyl oleoyl phosphatidycholine (POPC), and
cholesterol (42, 143). In addition, Heberle and co-workers(28)) used chain perdeuterated DSPC (DSPC-d7g) and 60 nm diameter
ULVs to study the size of lipid domains and bilayer thickness mismatch between the domains and their surround, as a function
of DOPC:POPC ratio (fig. [3). They not only found that domain size increased as a function of increasing amounts of the
non-biologically relevant lipid, DOPC, but that bilayer thickness mismatch also increased with increasing domain size. In
addition, the study by Heberle et al. experimentally demonstrated that line tension plays a dominant role in controlling domain
size in free-floating bilayers (44). It should also be mentioned that with a few exceptions (43)), scattering data is fitted using a
real space model. Heberle et al. (28) fitted the different SANS profiles using a modified coarse-graining method, where the
lipids in the ULVs were represented by uniformly-sized beads that were randomly placed using a pseudo-random generator (36).

Although much of the literature about functional lipid domains has focused on cholesterol-rich domains in mammalian
membranes, there was mounting evidence that these structures were present in all biological membranes (46-48)). Direct
evidence for macroscopic lipid domains — using fluorescent dyes — was made by the visualization of cardiolipin domains in E.
coli (49) and Bacillus subtilis (50)), thus also confirming the existence of membrane heterogeneity in bacterial membranes, ergo
their importance to physiological function. However, the in vivo measurement of lipid domain size remained elusive.

Compared to in vitro neutron studies, in vivo studies are much less common. This is a direct result that biological cells
are made up of different classes of biomolecules (lipids, proteins, carbohydrates, etc.), each with its own unique scattering
signature. Thus, it is impossible to isolate the scattering arising from only the PM in an intact cell. As a consequence, in vivo
neutron studies have, to a great extent, relied on the use of basic neutron contrast variation schemes (51H54). A popular in
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Figure 2: Neutron contrast variation. At given H,O/D,O ratios, different biomolecules (e.g., proteins, lipids, polysaccharides,
DNA) can be made “invisible” to neutrons (i.e., when the water line intersects the line associated with a given class of
biomolecules). For example, proteins and lipids have different match points, namely at 8% and 41% H,O/D,O ratios ,
respectively.

vivo system has been thylakoid membranes — due to its periodic organization, which gives rise to statistically meaningful and
interpretable data (52-54). However, it was not until the 2017 Nickels et al. study that the full potential of neutron contrast
variation was realized in an in vivo system, namely through the use of genetic and chemical manipulation of the Gram-positive
bacterium, Bacillus subtilis, where the protium and deuterium content of the cell, and its membrane, were independently and
systematically controlled (30).

Nickels and co-workers described a scheme where the chemistry, and thus the neutron contrast of the single-membrane
bacterium, B. subtilis, was controlled through genetic and chemical manipulation. B. subtilis was chosen because it was: (i)
genetically tractable; (ii) its lipid metabolism was well-characterized; (iii) it could be readily grown in deuterated media; and
(iv) its single membrane is entirely made up of saturated fatty acids that could be deuterated, allowing for neutron contrast to be
easily implemented and controlled. Growing the cells in deuterated media replaced almost all of the protiums with deuteriums
throughout the cell, upon which neutron contrast was then reintroduced into the membrane by making protiated fatty acids
readily available to the bacteria, which they incorporated in their PM membranes. Doing so allowed Nickels et al. (30) to
measure the lipid bilayer thickness in vivo. Subsequently, by modifying the labeling scheme, they were able to make the first in
vivo size measurement of nanoscopic lipid domains without using a molecular probe.

2.1.2 Neutron Spin Echo

Neutron spin echo (NSE) is an inelastic neutron scattering technique (55) that measures the relaxation rates of membrane
fluctuations that are affected both by viscosity and the static bending modulus, «. « is an intensive property that describes
the membrane’s tendency to resist bending and it depends on membrane composition and temperature. Using the same lipid
composition mixtures and vesicle sizes as those by Heberle et al. (28), Nickels et al. (29) combined NSE and molecular
dynamics (MD) simulations to examine the bending moduli of lipid domains populating 60 nm diameter ULVs — note that MD
simulations describe the movement of atoms and molecules, whose trajectories are numerically determined by solving Newton’s
equations of motion (56). Importantly, the combined use of NSE and MD provided a molecular picture of the membrane, which
one could not have formulated from experiment alone.

Through selective deuteration, NSE and MD simulations, Nickels et al. (29) were able to determine the bending moduli of
lipid domains and those of their surroundings. Unsurprisingly, they determined that « of nanoscopic domains differs from the
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Figure 3: Schematic of changes in scattering as a function of domain size. Heberle et al. studied the four component phase
separating lipid mixture of DSPC, DOPC, POPC, and cholesterol using SANS. Chain perdeuterated DSPC (DSPC-dy() was
used to introduce neutron contrast and the H,O/D,O solvent ratio was adjusted to match an ideally mixed lipid membrane, i.e.,
no lipid domains at an elevated temperature. The presence of a SANS signal (right) indicated the existence of lipid domains,
which grew in intensity with increasing domain size due to an increasing DOPC:POPC ratio. Domain size was determined by
fitting the SANS data using a modified coarse-graining method (28, [36).

continuous phase surrounding them. In conjunction with MD simulations, they were also able to determine that the lipids
in nanoscopic domains were in registry across the bilayer leaflets. Fitting the NSE data using MD simulations produced
a molecular description of the nanodomain interface with its surrounding phase. Of note, was that nanodomain interfaces
were enriched in POPC and that multiple mechanisms were found to be responsible for producing stable nanoscopic lipid
heterogeneities. Recently, Himbert et al. (57) using diffuse x-ray scattering, NSE, and MD simulations determined the « of red
blood cell (RBC) “ghosts”. Typically literature values of the bending rigity of RBCs vary by orders of magnitude, however they
studied the cytoplasmic membrane in the absence of spectrin and adenosine triphosphate to reduce potential variability. They
found bending rigidities that were relatively small compared to literature values and of single component lipid bilayers. This
smaller « may contribute to reducing the energy costs of the process where RBCs have to continuously undergo shape changes
as they navigate from larger diameter arteries/veins to small capillaries, and back.

2.2 Nuclear Magnetic Resonance

One hundred years ago, Stern and Gerlach demonstrated that the nuclear angular momentum in a magnetic field is quantized,
a phenomenon explained by nuclear spin states (58). Later on, Isidor I. Rabi would improve on the measurements by Stern
and Gerlach by using the absorption of radio-frequency radiation to observe the resonance of nuclei in a magnetic field. This
gave rise to the technique we now know as NMR (59)), earning Rabi the 1944 Nobel prize in physics. NMR’s sensitivity was
further increased through the use of the pulse-Fourier transform approach developed by Ernst(60). Specifically, the NMR signal
observed from nuclear precession is Fourier transformed to produce a spectrum which can be readily analyzed. The precession
is sensitive to the electromagnetic environment of the nucleus, which produces shifts (chemical shift) and line shape changes
(anisotropy) to the NMR signal, as shown in Fig.[JA. In general, NMR is sensitive to the orientation of the sample with respect
to the magnetic field. In liquids this orientational dependence is typically averaged due to the rapid reorientation of molecules.
However, for large molecules, such as proteins and liquid crystals (e.g., membranes), reorientation is slow compared to the
Larmor frequency of the nuclei and a broad line shape is observed. Since this is a measurement at the atomic scale, NMR is
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sensitive to the presence of small structures in the membrane, including nanometer-sized domains.
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Figure 4: Motional averaging and chemical exchange. In NMR, the precession of the nuclei in a magnetic field is sensitive to
their orientations and motions. (A) Orientational dependence of the interaction between nuclei and their environment typically
results in a so-called “Pake” powder line shape. Rapid re-orientation of the nuclei causes the line shape to narrow. Since *H is a
spin-one nucleus, there are two possible spin transitions, resulting in a symmetrized powder pattern. (B) Nuclei in different
magnetic environments will produce distinct resonances in their spectra. If the nucleus is exchanging between the different
environments, it experiences chemical exchange. At intermediate rates of exchange, the distinct resonance for each environment
will begin to average and the line shapes will broaden. At faster rates of exchange, their resonances will merge into a single
homogeneous resonance.

The presence of domains in the membrane alters the line shape of the NMR spectrum according to the rate of chemical
exchange of lipids between domains, compared to the resonance frequency of the nucleus (see fig. @B). If the rate of exchange is
fast, a single homogeneous line shape will occur, and if the exchange is slow, then a superposition of line shapes will appear
due to differences in domains — in the intermediate range one observes a broadened line shape. Whether the exchange rate
appears to be slow, intermediate, or fast depends on three factors: (i) the resonance frequency of the nucleus in the magnetic
field; (ii) the diffusion rate of the lipid; (iii) and the size of the domains. The rate of exchange («) for intermediate exchange is
approximated by:

K=~ T (Avo - Avd) , (H

where v° is the line shape width of the ordered phase and v¢ is that of the disordered phase (61). If the exchange is fast, the
exchange rate is greater than the value calculated from Eq. [T]and vice versa. If the exchange rate and the lipid rate of diffusion
(D) are known, the average distance a lipid traveled to exchange with the adjacent domain (d) can be calculated as:

d=4w/22. (2
K

By assuming the shape of the domain, a domain size can be estimated (61). For liquid-liquid domains, a circular domain
shape is a good first approximation. However, in the case of slow and fast exchange, only lower and upper limits, respectively, of
domain size can be calculated. In which regime exchange occurs depends on how the rate of exchange relates to the NMR time
scale. The NMR time scale is not a fixed and depends on the nucleus, method, and spectrometer. Chemical shift differences for
'"H NMR spectra can be in the Hz region (i.e., milliseconds), thus only very large domains can be discerned. However, for
nuclei such as, '3C and 31P chemical shift differences are much larger and the time scales much smaller. In the case of of H
NMR, the anisotropic lineshape patterns can have spectral differences in the kHz range (microsecond time scale), allowing for
the observation of nanometer sized domains in the slow exchange regime. As we will see, this does not rule out '"H NMR as
a technique to study nanometer sized domains, as lineshape broadening, due to relaxation, is sensitive to short time scales
(microseconds to nanoseconds) and the use of pulse field gradients can further extend '"H NMR’s capabilities. Thus NMR is a
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powerful technique to study membrane heterogeniety down to the 10’s of nanometers, while for heterogeneities below 10’s of
nanomenters, other techniques such as inelastic X-ray scattering (IXS) and Forster resonance energy transfer (FRET) are better
suited.

2.2.1 Solid State 2H NMR

For lipids, H can substitute 'H as a minimally invasive probe, where the electric field gradient the nucleus experiences is
primarily due to a carbon-deuterium bond. This orientationally dependent interaction broadens the line shape into a Pake
powder pattern (62), which can experience narrowing due to motional averaging (see Fig. ffJA). Therefore, the width of the line
shape is proportional to an order parameter. Typically, the terminal acyl chain methyls in lipids experience the most disorder,
thus possess the lowest order parameters — order parameters increase as one approaches the lipid/water interface. Note, that
although using deuterium as a probe is minimally invasive compared many other molecular and atomic probes, per-deuterated
lipids often have a solid-ordered to liquid-disordered phase transition a few degrees Celsius lower than their non-deuterated
couterparts.(63) Nevertheless, deuteration seems to have a minimal effect on lipid phase separation(64), and the observed
domain miscibility temperature observed by 2H NMR is in agreement with flourscence microscopy results(65). (Note that
fluorescent microscopy uses probes that can perturb the membrane in potentially the same way as deuterium labeling, so a
lowering of the miscibility temperature should not be completely discounted.)

Solid state H NMR’s sensitivity to lipid order is very useful in detecting liquid-ordered and liquid-disordered phases.
Prior to the formulation of the lipid raft hypothesis, solid state ’H NMR was fundamental in establishing the properties of
high-cholesterol, raft-like liquid ordered phases (66, 167)). Veatch et. al studied domain formation in DOPC/DPPC-dg;/cholesterol
mixtures, initially with 30 mol% cholesterol (65) and later using different lipid compositions and temperatures (68)). At
temperatures between 20 °C and 30 °C and 20 mol% cholesterol, Veatch et al. observed the superposition of methylene
signals from both liquid-ordered and liquid-disordered phases, implying the presence of large domains and phase coexistence.
Increasing the temperature past 30 °C, broadened the line shape, indicating the exchange of lipids between domains (63 166} 169),
although the authors suggested this could also have been the result of composition fluctuations (68)). At low and high cholesterol
concentrations, the presence of liquid-liquid domain phase coexistence was absent, implying that a moderate amount of
cholesterol (20 mol%) is important for the formation of large liquid-liquid domains. These works contributed to reinforcing the
importance of cholesterol in the formation and stabilization of lipid domains.

In addition to cholesterol, sphingomyelin has also been identified as an important lipid raft component (11)). Bunge et. al
studied the mixture POPC, PSM (palmitoyl sphingomyelin), cholesterol with perdeuterated sn-2 chain analogs of POPC and
PSM (70). Using the methyl line width difference (from the POPC and PSM specrra) to calculate the exchange rate using
Eq.[T]and diffusion distance from Eq. 2] they estimated domain sizes to be 70 nm, or smaller. Later Yasuda et. al studied the
mixture of DOPC, SSM (steroyl sphingomyelin), cholesterol using selectively deuterated analogs of each component (/1).
Here, superposition of spectra for liquid-disordered and liquid-ordered domains were observed for each component. Fitting
the different NMR line shapes, Yasuda et al. determined that approximately 80 mol% of SSM and cholesterol were in the
liquid-ordered domain, while 60 mol% of DOPC was found in the liquid-disordered domain (71)). The increased domain size
due to the more disordered and thinner DOPC rich phase, compared to POPC (28)), allowed Yasuda et al. to directly determine
domain composition from NMR data (71).

A lesser studied aspect of domain formation is the influence of the liquid-disordered domain. Lipids containing acyl
chains with multiple double-bonds such as, docosahexaenoic acid (DHA), eicosapentaenoic acid (EPA), and docosapentaenoic
acid (DPA), belong to a class of naturally occurring, highly disordered lipids. For the aforementioned polyunsaturated fatty
acids (PUFAs), it is understood that the double bonds cause packing defects within the membrane, which result in highly
disordered phases. Their influence on liquid-ordered domain size is two-fold: (i) by increasing the thickness mismatch between
domains; and (ii) sequestering cholesterol to the ordered domain (72). When comparing lipids with PUFA chains to those with
monounsaturated acyl chains, it has been found that the order of the liquid-ordered phase is increased (73H75)). In mixtures of SM
and cholesterol with either PDPC (DHA containing lipid) or PEPC (EPA containing lipid), a superposition of signals by 2NMR
was observed (76 [77). In analyzing the spectra from these lipid mixtures, Williams et. al and Kinnun et. al used “dePaking”
which allows the domain composition analysis to be improved for perdeuterated lipids (78)). For both DHA and EPA, palmitoyl
sphingomyelin (SM) and cholesterol were the major components making up the liquid-ordered domain, whereas PDPC had a
greater propensity to enter the ordered domain than PEPC (76 77). In the case of the PDPC/SM/cholesterol composition, a
lower limit domain size was estimated to be around 40 nm in diameter based on separation of resonance frequencies in the
cholesterol spectrum and using Eq. [2] The separation of resonance frequencies in the PDPC spectrum was narrower, thus it was
estimated that the upper limit domain diameter was 100 nm, a value closer to the true domain size. Although >H NMR has its
limits in accurately determining domain size, it is particularly relevant for determining domain composition.

As described, solid state ’H NMR is a powerful technique used to observe the formation of liquid-liquid domains, estimating
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their size and determining their compositions. In many ways, >ZH NMR complements SANS. Typically, lipids with perdeuterated
acyl chains are more readily available than selectively deuterated lipids. However, since perdeuterated lipids produce a spectrum
of superposed Pake powder patterns, the use of deconvolution techniques greatly simplifies their analysis (78). As a result, this
opens up solid state >H NMR to studies of more biologically relevant and complex systems, such as the lipids found in archaea
(79).

A methyl region
yd

methylene region

100 -60 20 20 60 100
Frequency / kHz

100 60 20 20 60 100
Frequency / kHz

10-8 6 -4 2 0 2 4 6 8 10
Frequency / kHz

Figure 5: 2H NMR spectra from PSM-d3;/PDPC/cholesterol bilayers can be analyzed by “dePaking” the spectra. The methyl
resonances in each lipid domain can then be be fitted to determine domain composition (77)). (A) Here, the palmitoyl chain of
PSM is perdeuterated, thus the NMR spectrum appears as a superposition of symmetric “Pake” powder patterns, where the
methyl resonances are the most disordered. (B) A “dePaking” deconvolution algorithm was used to convert the anisotropic Pake
powder patterns to isotropic peaks (78)). (C) The methyl region resonances for the liquid-disordered (inner pair of peaks) and
liquid-ordered (outer peaks) phases were fitted to determine domain composition. The figure was adapted from Kinnun et.
al.(77).
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2.2.2 Magic Angle Spinning 'H NMR

Although 'H (a spin 1/2 nucleus) is naturally abundant in biomolecules, its NMR spectrum is somewhat featureless due to
anisotropic interactions. This drawback is addressed by magic angle spinning (MAS), where the sample is rotated at high
speeds at the so-called “magic angle” of 54.74°. Here, the anisotropic interactions are averaged and the spectral resonances
are narrowed. Doing so, increases the sensitivity of MAS NMR, allowing for smaller sample sizes. As such, MAS NMR is
particularly well suited for the study of ULVs that better approximate biological cells — solid state >H NMR is typically used
to study multilamellar vesicles (MLVs). The formation of more ordered domains in the membrane, such as liquid-ordered
domains, causes line widths to broaden (61). This is due to the increased strength of the inter-lipid dipolar interactions taking
place amongst the protons, which are undergoing a slower rate of isomerization in the more ordered phases. Since there is a
large difference in the line widths of the two phases, line shape analysis of the spectra can be used to detect the formation of
nanometer-sized domains.

Veatch et. al used '"H MAS NMR to observe domain formation in a mixture of DOPC/DPPC/cholesterol (65)). The
liquid-ordered (8 °C) and liquid-disordered (45 °C) spectra had sufficient differences in line shape width that they could be
fitted at intermediate temperatures as a superposition of the different spectra. This allowed Veatch et al. to determine the percent
of liquid-ordered and liquid-disordered phases as a function of temperature, and also determine the miscibility temperature.
Later, Polozov et. al studied similar lipid mixtures, but with the addition of SOPC (61). However, they used chemical exchange
to estimate domain sizes, which were determined to be at least 300 nm in size. Note, that this technique can be extended to
naturally-abundant 3C MAS NMR and has been used to study cholesterol-raft interactions (80, [81)) — it should be pointed out,
however, that 13C MAS NMR is less sensitive than 'H MAS NMR due to the lower natural abundance of 1>*C. MAS NMR has
also been extended to the 3!P nucleus, where Koukalovi et al. used this technique, with other methods, to determine that the
liquid-ordered domains in DOPC/SM/cholesterol mixtures were reminiscent of the liquid-disordered phase.(82). Recently,
Warschawski et. al developed a multidimensional 31P MAS NMR techinque to enhance the studies of lipid dynamics in phase
separated lipid membranes.(83) Beyond model membrane systems, MAS NMR has been used to detect the presence of lipid
domains in living systems, such as the envelope of the influenza virus (84).

One should note that the NMR determination of domain size relies on knowledge of lipid diffusion, as shown by Eq. 2|
Polozov et. al used pulse field MAS NMR to study domain formation and lipid diffusion in SOPC/POPE mixtures (85)). Again,
line width differences between the liquid-disordered and, in this case, solid ordered spectra, enabled Polozov and co-workers to
determine the percent of liquid-disordered and solid-ordered domains. Specifically, they carried out diffusion measurements
using a radio-frequency pulse which generated a magnetic field gradient across the sample (hence pulse field gradient). If no
diffusion was taking place, the line shape would be broad due to the lipids occupying multiple locations. However, as diffusion
increases, the signal width decreases — the signal intensity increases due to motional averaging. This allowed MAS NMR to
determine lipid diffusion and consequently, domain size. At the time of the Polozov et al. studies, domain sizes down to 500 nm
could theoretically be determined. However, currently with the use of larger pulse field gradients, nanometer sized domains can
be realistically measured (86)(87).

2.3 Forster Resonance Energy Transfer (FRET)

Fluorophores have enabled techniques, in particular Forster or fluorescence resonance energy transfer (FRET), to observe the
existence of lipid-lipid domains.(88, [89) Although the length scales accessible to common optical techniques are limited by the
diffraction limit — ruling out the observation of nanoscopic domains (90) — FRET utilizes the energy transfer between donor
and acceptor fluorophores to reveal structure on the nanoscale. The efficiency of energy transfer (nonradiative dipole—dipole
coupling) between two fluorophores (FRET efficiency, E) decays rapidly as a function of distance —i.e., is inversely proportional
to the sixth power of the distance separating the donor and acceptor fluorophores. Thus, only nearby donor and acceptor probes
can participate in an efficient and measurable transfer of energy. Measurements of FRET efficiency can be used to determine if
a FRET pair (donor and acceptor probes) is within a certain distance of each other.

In 2000, Stillwell et al. performed early FRET measurements on phase separating lipid mixtures containing PUFAs, saturated
lipids, and cholesterol, using FRET pairs of varying acyl chains.(91) Small decreases in FRET efficiency were observed when
the probes partially partitioned into liquid-ordered and liquid-disordered domains. Since full partitioning was not achieved,
only small changes in FRET efficiency were observed. However the work by Stillwell et al. demonstrated that FRET was
sensitive to liquid-liquid domain formation and showed that cholesterol promotes phase separation. A year later, Feigenson
and Buboltz took into account the partitioning of the FRET probes in the different lipid phases and produced a much-used
DPPC/DLPC/cholesterol phase diagram.(92) Since then, FRET has been used to determine the existence of nanodomains in a
range of systems, including bacterial membranes(93) and living cells(94, [93).

FRET efficiency can be custom-tailored for studies of different domain sizes by controlling the properties of the FRET pair —
FRET is often described as a “molecular ruler.”(96-98) For example, Heberle et. al were able to use FRET to demonstrate
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liquid-ordered domain formation in POPC, SOPC, DSPC, and cholesterol mixtures.(43) Based on the FRET pair used, they
estimated domain size to be on the order 10 nm in diameter. In 2015, Priyadarshini et. al were able to refine the acceptor
and donor probes to detect nanodomains down to approximately 2.6 nm. As noted by Stillwell et. al., donor and acceptor
fluorophores do not completely partition between the liquid-disordered and liquid-ordered domains,(91) thus knowledge of
partition coefficients is vital for the accurate determination of of domain sizes with FRET. Enoki et. al used multiple experiments
to measure donor and acceptor probe partitioning and also carried out Monte Carlo simulations of different size domains. Doing
so allowed them to associate FRET efficiencies with domain sizes of approximately 10 nanometers, or less.(99) Vinkldrek et. al
used a similar technique of combining FRET with Monte Carlo simulations. They were able to observe interleaflet coupling of
nanodomains at a similar length scales.(100) Recently, Scott et. al published an analytical solution for determining domain size
from FRET without the need of Monte Carlo simulations, increasing the accessibility of FRET.(101)

Given that FRET can tune its nanometer-scale sensitivity through the use of different donor and acceptor probes, it is able to
detect the presence of heterogeneities at length scales well below most other techniques. This in addition to recent advances in
data analysis methods will enable the FRET technique to study increasingly complex systems of interest to biologists.

3 EMERGENT TECHNIQUES

In addition to neutron scattering and NMR, there have been techniques that have provided us with much information regarding
the static and dynamic structures of lipid domains. For example, over extended time scales, atomic force microscopy(102H105)
and super-resolution fluorescence microscopy(106,[107) are two such techniques. Moreover, secondary ion mass spectrometry
allows for lateral resolutions of approximately 100 nm, with the added ability of determining lipid domain composition
(108). In the following section of this article we will discuss new techniques which we believe have the potential to provide
complementary new insights into the static and dynamic structures of membranes, lipid domains, and emergent properties.

3.1 Inelastic X-ray Scattering

Non-resonant, high-resolution inelastic X-ray scattering (IXS) is a non-invasive technique capable of probing the atomic
dynamics of crystalline, soft, and biological materials (109). Atomic dynamics in these materials exist in the form of quantized
collective motions, i.e., phonons or normal modes, due to thermally triggered density-density fluctuations (110-113)). Phonons
were experimentally measured — for the first time — in metallic vanadium by Brockhouse using the then newly-developed
triple-axis spectrometer (114) — he shared the 1994 Nobel Prize in physics for his inelastic studies of condensed matter (115).
Moreover, inelastic neutron scattering (INS) has routinely been used to study phonon excitations in soft and biological materials,
including phospholipid membranes (116). Despite the unique capabilities offered by neutron scattering techniques, such as
contrast variation and selective deuteration, INS is kinematically (geometrically) restricted in accessing low energy-transfer and
momentum-transfer phonons, as compared to IXS (117H119).

In IXS measurements (22, [120), an incident x-ray beam with energy E; and momentum 7Kk; scatters with energy Ey and
momentum 7K ¢. Since phonons originate from thermally mediated density-density fluctuations, the scattered x-ray beam
contains information about phonon excitations corresponding to the measured energy transfer £ = E ¢ — E; and momentum
transfer 7Q = 7ik y — 7ik; (22, 120)), respectively. The measured IXS vibrational spectra can then be fitted using the Damped
Harmonic Oscillator (DHO) model represented as:

_ AQT(QIEF(Q)E?
(B2 - E}(Q))* + (T1(Q)E)*

3

where E| is the average excitation energy, A;(Q) is the amplitude of a single inelastic (E; # 0) phonon excitation, and I';(Q)
is the half-width at half-maximum of a spectral feature (120). All selected IXS spectra have a certain number of phonon
excitations over a measured energy-wavenumber (E-Q) range.

IXS has been successfully used to access longitudinal and transverse phonon excitations (acoustic and optical phonon
modes, respectively) in soft materials, such as simple liquids (127} [128]), block copolymers (129), colloids (130), and liquid
crystals (mesogens) (131} [132). Importantly, Fig.[6] shows the first experimental evidence for the existence of transverse phonons
and their low-(E, Q) phonon gap measured in DPPC membranes using IXS (121). Figure [6] (a) shows the IXS scattering
geometry measuring in-plane collective lipid motions in time (picosecond) and length (nanometer). Figure [6] (b) shows phonon
dispersions of gel (20 °C) and fluid (45 °C) phase DPPC bilayers. A transition from the gel to fluid phase leads to the emergence
of the transverse (shear) (E, Q)-gap, implying that shear elastic waves are over damped beyond their nanometer length scale
propagation. Furthermore, (E, Q)-gaps define viscoelastic crossovers in the vibrational spectra of biomembranes. In other
words, at higher energies (frequencies) and higher Q-values, biomembranes are capable of supporting the propagation of
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Figure 6: Experimental evidence for the emergent behavior of phonon (E, Q)-gaps in the vibrational spectra of lipid membranes

as revealed by inelastic X-ray scattering (IXS). (a) Schematic of the IXS scattering geometry, where an incident x-ray beam
scatters from a phospholipid membrane (121). (b) Longitudinal and transverse acoustic phonon excitations of a DPPC membrane
at 20 °C (gel phase) and 45 °C (fluid phase) (I121). (c) Schematic of a transient nanoscopic lipid domain surrounded by
transient nanopores, effectively forming a transient void ring (122)). The existence of transient void rings around transient lipid
nanodomains across the membrane is responsible for the passive transmembrane transport of small molecules and solutes (122),
molecular-level mechanical stress propagation (123), and self-diffusion of lipids (122)). (d) The lateral self-diffusion coefficient
D(T) of a DPPC membrane calculated from Eq. (8) and compared with measured values (1244126) from different lipid phases

(gel, ripple, and fluid) (122).

compression (longitudinal phonons) and shear waves (transverse phonons). In contrast, biomembranes lose their ability to
support shear waves once (E, Q)-gap values are reached, thus, transitioning from the elastic to viscous regime. Therefore, (E,
Q) phonon gaps define the size and lifetime of transient lipid nanodomains in biomembranes. For instance, an (E, Q)-gap
emerges at 45 °C, see Figure (@ (b)), at about E ~ 2 meV and Q ~ 5.2 nm~'. The lifetime of the transient lipid nanodomains
can therefore be estimated as 7 = E’”’{” (~2.07 ps), and their size as d = Qi’;p (~1.2 nm). This means that transient lipid
nanodomains are essentially solid-like rattling domains surrounded by transient voids beyond ~1.2 nanometers during ~2.07
picoseconds (elastic regime), see Figure|§| (c). At longer times transient lipid nanodomains become viscous (viscous regime) —
shear restoring forces are negligible — allowing lipids to self-diffuse around the transient void ring (123). It is worth noting
that lipid raft boundaries may have fractal dimensions (133)). Furthermore, the formation and dissolution of transient lipid
nanodomains reiterates undergoing viscoelstic crossovers across the membrane in random places and at random times (123)). In
this regard, the vibrational landscape of biomembranes at picosecond time and nanometer length scales is reminiscent of the
surface of a boiling liquid. As a result, the existence of (E, Q) phonon gaps is responsible for the molecular-level mechanical
stress propagation in the form of compression waves (123)), passive transmembrane transport of small molecules and solutes
(121}, and self-diffusion of lipids [122), see Figure[6](c). Below, we show how phonon gap parameters can be utilized to
calculate self-diffusion coefficients, see Figure|§| (d).

Phonon excitations in biological membranes can also be studied through the calculation of the longitudinal C;(Q, E) and
transverse C, (Q, E) current correlation spectra using molecular dynamics (MD) simulations (22} [122). Phonon modes and their
dispersions can be calculated through the projection of 11p1d lipid correlation functions in directions along and perpendicular to

the wavevector Q (122)). Current correlation spectra C, (Q E) can be written as:

Co(D.E) = / dt T (D.1) - To(Du1)), 4

[oe]
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where « = (I - longitudinal; 7 - transverse), and the corresponding time-dependent current-current correlation functions read as:
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where é is the unit vector along é N is the total number of molecules, and 7,,(¢) and ¥,,,(¢) are coordinates and velocities of
molecule m, respectively. Thereafter, both longitudinal and transverse phonon modes of biomembranes, including their (E,
Q) phonon gaps, can be readily obtained by fitting C;(Q, E) and C;(Q, E) using the DHO model (22} [122). Furthermore, the
self-diffusion coeflicient D; can be written as:

kT _Aar
D = —B e Av s (7)
f
where kg is the Boltzmann constant, 7T is the temperature, f is the translational drag friction parameter (134), A, = ﬂ is

the area of a transient lipid nanodomain, d = ng’; " is the diameter of the transient void ring, Q) is the reciprocal space
phonon gap, see Figure[6{b), A, = ndL is the area of the transient void ring around the transient lipid nanodomain. Finally, the
temperature dependent self-diffusion coefficient can be represented as(122} [123)):

7p(T)
D(T) = "BTTe‘%Qw”Rt, ®)

where (3 is the dimensionless displacement parameter of a lipid within the void ring, R; is the van der Waals radius of a lipid,
and L is the width of the transient void ring %, see Figure|6|(c). In conclusion, Figure Ekd) shows a good agreement between the
lateral self-diffusion coefficients calculated from Eq. (§)), using phonon gaps as input parameters (122), and experimentally
measured diffusion coefficients at different temperatures (124-126)), spanning gel, ripple, and fluid phases (22, [122)), validating
the phonon theory of liquids and biological fluids (22).

3.2 Cryogenic Electron Microscopy

Although NMR, X-ray, and neutron scattering techniques are able to detect lipid domains that are below the wavelength of
light microscopy (roughly 500 nm), they fail to produce real space images of lipid domains (135). Ideally, a technique that can
detect nanoscopic lipid domains, but can also provide images of those domains can greatly advance our understanding of these
structures, as seeing is believing. An emerging technique for lipid membrane biophysics that can achieve these two tasks is
cryogenic electron microscopy (cyro-EM) (135} [136).

Electron microscopy (EM) was first developed in the 1930’s, however, its’ use for imaging biological samples was limited.
To be imaged, samples must be dehydrated, placed in a vacuum, and exposed to high doses of electrons since biological samples
have inherently low contrast to electrons (135} /136). Using glucose to “protect” their sample, Henderson et. al. used EM to
determine the structure of bacteriorhodopsin, a large transmembrane protein containing seven alpha helices (137). A great
advance to the study of biological materials by EM was the introduction of cryogenic stage that was able to maintain samples at
near liquid nitrogen temperatures (138). A further improvement by Dubochet et al. was the flash freezing of samples by rapidly
plunging them into liquid ethane, thereby vitrifying the water into an amorphous solid. This led to the development of what
we now know as cryo-EM (139). However, it took two more important developments to realize the full potential of cryo-EM
with regards to biological samples, those being the development of a new generation of direct electron detectors and advanced
image-processing tools and algorithms to correct for sample movements and enable the reconstruction of 3D images from
randomly oriented particles (135} 135,136, [136). These developments enabled the measurement of biological samples under
near native conditions, with increased contrast and a decreased susceptibility to radiation damage (135} 136).

Cryo-EM is rapidly becoming the “go-to” technique for structural biologists (135 [136). However, there have been very few
cryo-EM studies specifically looking at the structure of lipid bilayers (140-142)). Recently, Heberle et al. (143) and Cornell et
al. (144) published cryo-EM studies of lipid domains, with each study using a different experimental approach. For example,
Cornell et al. implemented cryo-electron tomography (cryo-ET) (136)), which uses a series of different sample angle images
to reconstruct a 3D image of the sample (144). A requirement of cryo-ET is that the sample is sufficiently thin to allow the
transmission electrons (136). In contrast, Heberle et al. (143)) used the single particle cryo-EM approach which generates a 3D
reconstruction of the sample by combining a large number of 2D image projections of the same sample in different orientations.
The studies by Heberle et. al. and Cornell et. al. both showed clear evidence of lipid domains, signifying the possible advent of
cryo-EM as a potentially powerful technique for studying lipid domains in model lipid systems (143 [144).
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Fluorescence CryoEM Tomography Slice

Figure 7: Imaging giant and large unilamellar vesicles (GUVs and LUVs, respectively) by fluorescence microscopy and cryo-ET
using Trimeric his6-mcherry. (A-B) Fluorescence microscopy images of GUVs prepared with different lipid mixtures to tune
the size of the lipid domains. Trimeric his6-mCherry was used to image lipid domains due to it’s fluorescent properties. (C-F)
Cryo-ET slices showing regions where trimeric his6-mCherry associates with the membrane (yellow) or where it is absent from
the membrane (green). Here, trimeric his6-mCherry’s electron dense properties were exploited in order to observe where the
probe interacts with the membrane. Figure adapted from (144).

Using cryo-ET, Cornell et. al. studied lipid domains in a ternary lipid system containing DPPC/diphytanoyl phosphatidyl-
choline (DiPhyPC)/cholesterol, using two experimental approaches. The first used only cryo-ET to investigate the thickness
mismatch between coexisting liquid disordered (Ld) and liquid ordered (Lo) domains in large unilamellar vesicles (LUVs). They
compared the cryo-ET thickness results of six different lipid ratios along a tie line in the phase diagram of the lipid mixture of
interest to fluorescence microscopy images of GUVs of the same lipid compositions. By comparing the area fractions of the Lo
and Ld phases obtained from cyro-ET and fluorescence microscopy, Cornell et. al. determined that cryo-ET accurately identified
submicron lipid domains in LUVs and that the area fractions of the two phases closely matched those from fluorescence
microscopy. The second experimental approach used a probe, trimeric his6-mCherry, that was both fluorescent and electron
dense, allowing the same GUV samples used in fluorescence microscopy to be extruded into LUV for use in cryo-ET studies [7]
From these complementary data sets, Cornell and co-workers concluded that cryo-EM was a valuable technique for the study of
lipid nanostructures (144). Whether the vitrification process produces artifacts or not on domain structure has not been widely
studied, however many of the aforementioned studies used complimentary techniques and discrepancies were not observed.
This does not rule out the potential for artifacts, however for the systems studied if artifacts were present, they were minor.

Using single particle cryo-EM, Heberle et. al. (143) made use of both actual and simulated cyro-EM images to determine
the thicknesses of single component lipid bilayers, phase separated bilayers, and cell-derived PMs. Using LUV's composed of
PC lipids with monounsaturated diacyl chains ranging in length from 14 to 22 carbons, Heberle et. al. compared membrane
thickness values from cryo-EM with those from small angle X-ray scattering (SAXS) and all-atom simulations. The bilayer
thickness determined from cryo-EM (the distance between the two dark concentric rings in an LUV, which they referred to as the
trough-to-trough distance (D77)) agreed well with the hydrophobic thickness (2D¢) determined from SAXS data. In addition,
bilayer thicknesses determined from simulated cryo-EM images were compared to thicknesses from all-atom simulations and it
was again determined that the best agreement between thicknesses was 2Dc.

Using the ternary system of DPPC/dioleoyl phosphatidylcholine (DOPC)/cholesterol, Heberle et. al. clearly showed the
presence of regions with differing thickness within the same LUV, which would correspond to the Lo and Ld phases, similar to
what was shown by Corrlell et. al (144) (Figure [8). From the analysis of the images, it was found that there was a thickness
difference in D71 of 6.3 A between the Lo and Ld phases, consistent with previous measurements of the same system. Finally,
Heberle et. al. (I43) showed the presence of nanoscale heterogeneities in giant plasma membrane vesicles (GPMVs) isolated
from rat basophilic leukemia (RBL) cells. Two different thickness distributions in D7 centered at 37.3 A and 33 A were
determined from the cryo-EM images. The thicker distribution was comparable to D77 values obtain from the Lo phase in the
ternary mixture, whereas the the thinner region lay between the D77 values for the Lo and Ld phases in the ternary mixture.

Manuscript submitted to Biophysical Journal 13



Author1 and Author2

Probability

20 ‘ 30 ‘ 40
Thickness [A]

Figure 8: Visualization of lipid domains using Cryo-EM. (A) LUVs composed of DPPC/DOPC/palmitoyl oleoyl phosphatidaglyc-
erol (POPG)/cholesterol (40/35/5/20) showing clear variations in membrane thickness (D77) visually (left) or by color coding
(right), where the blue shading indicates regions with a thicker membrane. The scale bar is 100 nm. (B) Histograms showing
the thickness distributions of two different lipid domain forming membrane compositions, DPPC/DOPC/cholesterol (40/40/20)
(top) or DPPC/DOPC/POPG/cholesterol (40/35/5/20) (bottom). It was observed that the inclusion of POPG, a negatively
charged lipid commonly used to prevent MLV contamination in extruded samples (140), enhances the separation between the
two bilayer thickness distributions. Figure adapted from (143).

4 FUTURE TECHNIQUES

As technology advances more techniques will emerge to reveal a more nuanced picture of nanodomains. Here describe two
such techniques, namely neutron reflectometry and droplet interface bilayers (DIBs).

4.1 Neutron Reflectometry

While SANS detects scattered neutrons at small angles, neutron reflectometry (NR) deals with reflected neutrons. The geometry
of an NR experiment, shown in Figure 9] lends itself to investigations of hierarchical structures, such as domains in model
membrane systems. Although it can be difficult to detect nanometer-sized structures in the lateral direction using NR, it is
well-suited to detecting changes in depth, such as bilayer asymmetry and thickness. In general the resolution along the thickness
of the membrane can approach 5A, while the in-plane resolution is on the order of microns. Therefore, most studies focus on
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Figure 9: Geometry of a reflectometry experiment highlighting some of the scattered components from a membrane projected
onto the plane of the detector. For a given measurement, either the incident angle 6 is fixed with a varying A or vice versa.
The neutrons then interact with the membrane with one of four outcomes shown. (i) The neutrons are unaffected impinging
directly on the detector, labeled direct; (ii) The neutrons refract, landing between the direct spot and the sample horizon; (iii)
The neutrons specularly reflect at an angle of incidence 6. The specular reflections are dominated by chemical order along the
thickness of the membrane; and (iv) the neutrons reflect at an angle that differs from the incident angle 8 and above the sample
horizon. In this scenario, the signal is dominated by lateral correlations of the membrane, such as the distribution and possible
ordering of lipid domains.

the extraction the depth dependent scattering length density (SLD) which can be related to the laterally averaged chemical
composition (32,145H148)). Reference layer techniques can be used to improve the quality of the depth dependent SLD extracted
through model fitting (146), or the reciprocal scattering data can be directly inverted to a real space scattering SLD profile
(149, [150). Note that the study of membranes with NR generally requires a substrate support which has an effect on lipid
structure, diffusion, and dynamics, however by adjusting the substrate coating or by using a polymer cushion the effect of the
support can be substantially reduced.(151H153)) Also note that, many living cells support their membranes by a cytoskeleton
which may have similar effects on the membrane as using a substrate.

NR is particularly powerful in determining the redistribution of membrane biomolecules across asymmetric membranes.
Interpreting the SLD in the direction perpendicular to the bilayer normal (z) has shown to be sufficient when studying asymmetric
model membranes (154), protein structures embedded in model membranes (145), molecules absorbed to the membrane surface,
and material transport across the model membrane (155). Important to structure, Rondelli et. al found that ganglioside GM1
(monosialotetrahexosylganglioside) in lipid bilayers causes cholesterol to redistribute to GM1 deficient leaflets (156). Studies
that rely on the off-specular signal from membrane systems are few, even though most modern instruments will measure both
the specular and off-specular signal simultaneously on either a linear or area detector. Potential causes may include the lack of
long range in-plane order that can push the signal of interest below the noise floor. It should also be noted that lipid rafts may be
transient. However, by using asymmetric membranes, the redistribution of lipids (including raft constituents) can be studied
with NR. Note that NR takes advantage of contrast matching in the same way other neutron scattering techniques do. Thus it
has the ability to selectively contrast lipid species and thus domains. Since its strength is determining thicknesses it has the
potential to determine the thicknesses of each domain independently, in the same system, with high accuracy.

4.2 Capacitive Detection of Nanoscale Domains

Cooperative, first-order phase transitions in model membranes consisting of one to a few components have been thoroughly
characterized from temperature-dependent calorimetry, densitometry, and fluorescence experiments. However, thermotropic
transitions in eukaryotic membranes containing numerous lipid species and high concentrations of cholesterol have remained
undetectable using these techniques.(157)

Specific capacitance, Cyy, defined as the electrical capacitance per unit area, is an intrinsic membrane property that is
proportional to the dielectric permittivity and inversely proportional to the bilayer’s thickness (158H160). Because acyl chain
composition and orientation in the membrane affect permittivity and thickness, C,y is directly influenced by composition and
thermotropic phase. While many studies have shown that electrical capacitance is sensitive to thermally induced lipid phase
transitions in single-component model membranes (161H166), few capacitance measurements have been reported for lipid
mixtures. Capacitance measurements conducted on multi-component cholesterol containing mixtures can provide tractable
models of phase separation and lipid raft formation across a range of spatial length scales. As such, there is yet untapped
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potential to use capacitance measurements for examining thermal transitions occurring in multi-component membranes that
more closely reflect the lipid heterogeneity found in cells.
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Figure 10: (A) The droplet interface bilayer (DIB) technique is composed of two aqueous lipid droplets suspended in oil in
which their point of contact forms a lipid bilayer. Electrodes in each droplet allows for resistance and capacitance measurements.
(B) Capacitance and temperature curves from cooling DPPC/DPhPC/Chol (20/50/30 mol %) and bTLE DIBs (C16 alkane
solvent) reveal low-enthalpy phase transitions. Here the starting point of the cooling leg is indicated by arrows with circular end
points while the cooling leg of the response is indicated by dashed arrows.

Temperature-dependent electrical capacitance measurements have been performed in planar bilayers composed of synthetic
single or three-component lipid mixtures, or of natural brain total lipid extract (bTLE), which is rich in high-melting lipids,
such as sphingomyelins, low-melting mixed-chain lipids, and cholesterol. The droplet interface bilayer (DIB) technique(167)
was used to construct stable lipid bilayers between lipid-coated water droplets immersed in alkane oils. DIBs were perpared
by suspending two aqueous lipid droplets attached to Ag/AgCl electrodes in an alkane oil reservoir with a lipid monolayer
forming at the water-oil interface, where the lipid headgroups interact with water and the acyl chains protrude into the oil phase.
Formation occurs when two droplets are pushed together, allowing the acyl chains of the individual droplets to interact with
each other, forming a lipid bilayer as shown in fig. [TOJA. Not all lipid mixtures form DIBs, it is particularly difficult to form DIBs
of lipids in the gel phase, however some techniques such as heating to high temperatures then cooling have proven successful in
DIBs formation for difficult systems.(168)) In general, DIBs are well-suited for electrical capacitance measurements because they
allow independent measurements of nominal membrane capacitance and bilayer area (i.e. contact area between two droplets),
thereby enabling a precise determination of Cy; (169, [170). In addition to the familiar first-order thermotropic transitions in
single component lipid membranes, capacitive measurements have identified transitions in mixed-lipid membranes that were
not detected with one or more standard techniques, including calorimetry, densitometry, fluorescence microscopy, and Forster
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resonance energy transfer spectroscopy. For example, capacitance measurements of bTLE bilayers indicated a phase transition
at 38°C, shown in Fig.[TOB, that could not be seen with any other method. These results indicate that electrical capacitance in
DIBs can detect entropic membrane transitions specifically, due to its extreme sensitivity to variations in bilayer thickness.

First-order, thermotropic transitions in simple, single-component lipid membranes involve large scale structural changes
that result in destabilizing defects and unwanted conductive pore formation. Capacitance measurements have been used to
detect and corroborate thermotropic melting and miscibility transitions, but they have also been able to detect more subtle
temperature controlled structural rearrangements in membranes comprised of mixtures of synthetic or natural lipids that can
undergo transitions that are undetectable by standard methods. The sensitivity of capacitance measurements to low-enthalpy,
higher-order phase transitions is a result of the inverse relationship between capacitance and hydrophobic thickness, whereby
small changes in thickness can result in large changes in capacitance (171). Low-enthalpy, higher-order phase transitions
detected with capacitance may control membrane structure at the nanoscale more smoothly, without high-amplitude thermal
fluctuations and defect formation that occur in simpler model lipid membranes (172H175).

5 CONCLUSION

Over the past 100 years we have gained much insight into the static and dynamic structures of biological membranes and
their emergent behaviors. Lipids were identified early on as the underlying structure of biological membranes and since then,
membranes have evolved to include other biomolecules (e.g., proteins, carbohydrates, etc.). The proposal of lipid domains
as functional supramolecular structures within the PM resulted in much controversy, and it has taken almost 30 years for the
existence of lipid domains to be widely accepted by the scientific community.

As discussed, although neutron scattering and NMR techniques are well suited for the study of static and dynamic structures
on the nanoscale, they were not widely used by the community studying lipid domains. This was due, in part, to the isotopic
labeling requirements needed to fully enable these techniques, making it especially difficult to study invivo systems. Alongside
these techniques, FRET has also emerged to study nanoscopic domains, capable of reaching of length scales in the few
nanometers. For all of these techniques we described a number of invitro and invivo which detailed the existence of nanoscopic
lipid domains.

Most recently, techniques such as IXS and cryo-EM are showing great potential in the study of the static and dynamic
structures of nanometer sized lipid domains. For example, IXS has been used to access fundamental picosecond time and
nanometer length scales to measure membrane viscoelasticity, molecular-level mechanical stress propagation, and self-diffusion
of lipids. Cryo-EM has brought the ability to visualize nanometer sized domains, as well as thickness differences between
domains and their surround in a relatively probe-free manner.

Finally, we discussed a couple of techniques, namely NR and DIBs that can be used in the future to provide us with
complementary information regarding lipid domains. Although NR is widely used to study the structure perpendicular to
the plane of the membrane (e.g., bilayer thickness), it has great potential to reveal unique details of the membrane’s lateral
organization. To do so, however, much work is needed to develop the appropriate theories to analyze the data and to increase the
signal-to-noise ratio originating from the in-plane structures populating the membrane. The DIB technique, on the other hand,
is particularly sensitive to the electrical properties of lipid membranes and its potential in membrane studies is far from being
realized.
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