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ABSTRACT: Several classes of synthetic nanoparticles (NPs) induce rearrangements
of cell membranes that can affect membrane function. This paper describes the
investigation of the interactions between polystyrene nanoparticles and liposomes,
which serve as model cell membranes, using a combination of laurdan fluorescence
spectroscopy and coarse-grained molecular dynamics (MD) simulations. The relative
intensities of the gel-like and fluid fluorescent peaks of laurdan, which is embedded in
the liposome membranes, are quantified from the areas of deconvoluted lognormal
laurdan fluorescence peaks. This provides significant advantages in understanding
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polymer—membrane interactions. Our study reveals that anionic polystyrene NPs,

which are not cross-linked, induce significant membrane rearrangement compared to other cationic or anionic NPs. Coarse-grained
MD simulations demonstrate that polymer chains from the anionic polystyrene NP penetrate the liposome membrane. The inner
leaflet remains intact throughout this process, though both leaflets show a decrease in lipid packing that is indicative of significant
local rearrangement of the liposome membrane. These results are attributed to the formation of a hybrid gel made up of a
combination of polystyrene (PS) and lipids that forces water molecules away from laurdan. Our study concludes that a combination
of negative surface charge to interact electrostatically with positive charges on the membrane, a hydrophobic core to provide a
thermodynamic preference for membrane association, and the ability to extend non-cross linked polymer chains into the liposome
membrane are necessary for NPs to cause a significant rearrangement in the liposomes.

B INTRODUCTION

The potential for adverse impacts of engineered nanoparticles
(NPs) on organisms and the environment has become an
increasing area of concern due to the large increase in
production of NPs and their prevalence in society.' ™
Consequently, there is an impetus to design more benign
NPs. Numerous studies of the interactions of synthetic NPs
with cell membranes have revealed that such interactions could
have significant impacts on the health of the exposed
organism.' > NPs are known to interact with cellular
membranes via a variety of mechanisms, including membrane
association or disruption, membranal morphological changes,
NP wrapping/uptake, reactive oxygen species (ROS) gen-
eration, NP ion dissolution, and lipid corona formation around
the NP.'~ Previous studies of the interactions between NPs
and membranes predominantly focused on acute interactions,
which cause severe membrane disruption. Disruptive inter-
actions primarily involve NPs with cation-terminated aliphatic
ligands; anionic NPs have been largely ignored due to the lack
of disruptive interactions. Chronic NP exposures can lead to
adaptation by cells” and organisms,” which implies that some
interactions induce toxic effects without destroying membranes
or killing cells.

The rearrangement of lipids in the membrane when
interacting with anionic NPs has been previously demonstrated
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to lead to membrane destruction.””'* The lipid phase of a
cellular membrane is an important characteristic that affects
signaling and molecular mobility, and it is used as a metric of
membrane health and response to stimuli.''~" Tightly packed
lipids form a rigid phase called the solid-ordered (gel) phase, in
which the lipids diffuse slowly, and few water molecules
intercalate while loosely packed lipids form a liquid-disordered
(fluid) phase, in which water molecules diffuse more easily and
in greater number.'”'* Fluorescence spectroscopy is a sensitive
and nondestructive method commonly used to measure
membrane phase changes. Fluorophores like dimethylamino-
naphthalene (DAN) derivatives, particularly laurdan (6-
dodecanoyl-2-dimethylamine-naphthalene), partition into
lipid membranes and are used as probes of the membrane
phase.”” When dissolved in organic solvents and excited with
UV light, the emission maximum of laurdan shifts from 403 to
506 nm as solvent polarity increases from cyclohexane to
methanol, independent of temperature.">'® When incorpo-
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rated into lipid membranes, laurdan exhibits two emission
peaks at 440 nm (22,727 cm™"), which is attributed to the gel
phase, and at 490 nm (20,408 cm™"), which is attributed to the
fluid phase of the membrane. This red shift in the fluorescent
signal in the membrane fluid phase originates from laurdan
interactions with water molecules which are better able to
access the membrane due to the looser lipid packing and their
ability to reorganize and stabilize the probe’s excited state.
Laurdan fluorescence spectroscopy has long been used to
measure phase changes in unilamellar phospholipid vesicles
(liposomes) exposed to various stimuli, with the understanding
that it is an indirect measure of lipid phase or packing through
a quantification of the water around the fluorophore. *~'*'7'¢
Liposomes are commonly used to model cellular membrane
due to their relative simplicity, which enables precise control of
their composition and structure. Thus, liposomes provide an
ideal medium for the quantitative determination and
comparison of NP—membrane interactions.

A generalized polarization (GP) parameter, which was first
introduced by Parasassi et al,, is commonly used to quantify
the membrane phase.'” GP is calculated using the following
equation:

1440 B 1490
Liyo + Ligo 1)

where I,4, and Iy, are the laurdan fluorescence intensities at
440 nm (gel) and 490 nm (fluid), respectively; GP approaches
1 as the lipid phase becomes more gelled, and it approaches —1
as it becomes more fluid. In the use of laurdan fluorescence to
measure nanoparticle-induced membrane gelation, the greatest
concern is the mole fraction of the membrane with gel-like
lipids (Xgel), which is calculated as follows:

GP =

ngel Igel
Xgel = =
Miotal Igel + Iﬂuid (2)

where 1, is the number of gel-like laurdan molecules present,
Mo 18 the total number of laurdan molecules, I is the
fluorescence intensity (or area) due to the gel-like phase, and
I is the fluorescence intensity (or area) due to the fluid-like
phase. Here, we use the phrases “gel-like” and “fluid-like” to
describe this change for clarity, as traditional interpretation of
laurdan is complicated when a hydrophobic species dissolves
into the hydrophobic region, as will be demonstrated in the
present work.

Although GP is a quick and popular quantification of
membrane phase using laurdan, spectral overlap of the two
peaks limits the range of achievable values much narrower than
the theoretical —1 to +1 and convolutes the results.'® Methods
proposed to address this include deconvolution into two
Gaussians”’ or two lognormal functions (mirror symmetric
form).'® Both cases first convert the spectral domain to the
wavenumber (£) domain and correct the intensity using the eq
I, = [,A* (where I, is the intensity in the wavenumber domain,
I, is the intensity in the wavelength domain, and A is the
wavelength omitting the units) to account for the change in
intensity distribution resulting from this conversion.'®*" The
areas of these peaks are then used in place of the intensities in
the GP or other equations. A major challenge with
deconvolution is arbitrarily selecting a function such as a
Gaussian, which may yield a greater number of component
peaks than there are electronic transitions.”’ The shape of the
component peaks must therefore be well-characterized.”'

Many organic molecules do not exhibit symmetrical
absorbance or emission peaks due to a skew caused by a
difference in the distribution of vibrational energy levels
between the ground and excited states.'® The lognormal
function fits these skewed absorptions,21 and the mirror
symmetric form fits the emission spectra (R* > 0.997 for all
solvents tested).”” Liposomes of 1,2-dimyristoyl-sn-glycero-3-
phosphocholine (DMPC) labeled with laurdan exhibit a
stronger change in the relative area of the deconvoluted
peaks as temperature increases from 5 to S5 °C than if the
same spectra were quantified using peak intensities alone or
deconvolution into Gaussians.'® The plot of each peak’s
intensity vs temperature is sigmoidal rather than stepwise, and
the extremes still have vestiges of the non-dominant peak (e.g.,
a small gel-like peak well above the phase transition
temperature); however, the ratio of the areas of the two
peaks is linear for a 20 °C span of temperatures of DMPC,
beginning just below the phase transition.'® This indicates a
gradual change in hydration (and therefore lipid packing) even
beyond the phase transition. In our study, we have used the
lognormal function to quantify the fluorescence peaks of
laurdan in labeled membranes exposed to nanoparticles. A
detailed description of the calculation of the lognormal
function is provided in the Supporting Information document.

Fluorescence spectroscopy of laurdan-labeled liposomes was
previously used to investigate the impact of NPs on the
membrane structure. Wei et al. exposed positively charged and
negatively charged liposomes to various oxide NPs and
determined that negatively charged zinc oxide and positively
charged aluminum oxide induce gelation of liposomes with
opposite charges but not those with the same charge as the
NPs.” The more negatively charged silica induces strong
gelation of positive liposomes and mild gelation of negative
liposomes. The change in FT-IR absorption of C=0 bonds
and phosphate groups in the lipids, which are gelled due to the
NPs, suggests that hydrogen bonding plays a role in the
interactions inducing gelation. Kanwa et al. found that
negatively charged gold NPs with different functional groups
(mercaptopropionic acid, citrate, and glutathione) all cause
gelation of PC and inverted PC liposomes.'® Steric hindrance
of the anionic functional group distances the NP from the
membrane, decreasing this effect, and cationic cysteamine-
functionalized gold NPs cause minimal gelation of PC
liposomes.'"” Wang et al. found that positively charged
polystyrene (PS) NPs slightly increase PC liposome fluidity,
while negatively charged PS NPs cause significant liposome
shrinkage in size of up to 20% which was interpreted as a
transition of the lipids to the gel phase.” The authors proposed
that the mechanism of interaction is a change in the head
group tilt angle causing a change in packing density of the
lipids.” As we will demonstrate below, our combined
experimental and theoretical results indicate that the
mechanism of interaction between PS NPs and lipid
membranes may be more complicated than has previously
been considered.

In the present study, we have exposed laurdan-labeled
liposomes to varying concentrations of PS(—) NPs and
demonstrate the efficacy of the lognormal approach to
obtaining X, by comparing it with the typical GP approach.
In tandem, we have employed coarse-grained molecular
dynamics (MD) simulations to gain molecular-level insight
into the interactions between PS(—) NPs and lipid
membranes. Our study reveals a more nuanced mechanism
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of the interactions between PS NPs and lipid membranes than
previously reported. It shows that PS NPs without cross-links
can penetrate the hydrophobic region of the liposome resulting
in a significant rearrangement of the lipid membrane. Our
results are best described by a gel-like hybrid being formed by
the combination of PS chains and lipids that forces water out
of the membrane, leading to a gel-like signal from laurdan.

B MATERIALS AND METHODS

Experimental Studies. Reagents. Laurdan was obtained from
Thermo Fisher Scientific. Methanol was obtained from Fisher
Scientific. 1-Palmitoyl-2-oleoyl-glycero-3-phosphocholine (POPC, 25
mg/mL in chloroform) was obtained from Avanti Polar Lipids.
Phosphate-buffered saline (PBS) packets (final solution 10 mM
phosphate, 1S mM NaCl, pH 7.2) were obtained from Thermo
Scientific. 4-(2-Hydroxyethyl)-1-piperazineethanesulfonic acid
(HEPES) (1 M, pH 7.4 stock solution) was obtained from Fisher
Scientific. An extruder kit and polycarbonate membrane filters were
obtained from Avanti Polar Lipids. Carboxylated polystyrene
nanoparticles (PS(—) NPs) (40 nm diameter, 10% w/v solution)
and aminated polystyrene nanoparticles (PS(+) NPs (S0 nm
diameter, 10% w/v solution) were purchased from MagSphere Inc.
In this study, we tested our lognormal approach using a variety of
other nanoparticles. These included succinylated phytoglycogen
nanoparticle powder (PhG) (ca. 60 nm diameter hydrated) that
was obtained from Mirexus Biotechnologies Inc. and carboxylated
detonation nanodiamond nanoparticles (ND) that were purchased
from Adamas Nanotechnologies (30 nm diameter, 1% w/w
suspension in deionized water), and collaborators at the Hamers
laboratory (University of Wisconsin-Madison) provided us lithium
cobalt oxide (LCO, <100 nm)** and nickel manganese cobalt (NMC,
~100 nm diameter, 5 nm thick) nanosheet powders.”*

Liposome Preparation. Liposomes were prepared using a dry film
rehydration method.”® Laurdan was dissolved in methanol at a
concentration of 0.1 mg/mL. POPC and the previously prepared
laurdan in methanol were combined in a 100/0.1 mol lipid/mol
laurdan ratio in a scintillation vial for each batch. The vials were
swirled under a stream of nitrogen until a dry film formed. The films
were further dried under vacuum overnight to remove any remaining
solvent. The films were rehydrated with 10 mM PBS or HEPES buffer
(for use with NPs unstable in phosphate) at pH 7.2 to produce a lipid
concentration of 2 mM. The vials were swirled in a dry ice/acetone
bath (=78 °C) until the solution froze, and then they were thawed in
a room-temperature bath sonicator. This freeze/thaw cycle was
repeated for a total of 10 times to produce unilamellar liposomes.
Immediately before use, liposome solutions were extruded through a
mini extruder with a 400 nm polycarbonate membrane 11 times and
then a 200 nm membrane 11 times.

Fluorescence Spectroscopy. Liposomes were diluted to approx-
imately 0.5 nM with PBS by diluting 96 uL aliquots of prepared
liposomes to 1 mL. Fluorescence steady-state emission spectra from
380 to 620 nm were acquired on a PTI-Horiba QuantaMaster 400
fluorimeter using 356 nm excitation, 2 nm slits, 0.3 s integration, 1 nm
step size, and excitation gain such that the output is approximately 1.3
V (the signal is to be kept between 1 and 2 V to optimize the signal-
to-noise ratio and linearity of instrument response). Sample
temperature was kept at 20 °C. All fluorescence spectra were
corrected for instrument response by the Felix GX acquisition
software.

Dynamic Light Scattering (DLS) and Zeta ({) Potential
Measurements. DLS and { potential measurements were performed
on liposomes (diluted 10 uL of liposome stock to 1 mL) and NPs in
disposable cuvettes at 25 °C using a Malvern ZetaSizer Nano ZS. The
settings used for the liposomes were refractive index 1.4S, absorption
0.001, and measurement angle of 173°. Refraction index and
absorbance were adjusted for each NP core. { potential measurements
were made using a dip cell with monomodal analysis to minimize
sample degradation. DLS and { potential for both the liposomes and

the NPs are reported in Figures S1 and S2 in the Supporting
Information.

Nanopatrticle Exposures. PBS was chosen as the buffer for all NP
exposures and measurements in this paper whenever possible due to
its similar osmolarity to biological systems. ND, NMC, and LCO were
solubilized in HEPES buffer at pH 7.2. POPC liposomes were
prepared in PBS as described above. PS(—) and PS(+) NPs were
washed in a centrifuge (10,000Xg for 10 min) and resuspended in
PBS immediately before use to remove the surfactant. PhG was
solubilized in PBS immediately before use. UV—visible absorbance
was performed on an Agilent Cary 3500 UV—Vis spectrophotometer.
Liposomes (approximately 0.5 nM) and NPs (0, S, 10, or 25 nM
PS(—) and PhG NPs or 0, 1, S, or 25 mg/L LCO or NMC were
suspended in buffer-containing microcentrifuge tubes (the same one
each NP was solubilized in) and mixed on a rocking platform shaker
at room temperature for 3 h. Experiments were done in quadruplicate.
All fluorescence spectra were converted to the wavenumber domain
and the intensity adjusted with the equation I, = ;A% Fluorescence
blanks of NPs and PBS were subtracted from sample fluorescence
(after wavenumber correction) to remove scattering from NPs and
Raman scattering from water. The scattering from liposomes was
subtracted based on deconvolution as described below. No control
could be made for the effect of the NPs on the laurdan itself because
laurdan, as a lipid analogue, is not itself soluble in water without
forming a micelle, vesicle, or other structure with other laurdan
molecules to minimize interactions between the water and the
hydrophobic tails, and the 0.1% concentration of laurdan in the
liposomes should prevent laurdan molecules from neighboring each
other.

Membrane Phase Determination. Lognormal Deconvolution.
Blank-subtracted spectra were fitted to two Gaussians (for the
liposome scattering) and two LN functions using a Python code (see
Supporting Information). The integrated areas of the gel and fluid LN
peaks were used for I and Iy, to calculate the gelation fraction
using the lognormal deconvolution (X LN). The fitted scattering
Gaussians were subtracted from the blank-subtracted spectra, and
these scatter-subtracted spectra were used for the remaining Gaussian
fitting and intensity calculation.

Gaussian Deconvolution and Intensity Calculation. Scatter-
subtracted spectra were deconvoluted into two Gaussians using a
Python code (see Supporting Information). The integrated areas of
the fluid and gel Gaussian peaks were used for I, and Iy q to calculate
the gelation fraction in using the Gaussian deconvolution (Xgel
Gauss); (c) Fluorescence peak intensity: Fluorescence intensities of
the scatter-subtracted spectra at 490 and 440 nm (20,408 and 22,727
cm™') were used for Ly and Iy to calculate the gelation fraction
using the intensity calculation (Xgel Int).

Statistical Analysis. The mean X, values for each concentration
within each calculation method (Int and LN) were compared using a
one-tailed analysis of variance (ANOVA) test and Tukey’s Honest
Significant Difference Test. The limit of detection (LOD) and 95%
confidence intervals of the LOD of NP-induced membrane structural
change of each calculation method were quantified based on the
method developed by Holstein et al. using the four-parameter
logistical curve (4PL) commonly used in bioassays of binding
events.”® The method is summarized in Figure S4. The LODs were
compared using Welch’s t-test.

Computational Studies. Coarse-Grained Force Fields. For the
simulations, the coarse-grained MARTINI 2.2 model was used to
describe molecular interactions of all species.”” For polystyrene, the
model developed by Rossi and co-workers was modified to include a
P4 or Qa bead attached to the polymer backbone to represent the
protonated and unprotonated state of the carboxyl group,
respectively.”® The MARTINI bead mapping scheme for PS is
shown in Figure S7. The availability of the polymer force field in
version 2.2 of the MARTINI force field was the rationale for not using
the newest version (3.0) of the MARTINI model. For all simulations,
10% of water beads were randomly replaced with MARTINI
antifreeze beads.
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Figure 1. Quantification of X, from the scatter-subtracted spectra of POPC liposomes using three different methods: (A) intensity (Int), (B)
lognormal deconvolution (LN), and (C) Gaussian deconvolution (Gauss). Aqua lines and shaded regions represent quantification of the fluid
phase, and dark blue lines and shaded regions represent quantification of the gel-like phase.

Preparation of Simulated Liposomes. Initial positions for a
coarse-grained POPC liposome were generated using the Chemistry
at HARvard Macromolecular Mechanics Graphical User Interface
(CHARMM-GUI).*® ! The generated system included 923 POPC
lipids, 98,051 water beads, and 1083 Na" and 1083 CI~ beads. A
similar system with DOPC lipids was prepared in the same way as
described within this section and was also built (containing 891 lipids,
97,682 water beads, and 1079 ion pairs) and analyzed in the same
manner as described for POPC in this paper, the results for which is
included in the Supporting Information. Simulations were run with
the Large-Scale Atomlc/Molecular Massively Parallel Simulator
(LAMMPS) software package.”> Three cylinders were added along
the «, y, and z axes with a radius of 2 nm. These cylinders were set to
only allow the passage of water and ion beads through them to
facilitate equilibration of the internal pressure of the liposome. Initial
coordinates were minimized with an energy tolerance of 1.0 X 107*
and a force tolerance of 1.0 X 1077. Initial velocities were then
selected from the Maxwell—Boltzmann distribution at 300.0 K. With a
simulation timestep of 10.0 fs, 100 steps were run in the
microcanonical (NVE) ensemble to further relax the initial structure.
The ensemble was then switched to the isobaric—isothermal (NpT)
ensemble set to a reference pressure of 1.0 atmosphere.*® The Nosé—
Hoover thermostat and barostat damping parameters were set to
2000.0 and 20,000.0 fs, respectively.***> Both the thermostat and
barostat utilized a Nosé—Hoover chain length of 3. Simulations in this
ensemble were then run for 15 ns. The timestep was subsequently
increased to 20 fs, and simulations were run for a further 200 ns. The
cylinders were removed, and a further 20 ns of simulation were run for
further equilibration. Following this, a long equilibration simulation
with the same parameters was run for 1.1 ys.

Preparation of the Simulated Polymer. An approximately 6 nm
polystyrene particle was built as a single chain without cross-links with
5000 regular polystyrene beads and 600 carboxylated polystyrene
beads. The number of carboxylated groups was selected based on the
“parking area” of 80.6 A*/COOH provided by the manufacturer of the
PS beads used in the experimental studies. Of these, slightly under a
third partitioned into the interior of the PS particle, leading to a final
parking area of ~112 A%/COOH, thus slightly less dense than
experiment. A random sequence of these beads was input into the
genpoly program included with the Moltemplate package m order to
build a randomized self-avoiding polymer configuration.’® To this,
62,899 water beads, 5307 Na* beads, and 5307 Cl~ beads were added.
Three variations of this system in total were generated, the first of
which had all 600 carboxyls fully protonated. The second variation
replaced half of these carboxyls with unprotonated beads (hereafter
referred to as half-protonated) and 300 of the water beads were
converted to Na® beads to preserve charge neutrality. The final
variation converted the remaining 300 protonated carboxyls to
unprotonated (hereafter unprotonated) and again converted another
300 water beads to Na* beads. Energies were minimized using the
same procedure described above. A simulation was then run in the
NpT ensemble with a timestep of 1.0 fs at 300 K and 1 atm for 50 ps.
For the entire equilibration run, the thermostat and barostat damping
parameters were set to be equal to 10*dt and 100*dt, respectively,

where dt is the timestep. A further 1 ns was then run with a 10.0 fs
timestep. We then increased the timestep to 20.0 fs and pursued an
annealing-like simulation scheme in the canonical (NVT) ensemble
where we increased the temperature from 300 to 600 K uniformly
over a period of 20 ns, held it at 600 K for 20 ns, and then uniformly
decreased the temperature back down to 300 K for 20 ns. This was
done to sample polymer configurations more quickly. The ensemble
was switched back to the NpT ensemble, and simulations were run for
4 ns for final equilibration.

Preparation of the Combined System. Fully equilibrated
configurations of the polystyrene and liposome simulation cells
were shifted using Visual MD (VMD) such that the polystyrene began
on the far-right edge of the simulation cell and the liposome began on
the far-left. Simulations were then again energy minimized to remove
bad overlaps (tolerances 1 x 10~ and 1 X 107 for energy and forces,
respectively).”” A short 10 ps trajectory with a 1.0 fs timestep was
then run in the NVE ensemble to bring the two simulation cells fully
into contact. A simulation in the NpT ensemble was then run for 10
ps before increasing the timestep to 10.0 fs and being equilibrated for
20 ns. The timestep was increased again to 20.0 fs and then run for
1.2 ps in the NpT ensemble.

Area per Lipid Calculations. For simulations of PS interacting with
liposomes, calculation of area per lipid in the usual way with spherical
Voronoi analysis is challenging due to the asphericity induced in the
liposome by PS. In the present work, we have implemented a similar
approach for calculating area per hpld as is used by the FATSLIM
software, which we will briefly detail.>® This approach first 1dent1ﬁes
the leaflets of all lipids using the MDAnalysis LeafletFinder module.*
For a particular leaflet, we then find the nearest neighbors within a 1.5
nm radius of each lipid. Singular value decomposition is then used to
obtain an approximate plane shared by these lipids, as well as the
vector normal to this plane. Lipid head group coordinates are then
projected orthogonally onto this plane, and coordinates are converted
into 2D planar coordinates. Voronoi analysis in this plane is then used
to find the area of the central lipid.

B RESULTS AND DISCUSSION

In this section, we first demonstrate the efficacy of the
lognormal approach for deconvoluting laurdan fluorescence
spectra and then demonstrate using this approach to show that
PS(—) NPs induce changes to laurdan fluorescence not
observed for other types of NPs. Lastly, we demonstrate
using MD simulations that these changes appear to originate
from penetration of the membrane by polymer chains.
Characterization of Liposomes Using Lognormal
Decomposition. To demonstrate the efficacy of the
lognormal approach to obtaining X, we first apply the
approach to a pure POPC liposome. A representative scatter-
subtracted fluorescence spectrum of laurdan in POPC
liposomes is shown in Figure 1 with representations of an
intensity-based calculation (panel A), in which the intensities
at 20,408 cm™ (490 nm) and 22,727 cm™" (440 nm) are used
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for the fluid and gel-like intensities, respectively; lognormal
deconvolution, in which the spectrum is deconvoluted into two
LN functions for the fluid and gel-like peaks (panel B); and
Gaussian deconvolution, in which the spectrum is deconvo-
luted into two Gaussian functions for the fluid and gel-like
peaks (panel C). X, and R® values for this sample are
summarized in Table 1. We find that for a pure POPC

Table 1. X, of POPC Liposomes and Average R-Squared of
Fit from Three Different Quantification Methods

Xgal Int Xgel LN Xga Gauss
Xl 0.351 + 0.001 0.345 + 0.002 0.152 + 0.003
average R* N/A 0.9982 0.9994

liposome, the LN approach appears to provide reasonably
similar R* values while better capturing the proportion of gel-
like lipids. It should be noted that all three techniques find a
small gel-like peak for a pure POPC membrane, which was
unexpected as experiments were conducted at temperatures
well above (nearly 30 K) the fluid/gel transition temperature.*’
Our hypothesis is that the presence of laurdan makes minor
changes to the structure of the local membrane surrounding it,
leading to a small gel-like contribution in the fluorescence.
Further study is needed to understand this phenomenon.
NP-induced gelation experiments involving a variety of NPs
were analyzed for X, LN and X, Gauss, and both yielded
similar trends but different absolute values (data not shown). A
Gaussian deconvolution may appear to be a better fit of the
spectrum than a lognormal deconvolution based on R* (Table
1), but it overly favors the fluid phase: the gel peak is
significantly smaller than the fluid peak in Figure 1C, and the
Xge s significantly lower (0.152 + 1.73% X;o Gauss vs 0.351 +
0.42% X Int and 0.345 + 0.62% X, LN). This is because the
sum of the two overlapping peaks causes the fluid peak to
appear like a Gaussian around 21,000 cm™. Qualitatively, the

Xgoi Int and X LN fits agree with MD simulations of POPC
membranes: the X, Gauss fit does not fully account for
changes in the area per lipid with increasing membrane fluidity
at elevated temperatures.*" If the fraction in the gel phase were
0.152 at 20 °C (293 K) as measured with the Gaussian
deconvolution, the area per lipid would not significantly
increase at temperatures above 20 °C. In addition, the
Gaussian deconvolution produces peaks whose maxima drift
more significantly than the LN deconvolution’s peaks as the
temperature increases, and at low temperatures in which the
gel phase is expected, the area for the fluid Gaussian peak is
significantly higher than that of the gel peak.'® The greater
weight given to the fluid phase in X, Gauss and the higher
error suggest that X, Gauss is not a reliable quantification
method.

As X, Int and X, LN are in close agreement, it is useful to
briefly compare the analytical figures of merit for X; Int and
Xe LN. To do this, we have exposed POPC/0.1% laurdan
liposomes to PS(—) in concentrations ranging from 0 to 25
nM and calculated X, Int and X LN for all samples.
Averages of the scatter-subtracted spectra are shown in Figure
2A. The peak for the gel-like phase (~ 23,000 cm™) clearly
increases relative to the fluid peak (~ 20,000 cm™') with
increasing PS(—) concentration, which is consistent with
previous studies.” Xge Int and X, LN as functions of PS(—)
concentration are shown in Figure 2B, with the lower
concentrations expanded in the inset for clarity. The means
for each method at each concentration were compared using
Tukey’s Honest Significant Difference Test in Python.** The
p-values comparing the lowest concentrations within a method
are summarized in Table 2, and the p-values comparing
methods at each concentration are summarized in Table 3. All
concentrations of 5 nM and above are statistically different.
Bolded values represent statistical significance (a = 0.05). X,y
Int at [PS(—)] = 0 and 0.5 nM are not statistically different gp
> 0.05), while X,y LN at [PS(=)] = 0 and 0.5 nM are
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Figure 2. . Comparison of fraction in the gel phase (Xgel) calculated using intensities (Xgel Int) and lognormal deconvolution (Xgel LN): (A) scatter-
subtracted fluorescence spectra of laurdan in POPC liposomes exposed to varying concentrations of PS(—); (B) X Int (black squares) and X,
LN (red circles) as a function of PS(—) concentration with 4PL fitting curves (Int solid black, LN dashed red, inset is the 0—2 nM PS(—) region in
greater detail); (C—D) X,e1 as a function of PS(—) concentration fitted to a 4PL curve with LOD (vertical line) and 95% confidence interval of the
LOD (vertical shaded region for (C) X, Int and (D) LN. Error bars represent one standard deviation.
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Table 2. P-Values for Tukey’s Honest Significant Difference

Test between Concentrations for X, Int and X, LN
(within Each Method)”
concentrations (nM) Xgo Int X LN
0-0.5 0.2592 0.0186
0-1 <0.001 <0.001
0-2 <0.001 <0.001
0.5-1 0.2093 0.1683
0.5—-2 <0.001 <0.001

“The smallest possible value is <0.0001. Bolded values represent
statistical significance.

Table 3. P-Values for Tukey’s Honest Significant Difference
Test between Methods for the Same Concentrations”

concentration (nM) Int to LN
0 0.9
0.5 0.9
1 0.9
2 0.9
S 0.0041
7 <0.001
10 <0.001
25 <0.001

“The smallest possible value is <0.0001. Bolded values represent
statistical significance.

statistically different (p = 0.0186) (Table 2). Neither Xgq Int
and X, LN are statistically different between [PS(-)] = 0.5
and 1 nM (p > 0.05), but all other comparisons are statistically
different for both methods (p < 0.001). This indicates that
while both methods can quantify a difference in X, for higher
concentrations of PS(—), only Xge LN can detect a difference
between 0 and 0.5 nM PS(—), which makes it advantageous
over X, Int when quantifying small changes resulting from
exposure to either small concentrations of NPs or to NPs
which cause less membrane modifications than PS(—).

In comparing the methods at the same concentrations, the p-
values indicate statistical significance at S nM PS(—) (p <
0.01) and above (p < 0.001) (Table 3). Xz LN reports a
higher increase in gelation than X, Int due to the overlapping
peaks, and so, the intensities at 20,408 and 22,727 cm™! are the
sums of two separate peaks at those wavenumbers. Indeed, the
maximum of the lognormal fluid peak is lower than the height
achieved by the intensity method, and the low-energy tail of
the lognormal gel-like peak contributes to the overall
maximum at 20,408 cm™', as seen in Figure 2. The breadth
of these peaks is due to variations in the vibrational and
rotational energy levels for the same electronic transition,” so
the peak area is a more accurate quantification of the number
of molecules fluorescing than the intensity at one wavenumber,
which ignores this broadening. As seen in temperatures well
above or below the lipid T, in which only one membrane
phase is expected to be found, the shape of each peak is closer
to that of a lognormal function.'® Following the common
assumption of a two-state system consisting of a relaxed fluid
state and non-relaxed gel-like state,'® the shapes of the peaks
would not change as the phase changes with temperature or
external stimulus but only the intensities of those peaks. It is
therefore reasonable to assume that the peaks retain the shape
of a lognormal function even in phase mixtures. Furthermore,
as discussed in the ESI, analysis of the detection limit suggests

that the lognormal approach provides greater certainty when
distinguishing between different lipid phases. In the following
section, we use this approach to demonstrate that anionic
polystyrene particles produce a unique modulation of the
membrane structure.

Effect of Nanoparticle Identity and Charge on
Laurdan Fluorescence. Most cell membranes possess a
negative charge due to charged headgroups such as
phosphatidylinositol and phosphatidylserine in animal cells
and phosphatidylglycerol in bacterial cells.** Positively charged
NPs and negatively charged NPs are known to interact
differently with negatively charged lipid bilayers: cationic NPs
induce lysis in negatively charged membranes;”**** while
anionic NPs adsorb on the surface or embed within the
bilayer*” form lattice aggregates within the bilayer*® or, in the
case of anionic dendrimer-coated NPs, cause surface
disruptions capable of inducing leakage.”” This portion of
the experiment sought to determine if there is a difference in
effect of cationic vs anionic NPs on the laurdan fluorescence.

Averaged scatter-subtracted fluorescence spectra of laurdan
in POPC liposomes exposed to varying concentrations of
PS(—) and PS(+) NPs are shown in Figure 3A,B. The gel-like
peak slightly increases relative to the fluid peak from exposure
to PS(+) NPs (Figure 3B) but significantly less than the
increase from PS(—) NPs. X, is plotted as a function of PS
NPs’ concentration in Figure 3C for both NPs. The increase in
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Figure 3. . (AB) Scatter-subtracted fluorescence spectra of POPC
liposomes exposed to (A) PS(—) NPs and (B) PS(+) NPs; line style
is according to the PS(—) concentration: 0 nM (—), S nM (— ), 10
nM (—--), and 25 nM (-++). (C) X, calculated as a function of PS
NPs concentration: PS(—) NPs red circles, PS(+) NPs blue squares.

Error bars represent one standard deviation.
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Figure 4. .(A—D) Scatter-subtracted fluorescence spectra of POPC liposomes exposed to (A) PS(—) NPs, (B) PhG NPs, (C) LCO, and (D) NMC
nanosheets; line style is according to the PS(—) NPs concentration: 0 nM (—), S nM (— -), 10 nM (—--), and 25 nM (-+--) for (A,B) and 0 g/L
(—),Sg/L(—"),10¢g/L (—-), and 25 g/L (-) for (C,D). (E-F) X, calculated as a function of NP concentration: (E) PS(—) NPs red circles,
PhG NPs red X; (F) LCO nanosheets open triangles, NMC nanosheets black squares. Error bars represent one standard deviation.

Xge from PS(+) NPs exposure is the second highest of all the

NPs studied in this work (Xgel 25oM — Xgel 0 nM = 0.04) but
about one fifth of the increase in X, from PS(—) NPs

(Xgel 25nM T Xgel 0nM = 023)

To understand whether the observed difference is solely
related to particle surface charge, we measured fluorescence
spectra of laurdan in POPC liposomes exposed to varying
concentrations of negatively charged NPs. The averaged
scatter-subtracted fluorescence spectra are shown in Figure
4A—E. Of these anionic nanoparticles, PS(—) NPs are the only
NPs to produce a significant increase in the gel peak (ca.
22,727 cm™!) relative to the fluid peak (ca. 20,408 cm™") with
increasing NP concentration (Figure 4A). The remaining NPs
PhG, ND, LCO, and NMC cause no significant change in the
fluorescence, even at higher concentrations (Figure 4B-D).
The PS(—) NPs at 25 nM are about 5.3 g/L, and yet LCO and
NMC nanosheets at higher mass concentrations (25 g/L)
cause no discernable change in the membrane phase. Despite
the apparent initial stability in HEPES buffer, ND cause
significant visible precipitation at the bottom of the sample,
evidenced by a sharp decrease in laurdan fluorescence (omitted
from figure), indicating a strong binding between ND NPs and
the liposomes. This is further indicated by the inability to
separate any liposomes from the mixture with ND via size
exclusion chromatography. X, as a function of NP
concentration is plotted for PS(—) and PhG NPs in Figure
4E and for LCO and NMC nanosheets in Figure 4F. Due to
the precipitation of liposomes by ND, the fluorescence of ND-
exposed samples could not be deconvoluted into lognormal

peaks and analyzed for X,,. Again, the only NP with any clear
phase effect is PS(—), despite the similar surface charge for all
the NPs in Figure 4. The NP core composition and
morphology have a significant impact on whether NPs induce
a membrane phase change. LCO and NMC nanosheets have
large smooth planes in the xy direction, which cannot reach the
laurdan molecules which are embedded in the liposomes to
induce any change. PhG has hydrophilic branched starches,
which have no obvious interaction mechanism: the inert starch
would not significantly interact with the head groups on the
surface, nor would it interact with the lipid bilayer, which is
highly hydrophobic.

It is possible that the strong interactions of PS(—) NPs with
zwitterionic lipids compared to the other core materials might
be attributed to the hydrophobic nature of PS NPs. Membrane
interactions with hydrophobic polymers have been observed
previously in lipid bilayer simulations reported by Rossi et al.,
who found that small PS NPs (10—100 mers) were able to
fully penetrate the bilayer within microseconds of reaching the
bilayer surface and that this process occurred in part through
disaggregation of the polymer chains as we observe in our
present simulations.”” The same group demonstrated that 7
nm polyethylene, polypropylene, and polystyrene NPs are able
to penetrate POPC membranes.”’ Lastly, that group
conducted a study that incorporated MD simulations, DSC
measurements, as well as both small and wide-angle X-ray
scattering (SAXS and WAXS) experiments that demonstrated
that PS chains (without cross-links) hindered ordered phase
formation by making the membrane more fluid.”* Thus, as
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Figure S. . (A) Timelapse of POPC + PS NP simulation over the course of the 1.2 ys simulation. For POPC, a single bead per head group is shown
colored by whether it is identified in the inner leaflet (teal) or outer leaflet (red) at O ns, the PS NP is shown in gray. From top panels to bottom
panels, views are presented for the full system, the full liposome, PS NP, the inner leaflet of the liposome, and just the inner leaflet + PS NP; (B)
Top 3 Panels: Counts of lipids located in the inner, outer, and other leaflets, respectively. Bottom panel: total number of other leaflets found.
Results are shown for the 100, 50, and 0% protonated simulations in black, red, and blue, respectively.

PS(—) NPs are the only NPs in our study which have had any
impact on liposome X, it is of interest to understand the
molecular-level features that drive this effect.

Coarse-Grained Simulations Suggest That Polystyr-
ene Significantly Perturbs the Membrane. To better
understand the interactions between PS(—) NPs and
phospholipid membranes, we have carried out coarse-grained
MD simulations of a PS(—) NP interacting with a pure POPC
liposome. Over the course of these simulations, we observed
that PS NPs penetrate the outer leaflet of the POPC liposome
regardless of protonation state of the nanoparticle. This
penetration, illustrated in Figure Sa, is driven by part of the PS
chain penetrating the outer leaflet of the liposome. Though PS
monomers with carboxyl groups favorably interact with the
lipid head groups, the vast majority of PS monomers have
favorable interactions with the hydrophobic lipid tails. Thus,
once the initial penetration occurs, these interactions draw the
polystyrene chains further into the hydrophobic region. By
1200 ns, the chains have nearly fully encased the inner leaflet
of the liposome.

Throughout the penetration process, we observe that the
inner leaflet of the liposome is deformed but not penetrated by
the PS(—) NPs in the timescale of our simulations. In Figure
SA, we have used the LeafletFinder algorithm from the

MDAnalysis software package to color the lipid head groups
based on whether they were identified as being part of the
inner or outer leaflets at the beginning of the calculation.*”?
Aside from some small initial disruption after the initial
penetration (as seen in the 0 ns frame), it is clear that the inner
leaflet is deformed but remains generally intact over the course
of the simulation. To track this, in the top two panels of Figure
SB, we include plots of the counts of lipids in the inner and
outer leaflets as functions of simulation time. For all three PS
protonation states considered, we see that the inner leaflet
count remains remarkably constant indicating that this leaflet
remains relatively intact. This is not the case for the outer
leaflet, for which we see a significant depletion of lipids for all
three simulations. In the third and fourth panels of Figure 5B,
we find that these depleted “other” lipids form small clusters of
1-3 lipids, hereafter referred to as “extra” leaflets. These extra
leaflet lipids experience significantly different environments
than lipids in the liposome, with their tails nearly fully
embedded within the polymer. While the number of extra
leaflets is similar between the three protonation states, the rate
of lipids entering these leaflets is significantly higher for the
protonated polymer than the other two cases. If we view this
process as an approximate measure of liposome penetration,
this indicates that unprotonated carboxyl interactions with
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Figure 6. . (A) 3D plots of the lipid head groups colored by the area per lipid for the pure POPC liposome and the half-protonated liposome at the
end of their respective simulations. Normal vectors are shown as black arrows. Black arrows without colored circles indicate that the lipid had an
unbounded Voronoi cell. (B) Histograms of the area per lipid of the inner (red) and outer (blue) leaflets are shown for each protonation state.
Histograms from the pure liposome are included without outlines in the background for reference. (C) Average area per lipids are shown as a
function of time for the fully protonated, half-protonated, and unprotonated PS simulations in black, red, and blue, respectively. The top three lines

are the outer leaflet, and the bottom three lines are the inner leaflet.

lipid head groups compete to an extent with the polystyrene
interaction with the hydrophobic tails.

Importantly, our simulations indicate that the presence of
PS(—) NPs leads to significant changes in the local lipid
environment of the liposome and thus is expected to
significantly modify the environment of laurdan molecules
located within the membrane. While typically laurdan has been
interpreted in terms of the fluid/gel transition, it is important
to note that laurdan reports on the local hydration environ-
ment (and its ability to reorient to stabilize the excited state) of
the fluorescent probe. Our present hypothesis is that
polystyrene dissolved into the hydrophobic region makes this
region more hydrophobic by filling in the gaps between lipids
with hydrophobic PS chains that force water away from
laurdan leading to a more gel-like signal. It should be noted
that this manner of penetration is also observed for a
membrane in a bilayer configuration (ESI, Figure S8) and
thus is unlikely to be caused by the high curvature of the
simulated liposomes.

We have additionally calculated the local area per lipid as
described in the Materials and Methods section and have
included results from this analysis in Figure 6. Figure 6A
includes a site-specific view of the lipid packing in both leaflets
for the pure liposome and the liposome interacting with the
half-protonated PS NP. Interestingly, we see a shift in the outer
leaflet to deeper colors of red, indicating that the outer leaflet
lipids are becoming less densely packed. In Figure 6B, we
include histograms of the area per lipid for both the inner and
outer leaflets for each of the protonation states and compare
them to the pure liposome. Importantly, we find that the
distributions of the inner and outer leaflets both widen and
shift to higher areas per lipid. Lastly, in Figure 6C, we include
the time dependence of the average area per lipid for each
protonation state and leaflet. Our results demonstrate that
aside from an initial compression in the outer leaflet as the PS
NP first penetrates its head groups, the average area per lipid of
both leaflets increases significantly due to the presence of PS in
the hydrophobic region of the membrane. Importantly, we
have repeated these simulations with DOPC lipids and
observed similar behavior (demonstrated in the Supporting
Information, Figures SS and S6). These results indicate that
the lipids are not transforming into a pure gel phase; however,
they do not rule out that PS NPs may have other effects on the

membrane that would influence the laurdan signal. As laurdan
primarily reports on nearby water content, it is possible that PS
NPs are forcing water molecules away from laurdan by filling in
the gaps opened by the increased area per lipid with PS chains.
Furthermore, previously observed PS-induced liposome
shrinkage, which had been hypothesized to be due to lipid
phase transition, is now explained by our observations of the
loss of lipids in the outer leaflet.” Future atomistic studies that
explicitly include laurdan will be needed to fully deconvolute
these processes.

B SUMMARY AND CONCLUSIONS

In this study, we investigated the effect of NPs on liposomes
using a combination of laurdan fluorescence spectroscopy and
coarse-grained MD simulations. The effect of this exposure on
the fluorescence spectra was quantified using a novel
lognormal deconvolution approach, which we demonstrated
was able to yield similar X, values when liposomes are
exposed to PS(—) NPs of increasing concentrations to
intensity-based approaches. Likewise, we demonstrated that
this approach was able to differentiate between PS(—) NPs
concentrations of 0 and 0.5 nM, whereas traditional intensity-
based methods detected no significant difference in this
concentration range. We demonstrated using this approach
that of a wide-variety of NPs (with varied surface charges and
core compositions), only PS(—) NPs induced significant
changes in the fluorescence spectra. Though negatively
charged NPs have largely been understood to have reduced
interactions with negatively charged and zwitterionic mem-
branes compared to positively charged NPs, our study shows
that when in close proximity, PS(—) NPs strongly interact with
zwitterionic lipids by dissolving into the hydrophobic region
between leaflets.

Given the uniqueness of the strong interactions between
PS(—) NPs and zwitterionic liposomes, we conducted coarse-
grained MD simulations to gain a molecular-level under-
standing of these interactions. These simulations indicate that
this effect is driven by penetration of the liposome by chains
that unravel from the polymer. Unlike cationic NPs which have
only induced moderate amounts of lipid restructuring, our
simulations demonstrate that anionic PS(—) NPs interact
preferentially with the lipid hydrophobic region, leading to a
significant disruption of the structure of the outer leaflet that
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could lead to decrease of hydration around laurdan; the latter
is expected to lead to the observation of gel-like signals.
Likewise, our simulations appear to suggest that a traditional
gel phase is not formed, and instead, the area between lipids is
expanded by polystyrene. We believe that this expansion
increases the hydrophobicity of the membrane, which restricts
the ability of water molecules in the membrane to reorganize
around the laurdan excited state, leading to the observed blue
shift in the fluorescence. Future work will use atomistic and
mixed-quantum classical simulations to explore this problem in
further detail.

The extensive list of NP types relevant to studies on the
impact of NPs on membrane phase change has not been
exhausted. In particular, the many secondary nanoplastics
(degradation products) of commercial plastics made from
polymers such as polyethylene (PE), polypropylene (PP),
poly(vinyl chloride) (PVC), polyamides (nylon), polyurethane
(PU), and poly(ethylene terephthalate) (PET), and others
have not been studied.”* PS is the primary plastic investigated
in studies on the biological impact of NPs.**% If other
nanoplastics, which are commonly negatively charged on the
surface,”” also cause membrane phase change, further studies
of biological and environmental impacts of these other types of
nanoplastics are warranted. Society is becoming more aware of
the dangers of plastics, but the effects of nanoplastics resulting
from degradation of these plastics are still largely unknown.
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