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Many animals release volatile or semi-volatile terpenes as semiochemicals in intra- and inter-specific

interactions. Terpenes are important constituents of pheromones and serve as chemical defenses to

ward off predators. Despite the occurrence of terpene specialized metabolites from soft corals to

mammals, the biosynthetic origin of these compounds has largely remained obscure. An increasing

number of animal genome and transcriptome resources is facilitating the identification of enzymes and

pathways that allow animals to produce terpenes independent of their food sources or microbial

endosymbionts. Substantial evidence has emerged for the presence of terpene biosynthetic pathways

such as in the formation of the iridoid sex pheromone nepetalactone in aphids. In addition, terpene

synthase (TPS) enzymes have been discovered that are evolutionary unrelated to canonical plant and

microbial TPSs and instead resemble precursor enzymes called isoprenyl diphosphate synthases (IDSs) in

central terpene metabolism. Structural modifications of substrate binding motifs in canonical IDS

proteins presumably facilitated the transition to TPS function at an early state in insect evolution. Other

arthropods such as mites appear to have adopted their TPS genes from microbial sources via horizontal

gene transfer. A similar scenario likely occurred in soft corals, where TPS families with closer

resemblance to microbial TPSs have been discovered recently. Together, these findings will spur the

identification of similar or still unknown enzymes in terpene biosynthesis in other lineages of animals.

They will also help develop biotechnological applications for animal derived terpenes of pharmaceutical

value or advance sustainable agricultural practices in pest management.
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1 Introduction
All organisms use small molecules for communication within
their own species or in interactions with other species.1 Depend-
ing on their physicochemical properties, these specialized
metabolites facilitate efficient interactions at short and long
distance both in water and on land. Natural products of the large
class of terpenes or terpenoids (>80 000 structures known; https://
dnp.chemnetbase.com;2) represent the most structurally diverse
group of molecules used in chemical interactions. Due to their
high vapor pressure and volatility, low molecular weight
terpenes are ideal “infochemicals” for mediating airborne
messages. While volatile terpenes have been studied largely in
plants and microbes,3–5 they have received comparatively little
attention in animals. This is surprising given the occurrence of
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volatile terpenes in invertebrates, especially arthropods, but also
in different lineages of vertebrates. Even fewer information is
available on the enzymatic formation of volatile terpenes in
animals, which is partly due to the general notion that
specialized metabolites in animals are predominantly derived
from other organisms such as host plants or microbial
endosymbionts.6,7 Therefore, pathways and reactions involved in
de novo biosynthesis of terpene infochemicals in animals are
not well understood.

All organisms are capable of making the 5-carbon precursors
of terpenes, isopentenyl diphosphate (IPP, 1) and its allylic
isomer dimethylallyl diphosphate (DMAPP, 2) by conserved core
enzymatic pathways. Plants produce IPP and DMAPP via the
plastidial methylerythritol phosphate (MEP) and the non-
plastidial mevalonic acid (MVA) pathway.8 Cyanobacteria, para-
sitic protozoa, and most eubacteria share the MEP pathway with
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plants, while animals, fungi, and most other eukaryotes rely
solely on the MVA pathway in providing the C5-diphosphate
precursors for terpene primary and specialized metabolism
(Fig. 1).9–11 Isoprenyl diphosphate synthase (IDS) enzymes
consecutively combine DMAPP with IPP units in a (1′–4) head-to-
tail condensation reaction to synthesize 10-carbon geranyl
diphosphate (GPP, 3), 15-carbon farnesyl diphosphate (FPP, 4),
20-carbon geranylgeranyl diphosphate (GGPP, 5), as well as
longer prenyl diphosphates required for the formation of non-
volatile 30-carbon triterpenes, 40-carbon tetraterpenes, and
longer polyprenyl terpenes (e.g. the 50-carbon tail of ubiquinone-
10 derived from decaprenyl diphosphate, DPP, 6).8,12,13 Conden-
sation reactions can occur in cis- or trans conguration and are
catalyzed by structurally unrelated cis- and trans-IDS enzymes.14
Fig. 1 Enzymatic steps in the biosynthesis of volatile or semi-volat
diphosphate; DMAPP, dimethylallyl diphosphate; GPP, geranyl diphosp
GPPS, geranyl diphosphate synthase; FPPS, farnesyl diphosphate syn
diphosphate synthase; TPS, terpene synthase; MEP, methylerythritol pho

This journal is © The Royal Society of Chemistry 2023
Enzymatic reactions catalyzed by terpene synthases (TPS) then
convert DMAPP, GPP, FPP, and GGPP to acyclic or cyclic hemi-
terpenes (e.g. isoprene, 7), monoterpenes, sesquiterpenes, and
diterpenes, respectively (Fig. 1).

Depending on secondary modications such as hydroxyl-
ations, acylations, methylations, glycosylations, and others, the
produced terpenes remain volatile or semi-volatile or are con-
verted into non-volatile derivatives. Canonical class I and II
enzymes of the TPS superfamily have been studied extensively
in plants and microbes.15–17 However, there is growing evidence
for the role of various non-canonical TPS enzymes in terpene
biosynthesis as recently described by Rudolf and Chang,14

raising questions about the evolution of “unconventional TPSs”
in animals. In addition, microbial-type TPSs may have been
ile monoterpenes, sesquiterpenes, and diterpenes. IPP, isopentenyl
hate; FPP, farnesyl diphosphate; GGPP, geranylgeranyl diphosphate;
thase; GGPPS, geranylgeranyl diphosphate synthase; IDS, isoprenyl
sphate; MVA, mevalonic acid.

Nat. Prod. Rep.
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integrated in animal genomes through horizontal gene transfer
as it was found previously for TPS enzymes in lower land
plants.18 In this review, we will rst provide an overview of the
diversity of volatile and semi-volatile terpenes in the animal
kingdom.We will then describe recent ndings of pathways and
TPSs involved in the de novo formation of terpenes in animals,
with a particular focus on non-canonical IDS-type enzymes in
insects that have adopted TPS activities. Moreover, we will
discuss the structural modications that are likely involved in
the transition of these enzymes from IDS to TPS function and
compare them with structural features of microbial-type TPSs
discovered in octocorals and mites.
2 Volatile terpenes in the animal
kingdom
2.1 Invertebrates

2.1.1 Mollusks and corals. The largest number of terpene
specialized metabolites among invertebrate organisms have been
identied in the species-rich phyla of arthropods and mollusks.
Fig. 2 Examples of sesquiterpenes and diterpenes in marine gastro-
pods and octocorals.

Nat. Prod. Rep.
Terpenes including monoterpenes, sesquiterpenes, and diter-
penes, are particularly abundant in marine mollusks such as
sponges and opisthobranch gastropods (e.g. brasudol, 8, an
eudesmane-type sesquiterpene from the sea hare Aplysia bra-
siliana, Fig. 2).19,20 While many of these compounds share core
linear or cyclic scaffolds with terpenes made by terrestrial
animals, they typically carry groups with other characteristic
atoms such as halogens, nitrogen, and sulfur that affect water
solubility and lead to considerable structural diversity.19 Similar to
mollusks, octocorals including so corals are known as a rich
source of bioactive sesquiterpenes and diterpenes (e.g. lophotoxin,
9, a cembranoid diterpene from Leptogorgia chilensis, Fig. 2).21,22

Overall, these specialized terpenes are believed to benet the
producer in the form of chemical feeding deterrents (e.g. Ben
et al.23). It should be noted that this function does not necessarily
require extensive water solubility. For instance, Giordano et al.24

showed that volatile hydrophobic furanosesquiterpenes (e.g. iso-
furanodiene, 10, Fig. 2) released by a Mediterranean octocoral
function as olfactory cues to ward off predators.

Despite the profound structural diversity of terpenes found
inmarine invertebrates, the pathways of their formation remain
obscure. In most cases, it is believed that mollusks sequester
these metabolites from their algal diet prior to further
biotransformation. For instance, species within the opistho-
branch family Aplysiidae (sea hares) are known to derive
sesquiterpenes from precursors sequestered from their algal
prey.19 Similar dietary sequestrations likely occur for sesqui-
terpene and diterpene skeletons in nudibranch-sponge pred-
ator–prey interactions (e.g. Shen et al.25) and even between
specic mollusks and their so coral prey.19 On the other hand,
marine invertebrates are generally believed to accumulate
terpenes from microbial sources.26 In particular, it has been
suggested that symbiotic dinoagellates may be the sources of
diterpenes found in octocorals.27 Whilemany of the sequestered
terpenes may indeed be derived from food sources, it remains
unclear how the host further modies individual skeletons. In
other cases, the ability of marine gastropods to synthesize
terpene skeletons de novomight have simply been overlooked. A
striking example of such capability was recently brought to light
with the identication of terpene synthases in coral and sponge
genomes (see Section 5). Despite the signicant diversity of
terpenes in marine mollusks, no accumulation of terpenes has,
to the best of our knowledge, been reported in panpulmonate
gastropods inhabiting terrestrial or freshwater environments.
Moreover, examples of terpene compounds occurring within
panpulmonate species are scarce compared to examples in
other gastropods and appear restricted to marine genera.28 This
astonishing difference clearly indicates dissimilarities in the
chemical ecology of food webs and chemically mediated
defenses of mollusks in marine and terrestrial ecosystems.

2.1.2 Arthropods –millipedes and arachnids. In contrast to
terrestrial mollusks, terpenes are substantially more abundant
in terrestrial arthropods in conjunction with intra-specic
communication or chemical defense. Millipedes (arthropod
class Diplopoda), which represent the oldest fully terrestrial
group of animals, are known for their evolution of complex
chemical defenses, some of which include terpene-derived
This journal is © The Royal Society of Chemistry 2023
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Fig. 3 Examples of volatile terpene semiochemicals and derivatives inmillipedes and arachnids. No stereochemical configuration is shown in the
case the stereochemistry was not determined.
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compounds. A nitrogen-containing terpene called poly-
zonimine (11) and its related compound nitropolyzonamine
(12) have been identied in polyzoniidan millipedes (Fig. 3).29–31

More recently, another alkaloid named gosodesmine (13), a 7-
substituted hexahydroindolizine carrying an isoprenyl moiety,
was detected in the millipede Gosodesmus claremontus of the
related order Platydesmida.32 Shear also found volatile mono-
terpenes such as limonene (14) in polyzoniidan and siphon-
ophoridan millipedes.29 How or whether any of these
compounds are derived from millipede-specic biosynthetic
pathways or dietary sources is currently unclear. A microbial
origin of terpenes is more likely in some species of polydesmid
millipedes (Niponia nodulosa), where adult stages release 2-
methyl-isoborneol (15) and the sesquiterpene geosmin (16) as
volatile defense compounds or possible alarm pheromones.33

These compounds are typically produced by cyanobacteria and
Actinomycetes, which are possibly acquired by the millipedes
via food intake.34

Among the arachnids, the occurrence of volatile terpenes has
been reported in the order Opiliones (harvestmen) and different
groups of mites. Harvestmen of the species Sclerobunus robustus
carry bornyl esters (e.g. bornyl acetate, 17, stereoisomer not re-
ported, Fig. 3) and small amounts of other monoterpenes in
their defense secretions.35 Oribatid mites (beetle or moss mites)
are known to release the iridoid monoterpene chrysomelidial
(18) and the diterpene b-springene (19) from exocrine oil
glands.36 Moreover, dust mites (Acariformes, Epidermoptidae)
emit themonoterpene ester neryl formate (20) as an aggregation
pheromone, and the monoterpene b-acaridial (21) has been
This journal is © The Royal Society of Chemistry 2023
found in other acarid mites as sex, aggregation, and alarm
pheromone.37,38 It can also be assumed that trombidid mites
such as chiggers produce terpenes for chemical interactions
based on the surprising nding of TPS genes in the mites'
genomes, which presumably have been acquired from micro-
bial sources via horizontal gene transfer (see 3.2).39

2.1.3 Arthropods – insects. The by far largest group of
terrestrial invertebrates known to release terpenes as info-
chemicals are insects. Insects employ volatile monoterpenes,
sesquiterpenes, and semi-volatile diterpenes in various intra-
and inter-specic interactions such as mate-nding (sex and
aggregation pheromones), predator-avoidance (alarm phero-
mones), facilitation of eusocial living, food nding (trail pher-
omones) and chemical defense.40–44 The large number of
different compounds that have been reported makes it impos-
sible to list them all in this review. Therefore, we will focus on
the most characteristic and recent ndings of compounds in
the context of their biosynthesis and gene discovery. Compre-
hensive listings of terpenes and other insect semiochemicals
are accessible through the Pherobase database (https://
www.pherobase.com/).

One of the most basal insect orders where terpene defenses
have been reported are the Phasmatodea or stick insects.
Monoterpene iridoids such as actinidine (22) and nepetalactone
(cis,trans and/or trans,cis) (23) are disseminated by these insects
in defense secretions to deter predators (Fig. 4).45,46 Nepeta-
lactone and other monoterpene iridoids also occur as defenses
in rove beetles and as sex pheromones in aphids.42,47 Positioned
in the same larger taxonomic clade as stick insects, the
Nat. Prod. Rep.
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Fig. 4 Examples of volatile terpene semiochemicals in stick insects (Phasmatodea), roaches and termites (Blattodea), thrips (Thysanoptera), and
hemipteran (true bug) insects.
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Blattodea including cockroaches and termites are well known
for releasing terpenes as pheromones and defense metabolites.
Roaches of the genus Periplaneta, notably the American cock-
roach Periplaneta americana, use cyclic sesquiterpenoids called
periplanones (e.g. periplanone B, 24) as female-specic
aggregation/sex pheromones.48–51 In families of advanced
termites (Termitidae and Rhinotermitidae) soldiers release
blends of mono-, sesqui-, and/or diterpenes, including the
cembrene A- (25) derived multi-cyclic secotrinervitane- (26),
trivernitane- (27), and kempene-type (28) diterpenes, as part of
their frontal gland defense secretions.52–54 Other constituents of
these secretions such as (+)-a-pinene (29) and (E,E)-a-farnesene
(30) are thought to act as alarm pheromones55–57 or function as
primer pheromones involved in the developmental differentia-
tion of members of the soldier caste.58 Additional functions of
terpenes in higher termites include roles as queen sex phero-
mones [(3R,6E)-nerolidol] (31) and trail pheromones (e.g. cem-
brene A, 25) in Prorhinotermes simplex.44,59

Another large and diversied group of insects, which has been
documented for its dissemination of terpene semiochemicals,
comprises the Hemiptera (also referred to a true bugs) and their
sister lineage, thrips (Thysanoptera). Many species of thrips use
monoterpenes or their derivatives as pheromone or defensive
components. For example, the gall-forming thrips, Thlibothrips
Nat. Prod. Rep.
isunoki, produces a defensive secretion/alarm pheromone con-
taining b-myrcene (32) (Fig. 4) upon disturbance of the host gall,
and the monoterpene b-acaridial (21) has been identied in
secretions from other gall-forming thrips.60,61 Notably, male
aggregation pheromones of ower thrips such as Frankliniella
occidentalis are composed of the irregular monoterpene (R)-lav-
andulol (33) and its ester derivatives,62,63 raising questions about
whether these compounds are biosynthesized by irregular TPSs
similarly to those identied in plants.64 Interestingly, derivatives
of lavandulol and irregular cyclopropane and cyclobutane
monoterpenes and sesquiterpenes are also used by hemipteran
scale insects and mealy bugs as sex pheromones (e.g. ole-
anderlure, 34, from the oleander scale, Aspidiotus nerii).65–67 In
addition to these compounds, a large number of acyclic and cyclic
regular monoterpenes and sesquiterpenes serve as sex or aggre-
gation pheromones and defense compounds in several other
hemipteran lineages with stink bugs and related species being
the most prominent group (e.g. murgantiol, 35, from the harle-
quin bug Murgantia histrionica).68 These terpenes will be dis-
cussed in more detail below in the context of recent ndings of
their de novo biosynthesis (see 3.3).

Eusocial species of the Hymenoptera rely on complex
communication and defense systems that are mediated by
chemicals released from exocrine/secretory glands. The
This journal is © The Royal Society of Chemistry 2023

https://doi.org/10.1039/d2np00076h


Fig. 5 Examples of volatile terpene semiochemicals in the orders Hymenoptera (including ants and bees), Coleoptera (beetles), Lepidoptera
(including butterflies), and Diptera (flies). No stereochemical configuration is shown in the case the stereochemistry was not determined.
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released compounds largely facilitate social organization and
colony defense,69 oen through the emission of terpenes. For
example, the red imported re ant, Solenopsis invicta, uses
isomers of the linear sesquiterpene (Z,E)-a-farnesene (36) in its
worker trail pheromone.70 Similar emissions of monoterpenes
such as (E)-b-ocimene (37) occur in species of army ants,71 and
blends of linear monoterpenes and sesquiterpenes including
(Z)-citral (neral) (38), geraniol (39), and farnesol (40) compose
the trail pheromone blend secreted from the Nasonov gland of
the honey bee Apis mellifera (Fig. 5).72 Other examples include
(S)-citronellol (41), a pheromone of male Bombus bumblebees to
attract virgin queens,73 and the monoterpenes (+)-limonene
[(+)-14)] and a-phellandrene (42) that serve as alarm phero-
mones and solvents for toxic alkaloids in the poison glands of
Myrmicaria ant species.74

Monoterpenes and sesquiterpenes further occur as aggre-
gation pheromone constituents and defense compounds in
Coleoptera. Monoterpene alcohols, ketones and acetals from
bark beetles of the genera Ips and Dendroctonus (Scolytidae) are
among the best studied examples of aggregation pheromones.
Investigation of their biosynthetic origins revealed that they
This journal is © The Royal Society of Chemistry 2023
are either derived from host tree-specic monoterpenes [cis-/
trans-verbenol (43) and verbenone (44) from a-pinene (29)] or
formed de novo from endogenous terpene precursors made by
the MVA pathway [e.g. ipsdienol (45), sulcatone (46), frontalin
(47)] (Fig. 5).43 Elucidation of the ipsdienol biosynthetic
pathway, which now has been completed,43 let to the identi-
cation of the rst endogenous IDS-type TPS enzymes in insects
(see 3.3). In other Coleoptera, non-oxygenated sesquiterpenes
represent predominant components of their pheromone
blends. The invasive, cosmopolitan Asian lady beetle Harmonia
axyridis releases a female-specic sex/aggregation pheromone
primarily consisting of (E)-b-caryophyllene (48) and isomers.75

Flea beetles of Phyllotreta and Aphthona genera also release
sesquiterpenes in the form of himachalene and cadinene
isomers as male-specic aggregation pheromones (e.g. 49,
50).76 Characteristic terpene defense compounds found in
beetles are the iridoid monoterpene chrysomelidial (18)
secreted by larvae of leaf beetles, the irregular monoterpene
grandisol (51), an aggregation pheromone of the cotton boll
weevil, Anthonomus grandis,77 and the highly toxic sesquiter-
pene cantharidin (52), which is produced by male blister
Nat. Prod. Rep.
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Fig. 6 Phylogeny of insect orders and occurrence of volatile terpenes in select insect species representing these orders. Phylogeny of insects
adapted from Misof et al.167 with modifications.
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beetles (Meloidae) and transferred to females and offspring
through nuptial gis.78

Lastly, terpene semiochemicals also occur in butteries
(Lepidoptera) and ies (Diptera). In particular, larvae of swal-
lowtail butteries in the genus Papilio use blends of linear and
cyclic mono- and sesquiterpenes such as germacrene A (53) as
defense compounds (Fig. 5). Late-instar larvae emit these vola-
tiles from osmeteria, which are fork like defense organs that are
everted upon threat.79,80 In another case, the monoterpene (E)-b-
ocimene (37) is used by the males of Heliconus butteries as an
anti-aphrodisiac pheromone transferred to females during
copulation to repel conspecic males.81 The compound was
recently found to be made by an IDS-type TPS enzyme as dis-
cussed in 3.3.2. Examples of terpenes found in dipteran sex
pheromones include monoterpene and sesquiterpene blends
Nat. Prod. Rep.
from fruit ies (Ceratitis capitata,82 Anastrepha suspensa83) and
homosesquiterpene or diterpene constituents (e.g. 3-methyl-
himachalene, 54) from the Brazilian sand y Lutzomyia long-
ipalpis, which is a vector of trypanosome parasites responsible
for leishmaniasis disease in humans.84

Taken together, volatile and semi-volatile terpenes of
substantial structural diversity are released from species of at
least nine insect orders (Fig. 6) ranging from simple acyclic
monoterpenes in bumble and honey bees to multi-cyclic
diterpenes in termites. The appearance of iridoids and other
terpene pheromones and defenses in basal lineages of stick
insects and the Blattodea raises questions about how early
terpene specialized metabolism emerged in insect evolution.
Biosynthetic studies of volatile terpenes in invertebrates (see
Section 3) will provide answers to these questions andmay also
This journal is © The Royal Society of Chemistry 2023
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help understand the formation of these infochemicals in
vertebrates.

2.2 Vertebrates

In comparison to the diverse nature of terpenes found in inver-
tebrate animals, the occurrence of terpene semiochemicals in
vertebrates appears rather limited. While chemical communi-
cation and scent marking are integral components of vertebrate
communication, the reduced abundance of terpenes is not
entirely surprising given the expansion of other mechanisms of
communication including acoustic, visual, and tactile signals.
However, there may be other reasons for the limited use of
terpenes in higher animals such as possible adverse physiolog-
ical effects of specialized terpene compounds. Other causes may
include competition and confusion with terpene signals that
evolved earlier in plants and lower animals or simply to escape
scent-guided predation by other animals. However, there is
currently no clear evidence for any of these assumptions.

2.2.1 Amphibians. Some of the most interesting ndings of
terpene semiochemicals in recent years have been made in
amphibians, more specically in Anuran amphibians comprising
frogs and toads. African reed frogs of the family Hyperoliidae and
species in the family Mantellidae, which is endemic to Mada-
gascar, use pheromones for chemical communication.85–87 Man-
tellid males release volatile compounds from scent glands on the
ventral sides of their shanks. These compounds consist of alcohols
andmacrocyclic lactones (macrolides),86which can be perceived by
Fig. 7 Examples of volatile terpene semiochemicals in amphibians, reptile
the stereochemistry was not determined.

This journal is © The Royal Society of Chemistry 2023
the olfactory system of the frogs.88Males of African red frogs attract
females by inating vocal sacs that carry colorful glands. Unex-
pectedly, these glands release sesquiterpenes besides aliphatic
macrolides in complex species-specic mixtures. One of the
sesquiterpenes was identied as the sesquiterpene macrolactone
(S)-3,7,11-dodec-6,10-dien-12-olide named frogolide (55) because of
its broader occurrence in both hyperoliid and mantellid families
(Fig. 7).85 Sesquiterpene macrolides are not unique to frogs but
occur also as tris-norsesquiterpene lactone pheromones in insects
such as the compound cucujolide I (56) in cucujid grain beetles
and Pieris butteries and its isomer suspensolide (57) in males of
the Caribbean fruit y Anastrepha suspense.89–91 It is, therefore,
possible that frogs obtain their sesquiterpene lactones from their
insect diet. However, Mencke et al. assume that frogolide is
synthesized de novo since the compound was present in frogs fed
with frogolide-free insect diet.85 Similarly, Shear notes that poison
frogs carry the terpene alkaloid polyzonimine (11) even though
their diet does not contain millipedes, which are known to accu-
mulate this compound for defense.29 It might also be possible that
microbes associated with the frog's skin or gland represent the
source of these metabolites, which warrants further investigation.
Finally, the presence of the common sesquiterpene (E)-b-car-
yophyllene (48) in skin secretions of the Australian green tree frog
Litoria caerulia has been shown to result from the sequestration of
this compound from insect diets.92

2.2.2 Reptiles. Volatile terpenes in reptiles have, to the best
of our knowledge, only been studied in the context of
s, andmammals. No stereochemical configuration is shown in the case

Nat. Prod. Rep.
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crocodilian chemical ecology. In particular, secretions from the
paracloacal glands of crocodiles have been investigated, which
are believed to produce nesting and/or mating pheromones.
Early studies on smooth-fronted caimans (Paleosuchus trig-
onatus) and the Chinese alligator (Alligator sinensis) detected the
diterpenes b-springene (19) and cembrene A (25) as well as its
ketone derivative 11,12-dihydrocembren-10-one (58) (Fig. 7).93,94

Schulz et al. later identied additional novel acyclic mono-
terpene and sesquiterpene hydrocarbons in these and other
alligatorid species,95 and Garćıa-Rubio et al. found citronellyl
esters (e.g. citronellyl acetate, 59) among other unidentied
terpenes in the gland secretions of the American crocodile
(Crocodylus acutus).96 It is tempting to speculate that crocodiles
have evolved their own enzymes for the formation of these
terpene compounds; however, there is currently no immediate
genomic evidence for the presence of such proteins.
Fig. 8 Animal phylogeny and occurrence of volatile terpenes (or volatile
phyla or clades. Species shown from top to bottom are: octocoral spe
springbok, Antidorcas marsupialis; sea hare, Aplysia brasiliana; dust mite s
histrionica (harlequin bug). Phylogeny adapted from Giribet168 with mod

Nat. Prod. Rep.
2.2.3 Mammals. Volatile terpenes have been documented in
glandular secretions of several mammalian species. Exudates of
the dorsal gland of the springbok (Antidorcas marsupialis) are
known to contain a series of C8 to C30 terpene hydrocarbons and
ketones with the diterpene hydrocarbons a- and b-springene (19,
60) being themost common compounds (Fig. 7).97 The secretions
are believed to serve as conspecic alarm signals. In African
elephants (Loxodonta africana), the simple sesquiterpene alcohol
(E,E)-farnesol (40), its hydrate derivatives (e.g. 61) and the cyclic
sesquiterpene alcohol drima-8a,11-diol (62) are constituents of
secretions from temporal glands, which aremodied facial sweat
glands that are particularly active in stressed and aggressive
animals.98,99 More recent reports of volatile terpenes inmammals
include the nding of the monoterpene alcohol linalool (63) and
linalool oxides in pheromone secretions from shoulder glands of
male Northern yellow-shouldered-bats (Sturnira parvidens).100
precursors in the case of corals) in select species representing different
cies; mantellid frog species, Mantella aurantiaca; alligatorid species;
pecies; polyzoniidan millipede species; pentatomid species,Murgantia
ifications.

This journal is © The Royal Society of Chemistry 2023
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Moreover, common monoterpene hydrocarbons and alcohols
were detected in ano-genital odor secretions used for scent
marking by crowned lemurs (Eulemur coronatus).101 A number of
monoterpenes and sesquiterpenes including compounds 64–68
(Fig. 7) have also been found in sternal gland secretions of male
koalas (Phascolarctos cinereus).102 Except for the volatiles released
by the springbock and elephants, most compounds reported in
the other cases likely originate from diet sources such as terpene-
rich fruits and leaves. For instance, 1,8-cineole (64) found in
scent secretions of male koalas is the predominant monoterpene
constituent of the leaf essential oil of eucalyptus trees, the
primary food source of koalas.103 No monoterpene derivatives of
1,8-cineole were reported in the scent secretions making it
unlikely that this compound is further converted by P. cinereus
endogenous pathways.

In summary, this survey of specialized terpenes in animals
shows that several lineages of animals, especially invertebrates,
have integrated terpene compounds in their semiochemical
repertoire for intra- and interspecic interactions (Fig. 8).
Despite the diversity of terpenes in different animal species,
there is also overlap in the constituents of chemical blends. For
example, the acyclic diterpene b-springene occurs in mites as
well as the spingbock. Whether these metabolites are produced
by similar enzymes and if terpene infochemicals are more
broadly synthesized de novo in the animal kingdom is in many
cases not well understood, with discoveries of genes and
enzymes just beginning to emerge.

3 Terpene biosynthetic pathways and
enzymes in insect pheromone/defense
biosynthesis

Since the majority of terpene specialized metabolites has been
identied in plants and microbes, terpene biosynthetic
Fig. 9 Biosynthetic pathway of the monoterpene iridoid sex pheromon
aphid, Acyrthosiphon pisum (Ap). ApGES, geraniol synthase; ApG8H, ge
synthase; ApNEPO, nepetalactol oxidase.

This journal is © The Royal Society of Chemistry 2023
enzymes have largely been elucidated in these organisms, and
comparatively little attention has been given to the discovery of
equivalent enzymatic steps in animals. The fact that animals
can sequester specialized metabolites from their food sources
or microbial symbionts has complicated the search for de novo
biosynthetic pathways. However, an increasing number of high-
quality transcriptomes and genomes, which allow detailed
genomic and phylogenetic comparisons, facilitate the discovery
of terpene biosynthetic genes in animals. Here we review recent
ndings of enzymes involved in terpene de novo biosynthesis in
insects and arachnids.
3.1 Biosynthesis of iridoids

Methylcyclopentanoid monoterpenes or iridoids act as defen-
sive compounds and sex pheromones in a number of different
insects. Several of the same compounds also occur in plants
where they are involved in defensive activities.104 For instance,
nepetalactone (23) is best known as the characteristic iridoid
compound of catnip (Nepeta cataria) and functions as an insect
repellent, but it also serves as a sex pheromone in aphids.42,105

Gene cluster analysis in Nepeta led to the identication of the
nepetalactone biosynthetic pathway in this species.106 An
equivalent pathway has been elucidated for the formation of
cis–trans-nepetalactol (69), which is a precursor in the biosyn-
thesis of pharmacologically important monoterpene indole
alkaloids in Madagascar periwinkle (Catharanthus roseus).107,108

The identication of these pathways in plants raised the ques-
tion of the existence of similarly evolved pathways in insects.
Several enzymatic steps were initially characterized in the
formation of iridoid-related dialdehydes such as chrysomelidial
(18), in larvae of the chrysomelid leaf beetle Phaedon
cochleariae.109–113 Most of these steps have been veried by the
just completed identication of the entire biosynthetic pathway
of the nepetalactone sex pheromone in the pea aphid
e components nepetalactol and nepetalactone, in females of the pea
raniol-8-hydroxylase; ApHGO, hydroxygeraniol oxidase; ApISY, iridoid

Nat. Prod. Rep.
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Acyrthosiphon pisum (Fig. 9).114 Sexual females of A. pisum
exclusively secrete (1R,4aS,7S,7aR)-cis–trans-nepetalactol (69)
and (4aS,7S,7aR)-cis–trans-nepetalactone (23) from glands of
their hind legs. The elegant study by Köllner et al. determined
pathway specic gene candidates by differential gene expres-
sion analysis of the hind legs and the non-pheromone
producing front legs of sexual females as well as the hind legs
of asexual females and males.114 Functional characterization of
target gene candidates (Table 1) established a 7-step pathway
(Fig. 9), which starts with the formation of GPP (3) by a GPP
synthase homolog of the P. cochleariae bifunctional GPP/FPP
synthase enzyme that shares the same Co2+/Mg2+ metal
dependency. This initial step is followed by the conversion of
GPP to geraniol (39) catalyzed by a dolichyldiphosphatase-type
homologue (ApGES), and a subsequent hydroxylation to 8-
hydroxygeraniol (70) by a cytochrome P450 enzyme of clan 3
Table 1 Functionally characterized terpene biosynthetic genes/proteins
by ordersa

Species Gene/protein Accession n

Acyrthosiphon GES *

pisum G8H ON862918
HGO *

ISY ON862920
NEPO *

Ips pini GPP AY953508
Myrcene s

Phyllotreta TPS1 KT959248
striolata TPS2 KT959251

TPS3 KT959254
TPS4 KT959257

Halyomorpha TPS1 MG917093
halys TPS2 MG870388
Murgantia TPS1 MG662378
histrionica
Nezara viridula TPS1 MG748543

TPS2 ON934605
Heliconius Ocimene s *

melpomene HMEL037108g1 *

Empoasca onukii TPS MH383159
Briareum TC-1 *

asbestinum TC-2 *

Capnella TC-1 *

imbricata
Dendronephthya TC-1 *

gigantea TC-2 *

Eleutherobia TC-1 *

rubra TC-2 *

Erythropodium TPS1 OK081311
caribaeorum TPS6 OK081312
Heliopora TC-1 *

coerulea TC-2 *

TC-3 *

Paramuricea TC-1 *

biscaya
Renilla muelleri TC-1 *

Tubipora musica TC-1 *

TC-2 *

Xenia sp. TC-1 *

a Sesquitrps, sesquiterpenes; * indicates that no accession numbers were li
Nucleotide sequences are listed in the respective publications.

Nat. Prod. Rep.
(ApG8H). The alcohol is then converted in a two-step oxidation
by an NADP-dependent short-chain dehydrogenase (ApHGO) to
form 8-oxo-geranial (71). The resulting aldehyde is subsequently
reduced to 8-oxo-citronellyl enol (72) and cyclized to cis–trans-
nepetalactol by a membrane-bound reductase (ApISY) related to
polyprenol type reductases. The nal oxidation to cis–trans-
nepetalactone is catalyzed by a GMC-type oxidase (ApNEPO).114

Interestingly, with the exception of the GPP synthase, which
is likely localized in mitochondria, several enzymes of the
pathway are presumably associated with the ER membrane
(ApGES, ApG8H, ApISY) or targeted to the ER lumen (ApNEPO).
This membrane-specic association suggests that the proteins
could be organized in the form of a metabolon. Metabolons that
modulate metabolic ux and facilitate efficient channeling of
intermediates have been documented for a number of
secondary metabolic pathways in plants,115 whereas still little is
and their products in insects and soft corals. Insect species are grouped

umber Product Reference

39 114
70
71
72, 69
23
3, 32 118 and 119

74, 75, 76 120
Unidentied sesquitrps
31 (main product)
31 (main product)
80 68
Sesquitrp
80 123
Sesquitrps
82 68 and 135
80
37 146
31, 63
39 150
25 162
95
92 162

90 162
25
Unidentied sesquitrps 162
25
95 163
93
Unidentied sesquitrps 162
90
94
94 162

93 162
25 162
91
96 162

sted based on cDNA amplication and gene sequences were synthesized.

This journal is © The Royal Society of Chemistry 2023
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known about such protein complexes in insects.116 A compar-
ison of the aphid-specic enzymes with those identied in leaf
beetles indicates that several of the pathway genes evolved
independently in these insect lineages. Moreover, a comparison
with the plant-specic formation of nepetalactone in Cathar-
anthus and Nepeta reveals that plants and insects employ the
same enzymatic steps but use unrelated enzymes. For instance,
in plants, TPS enzymes catalyze the formation of geraniol,106,107

whereas this step is mediated by a phosphatase in aphids. In
addition, aphids use a membrane bound polyprenol reductase-
like protein for the formation of nepetalactol; by contrast,
plants employ members of the short-chain dehydrogenase/
reductase (SDR) family to catalyze this step.106,108 The nding
of these independent iridoid biosynthetic pathways represents
a powerful example of convergent evolution in the metabolism
of volatile terpene semiochemicals in plants and animals.

3.2 Horizontal gene transfer of terpene synthases in mites

A surprising nding of TPS gene families has recently beenmade
in the genomes of trombidid mites. Larvae in the superfamilies
of the Trombiculoidea (chiggers) and Trombidioidea (velvet
mites) feed as ectoparasites on vertebrates or other arthropods,
respectively.39 Genomes of the chigger Leptotrombidium deliense
and the velvet mite Dinothrombium tinctorium were found to
contain a family of 39 putative sesqui-TPS genes and a related
family of 21 TPS genes, respectively. An additional group of 17
TPS genes was identied in L. delicense. These genes and their
encoded proteins are most closely related to fungal and bacterial
TPSs, albeit with sequence identity of less than 30%. The absence
of homologs in other arthropods or metazoans suggests that the
TPS genes are the result of ancient lateral gene transfers from
soil-derived bacteria and fungi. This horizontal gene transfer is
similar to that of carotenoid biosynthetic genes, which are
responsible for the orange coloration in both types of mites.39

The biochemical function of the detected TPS genes and the role
of their putative terpene products as pheromones or defense
compounds is currently unknown. It remains to be determined
why such large gene families have been maintained in the mite
genomes and to what extent functionally active genes may be
correlated with the release of terpene blends.

3.3 IDS-like terpene synthases in insects

With the exception of the recently discovered TPS genes in mite
genomes, insects have generally been thought to lack homologs
of canonical microbial and plant TPSs and thus the ability to
synthesize specialized terpenes via endogenous pathways.
However, early isotope-labeling experiments questioned this
notion. For instance, experiments with 14C-labeled precursors in
the bark beetle Ips pini provided evidence that the monoterpene
aggregation pheromone ipsdienol (45) is synthesized de novo via
the MVA pathway.117 A combination of biochemical and tran-
scriptome analyses further determined a coordinated regulation
of terpene biosynthetic genes with tissue specicity in the
midgut and elevated expression in I. pini males, and upon
treatment with juvenile hormone III.43 This approach led to the
identication of a bifunctional IDS/TPS enzyme, which makes
This journal is © The Royal Society of Chemistry 2023
GPP (3) from IPP (1) and DMAPP (2) and subsequently converts
GPP to the ipsdienol precursor myrcene (32) (Fig. 10A, Table
1).118,119 It should be noted that all subsequent steps from myr-
cene to ipsdienol have also been elucidated.43 The GPP/myrcene
synthase was found to be structurally related to canonical IDS
enzymes118 and carries two aspartate-rich motifs (DDIMD,
NDFKD). These motifs, typically called rst and second aspartate
rich motifs (FARM and SARM), are characteristic of IDS proteins.
The I. pini synthase might be targeted to peroxisomes based on
computational predictions of its transit peptide. Despite its
similarity to canonical IDS proteins, the I. pini enzyme shares
20% or lower amino acid sequence identity with the I. pini FPP
synthase and insect GGPP synthases such as Drosophila mela-
nogaster GGPP synthase, which indicates an early divergence of
this protein from canonical insect IDS enzymes.

3.3.1 FPP synthase type terpene synthases
3.3.1.1 Phyllotreta striolata. Almost ten years aer the

discovery of an IDS-type TPS gene in I. pini, a family of similar
genes was identied in a leaf beetle, the striped ea beetle
Phyllotreta striolata (Chrysomelidae).120 Four out of ve IDS-type
genes were functionally characterized as sesquiterpene syn-
thases. Among those, the recombinant protein of the male-
expressed PsTPS1 gene was found to convert (Z,E)-FPP (73) to
(6R,7S)-himachala-9,11-diene (74), a major constituent of the P.
striolata aggregation pheromone, together with ve other
sesquiterpenes including 75 and g-cadinene (76) (Fig. 10B,
Table 1). Interestingly, PsTPS1 requires a (Z,E)-FPP isomer as
a substrate, which is made by an unusual, cis-double bond
forming IDS (PsIDS3) from GPP and IPP (Fig. 10B).120 The other
functionally active TPS enzymes converted (E,E)-FPP to (E)-ner-
olidol (31) (PsTPS4) andmixtures of sesquiterpenes (PsTPS2 and
3). These enzymatic products were not detected in vivo since the
corresponding genes are expressed at low levels in males and
females. PsTPS1 and the P. striolata (E,E)-FPP synthase (PsIDS1)
carry putative mitochondrial targeting sequences, indicating
a subcellular compartmentalization in the formation of the
volatile sesquiterpenes. The study also provided insight into the
evolution of the P. striolata TPS genes. Gene structures of
PsTPS1, PsIDS1 and PsIDS3 comprised four exons and three
introns. The positions of these introns and the intron phases
were conserved in canonical IDS genes from other Coleoptera,
Lepidoptera and Diptera, which indicated an emergence of IDS-
type TPS genes from an IDS progenitor, presumably a FPP
synthase.120 In addition, PsIDS1, PsIDS3, and homologs from
other insects were found to be under strong purifying selection,
indicating a selective removal of deleterious variants to preserve
IDS function in core metabolism. In contrast, the IDS-type TPS
genes are under relaxed constraints, which is in agreement with
the neofunctionalization and diversication of these genes in
the evolution of pheromones and chemical communication.

3.3.1.2 Pentatomids. Tholl and collaborators have investi-
gated the presence of IDS-type TPS genes in stink bugs (Penta-
tomidae), a diverse family in the order of pierce-sucking
hemipteran insects, which comprises herbivorous and carniv-
orous species.121 Due to their ability to easily adapt to different
environmental conditions, several species of stink bugs have
become important pests with economic impact on agricultural
Nat. Prod. Rep.
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Fig. 10 IDS-type TPSs in monoterpene and sesquiterpene pheromone biosynthesis in beetles. (A) A bifunctional IDS/TPS enzyme catalyzing the
formation of b-myrcene (32), the precursor of the male aggregation pheromone ipsdienol (45); (B) terpene cyclase converting (Z,E)-FPP (73),
made by an unusual IDS enzyme (PsIDS3), to (6R,7S)-himachala-9,11-diene (74), a major constituent of the male aggregation pheromone of the
striped flea beetle, Phyllotreta striolata (Ps), and other sesquiterpene products.

Fig. 11 Bisabolane-type sesquiterpene pheromones in stink bug
(pentatomid) species.
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crops in the Neotropics and worldwide.41 Mature males of at
least ten genera of pentatomids emit sesquiterpenes with
a bisabolane-type skeleton as sex or aggregation pheromones
such as (6S,7R)-b-sesquiphellandrene (77) in the red banded
stink bug, Piezodorus guildinii, cis-zingiberenol [(3R,6R,7S)-1,10-
bisaboladien-3-ol] (78) in the rice stink bug, Oebalus poecilus,
10,11-epoxy-1-bisabolen-3-ol (35) in the harlequin bug, M. his-
trionica and the brown marmorated stink bug, Halyomorpha
halys, and trans/cis-(Z)-a-bisabolene epoxide (79) in the
Southern green stink bug, Nezara viridula (Fig. 11).41,122 The
compounds are released as mixtures of distinct stereoisomeric
composition, sometimes in combination with fatty acid deriv-
atives.41 The structural relationships of the terpene constituents
of stink bug pheromones suggests that they could be synthe-
sized de novo by evolutionary related pathways instead of being
made from sequestered precursors. This notion is supported by
the fact that stink bug specialists and generalists feed on
different host plants, many of which do not synthesize bisabo-
lane type sesquiterpenes or make them only in limited
amounts.

The rst investigation of IDS-like TPS genes was performed
in the harlequin bug, Murgantia histrionica (tribe Strachiini),
which is a crucifer specialist native to Central America and
Nat. Prod. Rep.
invasive in the southeast of the United States. Mature males of
M. histrionica emit an aggregation pheromone, which is
composed of the (3S,6S,7R,10S)- and (3S,6S,7R,10R)-stereoiso-
mers of 10,11-epoxy-1-bisabolen-3-ol (35) named murgantiol
This journal is © The Royal Society of Chemistry 2023
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Fig. 12 IDS-type sesqui-TPSs involved in de novo biosynthesis of male aggregation pheromones in stink bugs (Pentatomids). (A) Proposed
reaction mechanism of TPSs converting (E,E)-FPP (4) to the pheromone precursor (1S,6S,7R)-sesquipiperitol (80) in three different pentatomid
species; (B) proposed reaction mechanism of a TPS catalyzing the formation of the pheromone precursor (S,Z)-a-bisabolene (82) in Nezara
viridula. Unidentified steps beyond the TPS-catalyzed reaction are indicated with question marks. Hh, H. halys; Mh,M. histrionica; Nv, N. viridula.

Review Natural Product Reports

Pu
bl

is
he

d 
on

 0
7 

M
ar

ch
 2

02
3.

 D
ow

nl
oa

de
d 

by
 V

irg
in

ia
 T

ec
h 

on
 3

/7
/2

02
3 

3:
48

:4
1 

PM
. 

View Article Online
(Fig. 12A).123,124 The pheromone attracts both males and females
as well as nymphs. Sex- and development-specic transcriptome
analyses led to the identication of a canonical (E,E)-FPP syn-
thase (MhFPPS) and an IDS-type TPS (MhTPS), which converts
(E,E)-FPP (4) to (1S,6S,7R)-1,10-bisaboladien-1-ol, called ses-
quipiperitol (80), as an intermediate in the pathway leading to
murgantiol (Fig. 12A and Table 1).123,125 Sesquipiperitol is also
produced in plant species of the Asteraceae, Zingiberaceae, and
Cupressaceae families (e.g. Sy and Brown126). MhTPS presum-
ably catalyzes a carbocation mediated reaction typical of a type I
TPS enzyme.8 In this reaction, a nerolidyl carbocation is rst
formed by a metal ion-catalyzed cleavage of the carbon–oxygen
bond to release the pyrophosphate moiety of FPP. Next, a bisa-
bolyl cation is generated by a 1,6 ring closure followed by
a hydride shi to form a sesquipiperityl cation and subsequent
quenching of the carbocation with water (Fig. 12A). Analysis of
MhFPPS and MhTPS transcript abundances showed an equal
expression ofMhFPPS at nymphal and adult stages. By contrast,
MhTPS is most highly expressed in mature males and exhibits
This journal is © The Royal Society of Chemistry 2023
highest transcript levels in epithelial cells associated with the
cuticle of the ventral abdominal sternites, from which the
pheromone is likely released.123

Interestingly, the pheromone constituents of the invasive
brown marmorated stink bug Halyomorpha halys (Stål) (tribe
Cappaeini), which is native to Asia, share the same skeleton as
murgantiol but with a different stereoisomeric composition of
(3S,6S,7R,10S)-10,11-epoxy-1-bisabolen-3-ol and (3R,6S,7R,10S)-
10,11-epoxy-1-bisabolen-3-ol (35) being emitted in a 3.5 : 1
mixture (Fig. 12A).127 To investigate whether the pheromones of
M. histrionica and H. halys, which are native to different
geographical regions, are produced by closely related enzymes or
may be the result of convergent evolution, IDS-like genes were
mined in H. halys genome and transcriptome resources.128,129 A
family of seven IDS-like genes was discovered, of which two were
characterized as functionally active sesqui-TPSs (HhTPS1,
HhTPS2) (Table 1) and a third was identied as a canonical (E,E)-
FPP synthase (HhFPPS).68 HhTPS1 was found to be a putative
ortholog of MhTPS1, which shares more than 80% amino acid
Nat. Prod. Rep.
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sequence with theM. histrionica enzyme and converts (E,E)-FPP to
the same (1S,6S,7R)-sesquipiperitol intermediate (80) as in theM.
histrionica pheromone biosynthetic pathway. Similar to M. his-
trionica, HhTPS1 is most highly expressed in mature males, in
agreement with the male-specic release of the pheromone.
However, its tissue-specic expression is highest in the fat body,
suggesting a different localization of the pheromone-specic
enzymes in H. halys and M. histrionica. HhTPS2, which encodes
a multi-sesquiterpene synthase, shows comparatively low
expression in males and females, and the function of this gene
remains unclear.68 The downstream enzymatic steps from ses-
quipiperitol to 10,11-epoxy-1-bisabolen-3-ol are not yet identied
but presumably include a conversion to a zingiberenol isomer
(81) and an epoxidation at C10/C11 by a cytochrome P450 mon-
ooxygenase enzyme (Fig. 12A). Zingiberenol and sesquipiperitol
have also been identied as pheromone constituents of other
stink bugs such as the rice stink bugs Oebalus poecilus and Mor-
midea v-luteum, and the rice stalk stink bug Tibraca limbativentris
(tribe Carpocorini), all of which are severe pests in South
America.130–132 This nding and the identication of two closely
related sesquipiperitol synthases in M. histrionica and H. halys
suggest that the enzymatic steps in terpene pheromone forma-
tion in these species have been evolutionary conserved indepen-
dent of their tribe and geographic origin.

Another pheromone biosynthetic pathway in stink bugs leads
to the formation of trans-/cis-(Z)-a-bisabolene epoxide (79)
(Fig. 12B). The epoxide isomers are released by the males of the
southern green stink bug Nezara viridula, which is a globally
invasive pest with the origin in East Africa.133,134 The same isomers
are emitted by the neotropical green stink bug Chinavia impicti-
cornis, a close relative in the same tribe (Nezarini) as N. viridula.
Comparative transcriptome analyses of N. viridula mature males
and females discovered an N. viridula IDS-type TPS enzyme
(NvTPS1), which catalyzes the conversion of (E,E)-FPP to (+)-(S,Z)-
a-bisabolene (82) as the likely precursor of the sesquiterpene
pheromone (Fig. 12B, Table 1).135 The biosynthetic pathway is
presumably localized in glandular cells at the ventral abdomen of
mature males, from which the pheromone is emitted.136 Unex-
pectedly, a functionally active sesquipiperitol synthase gene
(NvTPS2) was identied in N. viridula genome and transcriptome
resources. The gene encodes a protein with approximately 80%
amino acid sequence identity to the corresponding enzymes ofM.
histrionica and H. halys.68 This nding is surprising since N. vir-
idula does not release sesquipiperitol or any other compound of
the murgantiol pheromone complex nor does it store non-volatile
derivatives of sesquipiperitol. The conserved status of the ses-
quipiperitol synthase independent of its role in pheromone
biosynthesis suggests that the enzyme had additional or other
functions in the common progenitor of these pentatomid species.

3.3.1.3 Genomic organization and evolution of stink bug and
hemipteran IDS-like genes. The availability of quality genomes of
H. halys and N. viridula (128, https://www.ncbi.nlm.nih.gov/
bioproject/PRJEB47893/) has allowed a more detailed
investigation of the architecture and genomic position of the
IDS-type TPS genes in these species. The six IDS-like genes of
H. halys were found to be organized in two separate clusters,
each of whichmost likely emerged by gene duplication (Fig. 13A
Nat. Prod. Rep.
and B).68 The canonical HhFPPS gene shares only low sequence
identity with the IDS-like genes and is positioned independently
of the IDS-like clusters, which suggests that this gene is derived
from a more ancient duplication event. Genes of the N. viridula
IDS-like family are organized in a similar fashion, although in
the form of a single three-gene cluster (NvTPS1 and two
uncharacterized IDS genes), with NvTPS2 and NvFPPS being
positioned separately on two other chromosomes (Fig. 13A).68

A closer analysis of the architecture of the H. halys canonical
FPPS and IDS-like genes revealed an identical composition of
seven introns and eight exons and identical positions of nearly
all intron phases. The intron phases are conserved in FPPS
genes of other hemipteran and blattodean insects, which
provides evidence for a shared ancestral exon-intron structure
of IDS genes in these lineages.68 Interestingly, the coleopteran
FPPS genes and the IDS-type TPS genes of P. striolata have
a reduced number of three introns.120 This difference in gene
architecture between representatives of the Hemiptera and
Coleoptera supports the hypothesis of an independent emer-
gence of TPS genes from FPPS progenitors in these orders.

To gain a more in-depth understanding of the evolution of
IDS-like genes in Pentatomids and Hemiptera that are known to
release volatile terpenes as pheromones or defense secretions,
Rebholz et al. mined hemipteran IDS-like genes from NCBI
nucleotide and transcriptome assembly databases using H.
halys FPPS and IDS-like protein sequences as search queries.68

The search resulted in the identication of nearly 300 unique
sequences, with 80% classied as canonical type FPPSs and the
remaining 20% classied as IDS (FPPS)-like proteins with the
potential to function as TPSs (Fig. 14). Phylogenetic analysis of
the IDS-like proteins indicated a paralogous division of the
pentatomid sequences in two clades, named TPS-a and TPS-
b clades, in agreement with the position of the corresponding
genes in two different clusters (Fig. 13 and 14). The clades most
likely evolved from a common ancestor of the Pentatomidae or
possibly the Pentatomoidea superfamily approximately more
than 100 million years ago. In agreement with the neo-
functionalization of IDS-like genes, and in contrast to the
conserved clade of canonical FPPS genes, the pentatomid TPS
clades evolved under positive selective pressure.68 However,
genes within both TPS clades have undergone limited inter- and
intraspecic diversication following clade-specic divergence,
which is evidenced by the conservation of sesquipiperitol syn-
thases in different species (Fig. 12). Thus, Pentatomids seem-
ingly have maintained small-size gene families that generate
a limited number of terpene intermediates. Limited steps of
derivatizations and combinations with other metabolites such
as fatty acid derivatives are sufficient to generate species-
specic pheromone blends.41 A cross-kingdom comparison
shows that pentatomid TPS gene families are notably smaller
than those of owering plants,15,137–139 despite similar evolu-
tionary time spans of more than 100 million years (Fig. 13B).
The diversication of plant TPSs into several subfamilies is
associated with the synthesis of complex terpene mixtures,
which are believed to have multiple functions in attraction and
defense and presumably target a larger number of organisms
than the smaller compound mixtures released by insects.8
This journal is © The Royal Society of Chemistry 2023
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Fig. 13 Pentatomid IDS-type gene family organization and size. (A) Genomic organization of IDS-type gene families in Halyomorpha halys (Hh)
andNezara viridula (Nv). Two different clusters represent IDS-type genes of the two pentatomid TPS-a and TPS-b clades (modified from Rebholz
et al.68); (B) schematic comparison of TPS gene family sizes in Pentatomids and plants (Arabidopsis thaliana) in relation to volatile terpene product
diversity and function.
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Therefore, it can be assumed that the diversication of TPS
genes in Pentatomids and other insects is directed by more
specic chemical interactions and perhaps other constraints.

Several currently uncharacterized IDS-like genes, which may
be associated with the formation of volatile terpenes, have been
identied in other species of Pentatomids and the two main
suborders of the Hemiptera, the Heteroptera and the Sternor-
rhyncha. For instance, IDS-like genes with close similarity to
sesquipiperitol synthases were found to be expressed in the
predatory spined soldier bug, Podisus maculiventris, which
releases monoterpene alcohol pheromones including trans-
piperitol (83), the C10 analog of sesquipiperitol (Fig. 14).140

Several other families in the heteropteran infraorders Pentato-
momorpha and Cimicomorpha are known to secrete mono-
terpenes for defense or attraction: Acanthosomatidae (shield
bugs), Cimicidae (bed bugs), Cycnidae (burrowing bugs), Miridae
(plant bugs), Lygaeidae (seed bugs), Pyrrhocoridae (red bugs),
Tingidae (lace bugs) and others.68 In conjunction with these
ndings, IDS-like gene transcripts have been identied in the
burrower bug Sehirus cinctus and the boxelder bug Boisea triv-
ittata, which are known to release monoterpenes such as a-
pinene (29) and 3-carene (84), respectively (Fig. 14).141–143 In the
hemipteran suborder Sternorrhyncha, IDS-like transcripts are
This journal is © The Royal Society of Chemistry 2023
present in scale insects (infraorder Coccomorpha) including the
lac insect Kerria lacca, which excretes cyclic sesquiterpene acids
as lac components.144 Another group of insects in which IDS-like
transcripts have been identied are mealybugs (infraorder Coc-
comorpha) such as the cotton mealybug, Phenacoccus solenopsis,
which releases a methylbutenoate ester of the cyclobutane
monoterpene R-maconelliol as a sex pheromone (85) (Fig. 14).65

Related irregular monoterpenes (e.g. lavandulol, 33) are also
made by plant TPSs that catalyze an irregular coupling between
isoprenoid units.145 On the other hand, IDS-like genes are absent
in aphids despite the presence of b-farnesene as a well-known
alarm pheromone in this hemipteran group.42 Moreover, no
IDS-like genes were identied in the suborders Auchenorrhyncha
(including cicadas and plant hoppers) and Coleorrhyncha
(including moss bugs) in agreement with the lack of terpenes in
these orders.68 Overall, the large-scale phylogeny of IDS-like
sequences in the Hemiptera supports an ancient emergence of
these genes from canonical FPP synthases, possibly in a shared
progenitor more than 350 million years ago (Fig. 14), and
suggests that volatile terpenes are synthesized de novo in several
hemipteran lineages. Further functional characterization of IDS-
like genes will provide more insight into the extent of terpene
biosynthetic evolution in hemipteran insects.
Nat. Prod. Rep.
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Fig. 14 Evolution of putative IDS-like TPSs in hemipteran insects. The phylogram shows canonical FPPS and IDS (FPPS)-like proteins mined from
hemipteran genomes and transcriptomes. Branch lengths represent the number of amino acid substitutions per site. A monophyletic clade
(purple) of IDS-like sequences clustering with characterized IDS-type TPSs was found to be distributed across species within the terpene-
emitting hemipteran suborders Heteroptera and Sternorrhyncha. Select terpene-emitting species are displayed alongside representative terpene
compounds. Figure modified from Rebholz et al.68

Fig. 15 Biosynthesis of the male anti-aphrodisiac (E)-b-ocimene (37)
and terpene alcohols by GGPPS-type TPSs in the butterfly Heliconius
melpomene (Hmel). Os, ocimene synthase.
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3.3.2 GGPP synthase type terpene synthases. IDS-like TPSs
in insects are not only derived from FPPS enzymes but also
evolved from geranylgeranyl diphosphate synthases (GGPPSs).
Evidence for GGPPS-derived TPSs was provided by a recent
nding of two GGPPS-like proteins with monoterpene synthase
activity in the buttery Heliconius melpomene.146 Males of H.
melpomene transfer the monoterpene b-ocimene (37) as an anti-
aphrodisiac pheromone to females during mating to prevent
subsequent mating attempts by other males.147 However, the
formation of the pheromone varies between the Heliconius
species.148 In order to determine the genetic origin of b-ocimene
synthesis, Darragh et al. generated genetic mapping families
between the b-ocimene producing H. melpomene and the non-
producing closely related species H. cydno.146 The authors
identied a QTL region with eight GGPPS-like genes derived
from repeated gene duplications. One of these genes was found
to encode a functional b-ocimene synthase (Fig. 15, Table 1),
while the enzyme encoded by a second gene (HMEL037108g1)
converted GPP and FPP to the monoterpene and sesquiterpene
alcohols (S)- and (R)-linalool (63) and nerolidol (31, stereo-
isomer not determined), respectively. The in vivo function of the
latter enzyme is unknown. Both proteins exhibit residual IDS
activity, which may indicate their evolution though sub-
functionalization from a bifunctional IDS/TPS progenitor. In
agreement with the absence of b-ocimene in H. cydno, the b-
ocimene synthase ortholog in this species was found to be
functionally inactive, probably due to several non-synonymous
Nat. Prod. Rep.
mutations in the coding sequence. Similar to FPPS-like TPSs
and in contrast to the conserved canonical GGPPSs, the evolu-
tion of the two monoterpene synthases occurred under relaxed
This journal is © The Royal Society of Chemistry 2023
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selection constraints. Several pseudogenes were identied in
the GGPPS-like family, indicating loss-of-function events.

It is possible that other insects which use b-ocimene as
a pheromone, such as bumble bees and honey bees, have
GGPPS-like or perhaps FPPS-like proteins that make b-ocimene.
It is curious to note that the H. melpomene b-ocimene synthase
is unable to convert GGPP to a diterpene product, which
suggests possible constraints in accommodating GGPP as
a substrate. This scenario might be different in other insect
lineages. For instance, a family of GGPPS-like genes was found
to be expressed in soldiers of the nasute termite Nasutitermes
takasagoensis.149 The defensive secretions of these termites
contain a mixture of diterpenes and monoterpenes, which may
be produced by the GGPPS-like enzymes. Based on these nd-
ings, it can be assumed that GGPPS-type genes with TPS func-
tion have emerged independently multiple times throughout
insect evolution. This is supported by the identication of
a GGPPS-like TPS in the green tea leaopper Empoasca onukii,
which converts GPP into geraniol (39).150 The authors suggest
that geraniol synthase activity is also present in other lepidop-
teran and coleopteran species.
4 Structural and mechanistic
evolution of insect IDS-like TPSs

Phylogenetic evidence for the emergence of IDS-like TPS
enzymes from IDS progenitors in insects raises the question of
which mutations and structural modications facilitated this
evolutionary transition. While extensive experimental proof is
still missing, O'Maille and co-workers have developed
Table 2 Structure-based sequence alignment of IDS IBM motifs and su

a Extract of IBMmotifs from a structure-based sequence alignment of char
5 Å away from IPP and highly conserved are colored according to their inter
blue), respectively. TPS residue substitutions of the diphosphate binding re
respectively. Substitutions that deviate from the IBM regular expressions in
correspond to variable residues and positions outside of the consensus IP

This journal is © The Royal Society of Chemistry 2023
a structural and mechanistic model for the change in catalytic
function from IDS to TPS proteins.151 IDS and TPS enzymes
generally share a common alpha-helical protein domain (a-
domain) fold,152,153 suggesting an ancient common origin.
Whereas TPS protein sequences in microbes and plants no
longer have a close evolutionary relationship with IDS proteins
of these organisms, the recruitment of IDS to TPS proteins
seems to have occurred more recently in insects.

IDS proteins carry two conserved aspartate rich motifs
(DDxxD) called FARM and SARM, which are positioned on the
opposite sides of the active site. These motifs facilitate the
cleavage of the diphosphate moiety of the allylic substrate via
coordination of Mg2+ ions. Insect IDS-like TPS proteins possess
the same motifs but show more frequent substitutions of the
rst and third aspartate of the SARM (Table 2 and Fig. 16). In
addition, aromatic amino acid residues in positions 4 and 5
upstream of the FARM of bonade FPPS proteins are
substituted by non-aromatic residues in IDS-like sesqui-
TPSs.120,123,135 Molecular docking of (E,E)-FPP in the active-site
cavity of a M. histrionica TPS homology model showed that
these residue changes appear to be critical for the positioning of
the FPP prenyl side chain into the cavity to facilitate subsequent
cyclization.123 Substitutions of the non-aromatic residues in
MhTPS with aromatic amino acids led to the loss of TPS activity,
conrming this assumption.123 The reciprocal substitutions in
the MhFPPS protein did not abolish IDS activity but caused the
formation of GGPP instead of FPP due to the ability of the
enzyme to accommodate an extended prenyl chain. The loss of
aromatic residues upstream of the FARM is typical for long-
chain trans-IDS enzymes ($C20), including insect
GGPPSs.146,154 By contrast, the bifunctional GPPS/TPS enzyme
bstitutions in IDS-type TPS proteins in hemipteran speciesa

acterized hemipteran IDS and TPS proteins. Residue positions that are#
action with the diphosphate moiety (dark blue) or the isoprenyl tail (light
sidues and prenyl tail binding residues are marked in purple and green,
other insects and animals are shaded in grey. Unshaded residues (white)
P binding residues.

Nat. Prod. Rep.
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Fig. 16 Structural analysis of IPP binding residues in H. halys FPPS and a homology model of the IDS-type H. halys TPS1 enzyme. (A) Structural
model of HhFPPS with the IPP binding pocket rendered as a colored surface; (B) HhFPPS residues binding the diphosphate moiety of IPP are
marked in dark blue and labeled; (C) HhFPPS residues binding the prenyl tail of IPP are marked in light blue and labeled; (D) structural model of
HhTPS1 with a modified IPP binding pocket rendered as a colored surface; (E) HhTPS1 residue substitutions of the diphosphate binding residues
in (B) are marked in purple and labeled. Aromatic substitutions in this region favor interactions with the isoprenyl tail of the docked FPP substrate;
(F)HhTPS1 residue substitutions of the prenyl tail binding residues in (C) are marked in green and labeled. Substitutions alter the substrate binding
region to accommodate a larger isoprenyl diphosphate substrate. Figure adapted from Rebholz et al.151
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from I. pini maintains aromatic amino acids in this position
because a presumably smaller-size cavity of this protein is
sufficient to accommodate the short chain GPP product/
substrate.118,119

While residues upstream of the FARM seem to be critical for
a proper positioning of the substrate in insect TPSs, Rebholz
et al. hypothesize that the transition from IDS to TPS catalytic
function largely depends on a change in the binding or position
of the IPP substrate relative to DMAPP.151 To test this hypoth-
esis, a set of 20 IPP-binding residues positioned # 5 Å away
from IPP were identied in the crystal structure of a Homo
sapiens FPPS in complex with IPP by using the RING web server
Fig. 17 Substitutions in the pyrophosphate-binding region is a common
from the eastern spruce budworm Choristoneura fumiferana (CfFPPS)
depicted as an atomic surface. The electrostatic character ofCfFPPS IBM
red = acidic; grey = neutral/aliphatic); (B) IBM-1, 2, 3, and 6 of CfFPPS
comparison. Figure adapted from Rebholz et al.151

Nat. Prod. Rep.
in combination with residue network interaction analysis in
Cytoscape and structural analysis in Chimera.155–157 The identi-
ed amino acids comprise basic residues that bind to the
diphosphate moiety of IPP, a ring of residues encircling the
isoprenyl tail, and residues that interact with both of these
moieties. The residues are organized into six IPP binding motifs
(IBMs) and were found to be conserved across IDS sequences
from diverse organisms including animals, plants and fungi
(Table 2 and Fig. 16).

The residues that bind IPP orient the substrate and its prenyl
tail in a way that allows condensation with the nascent carbo-
cation formed from DMAPP. Modications of these critical
feature of insect TPS enzymes. (A) The structure of a canonical FPPS
(PDBid 6b04; light purple ribbons) is shown with IBM-1, 2, 3, and 6
motifs wasmapped onto the surface using UCSF Chimera (blue= basic;
and selected insect TPS models are depicted as atomic surfaces for

This journal is © The Royal Society of Chemistry 2023
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Fig. 18 Acyclic and cyclic sesquiterpenes (86–88) in Artemisia annua
and example of a cyclic sesquiterpene product (89) generated by an
Artemisia b-farnesene synthase mutant variant.
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residues in IDS-type TPS proteins lead to alterations of the
electrostatic nature of the IPP binding pocket (Fig. 17). These
changes may misalign IPP and DMAPP and disrupt their
Fig. 19 Phylogram of insect IDS and characterized and predicted IDS
proportional to amino acid substitutions per site. Previously characterize
white squares at branch tips, respectively. Insect orders, from which p
perimeter and branches. Results suggest a recurring parallel emergence
and IDS enzyme subfamilies.

This journal is © The Royal Society of Chemistry 2023
condensation, which likely allows competing TPS reactions of
allylic substrates to occur. In agreement with this assumption,
90% of the IBM residues were found to be modied in charac-
terized insect TPS enzymes. For example, in the rst IBM of
hemipteran TPSs, the basic diphosphate binding residues are
substituted with large aromatic residues (Table 2 and Fig. 16),
one of which is also conserved in its equivalent position in plant
TPSs. Furthermore, several substitutions of residues interacting
with the isoprenyl tail of IPP occur in the fourth IBM motif
(Table 2 and Fig. 16). Multiple residue substitutions are also
present in the TPSs of Coleoptera and Lepidoptera; however, the
substitution patterns are unique among the different taxonomic
lineages, supporting independent events of TPS evolution.151

Lancaster et al. tested whether a re-introduction of the motif
KKxR in the IBM1 of MhTPS (Table 2) through replacement of
the corresponding SDAW sequence could convert the TPS
enzyme into an IDS.123 While no IDS activity was gained, the
protein lost TPS activity, indicating an essential role of the
SDAW residues in TPS function. A reciprocal substitution in the
MhFPPS also caused a loss of IDS activity, which further
supports the critical role of the KKxR residues in IPP binding.
To fully identify the residues that control the transition between
IDS and TPS, O'Maille and co-workers currently perform
-like TPS proteins adapted from Rebholz et al.151 Branch lengths are
d and predicted IDS-like TPS sequences are labeled with dark blue and
rotein sequences originated, are indicated by colors of the circular
of TPS activity in IDS-like enzymes within and between insect lineages
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Fig. 20 Sesquiterpene and diterpene products of TPS enzymes
identified in octocorals.
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combinatorial mutations paired with the identication of
epistatic residue networks. A similar strategy was applied by
Salmon et al. to determine residue substitutions in the transi-
tion from linear to cyclic TPSs in plants.158 To probe evolu-
tionary pathways of terpene cyclization, the authors of this
study focused on the amino acid substitutions between a b-
farnesene (86) synthase (BFS) from Artemisia annua and an
amorphadiene synthase (ADS), which produces the bicyclic
sesquiterpene amorpha-4,11-diene (87), a precursor of artemi-
sinin (88) (Fig. 18). Structure-based combinatorial protein
engineering (SCOPE)159 was employed to construct two libraries
of soluble and biochemically active mutant enzymes with ADS
substitutions within 6 Angstroms of the BFS active site.
Biochemical characterization resulted in the identication of
multiple enzyme variants with the ability to generate cyclic
terpene products. Chief among these products was the cyclic
sesquiterpene alcohol, alpha-bisabolol (89). Quantitative
determination of product-specic kinetic rates (kcat,i)s for over
100 unique enzymes allowed to train quantitative models for
Michaelis–Menten enzymatic free energies. These models were
used to construct a family of biophysical tness landscapes
describing enzyme evolution.160 It was found that most muta-
tions leading to the formation of alpha-bisabolol tended to have
adverse effects on the overall magnitudes of product-specic
reaction rates except for a previously identied critical
gateway mutation (Y402L) that also unlocks the cyclization
reaction.158 Overall, this microevolutionary exploration of
sequence space allowed the identication of key residues in
terpene cyclization.

To gain a broader understanding of the emergence of TPS
proteins among all insects, Rebholz et al. predicted the pres-
ence of putative IDS-like TPSs in several insect lineages beyond
the pentatomids.151 To this end, UniProt sequences for poly-
prenyl synthetases (PFAM id PF00348) in the taxonomic class
Insecta were screened for IDS and IDS-like TPS sequences based
on distinct residue substitutions in the IBMs. The search
identied more than 300 canonical IDS sequences and more
than 125 putative TPSs, of which approximately 65%were found
to be derived from FPPSs, nearly 23% from GGPPSs, with the
rest derived from decaprenyl diphosphate (6) synthase (DPPS)
like sequences (Fig. 19). Predicted TPS sequences were present
in six insect orders: Blattodea, Hemiptera, Hymenoptera,
Coleoptera, Lepidoptera, and Diptera.151

The analysis revealed a family of FPPS-like TPS proteins
specic to the lepidopteran genus Papilio (Swallowtail butter-
ies), which may be responsible for the formation of linear
mono- and sesquiterpenes that are released as defense
compounds by Papilio larvae. Within the Lepidoptera, addi-
tional GGPPS-like sequences were found in the genome of the
monarch buttery Danaus plexippus plexippus, which emits
terpene derivatives from male hairpencils.161 These sequences
are monophyletic to the characterized mono-TPSs in H.
melpomene. Moreover, GGPPS-like TPSs were predicted within
blattodean termites such as Nasutitermes takasagoensis. It is
likely that genes of these expanded GGPPS-like families are
involved in the production of the described termite terpene
metabolites (see 2.1.3). Overall, the ndings by Rebholz et al.151
Nat. Prod. Rep.
support the notion that insect TPSs originated from IDS genes
and that this transition likely occurred via gene duplication and
divergence through mutational dri and/or selection. Surpris-
ingly, the study further indicates an independent emergence of
TPS function not only within insect orders but also among the
IDS subfamilies (FPPS, GGPPS, DPPS) of single species within
the same order. This suggests that parallel functionalization of
IDS enzymes for volatile and specialized terpene biosynthesis is
widespread in insects.
5 Terpene synthases in corals and
sponges

So corals (octocorals) are known for their accumulation of
diterpenes; however, the biosynthetic origin remained
unknown until recently, when a new family of terpene cyclases
was discovered in these organisms. Burkhardt et al.162 and Scesa
et al.163 identied more than 15 TPSs from genomes and tran-
scriptomes of several octocoral genera. Most of these enzymes
were characterized as diterpene cyclases and a few others were
found to function as sesquiterpene cyclases, which make the
sesquiterpene hydrocarbons nepthene (90), a-muuroladiene
(91), and capnellene (92) (Fig. 20 and Table 1). The enzymatic
diterpene products such as cembrene A and C (25, 93), eli-
sabethatriene (94), klysimplexin R (95), and xeniaphyllene (96)
(Fig. 20 and Table 1) carry the scaffolds for large groups of coral-
specic diterpenes and thus represent important semi-volatile
precursors in generating the tremendous chemical diversity of
diterpene-mediated defenses in corals.
This journal is © The Royal Society of Chemistry 2023
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Fig. 21 Structures and motif comparison of an insect IDS (C. fumiferana) and IDS-like TPS (H. halys) with TPSs from a mite (L. delicense) and an
octocoral (E. rubra). (A) The C. fumiferana FPPS (CfFPPS) structure (PDBid 6b04; light grey ribbons) is shownwith FARM and SARMmotifs colored
orange and green, respectively; (B) active site zoom up ofCfFPPS showing catalytic residues of the FARM and SARMmotifs; (C) homologymodels
ofH. halys TPS1 and L. delicense TPS and protein structure of E. rubra TPS (PDBid; 7S5L) depicted as ribbons with motifs colored according to the
scheme in panels A and B. NSE/DTE and DDXXD represent the metal binding motifs. ErTPS and LdTPS contain two additional motifs: the
phosphate sensor R colored in magenta, and the RY motif (substituted by RF in LdTPS) unique to bacterial TPS sequences.
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Crystal structure analysis of a cembrene A synthase from the
coral Eleutherobia rubra revealed that the protein carries the a-
helical fold typical of class I TPSs but has three additional
helices (Fig. 21).162 The analysis further showed the presence of
conserved substrate-binding motifs and residues including the
conserved aspartate rich motif, the NSE/DTE motif, and the
previously identied arginine “pyrophosphate sensor” involved
in carbocation formation (Fig. 21).164 In contrast to plant TPSs,
the coral protein carries an RY motif that is conserved in
microbial TPSs (e.g. Li et al.165). Its overall closer structural
resemblance with microbial TPSs led the authors to speculate
that an ancestral gene of the monophyletic coral TPS family
might have been acquired by a common progenitor from
microbial sources via horizontal gene transfer.

The evolution of these proteins predates the emergence of
land plants. Interestingly, the coral TPS genes were found to
cluster with P450, acyltransferase, and dehydrogenase genes
among others, which presumably encode enzymes involved in
secondary reactions of the TPS products.163 These are the rst
biosynthetic gene clusters found in animals raising questions
about their evolution and the potential presence of such clus-
ters in other animal genome. In addition to the nding of
This journal is © The Royal Society of Chemistry 2023
terpene cyclases in corals, another family of type I TPS genes has
just been discovered in marine sponges of the order Bubar-
ida.169 The corresponding enzymes were shown to make inter-
mediates in the biosynthesis of isonitrile sesquiterpenes but do
not install the isonitrile group themselves. In contrast to coral
TPSs, the sponge TPS genes do not apppear to be organized in
gene clusters. This is the rst nding of TPSs that originate
from sponge animal hosts independent from their microbial
symbionts.169
6 Conclusions and outlook

In the past ve to six years, substantial progress has been made
in the identication of TPS genes in animals and in our
understanding of how volatile terpenes and their derivatives are
synthesized de novo in these organisms. The ndings of IDS-
type TPSs in insect genomes and the recent discovery of TPSs
in so corals and sponges may indicate that endogenous
terpene biosynthetic pathways could be more common in
animals than previously thought. The ways in which TPS gene
functions have been recruited, whether through evolutionary
transition from IDS precursors or by ancestral horizontal gene
Nat. Prod. Rep.
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transfer from microbes (Fig. 21), appear to be as versatile as the
diverse nature of terpene metabolites and their functions in
chemical communication and defense. The nding that the
formation of terpenes in corals is associated with assemblies of
biosynthetic gene clusters similar to those found in microbes
and plants may lead to the discovery of clusters in other animal
genomes, especially when longer pathways have been estab-
lished. To what extent these clustered genes are co-regulated in
tissues or single cells in response to social or environmental
signals will be of interest for future investigations. Another key
question is whether terpene pheromones released from verte-
brates such as amphibians and reptiles are the products of
endogenous TPS enzymes or perhaps derived from microbial
symbionts. Mining of high-quality genomes and gland-specic
transcriptomes of these organisms should facilitate the eluci-
dation of the biosynthetic origin of volatile terpene compounds.
Finally, the discovery of terpene biosynthetic pathways in
animals opens new possibilities for the biotechnological
production of volatile terpenes such as species-specic phero-
mones in the development of alternative pest management
strategies. For example, recent advances have been made in the
metabolic engineering of fatty acid-derived moth sex phero-
mones in oilseed crops.166 Similarly, the discovery of terpene
biosynthetic gene clusters found in corals will undoubtedly
accelerate efforts in the production of bioactive and pharma-
ceutically valuable compounds.
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