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CURRENT REVIEW 

 

Realizing the Full Potential of Advanced Microscopy 
Approaches for Interrogating Plant-Microbe Interactions 

 

 

Microscopy has served as a fundamental tool for insight and 

discovery in plant-microbe interactions for centuries. From 

classical light and electron microscopy to corresponding special- 

ized methods for sample preparation and cellular contrasting 

agents, these approaches have become routine components in 

the toolkit of plant and microbiology scientists alike to visualize, 

probe and understand the nature of host-microbe relationships. 

and facilitate their appropriate application and adoption to 

solve important and unresolved biological questions in the field. 

 

Keywords: adaptive optics, confocal microscopy, electron tomog- 

raphy, light-sheet microscopy, serial block-face scanning electron 

microscopy, super-resolution microscopy, synchrotron, X-ray mi- 

croscopy, X-ray tomography 

Over the last three decades, three-dimensional perspectives   

led by the development of electron tomography, and especially, 

confocal techniques continue to provide remarkable clarity 

and spatial detail of tissue and cellular phenomena. Confocal 

and electron microscopy provide novel revelations that are 

now commonplace in medium and large institutions. However, 

many other cutting-edge technologies and sample preparation 

workflows are relatively unexploited yet offer tremendous po- 

tential for unprecedented advancement in our understanding 

of the inner workings of pathogenic, beneficial, and symbiotic 

plant-microbe interactions. Here, we highlight key applications, 

benefits, and challenges of contemporary advanced imaging 

platforms for plant-microbe systems with special emphasis on 

several recently developed approaches, such as light-sheet, sin- 

gle molecule, super-resolution, and adaptive optics microscopy, 

as well as ambient and cryo-volume electron microscopy, X-ray 

microscopy, and cryo-electron tomography. Furthermore, the 

potential for complementary sample preparation method- 

ologies, such as optical clearing, expansion microscopy, and 

multiplex imaging, will be reviewed. Our ultimate goal is to 

stimulate awareness of these powerful cutting-edge technologies 
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Since the first observations of microscopic organisms by light 
microscopy (Leeuwenhoek 1673) and the later discovery of the 
first virus (tobacco mosaic virus) from plant sap by transmission 
electron microscopy (TEM) (Kausche et al. 1939), confirma- 
tion by microsopy that microbes were causal agents in plant 
disease has played a critical role as a tool in diagnostics and un- 
derstanding of plant-microbe interactions. Indeed, macroscopic 
observations are routinely augmented by one or both the use 
of classical and modern stains of bulk tissue and histological 
analysis of sectioned tissues (Bougourd et al. 2000; Soukup and 
Tylová 2019). New cellular insights were often garnered by even 
closer examination of these interactions using one or both scan- 
ning electron microscopy (SEM) (Kumar et al. 2012; Pathan et al. 
2010; Wightman 2022) and TEM (Mims et al. 2002; Weiner et al. 
2022), especially when combined with the application of cryo- 
genic preservation (Bourett and Howard 1990; Mendgen et al. 
1991). In the 1980s, the adoption of digital imaging and confocal 
microscopy with vital stains (Hepler and Gunning 1998; Hickey 
et al. 2004) followed by various genetic and molecular tools, 
such as genomic sequencing, mutant analysis, and the advent of 
fluorescent proteins to track microbes and their proteins, led to 
many rapid advances in understanding beneficial and pathogenic 
cellular phenomena. But the pace of change in imaging meth- 
ods and technologies (light, electron, X-ray, probe), especially 
in the multiscale and three-dimensional (3D) space, continues to 
accelerate along with the landscape of what is possible for these 
new tools to aid our understanding of the cellular underpinnings 
in plant-microbe interactions. While this review will highlight 
some representative and seminal work now routinely performed 
to explore the cell biology of plants and various microorganisms, 
we will place special emphasis on some of the more recent and 
newly emerging technologies that have significant and unreal- 
ized potential to further transform our understanding of relevant 
cellular functions and plant-microbe interactions. 

 
Light Microscopy Approaches 

Advanced photon-based imaging approaches have con- 
tributed a wealth of information in discoveries in plant pathology 
and beneficial microbial interactions. Arguably, the most conse- 
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quential and effective technologies are a family of “optical sec- 
tioning” platforms that extract in-focus information from the ob- 
jective focal plane and enable high-contrast, high-resolution 3D 
perspectives. These include pinhole based strategies that i) reject 
out-of-focus light, such as confocal (Cardinale and Berg 2015; 
Czymmek et al. 1994; Hepler and Gunning 1998) and spinning 
disk microscopy (Henty-Ridilla et al. 2013; Oreopoulos et al. 
2014), ii) restrict illumination to a thin plane, as with multi- 
photon excitation (Bourett et al. 2002; Czymmek et al. 2002, 
2007; Mizuta 2021; Mizuta et al. 2015) and light sheet fluo- 
rescence microscopy (Keller and Dodt 2012; Ovecˇka et al. 
2022), or iii) via computational extraction using deconvolution 
(Sibarita 2005) and structured illumination microscopy (SIM) 
(Gustafsson 2000; Wu and Shroff 2018). Together, these ap- 
proaches, combined with vital probes and genetically encoded 
fluorescent proteins, have ameliorated several challenges when 
working with thick, highly autofluorescent, relatively imperme- 
ant, and optically scattering plant tissues, allowing deeper tissue 
imaging with improved clarity to explore interactions in fixed 
and living tissues. Deep plant tissue imaging can be extended 
further by the application of clearing techniques in fixed tissues 
(Kurihara et al. 2015; Pasternak et al. 2015; Ursache et al. 2018; 
Warner et al. 2014) or other optically compatible infiltration 
strategies suitable for live cell work (Littlejohn et al. 2010, 2014). 
In the genomics era, the advent of Nobel Prize winning molecular 
tools for expression of fluorescent proteins (FPs) (Chalfie et al. 
1994) has been particularly transformative as a tool to explore 
plant-microbe interactions. FPs enable a way to circumvent the 
probing barriers imposed by plant and microbe cell walls, pro- 
viding a potent way to label specific components in living cells 
of either the host, the pathogen, or both (Bloemberg et al. 2000; 
Rufián et al. 2018), as well as serving as a convenient way to 
trace microbe progression in plant tissue. While often specific to 
the benefits of imaging plant structures alone (without a micro- 
bial counterpart), we do encourage readers to explore a number 
of useful focused reviews that readily translate to plant-microbe 
interactions (Berg and Beachy 2008; Ckurshumova et al. 2011; 
Wu et al. 2013). However, numerous examples demonstrate these 
approaches and their value for elucidating microbe and host re- 
sponse in roots and leaves (Bloemberg et al. 2000; Czymmek 
et al. 2007; Kankanala et al. 2007; Kim et al. 2022; Ovecˇka et al. 
2022), including the dynamic temporal and spatial distribution 
of pathogen ramification, virulence factors, elicitors, and effec- 
tor proteins (Cui et al. 2021; Khang et al. 2010) (Fig. 1). Like- 
wise, beneficial interactions, such as Rhizobium-legume sym- 

 
 

Fig. 1. Live-cell confocal microscopy of fluorescently labeled effectors in 
plant-pathogen interactions in rice blast disease. Magnaporthe oryzae in- 
fection of a rice cell showing appressorium (A) and BAS4-GFP-labeled 
infection hyphae (yellow) and PWL2-mCherry-NLS (magenta) localized 
in the host nucleus (N), and Calcofluor white–stained cell wall (cyan). An 
arrow indicates the biotrophic interfacial complex, demonstrating overlap- 
ping EGFP and mCherry labeled effector fluorescence signals (Khang et al. 

2010). Scale = 10 μm. Image provided courtesy of C. H. Khang (University 
of Georgia), B. Valent (Kansas State University), and K. Czymmek (Donald 
Danforth Plant Science Center). 

bioses (Chen et al. 2015; Libault et al. 2011; Mendoza-Suárez 
et al. 2020), arbuscular mycorrhizal (AM) fungi root coloniza- 
tion (Hardham 2012; Ivanov et al. 2019; Martino et al. 2007), and 
microorganisms that provide protective and growth-stimulating 
effects (Bloemberg et al. 2000; Jabusch et al. 2021) are ideally 
suited to optical sectioning approaches. More recently, several 
fluorescence imaging technologies, termed super-resolution mi- 
croscopy (SRM), have evolved that break the diffraction op- 
tical resolution limit and allow two- to 10-fold better resolu- 
tion with fluorescent probes than traditional widefield and laser- 
based imaging (Komis et al. 2015; Schubert 2017; Sydor et al. 
2015). One form, SIM, acquires multiple-patterned images to 
access new frequencies that doubles optical resolution (about 
120-nm lateral, 240-nm axial) (Gustafsson 2000). When appro- 
priately coupled with deconvolution, quadruples optical reso- 
lution (about 60-nm lateral, 120-nm axial) (Mennella and Liu 
2022) allows remarkable visualization of viral protein localiza- 
tion at closely spaced plasmodesmata (PD) pairs, even in living 
plant cells, not reliably visible with epifluorescence or deconvo- 
lution alone (Fig. 2, insets; Supplementary Fig. S1, for PD orien- 
tation in the cells). Another SRM approach, single molecule lo- 
calization microscopy (SMLM), captures a series of thousands of 
over-sampled images of sparsely spaced single molecules (cre- 

 

 

Fig. 2. Zeiss Elyra7 SIM2 super-resolution microscopy of plant microbe 
interactions. A, Comparison of imaging approaches and resolution show- 
ing tobacco mosaic virus movement protein MP30-GFP localized in plas- 
modesmata (PD) of Nicotiana benthamiana leaf pitfield, using widefield 
(yellow dashed box) and corresponding deconvolution and super-resolution 
(Lattice SIM2) image modes (insets). Blue arrows denote the same PD 
clusters, demonstrating the ability to resolve putative individual paired PD 

pores compared with widefield and deconvolution. Scale = 1 μm. Image 
provided courtesy of M. Alazem and T. Burch-Smith (Donald Danforth 
Plant Science Center). B, Two-dimensional (2D) and C, 3D super-resolution 
(Lattice SIM2) of extensive hyphal branching in cells containing the arbus- 
cular mycorrhizal fungus Rhizophagus irregularis stained with wheat germ 
agglutinin-Alexa Fluor 488 in Medicago truncatula. Densely branched hy- 
phae were packed within the volume of each inner cortical cell of the root 
to increase the contact surface for the exchange of nutrients between fungus 

and plant. Scale = 10 μm. Image provided courtesy of A. Bravo (Donald 
Danforth Plant Science Center). 
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ated via blinking or on-off binding effects), finds the centroid of 
each molecule, and recreates a new image with a 10-fold resolu- 
tion improvement (Huang et al. 2010). Antibody-based STORM 
(stochastic optical reconstruction microscopy) (Rust et al. 2006) 
or genetically encoded fluorescent protein–based PALM (photo- 
activation localization microscopy) (Betzig et al. 2006) are the 
most common forms of SMLM and allow flexibility to interro- 
gate subcellular structures depending on probe-type availability 
(Sydor et al. 2015). While relatively few published reports have 
demonstrated single molecule or super-resolution microscopy in 
plant-microbe interactions (Li et al. 2020), a growing number of 
plant (Komis et al. 2015; Schubert 2017) or microbe (Cattoni 
et al. 2012; Gahlmann and Moerner 2014; Young et al. 2012) 
examples illustrate the benefits for resolving targeted nanoscale 
features. Such improvements in clarity can be appreciated when 
visualizing the intricate, minute, and closely spaced branching 
hyphae of symbiotic AM fungi Rhizophagus irregularis within 
a Medicago root via 3D SIM (Fig. 2B and C). 

Another intriguing methodology that uses photon-based 
imaging, termed expansion microscopy (ExM), is a clever ap- 
proach that involves infiltrating a specimen with a polymer and 
anchoring either local proteins, nucleic acids, or both to that 
polymer, which serves as a uniformly expandable scaffold. The 
subsequent isotropic expansion of the polymer matrix in an aque- 
ous environment results in a four- to 20-fold increase in sample 
size (Chang et al. 2017; Chen et al. 2015). Ultimately, ExM pro- 
vides a way to visualize and interrogate subresolution molecu- 
lar and cellular features otherwise beyond the diffraction limit, 
with more routinely available optical and confocal microscopes. 
While walled plants, microbes, and other organisms present a 
special challenge for the ExM process (cell walls need to be 
removed for adequate chemical penetration and expansion), we 
are encouraged that cell wall enzyme cocktails have been suc- 
cessfully applied in plant and fungal systems (Götz et al. 2020; 
Kao and Nodine 2021), and we expect mixed organism strategies 
will be forthcoming. 

Improvements in deep and intact 3D/4D plant tissue imaging, 
thus far, have largely depended on one or more optical section- 
ing, multiphoton excitation, and clearing techniques. However, 
leveraging strategies used in astronomy to correct optical dis- 
tortions as light moves through space, termed adaptive optics 
(AO), has significant potential to extend further the depth for 
high-resolution imaging into thick plant tissues. AO uses a ref- 
erence “guide star”—small fluorescent beads or, in the case of 
plants, an internal auto- or marker fluorescence—to measure 
local distortions (cell wall, chloroplast, vacuole) in the optical 
wavefront caused by sample anomalies. The microscopy system 
then corrects these errors using a deformable mirror or spatial 
light modulator (Hampson et al. 2021; Marx 2017). An early 
application of AO in plants showed that the chloroplast is the 
single most important structure influencing optical degradation 
(Tamada et al. 2014). More recently, an advanced implementa- 
tion of adaptive optics, in combination with lattice light-sheet mi- 
croscopy, demonstrated the remarkable ability to acquire high- 
speed, high-resolution 4D volumes with isotropic voxels of bulk 
samples, including 3D imaging of a green fluorescent protein 
(GFP) microtubule marker in a live Arabidopsis thaliana cotyle- 
don (Liu et al. 2018). While it is still early days for AO, in light 
of sample-dependent local optical distortions inherent in multi- 
organism interactions, we believe it holds much promise not only 
to visualize problematic deeper tissue interactions but also for 
4D dynamic phenomena near the host surface. 

 

X-Ray Tomography Approaches 

X-ray tomography (XRT) imaging, whether done using con- 
ventional lab-based instruments or synchrotron beamline sys- 

tems, is a powerful method for generating detailed 3D volume 
data for large and complicated samples that are difficult or im- 
possible to image with other microscopy platforms. In general, 
XRT generates image data based on variations in sample den- 
sity, produced by differential attenuation of X-rays as they are 
passed from the X-ray source through the sample onto a detec- 
tor. Samples are rotated while hundreds or thousands of digital 
radiographs are captured, and a 3D volume is computationally 
generated using a variety of available reconstruction algorithms. 
X-ray microscopy (XRM) incorporates objective lenses coated 
with a scintillator that converts X-rays into light, which is mag- 
nified by the objective lens before being collected by the de- 
tector. Although technical resolution for the various forms of 
XRT can be calculated, that value is only valid for resolving 
two high-contrast features (e.g., two tungsten wires), whereas 
most biological systems cannot achieve such high levels. Scan 
geometry, sample size and density, X-ray energy, and detector 
resolution combine to impact the actual biological resolution in 
any particular situation. For a more thorough treatment of the 
physics and engineering aspects of XRT imaging, we refer you 
to an excellent review by Jacobsen (2019). 

Although XRT has seen a modest increase in utilization in 
plant science over the past two decades, relatively little work 
has been done using XRT to investigate plant-microbe interac- 
tions. The main reason for this is that conventional lab-based 
XRT instruments do not have the resolving power to do sophis- 
ticated imaging at the cellular and microbial scale at which plants 
and microbes interact. In these instruments, magnification is lim- 
ited by internal cabinet space and the resulting source-sample- 
detector geometry. On the other hand, lab-based XRM instru- 
ments have made more meaningful plant-microbe X-ray imaging 
possible, as recently demonstrated with soybean root nodules, 
mycorrhizal fungi, and foliar pathogens (Duncan et al. 2022) 
and with olive tree cultivars and the bacterial pathogen Xylella 
fastidiosa (Walker et al. 2023) The majority of XRT research on 
plant-microbe interactions has used synchrotron beamline sys- 
tems that allow high-resolution imaging and shorter scan times. 
Access to synchrotron beam time, however, is often challenging, 
requiring collaboration, careful communication, and coordina- 
tion between plant scientists and beamline researchers, reducing 
the broader adoption of this powerful technology. 

There are a number of synchrotron imaging studies in plant- 
microbe interactions. For example, synchrotron imaging was 
applied to explore Esca leaf symptoms in grape leaves to vi- 
sualize vascular occlusions, embolisms, and evidence of fungal 
pathogens (Bortolami et al. 2019). Synchrotron XRT was also 
used to evaluate infection biology in wheat spikes caused by 
the fungal pathogen Fusarium graminearum, taking advantage 
of the edge enhancement properties of synchrotron phase con- 
trast imaging (Brar et al. 2019). Synchrotron imaging was also 
used to examine tomato vasculature for evidence of occlusions 
caused by the bacterial pathogen Ralstonia pseudosolanacearum 
(Ingel et al. 2022). Others (Keyes et al. 2022) combined syn- 
chrotron XRT with X-ray fluorescence and X-ray absorption 
near-edge structure elemental mapping to investigate the inter- 
action of wheat roots with the mycorrhizal fungus Rhizophagus 
irregularis and their spatial relation to phosphorus, sulfur, and 
aluminum in soil. Hou et al. (2022) addressed the sample-size 
limitation of some synchrotron systems and demonstrated high- 
resolution imaging of wheat roots in soil cores up to 150 mm 
in diameter at resolutions of approximately 40 µm, sufficient 
to evaluate some root-microbe interactions. Synchrotron imag- 
ing of leaf mesophyll measured internal surface area (Théroux- 
Rancourt et al. 2021) and demonstrated imaging resolutions that 
could be used to visualize foliar pathogens. 

Another difficulty in using XRT to study plant-microbe in- 
teractions is the typically low contrast of plant and microbial 
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tissues, generating only narrow differences in X-ray attenuation 
with which to form an image. The use of contrast agents is, there- 
fore, critical for the high-resolution XRT imaging necessary for 
the microbial scale, whether synchrotron or lab-based. Exoge- 
nously applied chemical contrast agents have been tested with 
regard to improving plant-microbe XRT imaging. Keyes et al. 
(2017) delivered medical-grade buffered iodine solutions via 
aerial vasculature to visualize pea plants with a conventional lab- 
based XRT instrument, highlighting xylem and phloem tissues 
surrounding root nodules. In another example, iodine, bromine, 
and silver were tested for their ability to enhance soil-plant- 
microbe interactions with synchrotron XRT (Lammel et al. 
2019). The first significant application of contrast agents to plant 
samples for lab-based XRM (Staedler et al. 2013) was used in 
our own research as a starting point for further exploration to in- 
clude plant-microbe interactions (Duncan et al. 2022). This strat- 
egy was applied to an ethanolic phosphotungstic acid–fixed and 
contrasted root nodule in soybean (Glycine max) colonized by 
the nitrogen-fixing bacterial species Bradyrhizobium japonicum 
(Fig. 3). The intact nodule (Fig. 3A; Supplementary Video S1) 
was rendered in multiscale as a 3D cut-away to reveal overall 
nodule structures (e.g., arrows are vascular bundles), and the 
second higher-resolution scan performed (yellow cylinder) re- 
vealed individual nodule cells packed with bacteroids, brightly 
contrasted plant nuclei, as well as uninfected cells (Fig. 3B). 

Localization of heavy metals or other high-contrast materials 
at specific regions of interest is another strategy for enhancing 
XRT imaging, although we are unaware of any plant biology ex- 
amples at this time. One early mammalian example (Metscher 
and Müller 2011) used immune precipitation of metallic silver 
to selectively label and visualize murine tubulin and collagen 
with a lab-based XRM. One challenge for adapting heavy metal 
immunolocalization techniques for XRT in plant-microbe in- 
teractions is penetration of the immunological agents through 
the multiple barriers of plant and fungal cell walls. Genetically- 
encoded expression systems are also being used in animal cell 
research to localize electron-dense compounds for visualization 
by electron microscopy methods. It may be possible to adapt 
these to plant systems to allow XRT visualization of microbial 
interactions. One example is mini singlet oxygen generator, or 
miniSOG (Ng et al. 2016; Shu et al. 2011), in which a geneti- 
cally encoded photo-activated protein is expressed that can lo- 
cally catalyze 3,3-diaminobenzidine (DAB) into an osmiophilic 
reaction product, readily visualized by electron microscopy. An- 
other is the APEX/APEX2 system in which an ascorbate perox- 

 

 

Fig. 3. Multiscale X-ray microscope imaging of soybean nodule. A, Three- 
dimensional (3D) volume rendering (corresponding to Supplementary Video 
S1) from a multiscale X-ray microscope (XRM) scan of a single root nod- 
ule in soybean (Glycine max), caused by colonization by the nitrogen-fixing 
bacterial species Bradyrhizobium japonicum. Note the vascular bundles (ar- 
rows) that carry nutrients to the nodule and nitrogenous compounds to the 

host plant. Scale bar = 500 µm. B, 2D image slice from a second high- 
resolution XRM scan from the yellow region of seen in A. Bacteroids (B) 
are clearly visible, with elevated signal and expanded plant cells with bright 

plant nuclei (N), as well as uninfected cells (asterisks). Scale bar = 50 µm. 
Sample prep and imaging methods used were from Duncan et al. (2022). 

idase gene is linked to a gene of interest for production of a 
precipitate upon incubation with DAB and hydrogen peroxide 
for reaction with osmium (Martell et al. 2017) or silver or gold 
deposition (Bayguinov et al. 2020; Rae et al. 2021). Finally, oth- 
ers generated fluorescent quantum dots conjugated to a mineral 
form of phosphorus, e.g., apatite, and used epifluorescence and 
fluorescence spectral imaging to follow phosphorus uptake by 
Rhizophagus irregularis in an in-vitro carrot root culture sys- 
tem (van’t Padje et al. 2021). The use of quantum dots or other 
electron-dense nanoparticles could be coupled with microbe- 
specific conjugates to locally deposit high contrast material for 
XRT imaging. 

Soft X-ray tomography (SXT) and microscopy (SXM) have 
recently been used to visualize animal and yeast cells, using 
cryo-prepared vitrified samples requiring no additional contrast 
agents, and to generate 3D volume data at the organelle level 
(Bayguinov et al. 2020; Loconte et al. 2022; Okolo 2022). It 
is conceivable that, with appropriate cryo-preservation of plant 
tissues, SXT and SXM could prove valuable additions to the 
tools available for imaging plant-microbe interactions. There 
are additional technologies that can complement synchrotron 
and lab-based XRT imaging of plant-microbe interactions. One 
example is laser ablation tomography, used to visualize changes 
in root morphology caused by root-microbe interactions (Strock 
et al. 2019). Another example is X-ray fluorescence spectroscopy 
coupled with synchrotron XRT, used to map potassium, calcium, 
iron, copper, and manganese in wheat leaves infected by the fun- 
gal pathogen Pyrenophora tritici-repentis (Naim et al. 2021). 
Furthermore, positron emission tomography (PET), which can 
be used to map carbon allocation in roots when 11CO2 is deliv- 
ered to leaves or to map movement of nitrogen into shoots and 
leaves when 13N-ammonia is delivered to roots. PET 3D vol- 
ume data can be coupled with spatial computationally segmented 
XRT scan data and the two volumes overlaid to map carbon and 
nitrogen flux relative to root system architecture (Komarov and 
Tai 2022). These tomography-based analysis tools provide de- 
tailed extension to 3D volume data generated with XRT. Finally, 
we cannot overemphasize the potential power of computational 
tools, such as DeepRecon, that use deep learning algorithms to 
denoise 3D volume data from lab-based XRM scans and signifi- 
cantly reduce scan times by generating high-quality 3D volume 
data with fewer projections (Villarraga-Gómez et al. 2022). Such 
computational image strategies allow improved resolution, con- 
trast, and visualization as well as more robust segmentation and 
quantification of relevant features in microbial interactions with 
their plant host. 

 

Electron Approaches 

Classical TEM and SEM have been primary tools for visual- 
izing microscopic organisms for many decades and, to this day, 
remain critical to assessing the nature of their interactions. We 
refer readers to a very useful compendium of various electron mi- 
croscopy approaches to visualize plant pathogens, including bac- 
teria, mycoplasma, fungi, and viruses (Mendgen and Lesemann 
1991). Conventional ambient temperature preparation protocols 
have established many important findings on plant-microbe in- 
teractions, including subcellular chemical immunolocalization 
(Benhamou and Bélanger 2017) and elemental composition 
(Eder and Lutz-Meindel 2008). However, depending on the bio- 
logical question, physical fixation via cryo-preservation remains 
the gold standard for surface and cytoplasmic ultrastructural 
studies, when appropriate and possible (Gilkey and Staehelin 
1986; Howard 1981; Jeffree and Read 1991; Wightman 2022). 
This is especially the case with labile or dynamic cellular phe- 
nomena and when the special challenges of walled plants and 
microbes, the plant cuticle, and air spaces impede penetration 

https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s1_Video.m4v
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s1_Video.m4v
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s1_Video.m4v
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of chemical fixatives. For example, high-pressure freezing and 
freeze-substitution combined with electron tomography (ET) 
have made possible new discoveries in biology, including ex- 
amples in plants (Otegui 2020; Weiner et al. 2022), microbes 
(Hohmann-Marriott et al. 2006) and plant-microbe interactions 
(Ivanov et al. 2019). ET is an approach in which semi-thick resin- 

embedded sections are incrementally tilted (i.e., ±70°) and a to- 
mogram is reconstructed to allow fine z-slicing (about 3 nm) and 
segmentation to produce and visualize high-resolution 3D mod- 
els of cellular structures. Here, in a deeper dive, we demonstrate 
the benefits of this approach from two recent studies (Ivanov 
et al. 2019; Roth et al. 2019) that discovered two membrane 
systems were produced during arbuscule formation. The fun- 
gus produces an extracellular complex of membrane tubules, 
and the plant host forms a complex of extracellular membrane 
tubules, the intramatrix compartment (IMC), that permeate the 
periarbuscular space (PAS) via evagination of the plant-derived 
periarbuscule membrane. The structure in thin sections of this 
membrane system (Fig. 4A) appeared to be isolated vesicles, 
making it imperative to examine this system using 3D ET. Ivanov 
et al. (2019) used one-micron thick sections and scanning trans- 

mission electron microscopy (STEM) tomography, which allows 
the beam penetration needed for thicker sections, to reveal the 
2D (Supplementary Video S2) and 3D structure of the system 
(Fig. 4B and C; Supplementary Videos S3 and S4). This showed 
that the tubules have vesicle-sized swellings along their length 
and that there are few isolated vesicles. Roth et al. (2019) inter- 
preted the plant membrane system to be composed of extracel- 
lular vesicles. Perhaps due to under-sampling the z axis (using 
250-nm sections) the continuity of the vesicles were not ob- 
served. The fungal membrane tubules form by evagination from 
the fungal protoplast, forming an array (Fig. 4D) that remains at- 
tached in places to the fungal protoplast, including maintaining 
continuity of tubule lumen with protoplast cytoplasm, as clearly 
shown (Roth et al. 2019). These two systems (fungal tubules 
and IMC) are well-positioned to facilitate exchange of materi- 
als between the symbiotic partners. There have been previous 
reports of extracellular tubules in mycorrhizal fungi (Bonfante- 
Fasolo 1987; Cox and Sanders 1974; Dexheimer et al. 1985; 
Gianinazzi-Pearson et al. 1981) at a time when ultra-rapid cryo- 
fixation was not generally available. These studies used chemi- 
cal fixation and solvent dehydration. Chemical fixation is a slow 

 
 

 
Fig. 4. Electron microscopy tomography of high-pressure frozen roots of Medicago truncatula colonized with Rhizophagus irregularis. A, A thin section of two 
groups of arbuscules (AR) surrounded by a region of enlarged periarbuscular space (PAS). Individual components did not appear interconnected when examined 

as thin sections. Note the intramatrix compartment (IMC) component docked at the periarbuscule membrane (arrow); P = plastid. Scale = 1 µm. B, Full model 
of a tomogram containing arbuscules. Supplementary Video S2 scrolls through stack of 528 slices used for the tomogram model and Supplementary Video S3 
shows a rotation of modeled three-dimensional (3D) volume. The plant-derived membrane system within the interfacial IMC was visualized in cyan, fungal 

arbuscule tubules in yellow, the periarbuscule membrane in gray, the fungal protoplast in magenta, and the fungal cell wall in red. Scale = 500 nm. C, Same 
tomogram as that shown in B, emphasizing the distribution of narrow membrane pores (yellow spheres) throughout the IMC (cyan). In red are three regions 
of the periarbuscule membrane (PAM) from which the IMC originated and remains docked via pores. Supplementary Video S4 aids in understanding the 3D 

distribution of the pores. Modified from Ivanov et al. (2019). Scale = 500 nm. D, A thin section of fungal arbuscules with associated extracellular fungal tubules 
(white arrows) (unpublished). FP = fungal protoplast, FCW = fungal cell wall, PAS = interfacial matrix, asterisk = plant cytoplasm. Scale = 250 nm. Images 
and movies used with permission (Ivanov et al. 2019). 

https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s2_Video.mov
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s3_Video.mov
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s4_Video.mov
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s2_Video.mov
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s3_Video.mov
https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s4_Video.mov
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process that does not preserve all cellular components, and sol- 
vent dehydration extracts components and also causes shrinkage 
or swelling artifacts. Thin sections of this material showed ul- 
trastructure that manifested these artifacts and the vesicles seen 
in the PAS were less prominent and easily ignored. However, 

cellular preservation was significantly improved by ultra-rapid 
freezing (Ivanov et al. 2019; Roth et al. 2019), all components 
of the system are fixed within a few milliseconds, and freeze- 

substitution removes tissue water in a frozen specimen, reducing 
shrinkage and swelling artifacts. Consequently, the matrix mate- 
rial of the PAS was not extracted and has a uniform distribution, 

giving membranes, including those of fungal tubules and the 
IMC, smooth profiles. In addition, resolving ultrastructure in 
3D via ET of thick sections was shown here to be very helpful 
for understanding the function of these two membrane systems. 
Resin-embedded ET, until recently, was the most prevalent 3D 
approach for high-resolution studies of subcellular structures at 
the electron microscopy level. However, in 2017, the Nobel Prize 

in chemistry was awarded to a group of scientists who devel- 
oped a group of cryo-electron microscopy techniques enabling 
the visualization of high-resolution structures (subnanome- 
ter) of frozen-hydrated biomolecules (Cressey and Callaway 
2017; Henderson 2018). A rapidly growing variant, “cryoET” 
(Dillard et al. 2018; Doerr 2017), has now supplanted more tra- 
ditional resin-based approaches and cryoET has now evolved 

to include in situ visualization of unstained biomolecule struc- 
tures in frozen cells and tissues. A few important criteria must 
be met for successful in situ cellular cryoET. First, the sample 
must be vitrified (frozen without ice crystal damage) to eliminate 
the possibility that ice crystals distort the native cell structure. 

Second, the sample must be sufficiently thin (about 200 nm) 
to create a tomogram tilt series, which is typically achieved by 
the creation of thin lamella via focused ion beam (FIB) milling. 
While plunge-freezing specimens on special TEM grids is suf- 
ficient for many unicellular organisms, such as for chloroplast 
structures in algae (Engel et al. 2015; Li et al. 2021), multiorgan- 
ism and bulk tissues (Harapin et al. 2015; Mahamid et al. 2015) 
more analogous to most plant microbe-interactions will neces- 
sitate high-pressure freezing. A number of multiscale cryoET 

workflows now include the possibility to contextually image the 
unstained frozen cells and tissues via cryo-fluorescence, FIB- 

SEM 3D cryo serial block-face imaging, lamella creation, and 
then, finally, cryoET tomograms (Mahamid et al. 2015; Schaffer 
et al. 2019; Wu et al. 2020). 

While ET is the highest-resolution approach to derive 3D 
structural information from cellular organelles, volumes created 
from a few 100-nm thick lamella can be limiting for understand- 
ing larger cellular features, entire cells, or tissues. This can be ad- 
dressed with frozen samples, by alternating FIB surface milling 
and low voltage SEM imaging to create 3D datasets. Remark- 
able contrast can be achieved in the SEM of the unstained sample 
surface, which appears to be attributed to slight charge differ- 
ences between the cell proteins, membranes, and vitrified ice 
(Schertel et al. 2013; Vidavsky et al. 2016). More recently, 
plasma FIB milling of cryo samples, using a user-selectable 
range of gasses (e.g., xenon, nitrogen, oxygen, argon) has shown 
great promise to further improve volume imaging and cryoET 
workflows (Dumoux et al. 2022) without fixation or metal stain- 
ing, as demonstrated in chlamydomonas chloroplast (Fig. 5; 
Supplementary Video S5). 

Alternatively, when specialized cryo-workflows are not avail- 
able, a group of 3D resin-based methods can be used that enable 
acquisition of much larger volumes (hundreds of cubic microm- 
eters) at nanoscale resolution with resin embedded samples, col- 
lectively termed volume electron microscopy (vEM) (Peddie and 
Collinson 2014) and touted by Nature as one of “seven technolo- 
gies to watch in 2023” (Eisenstein 2023). While published re- 

ports specific to plant-microbe interactions are lacking, thus far, 
the potential for vEM to serve as a workhorse for creating full 3D 
volumes of plant-microbe interaction sites cannot be overstated. 
Using classical conventional fixation and cryo-preservation fol- 
lowed by resin embedment, users can apply array tomography, 
which collects serial sections of target structures onto a rigid 
substrate (e.g., TEM grid, silicon wafer, coverslip) and images 
them using light microscopy with one or both TEM and SEM 
(Collman et al. 2015a; Delpiano et al. 2018; Mendenhall et al. 
2017; Smith 2018). Alternatively, an intact resin block can be 
mounted and back-scatter SEM images can be acquired of the 
resin block face after repeatedly removing thin layers via an in- 
situ microtome (serial block-face SEM) or surface ablation FIB- 
SEM (Bélanger et al. 2022; Czymmek et al. 2020; Harwood 
et al. 2019; Kittelmann et al. 2016; Oi et al. 2017). With vol- 
ume SEM, detailed 3D spatial information is possible down to 
a few nanometers, although practically, imaging volumes are 
typically restricted to a maximum of a few hundred microm- 
eters, due to the required acquisition times (up to days) and 
post-processing requirements. Notably, serial block-face vEM 
sample preparation often requires more prolonged and special- 
ized fixation, staining, and embedding protocols, to ensure ade- 
quate signal-to-noise and beam-stable samples; however, these 
protocols are well-established and available to the community. 

 
Future Perspectives and Challenges 

As described herein, select and sophisticated imaging tools 
and corresponding molecular and sample preparation method- 
ologies were highlighted that have been demonstrated or have 
the potential to provide immediate and practical application 
to an array of plant-microbe studies. Collectively, they offer 
opportunities to generate one or more exquisite high-speed, 
high-resolution, multiscale, and multidimensional perspectives 
of symbiotic and disease states in plants. A decision point on 
which platform or platforms would be most appropriate to an- 
swer a specific biological question is highly dependent on the 
ultimate research objectives; however, a quick guide of major 
capabilities, limitations, length scales, and general applications 
are compared and contrasted in Table 1 and Figure 6 for your 
convenience. 

 

 

Fig. 5. Three-dimensional (3D) volume electron microscopy chlamy- 
domonas dataset acquired on a Thermo Scientific Helios 5 Hydra plasma- 
focused ion beam scanning electron microscope. A, Single 5-nm resolu- 
tion (x-y-z) secondary electron cryo block-face image of unstained chla- 

mydomonas showed a complement of well-differentiated cell structures. N = 
nucleus, CL = chloroplast, P = pyrenoid, CW = cell wall, V = vacuoles, and 

G = Golgi. B, A 3D rendering of selected chlamydomonas organelles from 
A showed the chloroplast and its thylakoid membranes (purple), pyrenoid 

tubules (orange), Golgi (yellow), and nucleus (cyan). Scale bars = 1 µM. 
We thank J. Plitzko (Max Planck Institute of Biochemistry) and A. Kotecha 
(Thermo Fisher Scientific) and team for permission to use underlying data de- 
posited on the electron microscopy public image archive (EMPIAR-11275). 
This data was processed using Thermo Fisher Scientific Amira and, specifi- 
cally, the deep learning modules for segmentation. Amira software was also 
used to generate 3D visualizations, post-process the data, and characterize 
the sample. We thank R. Chalmers, M. McClendon, and Thermo Fisher’s 
Visualization and Data Sciences group for their support and work on the 
data. 

https://apsjournals.apsnet.org/doi/suppl/10.1094/MPMI-10-22-0208-FI/suppl_file/MPMI-10-22-0208-fi-s5_Video.mp4
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Additional approaches worth watching that do not neatly fit in 
the approaches described above, such as correlative microscopy, 
essentially imaging the same sample with multiple imaging 
modalities, continue to evolve and also will provide important 
contributions to the field. One form, commonly known as CLEM 
(correlative light and electron microscopy), has seen increasing 
tools and applications in plants, microbes, and their interactions 
(Caplan et al. 2011; Marion et al. 2017; Modla et al. 2015; Weiner 
et al. 2022). Ultimately, correlative microscopy can combine 
the benefits of two different approaches, such as visualizing the 
chemical specificity of florescent probes, overlaid onto the ul- 

 

 

Fig. 6. Imaging platform comparison (sample size versus resolution). This 
figure shows the relative sample sizes possible and common imaging plat- 
form resolution ranges to help guide appropriate selection for specific bio- 
logical questions including X-ray microscopy (XRM), widefield and confo- 
cal microscopy, lightsheet microscopy, super-resolution microscopy (Super 
Res), scanning electron microscopy (SEM) and volume electron microscopy 
(vEM), and transmission electron microscopy (TEM) and electron tomog- 
raphy (ET). Adopted and modified from Zeiss Microscopy 3D microscopy 
applications. 

trastructural information provided from electron microscopy. In 
the extreme implementation, super-resolution images of fluo- 
rescent protein fusions can be acquired at cryogenic tempera- 
tures, and the sample can subsequently be processed for volume 
FIB-SEM and merged into pixel-precise merged 3D volumes 
(Hoffman et al. 2020). More broadly speaking, there are nu- 
merous other suitable ways to mix and match between localiza- 
tion microscopy, electron microscopy, and XRM protocols for 
2D and 3D integration of multimodal and multiscale datasets 
(Caplan et al. 2011; Duncan et al. 2022; Mitchell et al. 2021). 

Additionally, spatial-omics techniques (Chen et al. 2020, 
Giacomello and Lundeberg 2018; Salmén et al. 2018) are rapidly 
advancing and transforming the way we understand complex 
organisms and their interactions with the environment and are 
increasingly explored in plants. One form, “multiplex” mi- 
croscopy, has been increasingly applied for biomedical appli- 
cations in complex tissue systems to understand human disease 
(i.e., cancer, clinical diagnostics, connectomics) (Collman et al. 
2015b; Tan et al. 2020; Xia et al. 2019). Multiplex microscopy 
simultaneously or sequentially visualizes an extended array of 
biomolecular probes on single sections or cell monolayers, thus 
providing high-dimensional physical mapping of numerous cel- 
lular phenotypes and components over heterogeneous tissues, 
and complements other high-resolution omics such as single-cell 
sequencing. Despite the fact that plants pose unique challenges 
(i.e. cell walls, large air or vacuolar spaces), there has been some 
limited adoption (i.e., small RNA and messenger RNA localiza- 
tion in paraffin sections [Huang et al. 2019, 2020]). However, we 
expect that the utility of this approach will experience increased 
value in plant-microbe interactions as the technique evolves, es- 
pecially when combining precise localization of any array of 
chemically specific fluorescent probes with ultrastructural fea- 
tures. 

While opportunity abounds, it must be noted that there remain 
significant barriers and caveats for routine use to provide high- 
quality outcomes and ultimately broad adoption of advanced mi- 
croscopy approaches. First, limited availability and affordabil- 
ity, especially for more specialized technologies such as cryoET, 

 

 
Table 1. Imaging platform comparison of key capabilities and general applications 

 

 
Platform 

Resolution 
(lateral) 

 
Advantages 

 
Disadvantages 

 
Applications 

Widefield 250 nm Lowest cost, rapid screening, Bulk/thick/deep plant tissues more Histology, in situ hybridization, 
  work-horse approach difficult classical stains/protocols. 
    Sectioned tissues 
Confocal 120 nm 3D optical sectioning of fixed and Point scanning systems can be slow Fluorescent protein tagged probes of 
  live specimen, thick plant tissues  microbes, pathogens, and 
    interactions 
Lightsheet 500 nm 3D optical section of live and cleared Resolution reduced compared with Development and morphology 
  tissues; fast acquisition point scanning studies 
Super-resolution 20 nm Single molecule sensitivity; highest Typically requires postprocessing of Suborganelle targets over large areas 
  resolution photon-based imaging multiple images (can be slow)  

X-ray tomography 100 nm to mm 3D imaging of intact, delicate, or Often requires exogenous contrast Phenotyping, development and 
  complicated samples over multiple agents; probe localization and morphology; aid to volume 
  scales, or both suborganelle resolution not yet electron microscopy in correlative 
   demonstrated in plant samples workflows 
Transmission electron 0.2 nm Highest resolution 2D imaging; most Fixed/dead cells; small sample size Cell/organelle ultrastructure (e.g., 

microscopy  proteins and membranes visible  mutants, plant-microbe 
    interactions) 
Electron tomography About 1 nm Highest resolution 3D imaging; cryo Complex sample preparation; Structural biology of cell organelles, 
  and conventional preps possible restricted sample size; vitrification supra-molecular assemblies, 
   required for cryo-prep multiprotein structures, and viruses 
Scanning electron 0.5 to 5 nm High-resolution surface imaging and Dead/fixed samples; surface only Plant-microbe interactions and 

microscopy  atomic contrast  high-resolution plant/microbe 
    surface imaging 
Volume electron About 3 nm Nanoscale resolution; isotropic Complex sample preparation 3D ultrastructural imaging and 

microscopy  voxels possible  quantification of whole organelles, 

    cells, and tissues 
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super-resolution, vEM, and beamline synchrotron XRT. Many 
of these platforms are not universally accessible at smaller, mid- 
size, or even some large institutions. From a practical standpoint, 
to purchase, maintain, and operate these high-end systems re- 

quire a critical mass of investigators with clear scientific need in 
order to justify ownership. Furthermore, when available, tech- 
nical operators very often lack specific expertise in preparing, 
handling, or interpreting results from plants or microbe samples. 

From a sample handling and imaging perspective, special- 
ized techniques using cryo-preservation have limits in applica- 
ble tissue size (typically less than a few hundred micrometers) 
and are prone to artifacts related to the freezing process itself, 

such as sample-dependent ice crystal formation, devitrification, 
pressurization, mechanical damage, space-filler effects, to name 
just a few. Likewise, conventional chemical fixation, depend- 

ing on the nature of the biological question and the imaging 
platform applied, may be the most appropriate approach, with 
the caveat of known artifacts due to aldehyde fixation, osmotic 
and buffer effects, and very slow and limited penetration of fixa- 
tives and chemical reagents into thick plant and microbial tissues 
or systems. For live-cell work, steps should be taken to ensure 
the tissues are consistently prepared, not overly manipulated or 
stressed (including light-induced phototoxicity and environmen- 
tal changes), and best reflect the biology being measured. For 

example, does overexpression of fusion proteins alter biological 
function? Does extraction of a root from the soil or excision of 
a leaf from the intact plant alter the context of its local environ- 
ment? Informed consideration and appropriate understanding of 
the nuances of plant and microbial sample preparation, their fun- 
damental cell structure and biology, and potential imaging and 
molecular artifacts must be carefully considered when interpret- 
ing results. Addressing these realities may also help resolve the 
controversial research area of plant-based apoplastic extracellu- 
lar vesicles (EVs) (Pinedo et al. 2021) and whether they are non- 
artifactual and biologically relevant structures in walled plants 
and fungi. The uncertainty of the origin of EVs is compounded by 
the lack of compelling high-quality and direct in planta evidence 
(3D likely would be required) that shows definitive cell wall tran- 
sit to the apoplast. Furthermore, a reasonable mechanism must 
be defined that would permit numerous approximately 150-nm 
EVs (Rutter and Innes 2017) to transit and be released into plant 

extracellular airspaces despite the fact that the effective plant 
cell-wall pore size typically ranges between about 3.5 to 8.5 nm 
(Carpita et al. 1979; Read and Bacic 1996; Proseus and Boyer 
2005). Regardless of approach, such molecular or microscopy 
studies must be viewed with caution, as we apply our very best 
efforts to unequivocally ensure we are not measuring the artifac- 
tual release of cytoplasmic vesicles, as plants and fungal cells 
are prone to micro breaks or rupture during sample processing 
from osmotic effects or infiltration or extraction studies. Under 
the right conditions, it seems advanced microscopy could help 

address these gaps. 
Ultimately, for the reasons mentioned above, this may neces- 

sitate more opportunities for training scientists to understand the 
potential and appropriate applications, limitations, and pitfalls 
of these advanced microscopy tools for focused plant-microbe 
studies. This would include fundamental and advanced platform 
and workflow training (e.g., sample preparation, data acquisi- 
tion, image processing, statistically relevant quantification and 
interpretation), and we highly encourage cross-disciplinary col- 
laborations in which experts in respective areas support the suc- 
cessful, well designed, controlled, and robust experimental out- 
comes. 

Finally, there is often no substitute for the incorporation of 
routine microscopy to screen samples, augment molecular and 
genomic studies, and provide important and critical insights into 
the mechanisms of plant-microbe interactions. When a deeper 

understanding is warranted, a multitude of powerful techniques 
and imaging technologies are already at hand and many de- 
scribed herein can be applied. Some are more accessible (e.g., 
confocal microscopy and fluorescent protein expression), while 
others are much less common, require technical resources, or 
have complex workflows (Table 1), including, but not limited 
to, XRM, cryoET, AO. We anticipate a number of these more 
specialized approaches will become more mainstream, cost ef- 
fective, and improve their usability in the very near future. Nev- 
ertheless, and regardless of approach to solve pressing biological 
questions, the benefits of these tools remain largely underutilized 
in the field, yet their potential to further substantially benefit and 
propel our fundamental knowledge of plant-microbe interactions 
forward is essentially limitless. 
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