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Abstract
Background: Reptiles and amphibians provide untapped 
potential for discovering how a diversity of genetic path-
ways and environmental conditions are incorporated into 
developmental processes that can lead to similar functional 
outcomes. These groups display a multitude of reproductive 
strategies, and whereas many attributes are conserved with-
in groups and even across vertebrates, several aspects of 
sexual development show considerable variation. Summa-
ry: In this review, we focus our attention on the development 
of the reptilian and amphibian ovary. First, we review and 
describe the events leading to ovarian development, includ-
ing sex determination and ovarian maturation, through a 
comparative lens. We then describe how these events are 
influenced by environmental factors, focusing on tempera-
ture and exposure to anthropogenic chemicals. Lastly, we 
identify critical knowledge gaps and future research direc-
tions that will be crucial to moving forward in our under-
standing of ovarian development and the influences of the 

environment in reptiles and amphibians. Key Messages: 
Reptiles and amphibians provide excellent models for un-
derstanding the diversity of sex determination strategies 
and reproductive development. However, a greater under-
standing of the basic biology of these systems is necessary 
for deciphering the adaptive and potentially disruptive im-
plications of embryo-by-environment interactions in a rap-
idly changing world. © 2022 S. Karger AG, Basel

Introduction

The environment experienced by an organism during 
development can have profound organizational and eco-
logical effects, some of which persist throughout life 
[West-Eberhard, 1989; Miner et al., 2005]. This ability to 
alter phenotype in response to environmental cues (i.e., 
phenotypic plasticity) can be adaptive in several contexts, 
but also leaves organisms sensitive and vulnerable to 
changing or altered environmental conditions [DeWitt et 
al., 1998]. Reptiles and amphibians display a broad range 
of reproductive strategies, spanning oviparous to vivipa-
rous, lecithotrophic to matrotrophic, and environmental 
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to genotypic sex determination [Thompson and Speake, 
2002; Bachtrog et al., 2014; Blackburn, 2015]. Relative to 
other vertebrate groups, this diversity is unparalleled and 
provides fertile ground for comparative developmental 
studies. Yet, the potential for understanding how envi-
ronmental cues are incorporated into diverse develop-
mental programs in adaptive and disruptive contexts re-
mains relatively untapped in these groups. Arguably, one 
of the most important developmental processes for adult 
reproductive fitness is the proper organization of the 
germ cell-containing gonad. The decision to develop a 
testis or ovary requires precise coordination of genetic 
and endocrine signaling pathways in response to intrinsic 
and extrinsic cues [Capel, 2017], and sexual development 
in reptiles and amphibians provides unique opportunities 
for disentangling how divergent pathways arising from 
conserved genes can lead to similar functional outcomes 
under varied environments. However, understanding 
this diversity from both proximate and ultimate perspec-
tives requires extensive knowledge of the basic biological 
events that occur within an organism in an adaptive con-
text, which is lagging in these groups, especially relative 
to mammals.

Basic Comparative Development

Mechanisms of Sex Determination
Ovaries and testes emerge during development from 

common bipotential primordia. A remarkable diversity 
of mechanisms exists to initially steer the bipotential go-
nad toward the ovarian versus testicular fate, in a process 
known as primary sex determination. Reptiles and am-
phibians uniquely exemplify this diversity with every ma-
jor sex-determining mechanism (SDM) represented in 
these groups, including female heterogametic (ZW) sex 
chromosomes (e.g., majority of snakes [Matsubara et al., 
2006], African clawed frog [Yoshimoto et al., 2010]), male 
heterogametic (XY) sex chromosomes (e.g., some lizards 
[Gamble et al., 2014, 2015], boas and pythons [Gamble et 
al., 2017]), polygenic sex determination (e.g., some am-
phibians [Nakamura, 2009; Miura, 2017; Ruiz-Garciá et 
al., 2021]), and environmental sex determination (e.g., 
some squamates [Charnier, 1966; Holleley et al., 2015], 
many turtles [Bull, 1980], all crocodilians [Lang and An-
drews, 1994], and tuatara [Mitchell et al., 2006]) [re-
viewed extensively elsewhere; for example, see Valenzu-
ela and Lance, 2004; Bachtrog et al., 2014; Capel, 2017]. 
The distribution of different SDMs across the phylogeny 
of reptiles and amphibians suggests that evolutionary 

transitions between SDMs occur frequently and some-
times rapidly [Janzen and Phillips, 2006; Pokorná and 
Kratochvíl, 2009; Bachtrog et al., 2014; Jeffries et al., 
2018]. For example, a study of the SDMs of 12 gecko spe-
cies found evidence for 17–25 transitions between XX/
XY, ZZ/ZW, and temperature-dependent sex determina-
tion (TSD) systems [Gamble et al., 2015]. Transitions be-
tween sex determination systems also occur within spe-
cies, as is shown in the frog species Rana rugosa which 
exhibits different SDMs (XX/XY and ZZ/ZW) across dif-
ferent populations in Japan [Miura, 2007]. Thus, this 
group provides opportunities to gain novel insights into 
variation in the transcriptional networks and cellular pro-
cesses underlying early ovarian development as well as 
the evolutionary forces shaping this variation.

The lens through which mechanisms of sex determi-
nation in reptiles and amphibians are examined has large-
ly been shaped by studies of the mammalian XY and avi-
an ZW systems. Both of these SDMs are evolutionarily 
stable, highly canalized, and under the control of a single 
“master” sex-determining locus (e.g., SRY in mammals 
and DMRT1 in birds) [Sinclair et al., 1990; Koopman et 
al., 1991; Smith et al., 2009; Graves, 2016; Capel, 2017]. 
This contributed to the idea that vertebrate sex determi-
nation broadly invokes the same transcriptional hierar-
chy, and variation in SDMs across species is limited to the 
initial upstream “switch” operating at the top of this hier-
archy [McLaren, 1988; Wilkins, 1995; Crews and Bull, 
2009]. However, subsequent work in reptiles and am-
phibians is revealing a much more complex picture [Shoe-
maker and Crews, 2009; Czerwinski et al., 2016; Yatsu et 
al., 2016; Deveson et al., 2017]. In fact, sex determination 
often involves nuanced interactions between multiple 
loci and environmental signals in these taxa [Barske and 
Capel, 2008; Pen et al., 2010; Bachtrog et al., 2014; Hol-
leley et al., 2015; Deveson et al., 2017; Lambert et al., 2018, 
2019]. Variation exists at multiple points in the transcrip-
tional networks underlying sexual fate commitment and 
gonadal differentiation, and the key unifying property of 
these networks is not their hierarchical nature, but rather 
a robust mutual antagonism (i.e., genes promoting ovar-
ian fate simultaneously inhibit those promoting testis 
fate, and vice versa) which permits network flexibility 
[Crews and Bull, 2009; Herpin and Schartl, 2015; Capel, 
2017; Adolfi et al., 2021].

Despite the profound differences in SDMs between 
mammals, birds, reptiles, and amphibians, many of the 
same genes or gene families have been recruited to serve 
in the transcriptional networks underlying sex determi-
nation across taxa, albeit in varying configurations. Dou-
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blesex and mab-3 (DM) domain genes, named for their 
association with sex determination in Drosophila melano-
gaster and Caenorhabditis elegans and characterized by a 
zinc-finger DNA-binding motif, are perhaps the best ex-
amples of this phenomenon [Matson and Zarkower, 
2012]. A paralogue of the DM-domain gene DMRT1, 
which determines sex in birds through a Z-linked dosage-
sensitive mechanism [Smith et al., 2009], resides on the 
W-chromosome in the African clawed frog (Xenopus lae-
vis) and serves as the decisive regulatory signal in this spe-
cies directing gonadal development toward the ovarian 
fate [Yoshimoto et al., 2008]. X. laevis also possesses an 
autosomal copy of DMRT1, which directs testis develop-
ment in the absence of the W-linked copy (DM-W). The 
DM-W locus encodes a truncated protein lacking key 
functional domains and is thought to antagonize the mas-
culinizing function of the autosomal copy of DMRT1 
through an underlying dominant negative mechanism 
[Okada et al., 2009; Matson and Zarkower, 2012]. In the 
red-eared slider turtle (Trachemys scripta), a species rely-
ing solely on temperature to determine gonadal fate, 
DMRT1 expression responds to incubation temperature 
early in the thermosensitive period and is necessary for 
testis development. Interruption of DMRT1 expression in 
T. scripta embryos at male-promoting temperatures re-
sults in the bipotential gonad proceeding towards the 
ovarian fate [Ge et al., 2017]. Even among mammals, in-
cluding humans and mice, DMRT1 serves a critical role 
in promoting testis differentiation and maintaining tes-
ticular fate into adulthood through its antagonism of the 
ovarian-specific transcription factor forkhead box L2 
(FOXL2) [Raymond et al., 2000; Krentz et al., 2009; Mat-
son et al., 2011; Capel, 2017].

Many of the genes that show evidence of conserved 
upstream roles in sex determination across vertebrates 
are involved in promoting testis fate (e.g., DM-domain 
genes, Sox genes, AMH), and in their absence ovarian de-
velopment proceeds [Herpin and Schartl, 2015]. There 
are currently no well-substantiated explanations for this 
pattern, but what is clear is that development of an ovary 
requires robust repression of the transcriptional net-
works promoting testis fate, and vice versa. The interac-
tion of DM-domain genes and Sox genes with FOXL2 and 
Wnt signaling (particularly the WNT4/R-spondin 1/ 
β-catenin pathway) typifies this mutual antagonism. 
During mammalian sex determination, WNT4 and 
RSPO1 (R-spondin 1) are expressed in the somatic pro-
genitors of the gonad (which will eventually take on the 
fate of either granulosa cells or Sertoli cells) and trigger 
stabilization and translocation of cytoplasmic β-catenin 

into the nucleus [Rotgers et al., 2018]. Following this ini-
tiation of the WNT4/R-spondin 1/β-catenin pathway, ex-
pression of FOXL2 is upregulated leading somatic pro-
genitors to take on the fate of granulosa cells and ulti-
mately promoting ovarian differentiation [Rotgers et al., 
2018]. Interruption of Wnt4, Rspo1, or Ctnnb1 (β-catenin) 
function in mice leads to upregulation of Sox9 and partial 
ovarian to testicular fate reversal [Vainio et al., 1999; 
Jeays-Ward et al., 2003; Chassot et al., 2008; Rotgers et al., 
2018]. Further, deletion of Foxl2 in adult mouse ovaries 
leads to upregulation of Dmrt1 and Sox9 and transdiffer-
entiation of the ovary to testicular morphology, implicat-
ing Foxl2 in the active maintenance of ovarian fate into 
adulthood (similar to the previously discussed role of 
Dmrt1 in testis maintenance) [Uhlenhaut et al., 2009].

The role of FOXL2 and the WNT4/R-spondin 1/ 
β-catenin pathway in promoting ovarian development 
and antagonizing the masculinizing actions of DMRT1 
and SOX9 appears to be at least partially conserved among 
reptiles and amphibians. In several reptiles with TSD, in-
cluding T. scripta and Chelydra serpentina [Rhen et al., 
2007, 2021], RSPO1 and FOXL2 exhibit upregulation at 
female-promoting temperatures during the thermosensi-
tive period. Further, in T. scripta, ectopic activation of 
canonical Wnt signaling at male-promoting tempera-
tures results in partial sex reversal of the gonadal medul-
la, however inhibition of Wnt signaling does not sex-re-
verse differentiating ovaries suggesting this signaling 
pathway is not necessary for ovarian development in this 
species [Mork and Capel, 2013]. In the American alligator 
(Alligator mississippiensis), another species with TSD, 
RSPO1 does not exhibit differential expression during the 
thermosensitive period, though both WNT4 and FOXL2 
are upregulated at female-promoting temperatures [Yat-
su et al., 2016; Rice et al., 2017]. In 6 anuran species (X. 
laevis, Bombina bombina, Bufo viridis, Hyla arborea, 
Rana arvalis, and Rana temporaria) with genetic sex de-
termination (GSD), RSPO1 expression is upregulated in 
females during sex determination [Piprek et al., 2013]. In 
the common Indian garden lizard (Calotes versicolor), a 
species with GSD but for which the mechanism is poorly 
understood, both FOXL2 and RSPO1 are expressed in the 
developing ovary, and proteins appear to be localized in 
pre-granulosa cells [Priyanka et al., 2018]. The transcrip-
tional networks underlying sex determination in reptiles 
and amphibians appear to rely on genes from conserved 
gene families with known roles in vertebrate sex determi-
nation, particularly through the antagonistic actions of 
testis-promoting DM-domain genes/Sox genes and ova-
ry-promoting FOXL2 and the WNT4/R-spondin 1/ 
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β-catenin pathway. It should be noted, however, that our 
view remains limited. There is substantial evidence that 
genes with conserved roles in sex determination do not 
necessarily follow the same temporal trajectory during 
development in these taxa as they do in the well-charac-
terized systems of model organisms (i.e., SOX9 expres-
sion in mammals vs. reptiles with TSD) [Western et al., 
1999]. This suggests that as we increasingly move away 
from candidate-gene approaches and instead apply more 
unbiased sequencing approaches to examine the repro-
ductive development of reptile and amphibian species, we 
are likely to uncover a more varied and nuanced perspec-
tive on the diversity of vertebrate sex determination.

Dual Functions of Transcriptional Pathways in Sex 
Determination and Gonadal Differentiation
The connections between variation in transcriptional 

networks underlying sex determination and variation in 
processes governing the morphological differentiation of 
the ovary and testis across species are far from clear, es-
pecially in reptiles and amphibians. One complication 
that clouds understanding of these connections is the fact 
that many of the same genes that have been co-opted to 
serve as regulators of sex determination have dual func-
tions in the morphological differentiation and/or gonad-
al function of both sexes. Further, the roles of these genes 
in morphological differentiation are not necessarily de-
pendent upon their roles in sex determination. For ex-
ample, SOX9 does not appear to play an upstream role in 
sex determination in Xenopus tropicalis, as it does in 
mammals, but SOX9 does appear to serve important roles 
in gonadal function. In this species, SOX9 is upregulated 
after gonadal differentiation in both sexes, however in the 
testis, SOX9 is restricted to the nuclei of Sertoli cells, while 
in the ovary, SOX9 is first localized in the nuclei of previ-
tellogenic oocytes and then later is localized to vitello-
genic oocytes [el Jamil et al., 2008; Vining et al., 2021]. In 
X. laevis, DMRT1 contains 2 promoters, one of which 
controls germ cell numbers in both sexes, and when 
knocked down, leads to female-to-male sex reversal in a 
subset of frogs [Mawaribuchi et al., 2017]. Further, close-
ly related species with very little variation in adult ovarian 
and testicular morphology/function can rely on vastly 
different systems of sex determination (e.g., clades of tur-
tles with both TSD and GSD species) [Valenzuela and 
Lance, 2004]. Few studies in reptiles and amphibians have 
simultaneously characterized the time-course of tran-
scriptional and cellular events during sex determination 
[Yao and Capel, 2005], yet research of this nature is like-
ly to yield critical insights into ways in which transcrip-

tional variation during sex determination may relate to 
variation in cellular processes underlying gonadogenesis 
and differentiation. For example, the somatic precursors 
to granulosa or Sertoli cells in the bipotential gonad are 
largely considered to be the site of primary sex determina-
tion in many vertebrates, yet the role of germ cells in this 
process has been relatively neglected, though germ cell-
specific genes have been implicated in contributing to sex 
determination in some species, such as the TSD species, 
Mauremys mutica [Liu et al., 2021]. How might reptiles 
and amphibians differ in the site of primary sex determi-
nation within the bipotential gonad, and how might this 
influence the behavior of different cell populations dur-
ing gonadogenesis? Are there patterns of cellular organi-
zation or gonadal structure that link species relying on 
similar SDMs? These and many other related questions 
await further inquiry.

The Role of Estrogen Signaling in the Developing 
Ovary
Development of the ovary in reptiles and amphibians 

largely appears to converge on the production of estro-
gen, which generally serves as a conserved readout for 
commitment to the ovarian fate. One of the earliest piec-
es of evidence for this came from the demonstration of 
reptile and amphibian embryos’ sensitivity to the influ-
ence of exogenous estrogen exposure [Bull et al., 1988; 
Hayes, 1998]. Reptiles with TSD provide some of the 
clearest examples of this sensitivity. Early experiments in 
T. scripta, A. mississippiensis, C. serpentina, Eublepharis 
macularius, and Trionyx spiniferus revealed that embryos 
incubated at male-promoting temperatures and exposed 
to exogenous 17β-estradiol (E2) during the thermosensi-
tive period developed ovaries [Bull et al., 1988; Crews et 
al., 1989; Wibbels et al., 1991; Rhen and Lang, 1994; Koh-
no et al., 2015]. These findings were followed by the dis-
covery that expression of the gene CYP19A1 which en-
codes aromatase, the enzyme that converts testosterone 
to estrogen, is upregulated at female-promoting tempera-
tures in these species, though the timing of this upregula-
tion varies. In C. serpentina, CYP19A1 exhibits delayed 
upregulation in response to female-promoting tempera-
tures suggesting the influence of estrogen may be limited 
to ovarian differentiation rather than initial sex determi-
nation [Rhen et al., 2007; Rhen and Schroeder, 2010]. 
Similarly, CYP19A1 expression and aromatase activity is 
not upregulated until late in the thermosensitive period 
(stage 23–24) in A. mississippiensis [Milnes et al., 2002; 
Parrott et al., 2014]. In T. scripta, CYP19A1 expression is 
upregulated in the middle of the thermosensitive period 
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(stage 18), though in some studies its expression appears 
to precede that of FOXL2 [Ramsey et al., 2007; Shoemak-
er et al., 2007; Bieser and Wibbels, 2014; Czerwinski et al., 
2016]. Given this evidence, it remains unclear whether 
aromatase and, in turn estrogen production, plays an up-
stream role in sex determination in some reptile and am-
phibian species initiating the ovarian transcriptional net-
work, or if it is primarily involved in canalizing ovarian 
fate and differentiation.

Estrogen is clearly a powerful suppressor of the tes-
ticular transcriptional network [Barske and Capel, 2010], 
yet CYP19A1 expression tends to lag temporally in its up-
regulation at female-promoting temperatures relative to 
the upregulation of testis-promoting genes such as 
DMRT1 at male-promoting temperatures during TSD 
[Czerwinski et al., 2016; Ge et al., 2017]. Further, in T. 
scripta, if DMRT1 expression is interrupted at male-pro-
moting temperatures, CYP19A1 expression increases and 
ovarian development proceeds [Ge et al., 2017, 2018], yet 
it remains unclear what upregulates CYP19A1 expression 
in the absence of a female-promoting temperature cue. 
Clearly, there is much more to be learned about the role 
of estrogen in regulating sex determination and ovarian 
differentiation in reptiles and amphibians. As it relates to 
the structure and function of the ovary, sex determination 
systems in reptiles and amphibians seem to be divergent 
means to a similar end, though subtle species differences 
in ovarian development and cellular architecture un-
doubtedly harbor interesting comparative insights.

Differentiation and Maturation of the Ovary
After primary sex is determined, many of the morpho-

logical aspects of reptilian and amphibian ovarian devel-
opment are broadly conserved across groups. Similar to 
mammals, the ovary differentiates into 2 parts: a cortex 
and medulla. The cortex contains actively proliferating 
germ cells that become organized into nests that are con-
nected by intercellular bridges, while the medulla con-
tains dense connective tissue that regresses during matu-
ration. Nests of germ cells proliferate in the cortex until 
they enter meiosis, becoming oocytes. Oocytes in the dip-
lotene stage become surrounded by somatic (pre-granu-
losa) cells, break from nests, and become fully enveloped 
by granulosa cells, followed by the theca layer. The result-
ing follicles continue to enlarge and mature, bulging into 
the medulla and becoming vacuolated. Vitellogenesis 
proceeds as the follicles fill with yolk platelets prior to 
ovulation and await fertilization. Several papers have de-
scribed these events in detail for specific species in each 
taxon: Crocodilia [Uribe and Guillette, 2000; Calderón et 

al., 2004; Moore et al., 2008, 2010a, c], Testudines [Cal-
lebaut et al., 1997; Hei et al., 2010; Pérez-Bermúdez et al., 
2012], Squamata [Doddamani, 1994; Hernández-
Franyutti et al., 2005; Vieira et al., 2010; Aldokhi et al., 
2019; Delssin et al., 2019], Anura [Dumont, 1972; Ogiel-
ska and Kotusz, 2004; Piprek et al., 2017], and Caudata 
[Chardard and Dournon, 1999; Chardard et al., 2003; 
Mendoza-Cruz et al., 2017]. For the purposes of this re-
view, the remainder of this section will focus primarily on 
the major differences that exist across groups and impor-
tant gaps that must be addressed to gain a comprehensive 
understanding of ovarian development in reptiles and 
amphibians.

Histological differences in both the cortex and medul-
la are evident when looking comparatively across groups. 
For example, unlike reptiles in which the entire ovary is a 
single unit, anuran and caudate ovaries contain several 
sacs, each of which consists of a cortex and medulla 
[Uribe, 2003; Ogielska and Kotusz, 2004]. While the pres-
ence of germinal nests in the cortex is ubiquitous across 
groups, the number of nests varies substantially. Croco-
dilians, turtles, and frogs generally have several [Calle-
baut et al., 1997; Uribe and Guillette, 2000; Ogielska and 
Kotusz, 2004; Moore et al., 2008; Pérez-Bermúdez et al., 
2012], while most squamates have 1 or 2, but as many as 
6 nests [Jones et al., 1982; Aldokhi et al., 2019]. It has been 
hypothesized that germinal nest number is related to 
clutch size and frequency of reproduction [Guraya, 1989]. 
This was examined across several lizard species, in which 
Radder et al. [2008a] found a significant relationship be-
tween germinal bed number and clutch size, but not re-
productive mode, brood frequency, or number of clutch-
es per year. Whether variation exists in other groups is 
unknown, but additional comparative studies have the 
potential to further link aspects of ovarian development 
(e.g., germinal nest number) to variation in reproductive 
ecology and life history.

The ovarian medulla in crocodilians and turtles devel-
ops a system of large lacunae that continually increase in 
size during ovarian maturation [Callebaut et al., 1997; 
Uribe and Guillette, 2000; Moore et al., 2010c; Pérez-Ber-
múdez et al., 2012]. Anurans and caudates also develop a 
similar central cavity within each ovarian sac, termed a 
lumen [Uribe, 2003; Ogielska and Kotusz, 2004], while 
squamates lack such a structure [Aldokhi et al., 2019; 
Delssin et al., 2019]. Ovarian lacunae are also evident in 
birds, although their size and number vary both within 
and across taxonomic groups [Uribe and Guillette, 2000; 
Hei et al., 2010; Pérez-Bermúdez et al., 2012]. Their func-
tion is unknown, but proposed hypotheses include allow-



Smaga/Bock/Johnson/ParrottSex Dev6
DOI: 10.1159/000526009

ing space for follicular growth, providing a supportive 
structure for follicles, and nourishing growing oocytes 
[Pérez-Bermúdez et al., 2012]. More work is needed to 
understand the consequences and function of ovarian la-
cunae and why these structures are present in some but 
not all groups.

Other intriguing, histological differences also exist 
during later stage follicular maturation. For example, in 
crocodilians [Uribe and Guillette, 2000; Moore et al., 
2008], testudines [Callebaut et al., 1997; Hei et al., 2010; 
Pérez-Bermúdez et al., 2012], anurans [Dumont, 1972], 
and caudates [Uribe, 2009] a single or few layers of ho-
mogenous granulosa cells surround the oocyte and re-
main relatively unchanged throughout, whereas lizards 
[Delssin et al., 2019; Aldokhi et al., 2019] and snakes 
[Tumkiratiwong et al., 2012] begin with a single layer of 
cells termed small cells that develop into pyriform cells, 
with an intermediate cell stage, giving the appearance of 
3 layers that eventually regress back to a single layer. In 
squamates, intercellular bridges between small cells and 
the growing oocyte have been observed that are believed 
to play a nutritive role in nourishing the oocyte [An-
dreuiccetti, 1992]. Such bridges have not been observed 
in other groups, but abundant microvilli reaching from 
follicular cells to the oocyte suggest material transfer also 
occurs in turtles [Hei et al., 2010; Pérez-Bermúdez et al., 
2012], anurans [Dumont, 1972; Konduktorova and 
Luchinskaya, 2013], and caudates [Uribe, 2003].

At the onset of vitellogenesis, yolk deposition occurs 
within the oocyte and the animal and vegetal poles be-
come distinguishable. Details have been described in 
crocodilians [Uribe and Guillette, 2000; Calderón et al., 
2004], turtles [Callebaut et al., 1997; Hei et al., 2010], an-
urans [Dumont, 1972], and caudates [Uribe, 2003]. Gen-
erally, vacuoles appear at the periphery of the oocyte and 
yolk spheres accumulate, mostly within the vacuoles. As 
yolk deposition continues, yolk platelets form and dis-
tribute nonrandomly within the oocyte, appearing small-
er at the periphery and center and larger in the intermedi-
ary region. In crocodilians [Uribe and Guillette, 2000; 
Calderón et al., 2004] and turtles [Hei et al., 2010], yolk 
deposition has been compared to birds, in which it occurs 
in 3 successive stages (primordial, intermediate, and late 
yolk). However, it appears that differences exist even 
within groups and no such comparisons have been made 
in amphibians or squamates. Unsurprisingly, in matro-
trophic-like squamates harboring varying degrees of pla-
cental development, yolk deposition is reduced, with few-
er yolk droplets [Hernández-Franyutti et al., 2005; Vieira 
et al., 2010].

A defining feature of the ovary in vertebrates is the 
early transition of germ cells from a mitotic to meiotic 
state as opposed to at sexual maturation in testes. Inter-
estingly, the details of this transition in reptiles and am-
phibians remain largely unknown. The timing of oogo-
nia-to-oocyte transition appears to be species-specific in 
squamates, where it can be initiated either during embry-
onic development [Doddamani, 1994] or early in juvenile 
life [Antonio-Rubio et al., 2015; Delssin et al., 2019]. On 
the other hand, turtles and crocodilians show early-stage 
oocytes at birth [Moore et al., 2008; Rhen et al., 2015], 
suggesting it begins during late embryonic stages. In an-
urans, the oogonia-to-oocyte transition has been ob-
served during hindfoot development (Gosner stages 36–
40) and during late larval development [Ogielska and Ko-
tusz, 2004; Wallacides et al., 2009]. However, as this 
process has only been studied in a few species, drawing 
overarching conclusions with respect to taxonomic di-
versity is difficult. Further, the proximate mechanisms 
underlying the mitotic-to-meiotic transition in reptiles 
and amphibians are largely unknown. The current con-
sensus in mammals is that retinoic acid signaling from 
somatic cells upregulates STRA8 expression, leading to 
meiotic entry [Bowles et al., 2006; Wang et al., 2017]. This 
idea was recently challenged by Vernet et al. [2020] who 
showed that STRA8 expression is reduced in mice lacking 
retinoic acid receptors, but meiosis progresses normally, 
suggesting other factors also play a role. Nonetheless, the 
role of retinoic acid is conserved in chicken and fish 
[Smith et al., 2008; Feng et al., 2015; Li et al., 2016], with 
both STRA8-dependent and -independent pathways ex-
isting in the latter [Feng et al., 2015]. As for reptiles and 
amphibians, the role of retinoic acid has only been exam-
ined in the salamander Pleurodeles waltl in which exog-
enous retinoic acid triggers meiotic transition [Wal-
lacides et al., 2009]. While this indicates that retinoic acid 
performs a conserved role in the mitotic-to-meiotic tran-
sition across vertebrates, a time-series comparison exam-
ining retinoic acid, STRA8 expression, and germ cell be-
havior during embryonic and early post-natal life across 
several species would be an intriguing new direction of 
inquiry into this critical aspect of ovarian development.

Unlike mammals, in which all oogonia enter meiosis 
early in life, in most reptiles and amphibians, the adult 
ovary retains nests of mitotic oogonia which can serve as 
an active supply of new oocytes. This includes crocodil-
ians, turtles, squamates, and caudates [Callebaut et al., 
1997; Uribe and Guillette, 2000; Uribe, 2009; Hei et al., 
2010; Aldokhi et al., 2019]. This unique feature opens in-
teresting questions about reproductive senescence in 
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these groups, since it appears the oocyte pool has the po-
tential to evade depletion. How new oogonia are selected 
to enter meiosis throughout life is unknown, as studies 
specifically examining this aspect of germ cells in adult 
animals are nonexistent. Interestingly, anurans are the 
exception and, like mammals, form a definitive pool of 
diplotene oocytes during the juvenile stages, a subset of 
which are recruited each breeding cycle [Callen et al., 
1986; Ogielska et al., 2013]. Primary oogonia become re-
stricted to germ patches after the juvenile period and no 
longer contribute to the pool of oocytes, degenerating 
thereafter [Ogielska et al., 2013]. Once again, due to the 
small number of species examined, it is difficult to say if 
this is a defining feature of anurans or if variation exists 
within groups, which would raise interesting evolution-
ary questions about the costs and benefits of a regenerat-
ing oocyte pool.

Another important aspect of ovarian maturation, the 
recruitment of primary follicles from the primordial fol-
licle pool of oocytes, is an area of active research in mam-
mals and also almost completely unknown in reptiles and 
amphibians. After entering meiosis, oocytes break from 
nests and enter a quiescent state until they are recruited 
as primary follicles. This involves complex interactions 
between many factors, including several members of the 
TGF-β superfamily, such as AMH, inhibins, activins, 
BMPs, and GDFs. Excellent reviews have been published 
on this process in mammals [Findlay et al., 2002; Skinner, 
2005; Trombly et al., 2009; Wang et al., 2017], and it ap-
pears a multitude of coordinated interactions are re-
quired for proper nest breakdown and follicle recruit-
ment. Very few data exist in reptiles and none in amphib-
ians. In A. mississippiensis, activin, follistatin, and 
aromatase follow similar expression profiles in ovaries 
during the first 5 months of life, starting with elevated 
expression during early post-natal life as germ cells leave 
nests and form primary follicles. This is followed by a de-
crease in expression coinciding with later-stage follicle 
formation [Moore et al., 2008, 2010a]. In contrast, GDF9 
and PCNA expression increases during this time and cor-
relates with follicle maturation and somatic cell prolifera-
tion [Moore et al., 2010a]. While these patterns are large-
ly consistent with what is observed in mammals, in which 
proper ratios of activin and estrogen are required for nor-
mal follicle formation [Trombly et al., 2009], only a few 
of the key signaling components have been examined in 
a single species and our understanding of the molecular 
mechanisms driving such processes are far from resolved. 
Once primary follicles are formed, in several reptile spe-
cies, administration of mammalian FSH leads to in-

creased growth and maturation in sexually immature an-
imals [e.g., Jones et al., 1975; Moore et al., 2012a; Hale et 
al., 2019], again suggesting conserved mechanisms of 
late-stage follicle maturation. Early work showed that the 
granulosa layer is likely responsible for ovarian responses 
to gonadotropins, as isolated granulosa, but not thecal 
cells, produced progesterone under FSH stimulation 
[Crews and Licht, 1975]. However, the technique used to 
separate cells in the latter study prevented complete sepa-
ration of theca and granulosa cell layers. Future work 
should focus on linking molecular mechanisms to the his-
tological events characterizing reptilian and amphibian 
folliculogenesis, including the role of different cell types 
in this process.

Environmental Influences on the Development of 
the Ovary

Temperature and Climate Influence Sex 
Determination and Ovarian Development
In the context of ongoing shifts in global thermal re-

gimes, an understanding of the intricate connections be-
tween temperature, ovarian development, and reproduc-
tive performance in reptiles and amphibians will provide 
critical information toward efforts to predict and poten-
tially mitigate adverse population-level consequences of 
rapid environmental change [Janzen, 1994; Benard, 2015; 
Jensen et al., 2018; Bock et al., 2020a]. In addition, inter-
actions between thermal cues and reproductive develop-
ment in reptiles and amphibians provide models in which 
to investigate how environmental variation is integrated 
into the biology of the ovary in adaptive contexts. Tem-
perature can influence the ovarian function of reptiles 
and amphibians across the entire ontogeny of an organ-
ism – from the initial decision to develop an ovary during 
sex determination in embryos [Bull, 1980; Capel, 2017] to 
the initiation of folliculogenesis and oogenesis during the 
breeding season in adults [Marion, 1970; Licht, 1973; 
James and Shine, 1985; Lance, 1989; Sarkar et al., 1996; 
Pancharatna and Patil, 1997]. The molecular mechanisms 
by which thermal cues are translated into biological re-
sponses which direct ovarian determination, maturation, 
and function remain poorly understood, however emerg-
ing evidence, particularly from studies of species with 
TSD, continues to shed light on these fundamental pro-
cesses [McCoy et al., 2016; Carter et al., 2018; Ge et al., 
2018; Bock et al., 2020b; Weber et al., 2020].

Thermal plasticity of reptile and amphibian sex deter-
mination exists along a continuum between TSD systems, 
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in which temperature cues dictate whether to initiate 
ovarian or testis development, and GSD systems, in which 
genetic signals are the sole determinant of gonadal fate 
[Sarre et al., 2004; Barske and Capel, 2008]. Growing evi-
dence suggests many species likely fall somewhere in be-
tween these two extremes, with gene-by-environment in-
teractions shaping the developmental trajectory of the bi-
potential gonad [Radder et al., 2008b; Pen et al., 2010; 
Mork et al., 2014; Holleley et al., 2015, 2016]. For exam-
ple, in TSD species, it is possible that cryptic genetic influ-
ences may be present that bias sex determination towards 
a male or female fate. When gonads from embryos incu-
bated at a pivotal temperature (producing both sexes) in 
red-eared slider are removed and cultured separately at 
the pivotal temperature, matched gonads show a predis-
position towards the same sexual fate [Mork et al., 2014]. 
Additionally, sex ratios from incubation at identical tem-
peratures vary across clutches and populations along lat-
itudinal clines, suggesting factors other than just temper-
ature contribute to sex determination in some species 
[Rhen and Lang, 1998; Ewert et al., 2005]. However, 
whether these results are due to genetic variation, cryptic 
GSD influences, or other maternal effects such as yolk 
steroid hormones [Bowden et al., 2000] requires further 
inquiry. On the other hand, temperature can exert major 
influences on GSD systems. In the central bearded drag-
on, Pogona vitticeps, sex is generally determined by sex 
micro-chromosomes in a ZZ/ZW system [Ezaz et al., 
2005], however incubation temperatures above ∼32°C 
can override this genetic system to produce phenotypic 
females with a ZZ chromosomal complement [Quinn et 
al., 2007]. Sex-reversed ZZ females possess functional 
ovaries with similar transcriptional profiles to those of 
normal ZW females [Deveson et al., 2017] and can repro-
duce with ZZ males to produce offspring whose sex is 
determined solely by temperature [Holleley et al., 2015]. 
Accordingly, high temperature-induced sex reversal can 
trigger a rapid transition from GSD to TSD, and this has 
been demonstrated in wild populations of P. vitticeps 
[Holleley et al., 2015, 2016]. Temperature-induced sex re-
versal also occurs in the scincid lizard, Bassiana duper-
reyi, though in this case, low temperatures override an 
XX/XY system [Radder et al., 2008b]. Intriguingly, there 
is even evidence for gene-by-environment interactions 
driving offspring sex in a live-bearing lizard, the snow 
skink (Niveoscincus ocellatus), which inhabits an eleva-
tional gradient conferring vastly different microclimates 
[Pen et al., 2010]. In highland populations of N. ocellatus, 
offspring sex is determined by a genetic system, while in 
lowland populations offspring sex ratio depends on ma-

ternal gestation temperature [Wapstra et al., 2004; Pen et 
al., 2010]. This population variation in sex determination 
system is hypothesized to have arisen via evolution of the 
threshold for temperature-induced sex reversal resulting 
from climate-related selective pressures [Pen et al., 2010]. 
The specific mechanisms by which temperature interacts 
with genotype to direct the sexual trajectory of an embryo 
in these species remain largely unresolved, however in-
creased application of high-throughput sequencing ap-
proaches in these systems [Deveson et al., 2017; Whiteley 
et al., 2021] points to unique discoveries on the horizon.

Evidence for temperature-induced sex reversal has 
also been found in certain amphibian species including 2 
newts (Pleurodeles poireti and P. waltl) [Dournon et al., 
1990], wood frog (Rana sylvatica) [Lambert et al., 2018], 
and green frog (Rana clamitans) [Lambert et al., 2019]. 
When exposed to different temperature treatments be-
tween 19°C and 34°C, R. sylvatica tadpoles exhibited in-
creasingly male-biased sex ratios at higher temperatures, 
with only males produced at the highest temperature 
treatments [Lambert et al., 2018]. Interestingly, offspring 
sex ratio exhibited a linear relationship with rearing tem-
perature in this species [Lambert et al., 2018]. This pat-
tern stands in sharp contrast to the sigmoidal pattern of 
most reptile temperature-by-sex ratio reaction norms in 
which mixed sex ratios only tend to result from a narrow 
range of temperatures (termed the transitional range of 
temperatures) [Valenzuela and Lance, 2004]. Such differ-
ences in temperature-by-sex ratio reaction norms be-
tween reptiles and amphibians raise the possibility that 
fundamentally different mechanisms mediate tempera-
ture influences on sexual development in these taxa. The 
linear thermal reaction norm of R. sylvatica resembles the 
reaction norms of several fish species with temperature-
induced sex reversal, some of which have implicated germ 
cell-related mechanisms in mediating temperature effects 
on sex ratio [Slanchev et al., 2005; Ospina-Alvarez and 
Piferrer, 2008; Siegfried and Nüsslein-Volhard, 2008; Na-
kamura et al., 2012; Adolfi et al., 2019]. Further experi-
ments are needed to understand the mechanisms under-
lying amphibian temperature-induced sex reversal and 
their relationship to variation in thermal reaction norms 
across species.

Among reptiles with TSD, comparisons of transcrip-
tional, post-transcriptional, and epigenetic patterns 
across species have shed light on the underlying mecha-
nisms by which temperature is translated into a sex-de-
termining signal during development. Current models 
suggest chromatin modifiers and epigenetic modifica-
tions function at the interface between ancient cellular 
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thermo-sensors that translate temperature into cellular 
signals and conserved transcriptional networks regulat-
ing sex determination [Weber and Capel, 2021]. This in-
cludes interactions between calcium ion flux, redox sta-
tus, and epigenetic mechanisms regulating gene expres-
sion [Castelli et al., 2020]. Two genes encoding chromatin 
modifiers in the Jumonji family, KDM6B and JARID2, are 
among the first to respond to temperature during the 
thermosensitive period in both T. scripta and A. missis-
sippiensis [Czerwinski et al., 2016; Yatsu et al., 2016].  
KDM6B encodes a histone demethylase which removes 
the repressive histone 3 lysine 27 trimethylation (H3K-
27me3) mark to activate the transcription of its targets 
[Agger et al., 2007; Lan et al., 2007], while JARID2 en-
codes a component of the polycomb repressive complex 
2 (PRC2) which functions in the localization of this com-
plex to its target genes for silencing via the addition of 
H3K27me3 [Peng et al., 2009; Landeira and Fisher, 2011; 
da Rocha et al., 2014; Kaneko et al., 2014; Sanulli et al., 
2015]. In T. scripta, when KDM6B function is interrupted 
via RNA interference, embryos incubated at male-pro-
moting temperatures develop ovaries and exhibit in-
creased H3K27me3 at the promoter of DMRT1, a key reg-
ulator of testis development [Ge et al., 2018]. This pro-
vided the first demonstration of a functional role for 
higher order epigenetic processes in regulating the ex-
pression of genes with conserved roles in vertebrate sex 
determination in response to temperature [Georges and 
Holleley, 2018]. Though the expression of KDM6B and 
JARID2 is upregulated in both A. mississippiensis and T. 
scripta embryos at “low” temperatures (∼26–30°C), in A. 
mississippiensis these temperatures promote ovarian de-
velopment, while in T. scripta they promote testis devel-
opment [Yatsu et al., 2016; Bock et al., 2020b]. This sug-
gests that the function and localization of these chroma-
tin modifiers likely depends upon the genomic context in 
which they operate, though the target loci of JARID2 and 
KDM6B have yet to be elucidated across different TSD 
species. Other epigenetic processes, including DNA 
methylation, have also been implicated in TSD [Navarro-
Martín et al., 2011; Matsumoto et al., 2013; Parrott et al., 
2014], and it is likely these mechanisms operate in a co-
ordinated manner to shape the dynamic epigenome dur-
ing sex determination, as has been demonstrated in other 
key developmental processes [DiGiacomo et al., 2013; Po-
tok et al., 2013].

Beyond sex determination, developmental tempera-
ture can exert lasting influences on other phenotypic 
traits in reptiles and amphibians with persistent conse-
quences for adult reproductive function [Singh et al., 

2020]. At the transcriptional level, evidence for tempera-
ture-related intersexual and intrasexual variation in rep-
tiles and amphibians is sparse. However, in A. mississip-
piensis, incubation temperature was shown to influence 
the degree of sexually dimorphic gonadal gene expression 
observed in hatchlings [McCoy et al., 2016]. In particular, 
the magnitude of sexually dimorphic expression of SOX9 
and AMH tended to be greater in hatchlings resulting 
from higher incubation temperatures (34°C) compared 
to those derived from lower incubation temperatures 
(32°C) [McCoy et al., 2016]. It is unclear whether these 
temperature-related differences in intersexual transcrip-
tional variation persist into adulthood and, if so, whether 
they have consequences for the functioning of the adult 
ovary and testis. Even so, it is intriguing to consider that 
the early developmental thermal plasticity characteristic 
of many reptile and amphibian species may shape pat-
terns of adult reproductive function. In E. macularius, in-
cubation temperature has been shown to not only deter-
mine offspring sex, but also influence intrasexual varia-
tion in growth, female fertility (as indicated by the 
proportion of infertile eggs laid), and the ratio of circulat-
ing plasma androgens to estrogens [Crews et al., 1998]. 
Further, in the jacky dragon (Amphibolurus muricatus), 
both females and males reared in a seminatural field en-
closure exhibited intrasexual differences in lifetime re-
productive success related to incubation temperature 
[Warner and Shine, 2008]. The mechanisms underlying 
this persistent temperature-related variation in repro-
ductive endpoints remain unclear, and future studies ex-
amining the contributions of both direct effects of devel-
opmental temperature on organizational processes shap-
ing gonadal physiology as well as indirect effects 
mediated by temperature effects on correlated phenotyp-
ic traits (e.g., body size) will be highly informative.

Anthropogenic Contaminants Alter Normal Ovarian 
Trajectories
Exposure to anthropogenic contaminants is now a 

common experience for nearly all life on earth [Gore et 
al., 2015], and the environmental sensitivity of reptile and 
amphibian reproductive development appears to convey 
a distinct vulnerability to many of these compounds 
[Crews et al., 1995; Guillette, 2006; Orton and Tyler, 
2015]. Specific impacts of exposure to environmental 
contaminants on ovarian biology in these taxa range from 
outright sex reversal to more nuanced effects on ovarian 
function detected at the molecular and cellular levels. For 
example, alterations to gene expression networks and dis-
rupted folliculogenesis are connected to systemic effects 
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on circulating steroid hormone levels and reduced fertil-
ity in exposed individuals [Sifakis et al., 2017]. Perhaps 
the most common and widely studied of these contami-
nants are endocrine-disrupting compounds (EDCs), 
which are capable of interacting with steroid hormone 
receptors, especially the estrogen receptors [Kuiper et al., 
1997; Bolger et al., 1998; Kiyama and Wada-Kiyama, 
2015]. Mirroring the underlying complexity of the endo-
crine system, EDCs, in addition to interacting with hor-
mone receptors, have also been shown to affect hepatic 
biotransformation of steroid hormones and inhibit ste-
roid hormone synthesis [Fisher, 2004].

Given the central role of estrogen signaling in sex de-
termination, a commonly assessed impact of EDC expo-
sure on reptiles and amphibians is their ability to cause 
sex reversal. Yet, research has shown that sex reversal re-
sulting from exposure to exogenous hormones and their 
mimics may not invoke the same mechanisms that deter-
mine sex in their absence. For example, the natural hor-
mone (E2) is commonly used as a positive control for 
EDCs and sex reversal [Matsumoto et al., 2014; Jandegian 
et al., 2015], which has been shown in alligators to occur 
via stimulation of ESR1 [Kohno et al., 2015; Doheny et al., 
2016]. In Caiman latirostris, embryos sex-reversed by E2 
exhibit altered timing and expression levels of aromatase, 
ESR1, and progesterone receptor, as well as changes in 
apoptosis and proliferation dynamics during later stages 
of development compared to normal females [Canesini et 
al., 2018]. In the same species, sex-reversal by E2 and by 
bisphenol A (BPA) results in females with reduced late-
stage follicles [Stoker et al., 2008]. In the sea turtle Lepi-
dochelys olivacea, sex reversal by E2 at male-producing 
temperatures leads to small, underdeveloped ovaries with 
decreased cellular proliferation, delayed downregulation 
of SOX9 and upregulation of aromatase, and precocious 
upregulation of FOXL2 [Díaz-Hernández et al., 2015]. In 
T. scripta, exposure to high doses of PCBs leads to sex re-
versal. While sex-reversed animals show similar expres-
sion of key ovarian genes, including FOXL2, CYP19A1, 
and RSPO1, the response is delayed and less robust, and 
methylation patterns established at the aromatase pro-
moter do not follow a normal female pattern, but remain 
similar to control males [Matsumoto et al., 2014]. These 
results suggest sex-reversed females have ovaries with al-
tered morphology and function compared to normal fe-
males. Thus, population-level impacts of contaminant-
induced sex reversal in nature may extend beyond skewed 
sex ratios, and also encompass impaired fertility and re-
productive success. A list of environmentally relevant 
compounds known to cause complete sex reversal with 

references can be found in Table 1. The remainder of this 
section will focus on instances of altered ovarian develop-
ment from laboratory experimental studies and well-de-
veloped natural systems.

Laboratory Exposures
Laboratory studies evaluating reptiles and amphibians 

treated with EDCs are useful for determining potential 
impacts of anthropogenic chemicals but are difficult to 
draw overarching conclusions from because of variation 
in the route, developmental timing, and duration of expo-
sure. Further, exposures in controlled settings often lack 
the environmental and ecological complexity present in 
nature. Despite these limitations, such studies tend to be 
favored for amphibian ecotoxicology and have shown 
that, at both a histological and gross morphological scale, 
contaminants generally negatively impact oogenesis and 
reproductive capability. Estrogenic compounds have been 
found to slow development in X. laevis, Anaxyrus terres-
tris, Hyla versicolor, Rana pipiens, and Rana sphenocepha-
lus and have negative downstream impacts on female re-
productive health [Tavera-Mendoza et al., 2002; Hayes et 
al., 2003; Storrs and Semlitsch, 2008]. A wealth of research 
(and controversy) has focused on atrazine, one of the most 
used pesticides in the United States [Rohr, 2021]. Expo-
sure to this compound has been reported to induce com-
plete feminization, testicular oocytes in males, delayed go-
nadal development, as well as extraneous gonads in R. 
pipiens [Hayes et al., 2002, 2003, 2010]. Atrazine exposure 
during sexual differentiation in X. laevis also leads to high-
er rates of primary and secondary oocyte atresia [Tavera-
Mendoza et al., 2002]. It is suspected that atrazine induces 
aromatase gene expression and increases conversion of 
androgens to estrogens, driving such abnormalities [Hayes 
et al., 2002]. Exposure to other pesticides such as triadime-
fon (and its metabolites) and methoxychlor can cause in-
creased oocyte abscission and inhibit oogenesis altogether 
[Pickford and Morris, 1999; Zhang et al., 2020]. Addition-
al alterations include increased oocyte atresia in R. sylvat-
ica exposed to flavone [Mackenzie et al., 2003] and inhib-
ited oviduct development in X. tropicalis exposed to pro-
gestin or ethynylestradiol [Gyllenhammar et al., 2009b; 
Kvarnryd et al., 2011]. BPA and 17α-ethinyl estradiol 
(EE2) also generally cause feminization in a number of 
amphibian species as well as upregulation of vitellogenin, 
a biomarker of estrogen exposure (for an in-depth review 
on EE2 and BPA’s effects, see Bhandari et al. [2015]).

Similar to these cases in amphibians, laboratory stud-
ies have also been instrumental in gauging the potential 
impact of environmental contaminants on ovarian devel-
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Table 1. Environmentally relevant compounds inducing sex reversal in reptiles and amphibians

Taxa Species Compound Type Study

Crocodilia Alligator mississippiensis 17β-estradiol Hormone Bull et al., 1988

Alligator mississippiensis Corexit 9500 Oil dispersant Williams et al., 2018

Alligator mississippiensis Dicofol Pesticide Rooney, 1998

Alligator mississippiensis trans-Nonachlor Pesticide Rooney, 1998

Alligator mississippiensis p,p’-DDD Pesticide Rooney, 1998

Alligator mississippiensis p,p’-DDE Pesticide Matter et al., 1998

Alligator mississippiensis 2,3,7,8-tetrachlorodibenzo-
p-dioxin

Polychlorinated 
biphenol

Matter et al., 1998

Alligator mississippiensis Ethynylestradiol Synthetic hormone Matter et al., 1998

Alligator mississippiensis* 17α-methyltestosterone Synthetic androgen Murray et al., 2016

Caiman latirostris Bisphenol A BPA Stoker et al., 2008

Squamata Calotes versicolor* Testosterone Hormone Ganesh and Raman, 1995

Eublepharis mecularius 17β-estradiol Hormone Bull et al., 1988

Testudines Chrysemys picta Bisphenol A BPA Jandegian et al., 2015

Emys orbicularis* Letrozole Aromatase inhibitor Richard-Mercier et al., 1995

Trachemys scripta 2’,4’,6’-trichloro-4-biphenylol PCB Crews et al., 1995

Trachemys scripta 2’,3’,4’,5’-tetrachloro-4-
biphenylol

PCB Crews et al., 1995

Trachemys scripta cis-Nonachlor Pesticide Willingham and Crews, 1999

Trachemys scripta p,p’-DDE Pesticide Willingham and Crews, 1999

Trachemys scripta Chlordane Pesticide Willingham and Crews, 1999

Trachemys scripta trans-Nonachlor Pesticide Willingham and Crews, 1999

Trachemys scripta Aroclor PCB Willingham and Crews, 1999

Trachemys scripta 4-hydroxy-2,4,6-
trichlorobiphenyl

PCB Matsumoto et al., 2014

Trachemys scripta 4MA Reductase inhibitor Crews and Bergeron, 1994

Trachemys scripta MK906 Reductase inhibitor Crews and Bergeron, 1994

Trionyx spiniferus 17β-estradiol Hormone Bull et al., 1988

Anura Acris crepitans* PCB/PCDF (general) PCB/PCDF Reeder et al., 1998

Pelophylax nigromaculatus* 17β-trenbolone Hormone Li et al., 2015

Rana pipiens 17α-ethinylestradiol Hormone Mackenzie et al., 200; 3Hogan et al., 2008

Rana pipiens Atrazine Pesticide Hayes et al., 2003; Orton et al., 2006; Langlois et 
al., 2010

Rana pipiens DE-71 PBDE Van Schmidt et al., 2012

Rana pipiens* ICI 182780 Anti-estrogen Mackenzie et al., 2003

Rana pipiens Nonlyphenol Surfactant Mackenzie et al., 2003

Rana pipiens PCB-70 PCB Jofré and Karasov, 2008

Rana pipiens PCB-101 PCB Jofré and Karasov, 2008
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opment and function in reptiles. For example, C. latiros-
tris exposed to atrazine or BPA as embryos, or injected 
with the same dose of BPA as juveniles, show advanced 
stages of ovarian and oviductal development, determined 
via histological examination or gene expression [Stoker et 
al., 2008; Galoppo et al., 2017]. Both studies used E2 as a 
positive control with many of the same effects, including 
sex-reversal at higher doses with opposite effects at the 
low dose treatments. This suggests that disrupted estro-
gen signaling is likely responsible for the altered pheno-
types and that the effects are dose-dependent and non-
monotonic. Mechanistic reasons for the opposite effects 
of low versus high doses are unknown. Other alterations 
to ovarian morphology have been observed in embryonic 
lizards exposed to maternal atrazine [Parsley et al., 2015a], 
diethylbestrol [Parsley et al., 2015b], or injected with cad-
mium [Simoniello et al., 2010]. These exposures often in-
duced altered cellular structure of the ovary and disrupt-
ed oogenesis and folliculogenesis. In one of these cases 
[Simoniello et al., 2010], the effects were more similar to 
FSH exposure than E2, which were used as controls.

Altogether, while these laboratory studies provide evi-
dence of the ability of EDCs to disrupt ovarian develop-
ment, results are complicated by differences in dosage, tim-
ing of exposure, and organismal variation. While including 
controls such as FSH and E2 has provided important in-

sights into mechanisms of action, we are still lacking an un-
derstanding of which specific pathways are impacted, large-
ly due to a gap in our understanding of how such processes 
operate in the context of normal ovarian development and 
function. Moving forward, resolving the multifaceted roles 
estrogen signaling plays in ovarian development in reptiles 
and amphibians is needed. Mechanistic studies examining 
the molecular and cellular dynamics, rather than observa-
tional exposure experiments, are likely to provide key in-
sights into how EDCs interact with ovarian development to 
affect downstream reproductive function.

Natural Exposures
Wild populations exposed to EDCs provide a unique 

opportunity to understand their consequences in natural 
settings, which is more directly applicable to discovering 
the ecological impacts of these compounds. One of the 
earliest observations of altered ovarian development in 
polluted environments is the A. mississippiensis popula-
tion at Lake Apopka, FL, USA. Extensive inputs of or-
ganochlorine pesticides from agricultural practices and 
an industrial spill event has led to sustained exposure de-
tectable not only in plasma of alligators but also in egg 
yolks [Heinz et al., 1991]. Following observations of re-
duced juvenile recruitment at the population level, ab-
normalities to ovarian follicles, such as multi-oocytic fol-

Taxa Species Compound Type Study

Anura Rana pipiens Sodium nitrate Fertilizer Orton et al., 2006

Rana rugosa Dibutyl phthalate Plasticizer Ohtani et al., 2000

Rana sylvatica 17α-ethinylestradiol Synthetic hormone Tompsett et al., 2013

Rana sylvatica* Clover root exudate Phytoestrogen Lambert et al., 2015

Rana temporaria 17α-ethinylestradiol Synthetic hormone Pettersson and Berg, 2007

Xenopus laevis 3-t-butyl-4-hydroxyanisol Preservative Kloas et al., 1999

Xenopus laevis 4-octylphenol Surfactant Kloas et al., 1999

Xenopus laevis Atrazine Pesticide Hayes et al., 2002, 2010

Xenopus laevis Bisphenol A BPA Kloas et al., 1999; Levy et al., 2004

Xenopus laevis Nonlyphenol Surfactant Kloas et al., 1999

Xenopus [Silurana] tropicalis 17α-ethinylestradiol Synthetic hormone Pettersson et al., 2006; Pettersson and Berg, 
2007; Berg et al., 2009; Gyllenhammar et al., 
2009a,b; Hirakawa et al., 2013

Xenopus [Silurana] tropicalis* 17β-trenbolone Hormone Olmstead et al., 2012

* Female-to-male sex reversal.

Table 1 (continued)
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licles and polyovular follicles, were first reported in juve-
nile alligators inhabiting the lake [Guillette et al., 1994]. 
Subsequent studies using a combination of field collec-
tions and lab incubations revealed that disruptions in ste-
roidogenic and TGF-β signaling pathways along with im-
peded folliculogenesis occurring in juvenile ovaries likely 
stemmed from earlier embryonic exposure due to the ma-
ternal deposition of these contaminants in yolks [Moore 
et al., 2010b, 2011, 2012b; Hale et al., 2019; Hale and Par-
rott., 2020]. Altogether, these and other reports from 
Lake Apopka suggest that embryonic exposure to EDCs 
alters transcriptional networks involved in early oogen-
esis and folliculogenesis and that these perturbations per-
sist into juvenile life and perhaps beyond.

The mechanisms by which maternally deposited EDCs 
interact with ovarian development to affect reproductive 
function are not well resolved in natural populations. 
Based on the proclivity of many EDCs, including those at 
Lake Apopka, to activate estrogen receptors in vitro, it is 
suggested that disruptions to estrogen signaling during 
gonadal differentiation are responsible. This idea is sup-
ported by observations that EDCs and their metabolites 
are capable of competitively binding estrogen and pro-
gesterone receptors in alligator oviducts [Vonier et al., 
1996]. However, in this study and others, EDCs typically 
exhibit weak agonism of nuclear estrogen receptors, with 
activation on par with E2 only observed at high concen-
trations [Vonier et al., 1996; Bolger et al., 1998; Guillette 
et al., 2002]. Interestingly, when alligator eggs collected 
from a reference lake are treated with E2 prior to the start 
of ovarian estrogen synthesis (measured by CYP19A1 ex-
pression), the ovarian transcriptome in resulting juvenile 
alligators broadly mirrors those measured in alligators 
from Lake Apopka [Hale et al., 2019; Hale and Parrott, 
2020]. Additionally, impediments to folliculogenesis ob-
served in ovaries of Lake Apopka alligators, including se-
vere decreases in stage III follicles and increases in germ 
cell nests were also induced by embryonic treatment with 
E2 [Hale and Parrott, 2020]. These findings support an 
alternative hypothesis explaining disrupted ovarian de-
velopment in Lake Apopka alligators in which EDCs in-
duce weak, but developmentally precocious estrogen sig-
naling to impact germ cell behavior in the early differen-
tiation of the ovary. This hypothesis is also consistent 
with previous reports demonstrating that key pathways 
involved in germ cell nest breakdown and folliculogenesis 
(e.g., activin, inhibin, follistatin) are altered in Lake Apop-
ka ovaries [Moore et al., 2010b, 2012b]. In this model, the 
precocious timing of estrogen signaling, rather than a 
simple increase in estrogenic activity, is the precipitating 

event. However, further investigations examining the in-
fluence of precocious estrogen signaling on early germ 
cell behavior, including their initial proliferation within 
the gonad, the mitotic to meiotic transition, primordial 
follicle formation and recruitment, and follicle matura-
tion as well as the genomic changes occurring during each 
of these events are needed.

Another example of a wild population with ovarian 
defects in reptiles occurs at Moody Pond, MA, USA, 
where painted turtles (Chrysemys picta) are exposed to 
various heavy metals and organic compounds during de-
velopment. When compared to a control site, ovaries in 
Moody Pond turtles harbor fewer small and large follicles 
[Rie et al., 2005], and adult females have lower vitello-
genin and an abated response to gonadotropin stimula-
tion [Kitana et al., 2006]. When eggs collected from this 
same site are raised in the lab, they have higher levels of 
oocyte apoptosis than the control population [Kitana and 
Callard, 2008]. This same study measured cadmium con-
tent in eggs from Moody Pond and exposed control  
T. scripta eggs to relevant doses, which resulted in elevat-
ed oocyte apoptosis, suggesting embryonically exposed 
turtles originating from Moody Pond have reduced re-
productive ability via reductions in oocyte number and 
abated response to FSH.

Complementary studies of contaminants’ effects on 
ovarian development in wild amphibian populations are 
less detailed, but have been reported. For example, Hayes 
et al. [2003] observed slowed gonadal development, tes-
ticular oogenesis, and even oocyte growth in male leopard 
frogs (R. pipiens) in multiple populations across several 
states exposed to the pesticide atrazine. In suburban 
ponds with increased levels of EDC contamination, a 
greater proportion of females in populations of R. clami-
tans were observed, suggestive of skews in population sex 
ratios [Lambert et al., 2015]. Nemesházi et al. [2020] also 
observed that agricultural areas harbored an increased 
prevalence of female-to-male sex reversal in agile frog 
(Rana dalmatina) populations in north-central Hungary. 
Mink frog (Rana septentrionalis) populations exposed to 
E2 at an experimental lake in Ontario, Canada, exhibited 
higher rates of individuals with intersex gonads whereas 
no intersex individuals were observed in green frogs  
(R. clamitans) occupying the same habitat [Park and 
Kidd, 2005]. These studies have focused on gonadal aber-
rations and sex reversal, and reveal the potential impact 
of environmental contaminants occurring at population 
scales. Whereas our understanding of the underlying 
proximate mechanisms in these systems are generally 
lacking, they have great potential to reveal the extent to 
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which contaminant-mediated impacts on reproduction 
affect populations and ecological communities.

Summary and Future Directions

Reptiles and amphibians offer excellent models in 
which perspectives and approaches from biological, eco-
logical, and evolutionary fields can be applied to under-
stand the diversity of sex determination strategies and re-

productive development. Whereas many facets of ovarian 
development appear broadly conserved, we identify here 
several characteristics in which differences are observed 
both within these taxa and/or in comparison to other ver-
tebrate clades. In many cases, simple descriptions of fun-
damental biological processes involved in sex determina-
tion, ovarian differentiation, and germ cell biology are 
lacking, despite their necessity to better gauge the extent 
of existing variation and to resolve the attendant taxo-
nomic relationships. In other cases, especially species in 

1. In which cell types does primary sex determination occur across reptiles and amphibians? Are patterns of cellular
organization and/or gonadal structure linked to SDMs across species?

2. Is variation in ovarian development (e.g., germinal nest number) linked to inter-specific differences in
reproductive ecology and life-history?

3. What is the function(s) of ovarian lacunae and why are these structures present in some but not all groups?

4. What are the pathways that mediate the mitotic to meiotic transition in reptilian and amphibian germ cells?

5. What are the evolutionary costs and benefits of a regenerating oocyte pool?

6. How are transient environmental cues integrated into robust developmental responses and what are the
downstream consequences on intrasexual variation in reproductive function?

7. What is the role of estrogen signaling on germ cell biology within the differentiating ovary and how important is
the developmental timing of these events?

8. What are mechanisms responsible for environmental sex determination in amphibians?

1

2
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4
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Fig. 1. Illustration of differences in sex determination and ovarian development in the context of emerging and 
outstanding questions in the field.
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which ovarian development is relatively well studied, 
connecting ovarian biology to taxon-specific aspects of 
life history and ecology has the potential to reveal key eco-
logical factors and evolutionary pressures that drive di-
versity in reproductive development. Recent work in TSD 
reptiles is leading to exciting breakthroughs regarding the 
molecular mechanisms translating thermal cues into bio-
logical responses, but how these pathways respond to and 
operate within complex and dynamic environments is a 
critical question moving forward. In addition, whether 
the pathways identified in TSD reptiles also mediate the 
environmental sensitivity of sex determination and ovar-
ian development in amphibians and across other SDMs 
remains unknown. Further, the extent to which TSD is 
represented across amphibians more broadly is an im-
portant question for conservation efforts in a rapidly 
changing world. Similarly, well-developed model systems 
for elucidating the influence of anthropogenic com-
pounds on reproductive development are present in these 
groups and offer great potential for deciphering the im-
pact of contaminants in natural settings. Lastly, the re-
turns of past advances in unbiased sequencing approach-
es are reflected by new discoveries in comparative repro-
ductive biology that would never have occurred relying 
on candidate gene/pathway approaches. This is especially 
true in reptiles and amphibians, in which a lack of tech-
nological and funding resources historically constrained 
approaches to comparisons of genetic pathways to mam-
malian models. The increasing availability of such ap-
proaches in these species opens up new, intriguing op-
portunities for answering fundamental questions con-
necting basic biology with environmental factors. In 
closing, we propose a set of outstanding and critical ques-
tions, which subjectively represent some of the most 
pressing issues that the field might consider moving for-
ward (Fig. 1).

Acknowledgements

The authors would like to thank members of the Parrott Labo-
ratory for helpful conversations during the preparation of the 
manuscript.

Conflict of Interest Statement

The authors have no conflict of interest to declare.

Funding Sources

This work was supported by the National Science Foundation 
under Award Number 1754903 (B.B.P.) and the Department of 
Energy Office of Environmental Management and National Nu-
clear Security Administration under award number DE-
EM0005228 to the University of Georgia Research Foundation. 
This report was prepared as an account of work sponsored by an 
agency of the United States Government. Neither the United States 
Government nor any agency thereof, nor any of their employees, 
makes any warranty, express or implied, or assumes any legal lia-
bility or responsibility for the accuracy, completeness, or useful-
ness of any information, apparatus, product, or process disclosed, 
or represents that its use would not infringe privately owned rights. 
Reference herein to any specific commercial product, process, or 
service by trade name, trademark, manufacturer, or otherwise does 
not necessarily constitute or imply its endorsement, recommenda-
tion, or favoring by the USA.

Author Contributions

C.R. Smaga, S.L. Bock, J.M. Johnson, and B.B. Parrott all con-
tributed to the writing of the review.

References

Adolfi MC, Fischer P, Herpin A, Regensburger M, 
Kikuchi M, Tanaka M, et al. Increase of corti-
sol levels after temperature stress activates 
dmrt1a causing female-to-male sex reversal 
and reduced germ cell number in medaka. 
Mol Reprod Dev. 2019; 86(10): 1405–17.

Adolfi MC, Herpin A, Schartl M. The replaceable 
master of sex determination:  Bottom-up hy-
pothesis revisited. Philos Trans R Soc B Biol 
Sci. 2021; 376(1832): 20200090.

Agger K, Cloos PAC, Christensen J, Pasini D, 
Rose S, Rappsilber J, et al. UTX and JMJD3 are 

histone H3K27 demethylases involved in 
HOX gene regulation and development. Na-
ture. 2007; 449(7163): 731–4.

Aldokhi OA, Alwasel S, Harrath AH. Ultrastruc-
tural and histochemical study of previtello-
genic oogenesis in the desert lizard Scincus 
mitranus (Squamata, Sauropsida). J Morphol. 
2019; 280(3): 381–94.

Andreuccetti P. An ultrastructural study of dif-
ferentiation of pyriform cells and their contri-
bution to oocyte growth in representative 
squamata. J Morphol. 1992; 212: 1–11.

Antonio-Rubio NR, Villagrán-SantaCruz M, Santos-
Vázquez A, Moreno-Mendoza N. Gonadal mor-
phogenesis and sex differentiation in the ovipa-
rous lizard, Sceloporus aeneus (Squamata:  phry-
nosomatidae). Zoomorphol. 2015; 134(2): 279–89.

Bachtrog D, Mank JE, Peichel CL, Kirkpatrick M, 
Otto SP, Ashman TL, et al. Sex Determina-
tion:  Why So Many Ways of Doing It? PLoS 
Biol. 2014; 12(7): e1001899.

Barske LA, Capel B. Blurring the edges in verte-
brate sex determination. Curr Opin Gen Dev. 
2008; 18(6): 499–505.



Smaga/Bock/Johnson/ParrottSex Dev16
DOI: 10.1159/000526009

Barske LA, Capel B. Estrogen represses SOX9 
during sex determination in the red-eared 
slider turtle Trachemys scripta. Dev Biol. 
2010; 341(1): 305–14.

Benard MF. Warmer winters reduce frog fecun-
dity and shift breeding phenology, which con-
sequently alters larval development and meta-
morphic timing. Glob Chang Biol. 2015; 

21(3): 1058–65.
Berg C, Gyllenhammar I, Kvarnryd M. Xenopus 

tropicalis as a test system for developmental 
and reproductive toxicity. J Toxicol Environ 
Health A. 2009; 72(3-4): 219–25.

Bhandari RK, Deem SL, Holliday DK, Jandegian 
CM, Kassotis CD, Nagel SC, et al. Effects of 
the environmental estrogenic contaminants 
bisphenol A and 17α-ethinyl estradiol on sex-
ual development and adult behaviors in 
aquatic wildlife species. Gen Comp Endocri-
nol. 2015; 214: 195–219.

Bieser KL, Wibbels T. Chronology, magnitude 
and duration of expression of putative sex-
determining/differentiation genes in a turtle 
with temperature-dependent sex determina-
tion. Sex Dev. 2014; 8(6): 364–75.

Blackburn DG. Evolution of vertebrate viviparity 
and specializations for fetal nutrition:  A 
quantitative and qualitative analysis. J Mor-
phol. 2015; 276(8): 961–90.

Bock SL, Lowers RH, Rainwater TR, Stolen E, 
Drake JM, Wilkinson PM, et al. Spatial and 
temporal variation in nest temperatures fore-
casts sex ratio skews in a crocodilian with en-
vironmental sex determination. Proc Biol Sci. 
2020a; 287(1926): 20200210.

Bock SL, Hale MD, Leri FM, Wilkinson PM, Rain-
water TR, Parrott BB. Post-transcriptional 
mechanisms respond rapidly to ecologically 
relevant thermal fluctuations during temper-
ature-dependent sex determination. Integr 
Org Biol. 2020b; 2: obaa033.

Bolger R, Wiese TE, Ervin K, Nestich S, Checov-
ich W. Rapid screening of environmental 
chemicals for estrogen receptor binding ca-
pacity. Environ Health Perspect. 1998; 106(9): 

551–7.
Bowden RM, Ewert MA, Nelson CE. Environ-

mental sex determination in a reptile varies 
seasonally and with yolk hormones. Proc Biol 
Sci. 2000; 267(1454): 1745–9.

Bowles J, Knight D, Smith C, Wilhelm D, Rich-
man J, Mamiya S, et al. Retinoid signaling de-
termines germ cell fate in mice. Science. 2006; 

312(5773): 596–600.
Bull JJ. Sex determination in reptiles. Q Rev Biol. 

1980; 55(1): 3–21.
Bull JJ, Gutzke WHN, Crews D. Sex reversal by 

estradiol in three reptilian orders. Gen Comp 
Endocrinol. 1988; 70(3): 425–8.

Calderón ML, De Pérez GR, Ramírez Pinilla MP. 
Morphology of the ovary of Caiman crocodi-
lus (Crocodylia:  Alligatoridae). Ann Anat. 
2004; 186(1): 13–24.

Callebaut M, Van Nassauw L, Harrisson F. Com-
parison between oogenesis and related ovari-
an structures in a reptile, Pseudemys scripta 
elegans (turtle) and in a bird Coturnix cotur-

nix japonica (quail). Reprod Nutr Dev. 1997; 

37(3): 233–52.
Callen JC, Dennebouy N, Mounolou JC. Early on-

set of a large pool of previtellogenic oocytes 
and cyclic escape by vitellogenesis:  the pattern 
of ovarian activity of Xenopus laevis females 
and its physiological consequences. Reprod 
Nutr Develop. 1986; 26(1A): 13–30.

Canesini G, Stoker C, Galoppo GH, Durando ML, 
Tschopp MV, Luque EH, et al. Temperature- 
vs. estrogen-induced sex determination in 
Caiman latirostris embryos:  Both females, but 
with different expression patterns of key mol-
ecules involved in ovarian development. Gen 
Comp Endocrinol. 2018; 259: 176–88.

Capel B. Vertebrate sex determination:  Evolu-
tionary plasticity of a fundamental switch. 
Nat Rev Genet. 2017; 18(11): 675–89.

Carter AW, Sadd BM, Tuberville TD, Paitz RT, 
Bowden RM. Short heatwaves during fluctu-
ating incubation regimes produce females un-
der temperature-dependent sex determina-
tion with implications for sex ratios in nature. 
Sci Rep. 2018; 8: 3–13.

Castelli MA, Whiteley SL, Georges A, Holleley 
CE. Cellular calcium and redox regulation:  
the mediator of vertebrate environmental sex 
determination? Biol Rev. 2020; 95(3): 680–95.

Chardard D, Dournon C. Sex reversal by aroma-
tase inhibitor treatment in the newt Pleuro-
deles waltl. J Exp Zool. 1999; 283(1): 43–50.

Chardard D, Kuntz S, Chesnel A, Flament S. Ef-
fects of androgens on sex differentiation of 
the urodele Pleurodeles waltl. J Exp Zool A 
Comp Exp Biol. 2003; 296(1): 46–55.

Charnier M. Action de la temperature sur la sex-
ratio chez l’embryon d’ Agama agama 
(Agamidae, Lacertilien). CR Soc Biol. 1966; 

160(3): 620–2.
Chassot AA, Ranc F, Gregoire EP, Roepers-Ga-

jadien HL, Taketo MM, Camerino G, et al. 
Activation of β-catenin signaling by Rspo1 
controls differentiation of the mammalian 
ovary. Hum Mol Genet. 2008; 17(9): 1264–77.

Crews D, Bergeron JM. Role of reductase and aro-
matase in sex determination in the red-eared 
slider (Trachemys scripta), a turtle with tem-
perature-dependent sex determination. J En-
docrinol. 1994; 143(2): 279–89.

Crews D, Bull JJ. Mode and tempo in environ-
mental sex determination in vertebrates. Se-
min Cell Dev Biol. 2009; 20(3): 251–5.

Crews D, Licht P. Site of progesterone production 
in the reptilian ovarian follicle. Gen Comp 
Endocrinol. 1975; 27(4): 553–6.

Crews D, Wibbels T, Gutzke WHN. Action of sex 
steroid hormones on temperature-induced 
sex determination in the snapping turtle 
(Chelydra serpentina). Gen Comp Endocri-
nol. 1989; 76(1): 159–66.

Crews D, Bergeron JM, McLachlan JA. The role 
of estrogen in turtle sex determination and 
the effect of PCBs. Environ Health Perspect. 
1995; 103(Suppl 7): 73–7.

Crews D, Sakata J, Rhen T. Developmental effects 
on intersexual and intrasexual variation in 
growth and reproduction in a lizard with tem-

perature-dependent sex determination. 
Comp Biochem Physiol C Toxicol. 1998; 

119(3): 229–41.
Czerwinski M, Natarajan A, Barske L, Looger LL, 

Capel B. A timecourse analysis of systemic 
and gonadal effects of temperature on sexual 
development of the red-eared slider turtle 
Trachemys scripta elegans. Dev Biol. 2016; 

420(1): 166–77.
da Rocha ST, Boeva V, Escamilla-Del-Arenal M, 

Ancelin K, Granier C, Matias NR, et al. Jarid2 
is implicated in the initial Xist-induced tar-
geting of PRC2 to the inactive X chromosome. 
Mol Cell. 2014; 53(2): 301–16.

Delssin AR, Sandoval MT, Ortiz MA, Alvarez BB. 
Development and differentiation of the re-
productive system of Tropidurus catalanensis 
(Squamata:  Tropiduridae). J Morphol. 2019; 

280(2): 244–58.
Deveson IW, Holleley CE, Blackburn J, Marshall 

Graves JA, Mattick JS, Waters PD, et al. Dif-
ferential intron retention in Jumonji chroma-
tin modifier genes is implicated in reptile 
temperature-dependent sex determination. 
Sci Adv. 2017; 3(6): e1700731.

DeWitt TJ, Sih A, Wilson DS. Costs and limits of 
phenotypic plasticity. Trends Ecol Evol. 1998; 

13(2): 77–81.
Díaz-Hernández V, Marmolejo-Valencia A, Mer-

chant-Larios H. Exogenous estradiol alters 
gonadal growth and timing of temperature 
sex determination in gonads of sea turtle. Dev 
Biol. 2015; 408(1): 79–89.

DiGiacomo M, Comazzetto S, Saini H, DeFazio S, 
Carrieri C, Morgan M, et al. Multiple epigen-
etic mechanisms and the piRNA pathway en-
force LINE1 silencing during adult spermato-
genesis. Mol Cell. 2013; 50(4): 601–8.

Doddamani LS. Histoenzymological studies on 
embryonic and posthatching development 
of the ovary in the tropical oviparous lizard, 
Calotes versicolor. J Morphol. 1994; 222: 1–
10.

Doheny BM, Kohno S, Parrott BB, Guillette LJ. In 
ovo treatment with an estrogen receptor al-
pha selective agonist causes precocious devel-
opment of the female reproductive tract of the 
American alligator (Alligator mississippien-
sis). Gen Comp Endocrinol. 2016; 238: 96–
104.

Dournon C, Houillon C, Pieau C. Temperature 
sex-reversal in amphibians and reptiles. Int J 
Dev Biol. 1990; 34(1): 81–92.

Dumont JN. Oogenesis in Xenopus laevis 
(Daudin). I. Stages of oocyte development in 
laboratory maintained animals. J Morphol. 
1972; 136(2): 153–79.

el Jamil A, Kanhoush R, Magre S, Boizet-Bon-
houre B, Penrad-Mobayed M. Sex-specific ex-
pression of SOX9 during gonadogenesis in 
the amphibian Xenopus tropicalis. Dev Dyn. 
2008; 237: 2996–3005.

Ewert MA, Lang JW, Nelson CE. Geographic 
variation in the pattern of temperature-de-
pendent sex determination in the American 
snapping turtle (Chelydra serpentina). J Zool. 
2005; 265(1): 81–95.



Reptile and Amphibian Ovarian 
Development

17Sex Dev
DOI: 10.1159/000526009

Ezaz T, Quinn AE, Miura I, Sarre SD, Georges A, 
Marshall Graves JA. The dragon lizard Pogo-
na vitticeps has ZZ/ZW micro-sex chromo-
somes. Chromosome Res. 2005; 13(8): 763–76.

Feng R, Fang L, Cheng Y, He X, Jiang W, Dong R, 
et al. Retinoic acid homeostasis through AL-
DH1A2 and CYP26A1 mediates meiotic en-
try in Nile tilapia (Oreochromis niloticus). Sci 
Rep. 2015; 5: 10131.

Findlay JK, Drummond AE, Dyson ML, Baillie 
AJ, Robertson DM, Ethier F. Recruitment and 
development of the follicle;  the roles of the 
transforming growth factor-β superfamily. 
Mol Cell Endocrinol. 2002; 191(1): 35–43.

Fisher JS. Are all EDC effects mediated via steroid 
hormone receptors? Toxicology. 2004; 205(1-
2): 33–41.

Galoppo GH, Canesini G, Tavalieri YE, Stoker C, 
Kass L, Luque EH, et al. Bisphenol A disrupts 
the temporal pattern of histofunctional 
changes in the female reproductive tract of 
Caiman latirostris. Gen Comp Endocrinol. 
2017; 254: 75–85.

Gamble T, Geneva AJ, Glor RE, Zarkower D. 
Anolis sex chromosomes are derived from a 
single ancestral pair. Evol. 2014; 68(4): 1027–
41.

Gamble T, Coryell J, Ezaz T, Lynch J, Scantlebury 
DP, Zarkower D. Restriction site-associated 
DNA sequencing (RAD-seq) reveals an ex-
traordinary number of transitions among 
gecko sex-determining systems. Mol Biol 
Evol. 2015; 32(5): 1296–309.

Gamble T, Castoe TA, Nielsen SV, Banks JL, Card 
DC, Schield DR, et al. The discovery of XY sex 
chromosomes in a boa and python. Curr Biol. 
2017; 27(14): 2148–2153.e4.

Ganesh S, Raman R. Sex reversal by testosterone 
and not by estradiol or temperature in Calotes 
versicolor, the lizard lacking sex chromo-
somes. J Exp Zool. 1995; 271(2): 139–44.

Ge C, Ye J, Zhang H, Zhang Y, Sun W, Sang Y, et 
al. DMRT1 induces the male pathway in a tur-
tle species with temperature-dependent sex 
determination. Development. 2017; 144(12): 

2222–33.
Ge C, Ye J, Weber C, Sun W, Zhang H, Zhou Y, 

et al. The histone demethylase KDM6B regu-
lates temperature-dependent sex determina-
tion in a turtle species. Science. 2018; 

360(6389): 645–8.
Georges A, Holleley CE. How does temperature 

determine sex? Science. 2018; 360(6389): 601–
2.

Gore AC, Chappell VA, Fenton SE, Flaws JA, 
Nadal A, Prins GS, et al. EDC-2:  The Endo-
crine Society’s second scientific statement on 
endocrine-disrupting chemicals. Endocr Rev. 
2015; 36(6): E1–E150.

Graves JAM. Evolution of vertebrate sex chromo-
somes and dosage compensation. Nat Rev 
Genet. 2016; 17(1): 33–46.

Guillette LJ. Endocrine disrupting contami-
nants—beyond the dogma. Environ Health 
Perspect. 2006; 114(Suppl 1): 9–12.

Guillette LJ, Gross TS, Masson GR, Matter JM, 
Percival HF, Woodward AR. Developmental 

abnormalities of the gonad and abnormal sex 
hormone concentrations in juvenile alligators 
from contaminated and control lakes in Flor-
ida. Environ Health Perspect. 1994; 102(8): 

680–8.
Guillette LJ, Vonier PM, McLachlan JA. Affinity 

of the alligator estrogen receptor for serum 
pesticide contaminants. Toxicology. 2002; 

181–182: 151–4.
Guraya SS. Ovarian follicles in reptiles and birds. 

Berlin:  Springer-Verlag;  1989.
Gyllenhammar I, Eriksson H, Soderqvist A, Lind-

berg RH, Fick J, Berg C. Clotrimazole expo-
sure modulates aromatase activity in gonads 
and brain during gonadal differentiation in 
Xenopus tropicalis frogs. Aquat Toxicol. 
2009a; 91(2): 102–9.

Gyllenhammar I, Holm L, Eklund R, Berg C. Re-
productive toxicity in Xenopus tropicalis after 
developmental exposure to environmental 
concentrations of ethynylestradiol. Aquat 
Toxicol. 2009b; 91(2): 171–8.

Hale MD, Parrott BB. Assessing the ability of de-
velopmentally precocious estrogen signaling 
to recapitulate ovarian transcriptomes and 
follicle dynamics in alligators from a contam-
inated lake. Environ Health Perspect. 2020; 

128(11): 117003.
Hale MD, McCoy JA, Doheny BM, Galligan TM, 

Guillette LJ, Parrott BB. Embryonic estrogen 
exposure recapitulates persistent ovarian 
transcriptional programs in a model of envi-
ronmental endocrine disruption. Biol Re-
prod. 2019; 100(1): 149–61.

Hayes TB. Sex determination and primary sex dif-
ferentiation in amphibians:  genetic and de-
velopmental mechanisms. J Exp Zool. 1998; 

281(5): 373–99.
Hayes TB, Collins A, Lee M, Mendoza M, Noriega 

N, Stuart AA, et al. Hermaphroditic, demas-
culinized frogs after exposure to the herbicide 
atrazine at low ecologically relevant doses. 
Proc Natl Acad Sci U S A. 2002; 99(8): 5476–
80.

Hayes TB, Haston K, Tsui M, Hoang A, Haeffele 
C, Vonk A. Atrazine-induced hermaphrodit-
ism at 0.1 ppb in American leopard frogs 
(Rana pipiens):  laboratory and field evidence. 
Environ Health Perspect. 2003; 111(4): 568–
75.

Hayes TB, Khoury V, Narayan A, Nazir M, Park 
A, Brown T, et al. Atrazine induces complete 
feminization and chemical castration in male 
African clawed frogs (Xenopus laevis). Proc 
Natl Acad Sci U S A. 2010; 107(10): 4612–7.

Hei N, Yang P, Yang Y, Liu J, Bao H, Liu H, et al. 
Fine structural observation on the oogenesis 
and vitellogenesis of the Chinese soft-shelled 
turtle (Pelodiseus sinensis). Zygote. 2010; 

18(2): 109–20.
Heinz GH, Percival HF, Jennings ML. Contami-

nants in American alligator eggs from Lake 
Apopka, Lake Griffin, and Lake Okeechobee, 
Florida. Environ Monit Assess. 1991; 16(3): 

277–85.
Hernández-Franyutti A, Uribe Aranzábal MC, 

Guillette LJ. Oogenesis in the viviparous 

matrotrophic lizard Mabuya brachypoda. J 
Morphol. 2005; 265(2): 152–64.

Herpin A, Schartl M. Plasticity of gene-regulatory 
networks controlling sex determination:  of 
masters, slaves, usual suspects, newcomers, 
and usurpators. EMBO Rep. 2015; 16(10): 

1260–74.
Hirakawa I, Miyagawa S, Mitsui N, Miyahara M, 

Onishi Y, Kagami Y, et al. Developmental dis-
orders and altered gene expression in the 
tropical clawed frog (Silurana tropicalis) ex-
posed to 17α-ethinylestradiol. J Appl Toxicol. 
2013; 33(9): 1001–10.

Hogan NS, Duarte P, Wade MG, Lean DRS, 
Trudeau VL. Estrogenic exposure affects 
metamorphosis and alters sex ratios in the 
northern leopard frog (Rana pipiens):  identi-
fying critically vulnerable periods of develop-
ment. Gen Comp Endocrinol. 2008; 156(3): 

515–23.
Holleley CE, O’Meally D, Sarre SD, Marshall 

Graves JA, Ezaz T, Matsubara K, et al. Sex re-
versal triggers the rapid transition from ge-
netic to temperature-dependent sex. Nature. 
2015; 523(7558): 79–82.

Holleley CE, Sarre SD, O’Meally D, Georges A. 
Sex reversal in reptiles:  Reproductive oddity 
or powerful driver of evolutionary change? 
Sex Dev. 2016; 10(5-6): 279–87.

James C, Shine R. The seasonal timing of repro-
duction:  A tropical-temperate comparison in 
Australian lizards. Oecologia. 1985; 67(4): 

464–74.
Jandegian CM, Deem SL, Bhandari RK, Holliday 

CM, Nicks D, Rosenfeld CS, et al. Develop-
mental exposure to bisphenol A (BPA) alters 
sexual differentiation in painted turtles (Chry-
semys picta). Gen Comp Endocrinol. 2015; 

216: 77–85.
Janzen FJ. Climate change and temperature-de-

pendent sex determination in reptiles. Proc 
Natl Acad Sci U S A. 1994; 91(16): 7487–90.

Janzen FJ, Phillips PC. Exploring the evolution of 
environmental sex determination, especially 
in reptiles. J Evol Biol. 2006; 19(6): 1775–84.

Jeays-Ward K, Hoyle C, Brennan J, Dandonneau 
M, Alldus G, Capel B, et al. Endothelial and 
steroidogenic cell migration are regulated by 
WNT4 in the developing mammalian gonad. 
Development. 2003; 130(16): 3663–70.

Jeffries DL, Lavanchy G, Sermier R, Sredl MJ, Mi-
ura I, Borzée A, et al. A rapid rate of sex-chro-
mosome turnover and non-random transi-
tions in true frogs. Nat Commun. 2018; 9(1): 

4088.
Jensen MP, Allen CD, Eguchi T, Bell IP, LaCa-

sella EL, Hilton WA, et al. Environmental 
warming and feminization of one of the larg-
est sea turtle populations in the world. Curr 
Biol. 2018; 28(1): 154–159.e4.

Jofré MB, Karasov WH. Effect of mono-ortho and 
di-ortho substituted polychlorinated biphe-
nyl (PCB) congeners on leopard frog survival 
and sexual development. Chemosphere. 2008; 

70(9): 1609–19.
Jones RE, Tokarz RR, Lagreek FT. Endocrine con-

trol of clutch size in reptiles. V. FSH-induced 



Smaga/Bock/Johnson/ParrottSex Dev18
DOI: 10.1159/000526009

follicular formation and growth in immature 
ovaries of Anolis carolinensis. Gen Comp En-
docrinol. 1975; 26(3): 354–67.

Jones RE, Swain T, Guillette LJ, Fitzgerald KT. 
The comparative anatomy of lizard ovaries, 
with emphasis on the number of germinal 
beds. J Herpetol. 1982; 16(3): 240.

Kaneko S, Bonasio R, Saldaña-Meyer R, Yoshida 
T, Son J, Nishino K, et al. Interactions be-
tween JARID2 and noncoding RNAs regulate 
PRC2 recruitment to chromatin. Mol Cell. 
2014; 53(2): 290–300.

Kitana N, Callard IP. Effect of cadmium on go-
nadal development in freshwater turtle 
(Trachemys scripta, Chrysemys picta ) embry-
os. J Environ Sci Health A. 2008; 43(3): 262–
71.

Kitana N, Khonsue W, Won SJ, Lance VA, Cal-
lard IP. Gonadotropin and estrogen respons-
es in freshwater turtle (Chrysemys picta) from 
Cape Cod, Massachusetts. Gen Comp Endo-
crinol. 2006; 149(1): 49–57.

Kiyama R, Wada-Kiyama Y. Estrogenic endo-
crine disruptors:  Molecular mechanisms of 
action. Environ Int. 2015; 83: 11–40.

Kloas W, Lutz I, Einspanier R. Amphibians as a 
model to study endocrine disruptors:  II. Es-
trogenic activity of environmental chemicals 
in vitro and in vivo. Sci Total Environ. 1999; 

225(1-2): 59–68.
Kohno S, Bernhard MC, Katsu Y, Zhu J, Bryan 

TA, Doheny BM, et al. Estrogen receptor 1 
(ESR1;  ERα), not ESR2 (ERβ), modulates es-
trogen-induced sex reversal in the American 
alligator, a species with temperature-depen-
dent sex determination. Endocrinology. 2015; 

156(5): 1887–99.
Konduktorova VV, Luchinskaya NN. Follicular 

cells of the amphibian ovary:  origin, structure, 
and functions. Russ J Dev Biol. 2013; 44(5): 

232–44.
Koopman P, Gubbay J, Vivian N, Goodfellow P, 

Lovell-Badge R. Male development of chro-
mosomally female mice transgenic for Sry. 
Nature. 1991; 351(6322): 117–21.

Krentz AD, Murphy MW, Kim S, Cook MS, Capel 
B, Zhu R, et al. The DM domain protein 
DMRT1 is a dose-sensitive regulator of fetal 
germ cell proliferation and pluripotency. Proc 
Natl Acad Sci U S A. 2009; 106(52): 22323–8.

Kuiper GGJM, Carlsson B, Grandien K, Enmark 
E, Häggblad J, Nilsson S, et al. Comparison of 
the ligand binding specificity and transcript 
tissue distribution of estrogen receptors α and 
β. Endocrinology. 1997; 138(3): 863–70.

Kvarnryd M, Grabic R, Brandt I, Berg C. Early life 
progestin exposure causes arrested oocyte de-
velopment, oviductal agenesis and sterility in 
adult Xenopus tropicalis frogs. Aquat Toxicol. 
2011; 103(1-2): 18–24.

Lambert MR, Giller GSJ, Barber LB, Fitzgerald 
KC, Skelly DK. Suburbanization, estrogen 
contamination, and sex ratio in wild amphib-
ian populations. Proc Natl Acad Sci U  S  A. 
2015; 112(38): 11881–6.

Lambert MR, Smylie MS, Roman AJ, Freidenburg 
LK, Skelly DK. Sexual and somatic develop-

ment of wood frog tadpoles along a thermal 
gradient. J Exp Zool A Ecol Integr Physiol. 
2018; 329(2): 72–9.

Lambert MR, Tran T, Kilian A, Ezaz T, Skelly DK. 
Molecular evidence for sex reversal in wild 
populations of green frogs (Rana clamitans). 
PeerJ. 2019; 7: e6449.

Lan F, Bayliss PE, Rinn JL, Whetstine JR, Wang 
JK, Chen S, et al. A histone H3 lysine 27 de-
methylase regulates animal posterior devel-
opment. Nature. 2007; 449(7163): 689–94.

Lance VA. Reproductive cycle of the American 
alligator. Integr Comp Biol. 1989; 29(3): 999–
1018.

Landeira D, Fisher AG. Inactive yet indispens-
able:  The tale of JARID2. Trends Cell Biol. 
2011; 21(2): 74–80.

Lang JW, Andrews HV. Temperature-dependent 
sex determination in crocodilians. J Exp Zool. 
1994; 270(1): 28–44.

Langlois VS, Carew AC, Pauli BD, Wade MG, 
Cooke GM, Trudeau VL. Low levels of the 
herbicide atrazine alter sex ratios and reduce 
metamorphic success in Rana pipiens tad-
poles raised in outdoor mesocosms. Environ 
Health Perspect. 2010; 118(4): 552–7.

Levy G, Lutz I, Kruger A, Kloas W. Bisphenol A 
induces feminization in Xenopus laevis tad-
poles. Environ Res. 2004; 94(1): 102–11.

Li M, Feng R, Ma H, Dong R, Liu Z, Jiang W, et 
al. Retinoic acid triggers meiosis initiation via 
STRA8-dependent pathway in southern cat-
fish, Silurus meridionalis. Gen Comp Endo-
crinol. 2016; 232: 191–8.

Li YY, Xu W, Chen XR, Lou QQ, Wei WJ, Qin ZF. 
Low concentrations of 17β-trenbolone in-
duce female-to-male reversal and mortality in 
the frog Pelophylax nigromaculatus. Aquat 
Toxicol. 2015; 158: 230–7.

Licht P. Influence of temperature and photope-
riod on the annual ovarian cycle in the lizard 
Anolis carolinensis. Copeia. 1973; 1973(3): 

465–72.
Liu X, Zhu Y, Zhao Y, Wang Y, Li W, Hong X, et 

al. VASA expression is associated with sex dif-
ferentiation in the Asian yellow pond turtle, 
Mauremys mutica. J Exp Zool B Mol Dev 
Evol. 2021; 336(5): 431–42.

Mackenzie CA, Berrill M, Metcalfe C, Pauli BD. 
Gonadal differentiation in frogs exposed to 
estrogenic and antiestrogenic compounds. 
Environ Toxicol Chem. 2003; 22(10): 2466–
75.

Marion KR. Temperature as the reproductive cue 
for the female fence lizard Sceloporus undula-
tus. Copeia. 1970; 1970(3): 562–4.

Matson CK, Zarkower D. Sex and the singular 
DM domain:  Insights into sexual regulation, 
evolution and plasticity. Nat Rev Genet. 2012; 

13(3): 163–74.
Matson CK, Murphy MW, Sarver AL, Griswold 

MD, Bardwell VJ, Zarkower D. DMRT1 pre-
vents female reprogramming in the postnatal 
mammalian testis. Nature. 2011; 476(7358): 

101–4.
Matsubara K, Tarui H, Toriba M, Yamada K, 

Nishida-Umehara C, Agata K, et al. Evidence 

for different origin of sex chromosomes in 
snakes, birds, and mammals and step-wise 
differentiation of snake sex chromosomes. 
Proc Natl Acad Sci U  S  A. 2006; 103(48): 

18190–5.
Matsumoto Y, Buemio A, Chu R, Vafaee M, 

Crews D. Epigenetic control of gonadal aro-
matase (CYP19A1) in temperature-depen-
dent sex determination of red-eared slider 
turtles. PLoS One. 2013; 8(6): e63599.

Matsumoto Y, Hannigan B, Crews D. Embryonic 
PCB exposure alters phenotypic, genetic, and 
epigenetic profiles in turtle sex determina-
tion, a biomarker of environmental contami-
nation. Endocrinology. 2014; 155(11): 4168–
77.

Matter JM, McMurry CS, Anthony AB, Dicker-
son RL. Development and implementation of 
endocrine biomarkers of exposure and effects 
in American alligators (Alligator mississippi-
ensis). Chemosphere. 1998; 37(9-12): 1905–
14.

Mawaribuchi S, Musashijima M, Wada M, Izutsu 
Y, Kurakata E, Park MK, et al. Molecular evo-
lution of two distinct dmrt1 promoters for 
germ and somatic cells in vertebrate gonads. 
Mol Biol Evol. 2017; 34(3): 724–33.

McCoy JA, Hamlin HJ, Thayer LA, Guillette LJ, 
Parrott BB. The influence of thermal signals 
during embryonic development on intrasex-
ual and sexually dimorphic gene expression 
and circulating steroid hormones in Ameri-
can alligator hatchlings (Alligator mississippi-
ensis). Gen Comp Endocrinol. 2016; 238: 47–
54.

McLaren A. Sex determination in mammals. 
Trends Genet. 1988; 4: 153–7.

Mendoza-Cruz E, Moreno-Mendoza N, Zambra-
no L, Villagrán-SantaCruz M. Development 
and gonadal sex differentiation in the neoten-
ic urodele:  Ambystoma mexicanum. Zoomor-
phology. 2017; 136(4): 497–509.

Milnes MR, Roberts RN, Guillette LJ. Effects of 
incubation temperature and estrogen expo-
sure on aromatase activity in the brain and 
gonads of embryonic alligators. Environ 
Health Perspect. 2002; 110(Suppl 3): 393–6.

Miner BG, Sultan SE, Morgan SG, Padilla DK, Re-
lyea RA. Ecological consequences of pheno-
typic plasticity. Trends Ecol Evol. 2005; 

20(12): 685–92.
Mitchell NJ, Nelson NJ, Cree A, Pledger S, Keall 

SN, Daugherty CH. Support for a rare pattern 
of temperature-dependent sex determination 
in archaic reptiles:  Evidence from two species 
of tuatara (Sphenodon). Front Zool. 2006; 3: 

9–12.
Miura I. An evolutionary witness:  The frog Rana 

rugosa underwent change of heterogametic 
sex from XY male to ZW female. Sex Dev. 
2007; 1(6): 323–31.

Miura I. Sex determination and sex chromosomes 
in Amphibia. Sex Dev. 2017; 11(5-6): 298–306.

Moore BC, Uribe-Aranzábal MC, Boggs ASP, 
Guillette LJ. Developmental morphology of 
the neonatal alligator (Alligator mississippien-
sis) ovary. J Morphol. 2008; 269(3): 302–12.



Reptile and Amphibian Ovarian 
Development

19Sex Dev
DOI: 10.1159/000526009

Moore BC, Hamlin HJ, Botteri NL, Guillette LJ Jr. 
Gonadal mRNA expression levels of TGFbeta 
superfamily signaling factors correspond 
with post-hatching morphological develop-
ment in American alligators. Sex Dev. 2010a; 

4(1-2): 62–72.
Moore BC, Kohno S, Cook RW, Alvers AL, Ham-

lin HJ, Woodruff TK, et al. Altered sex hor-
mone concentrations and gonadal mRNA ex-
pression levels of activin signaling factors in 
hatchling alligators from a contaminated 
Florida lake. J Exp Zool. 2010b; 313(4): 218–
30.

Moore BC, Hamlin HJ, Botteri NL, Lawler AN, 
Mathavan KK, Guillette LJ. Posthatching de-
velopment of Alligator mississippiensis ovary 
and testis. J Morphol. 2010c; 271(5): 580–95.

Moore BC, Milnes MR, Kohno S, Katsu Y, Iguchi 
T, Woodruff TK, et al. Altered gonadal ex-
pression of TGF-β superfamily signaling fac-
tors in environmental contaminant-exposed 
juvenile alligators. J Steroid Biochem Mol 
Biol. 2011; 127(1-2): 58–63.

Moore BC, Forouhar S, Kohno S, Botteri NL, 
Hamlin HJ, Guillette LJ. Gonadotropin-in-
duced changes in oviducal mRNA expression 
levels of sex steroid hormone receptors and 
activin-related signaling factors in the alliga-
tor. Gen Comp Endocrinol. 2012a; 175(2): 

251–8.
Moore BC, Roark AM, Kohno S, Hamlin HJ, 

Guillette LJ. Gene–environment interactions:  
The potential role of contaminants in somatic 
growth and the development of the reproduc-
tive system of the American alligator. Mol 
Cell Endocrinol. 2012b; 354(1-2): 111–20.

Mork L, Capel B. Conserved action of β-catenin 
during female fate determination in the red-
eared slider turtle. Evol Dev. 2013; 15(2): 96–
106.

Mork L, Czerwinski M, Capel B. Predetermina-
tion of sexual fate in a turtle with tempera-
ture-dependent sex determination. Dev Biol. 
2014; 386(1): 264–71.

Murray CM, Easter M, Merchant M, Rheubert JL, 
Wilson KA, Cooper A, et al. Methyltestoster-
one alters sex determination in the American 
alligator (Alligator mississippiensis). Gen 
Comp Endocrinol. 2016; 236: 63–9.

Nakamura M. Sex determination in amphibians. 
Semin Cell Dev Biol. 2009; 20(3): 271–82.

Nakamura S, Watakabe I, Nishimura T, Picard JY, 
Toyoda A, Taniguchi Y, et al. Hyperprolifera-
tion of mitotically active germ cells due to de-
fective anti-Müllerian hormone signaling me-
diates sex reversal in medaka. Development. 
2012; 139(13): 2283–7.

Navarro-Martín L, Viñas J, Ribas L, Díaz N, 
Gutiérrez A, di Croce L, et al. DNA methyla-
tion of the gonadal aromatase (CYP19A) pro-
moter is involved in temperature-dependent 
sex ratio shifts in the European sea bass. PLoS 
Genet. 2011; 7(12): e1002447.

Nemesházi E, Gál Z, Ujhegyi N, Verebélyi V, 
Mikó Z, Uveges B, et al. Novel genetic sex 
markers reveal high frequency of sex reversal 
in wild populations of the agile frog (Rana 

dalmatina) associated with anthropogenic 
land use. Mol Ecol. 2020; 29(19): 3607–21.

Ogielska M, Kotusz A. Pattern and rate of ovary 
differentiation with reference to somatic de-
velopment in anuran amphibians. J Morphol. 
2004; 259(1): 41–54.

Ogielska M, Kotusz A, Augustyńska R, Ihnatow-
icz J, Paśko L. A stockpile of ova in the grass 
frog Rana temporaria is established once for 
the life span. Do ovaries in amphibians and in 
mammals follow the same evolutionary strat-
egy? Anat Rec. 2013; 296(4): 638–53.

Ohtani H, Miura I, Ichikawa Y. Effects of dibutyl 
phthalate as an environmental endocrine dis-
ruptor on gonadal sex differentiation of ge-
netic males of the frog Rana rugosa. Environ 
Health Perspect. 2000; 108(12): 1189–93.

Okada E, Yoshimoto S, Ikeda N, Kanda H, Tamu-
ra K, Shiba T, et al. Xenopus W-linked DM-W 
induces FOXL2 and CYP19 expression during 
ovary formation. Sex Dev. 2009; 3(1): 38–42.

Olmstead AW, Kosian PA, Johnson R, Blackshear 
PE, Haselman J, Blanksma C, et al. Trenbo-
lone causes mortality and altered sexual dif-
ferentiation in Xenopus tropicalis during lar-
val development. Environ Toxicol Chem. 
2012; 31(10): 2391–8.

Orton F, Tyler CR. Do hormone-modulating 
chemicals impact on reproduction and devel-
opment of wild amphibians? Biol Rev Camb 
Philos Soc. 2015; 90(4): 1100–17.

Orton F, Carr JA, Handy RD. Effects of nitrate 
and atrazine on larval development and sexu-
al differentiation in the northern leopard frog 
Rana pipiens. Environ Toxicol Chem. 2006; 

25(1): 65–71.
Ospina-Alvarez N, Piferrer F. Temperature-de-

pendent sex determination in fish revisited:  
prevalence, a single sex ratio response pattern, 
and possible effects of climate change. PLoS 
One. 2008; 3(7): e2837.

Pancharatna K, Patil MM. Role of temperature 
and photoperiod in the onset of sexual matu-
rity in female frogs, Rana cyanophlyctis. J Her-
petol. 1997; 31(1): 111–4.

Park BJ, Kidd K. Effects of the synthetic estrogen 
ethinylestradiol on early life stages of mink 
frogs and green frogs in the wild and in situ. 
Environ Toxicol Chem. 2005; 24(8): 2027–36.

Parrott BB, Kohno S, Cloy-McCoy JA, Guillette 
LJ. Differential incubation temperatures re-
sult in dimorphic DNA methylation pattern-
ing of the SOX9 and aromatase promoters in 
gonads of alligator (Alligator mississippiensis) 
embryos. Biol Reprod. 2014; 90(1): 2.

Parsley LM, Wapstra E, Jones SM. Atrazine dis-
rupts gonadal development in a live-bearing 
lizard. Endocr Disruptors. 2015a; 3(1): 

e1006071.
Parsley LM, Wapstra E, Jones SM. In utero exposure 

to the oestrogen mimic diethylstilbestrol dis-
rupts gonadal development in a viviparous rep-
tile. Reprod Fertil Dev. 2015b; 27(7): 1106–14.

Pen I, Uller T, Feldmeyer B, Harts A, While GM, 
Wapstra E. Climate-driven population diver-
gence in sex-determining systems. Nature. 
2010; 468(7322): 436–8.

Peng JC, Valouev A, Swigut T, Zhang J, Zhao Y, 
Sidow A, et al. Jarid2/Jumonji coordinates 
control of PRC2 enzymatic activity and target 
gene occupancy in pluripotent cells. Cell. 
2009; 139(7): 1290–302.

Pérez-Bermúdez E, Ruiz-Urquiola A, Lee-
González I, Petric B, Almaguer-Cuenca N, 
Sanz-Ochotorena A, et al. Ovarian follicular 
development in the hawksbill turtle (Cheloni-
idae:  Eretmochelys imbricata L.). J Morphol. 
2012; 273(12): 1338–52.

Pettersson I, Berg C. Environmentally relevant 
concentrations of ethynylestradiol cause fe-
male-biased sex ratios in Xenopus tropicalis 
and Rana temporaria. Environ Toxicol Chem. 
2007; 26(5): 1005–9.

Pettersson I, Arukwe A, Lundstedt-Enkel K, 
Mortensen AS, Berg C. Persistent sex-reversal 
and oviducal agenesis in adult Xenopus (Silu-
rana) tropicalis frogs following larval expo-
sure to the environmental pollutant ethynyl-
estradiol. Aquat Toxicol. 2006; 79(4): 356–65.

Pickford DB, Morris ID. Effects of endocrine-dis-
rupting contaminants on amphibian oogen-
esis:  methoxychlor inhibits progesterone-in-
duced maturation of Xenopus laevis oocytes 
in vitro. Environ Health Perspect. 1999; 

107(4): 285–92.
Piprek RP, Pecio A, Laskowska-Kaszub K, Kubiak 

JZ, Szymura JM. Sexual dimorphism of AMH, 
DMRT1 and RSPO1 localization in the devel-
oping gonads of six anuran species. Int J Dev 
Biol. 2013; 57(11–12): 891–5.

Piprek RP, Kloc M, Tassan JP, Kubiak JZ. Devel-
opment of Xenopus laevis bipotential gonads 
into testis or ovary is driven by sex-specific 
cell-cell interactions, proliferation rate, cell 
migration and deposition of extracellular ma-
trix. Dev Biol. 2017; 432(2): 298–310.

Pokorná MJ, Kratochvíl L. Phylogeny of sex-de-
termining mechanisms in squamate reptiles:  
are sex chromosomes an evolutionary trap? 
Zool J Linn Soc. 2009; 156(1): 168–83.

Potok ME, Nix DA, Parnell TJ, Cairns BR. Repro-
gramming the maternal zebrafish genome af-
ter fertilization to match the paternal meth-
ylation pattern. Cell. 2013; 153(4): 759–72.

Priyanka, Tripathi V, Raman R. Conservation of 
ovary-specific genes, FOXL2, aromatase, and 
RSPO1, in the common Indian garden lizard, 
Calotes versicolor, that lacks chromosomal or 
temperature-dependent sex determination. 
Sex Dev. 2018; 12(6): 295–307.

Quinn AE, Georges A, Sarre SD, Guarino F, Ezaz 
T, Graves JAM. Temperature sex reversal im-
plies sex gene dosage in a reptile. Science. 
2007; 316(5823): 411.

Radder RS, Pizzatto L, Shine R. Morphological 
correlates of life-history variation:  is lizard 
clutch size related to the number of germinal 
beds in the ovary? Biol J Linn Soc. 2008a; 

94(1): 81–8.
Radder RS, Quinn AE, Georges A, Sarre SD, Shine 

R. Genetic evidence for co-occurrence of 
chromosomal and thermal sex-determining 
systems in a lizard. Biol Lett. 2008b; 4(2): 176–
8.



Smaga/Bock/Johnson/ParrottSex Dev20
DOI: 10.1159/000526009

Ramsey M, Shoemaker C, Crews D. Gonadal ex-
pression of Sf1 and aromatase during sex de-
termination in the red-eared slider turtle 
(Trachemys scripta), a reptile with tempera-
ture-dependent sex determination. Differen-
tiation. 2007; 75(10): 978–91.

Raymond CS, Murphy MW, O’Sullivan MG, 
Bardwell VJ, Zarkower D. Dmrt1, a gene re-
lated to worm and fly sexual regulators, is re-
quired for mammalian testis differentiation. 
Genes Dev. 2000; 14(20): 2587–95.

Reeder AL, Foley GL, Nichols DK, Hansen LG, 
Wikoff B, Faeh S, et al. Forms and prevalence 
of intersexuality and effects of environmental 
contaminants on sexuality in cricket frogs 
(Acris crepitans). Environ Health Perspect. 
1998; 106(5): 261–6.

Rhen T, Lang JW. Temperature-dependent sex de-
termination in the snapping turtle, manipula-
tion of the embryonic sex steroid environment. 
Gen Comp Endocrinol. 1994; 96(2): 243–54.

Rhen T, Lang JW. Among-family variation for en-
vironmental sex determination in reptiles. 
Evolution. 1998; 52(5): 1514–20.

Rhen T, Schroeder A. Molecular mechanisms of 
sex determination in reptiles. Sex Dev. 2010; 

4(1-2): 16–28.
Rhen T, Metzger K, Schroeder A, Woodward R. 

Expression of putative sex-determining genes 
during the thermosensitive period of gonad 
development in the snapping turtle, Chelydra 
serpentina. Sex Dev. 2007; 1(4): 255–70.

Rhen T, Fagerlie R, Schroeder A, Crossley DA, 
Lang JW. Molecular and morphological dif-
ferentiation of testes and ovaries in relation to 
the thermosensitive period of gonad develop-
ment in the snapping turtle, Chelydra serpen-
tina. Differentiation. 2015; 89(1-2): 31–41.

Rhen T, Even Z, Brenner A, Lodewyk A, Das D, 
Singh S, et al. Evolutionary turnover in WNT 
gene expression but conservation of WNT 
signaling during ovary determination in a 
TSD reptile. Sex Dev. 2021; 15(1-3): 47–68.

Rice ES, Kohno S, John JS, Pham S, Howard J, 
Lareau LF, et al. Improved genome assembly 
of American alligator genome reveals con-
served architecture of estrogen signaling. Ge-
nome Res. 2017; 27(5): 686–96.

Richard-Mercier N, Dorizzi M, Desvages G, Gi-
rondot M, Pieau C. Endocrine sex reversal of 
gonads by the aromatase inhibitor Letrozole 
(CGS 20267) in Emys orbicularis, a turtle with 
temperature-dependent sex determination. 
Gen Comp Endocrinol. 1995; 100(3): 314–26.

Rie MT, Kitana N, Lendas KA, Won SJ, Callard 
IP. Reproductive endocrine disruption in a 
sentinel species (Chrysemys picta) on Cape 
Cod, Massachusetts. Arch Environ Contam 
Toxicol. 2005; 48(2): 217–24.

Rohr JR. The atrazine saga and its importance to 
the future of toxicology, science, and environ-
mental and human health. Environ Toxicol 
Chem. 2021; 40(6): 1544–58.

Rooney AA. Variation in the endocrine and im-
mune system of juvenile alligators:  Environ-
mental influence on physiology. Ph.D. Dis-
sertation, University of Florida;  1998.

Rotgers E, Jørgensen A, Yao HHC. At the cross-
roads of fate - Somatic cell lineage specifica-
tion in the fetal gonad. Endocr Rev. 2018; 

39(5): 739–59.
Ruiz-Garciá A, Roco ÁS, Bullejos M. Sex differen-

tiation in amphibians:  Effect of temperature 
and its influence on sex reversal. Sex Dev. 
2021; 15(1-3): 157–67.

Sanulli S, Justin N, Teissandier A, Ancelin K, Por-
toso M, Caron M, et al. Jarid2 Methylation via 
the PRC2 Complex Regulates H3K27me3 De-
position during Cell Differentiation. Mol 
Cell. 2015; 57(5): 769–83.

Sarkar S, Sarkar NK, Das P, Maiti BR. Photother-
mal effects on ovarian growth and function in 
the soft-shelled turtle Lissemys punctata 
punctata. J Exp Zool. 1996; 274(1): 41–55.

Sarre SD, Georges A, Quinn A. The ends of a con-
tinuum:  Genetic and temperature-dependent 
sex determination in reptiles. BioEssays. 
2004; 26(6): 639–45.

Shoemaker CM, Crews D. Analyzing the coordi-
nated gene network underlying temperature-
dependent sex determination in reptiles. Se-
min Cell Dev Biol. 2009; 20(3): 293–303.

Shoemaker CM, Queen J, Crews D. Response of 
candidate sex-determining genes to changes 
in temperature reveals their involvement in 
the molecular network underlying tempera-
ture-dependent sex determination. Mol En-
docrinol. 2007; 21(11): 2750–63.

Siegfried KR, Nüsslein-Volhard C. Germ line 
control of female sex determination in zebraf-
ish. Dev Biol. 2008; 324(2): 277–87.

Sifakis S, Androutsopoulos VP, Tsatsakis AM, 
Spandidos DA. Human exposure to endo-
crine disrupting chemicals:  effects on the 
male and female reproductive systems. Envi-
ron Toxicol Pharmacol. 2017; 51: 56–70.

Simoniello P, Trinchella F, Scudiero R, Filosa S, 
Motta CM. Cadmium in Podarcis sicula dis-
rupts prefollicular oocyte recruitment by 
mimicking FSH action. TOZJ. 2010; 3(2): 37–
41.

Sinclair AH, Berta P, Palmer MS, Hawkins JR, 
Griffiths BL, Smith MJ, et al. A gene from the 
human sex-determining region encodes a 
protein with homology to a conserved DNA-
binding motif. Nature. 1990; 346(6281): 240–
4.

Singh SK, Das D, Rhen T. Embryonic tempera-
ture programs phenotype in reptiles. Front 
Physiol. 2020; 11: 35.

Skinner MK. Regulation of primordial follicle as-
sembly and development. Hum Reprod Up-
date. 2005; 11(5): 461–71.

Slanchev K, Stebler J, de La Cueva-Méndez G, Raz 
E. Development without germ cells:  The role 
of the germ line in zebrafish sex differentia-
tion. Proc Natl Acad Sci U S A. 2005; 102(11): 

4074–9.
Smith CA, Roeszler KN, Bowles J, Koopman P, 

Sinclair AH. Onset of meiosis in the chicken 
embryo;  evidence of a role for retinoic acid. 
BMC Dev Biol. 2008; 8: 85.

Smith CA, Roeszler KN, Ohnesorg T, Cummins 
DM, Farlie PG, Doran TJ, et al. The avian Z-

linked gene DMRT1 is required for male sex 
determination in the chicken. Nature. 2009; 

461(7261): 267–71.
Stoker C, Beldoménico PM, Bosquiazzo VL, Za-

yas MA, Rey F, Rodríguez H, et al. Develop-
mental exposure to endocrine disruptor 
chemicals alters follicular dynamics and ste-
roid levels in Caiman latirostris. Gen Comp 
Endocrinol. 2008; 156(3): 603–12.

Storrs SI, Semlitsch RD. Variation in somatic and 
ovarian development:  predicting susceptibil-
ity of amphibians to estrogenic contaminants. 
Gen Comp Endocrinol. 2008; 156(3): 524–30.

Tavera-Mendoza L, Ruby S, Brousseau P, Fourni-
er M, Cyr D, Marcogliese D. Response of the 
amphibian tadpole Xenopus laevis to atrazine 
during sexual differentiation of the ovary. En-
viron Toxicol Chem. 2002; 21: 1264–7.

Thompson MB, Speake BK. Energy and nutrient 
utilisation by embryonic reptiles. Comp Bio-
chem Physiol A Mol Integr Physiol. 2002; 

133(3): 529–38.
Tompsett AR, Wiseman S, Higley E, Giesy JP, 

Hecker M. Effects of exposure to 
17α-ethynylestradiol during larval develop-
ment on growth, sexual differentiation, and 
abundances of transcripts in the liver of the 
wood frog (Lithobates sylvaticus). Aquat Tox-
icol. 2013; 126: 42–51.

Trombly DJ, Woodruff TK, Mayo KE. Roles for 
transforming growth factor beta superfamily 
proteins in early folliculogenesis. Semin Re-
prod Med. 2009; 27(1): 014–23.

Tumkiratiwong P, Meesuk W, Chanhome L, 
Aowphol A. Reproductive patterns of captive 
male and female monocled cobra, Naja kaou-
thia (Lesson, 1831). Zool Studies. 2012; 51: 

692–700.
Uhlenhaut NH, Jakob S, Anlag K, Eisenberger T, 

Sekido R, Kress J, et al. Somatic sex repro-
gramming of adult ovaries to testes by FOXL2 
ablation. Cell. 2009; 139(6): 1130–42.

Uribe MCA. The ovary and oogenesis. In:  Sever 
D, editor. Reproductive Biology and Phylog-
eny of Urodela. Enfield:  Science Publishers, 
Inc.;  2003. p. 135–50.

Uribe MCA. Oogenesis and female reproductive 
system in Amphibia – Urodela. In:  Ogielska 
M, editor. Reproduction of Amphibians. En-
field:  Science Publishers, Inc.;  2009. p. 273–
304.

Uribe MCA, Guillette LJ. Oogenesis and ovarian his-
tology of the American alligator Alligator missis-
sippiensis. J Morphol. 2000; 245(3): 225–40.

Vainio S, Heikkilä M, Kispert A, Chin N, McMa-
hon AP. Female development in mammals is 
regulated by Wnt-4 signalling. Nature. 1999; 

397(6718): 405–9.
Valenzuela N, Lance V. Temperature-dependent 

sex determination in vertebrates. Washing-
ton:  Smithsonian Books;  2004.

Van Schmidt ND, Cary TL, Ortiz-Santaliestra 
ME, Karasov WH. Effects of chronic polybro-
minated diphenyl ether exposure on gonadal 
development in the northern leopard frog, 
Rana pipiens. Environ Toxicol Chem. 2012; 

31(2): 347–54.



Reptile and Amphibian Ovarian 
Development

21Sex Dev
DOI: 10.1159/000526009

Vernet N, Condrea D, Mayere C, Féret B, Klop-
fenstein M, Magnant W, et al. Meiosis occurs 
normally in the fetal ovary of mice lacking all 
retinoic acid receptors. Sci Adv. 2020; 6(21): 

eaaz1139.
Vieira S, de Pérez GR, Ramírez-Pinilla MP. Ultra-

structure of the ovarian follicles in the placen-
totrophic Andean lizard of the genus Mabuya 
(Squamata:  Scincidae). J Morphol. 2010; 

271(6): 738–49.
Vining B, Ming Z, Bagheri-fam S, Harley V. Di-

verse regulation but conserved function:  
SOX9 in vertebrate sex determination. Genes. 
2021; 12(4): 486.

Vonier PM, Crain DA, McLachlan JA, Guillette 
LJ, Arnold SF. Interaction of environmental 
chemicals with the estrogen and progesterone 
receptors from the oviduct of the American 
alligator. Environ Health Perspect. 1996; 

104(12): 1318–22.
Wallacides A, Chesnel A, Chardard D, Flament S, 

Dumond H. Evidence for a conserved role of 
retinoic acid in urodele amphibian meiosis 
onset. Dev Dyn. 2009; 238(6): 1389–98.

Wang C, Zhou B, Xia G. Mechanisms controlling 
germline cyst breakdown and primordial fol-
licle formation. Cell Mol Life Sci. 2017; 74(14): 

2547–66.
Wapstra E, Olsson M, Shine R, Edwards A, Swain 

R, Joss JMP. Maternal basking behaviour de-
termines offspring sex in a viviparous reptile. 
Proc Biol Sci. 2004; 271(Suppl 4): S230–2.

Warner DA, Shine R. The adaptive significance of 
temperature-dependent sex determination in 
a reptile. Nature. 2008; 451(7178): 566–8.

Weber C, Capel B. Sex determination without sex 
chromosomes. Philos Trans R Soc Lond B 
Biol Sci. 2021; 376(1832): 20200109.

Weber C, Zhou Y, Lee JG, Looger LL, Qian G, Ge 
C, et al. Temperature-dependent Sex Deter-
mination Is Mediated by pSTAT3 Repression 
of Kdm6b. Science. 2020; 368(6488): 303–6.

West-Eberhard MJ. Phenotypic plasticity and the 
origins of diversity. Ann Rev Ecol Syst. 1989; 

20(1): 249–78.
Western PS, Harry JL, Graves JAM, Sinclair AH. 

Temperature-dependent sex determination 
in the American alligator:  AMH precedes 
SOX9 expression. Dev Dyn. 1999; 216(4-5): 

411–9.
Whiteley SL, Holleley CE, Wagner S, Blackburn J, 

Deveson IW, Marshall Graves JA, et al. Two 
transcriptionally distinct pathways drive fe-
male development in a reptile with both ge-
netic and temperature dependent sex deter-
mination. PLoS Genet. 2021; 17(4): e1009465.

Wibbels T, Bull JJ, Crews D. Synergism between 
temperature and estradiol:  A common path-
way in turtle sex determination? J Exp Zool. 
1991; 260(1): 130–4.

Wilkins AS. Moving up the hierarchy:  A hypoth-
esis on the evolution of a genetic sex determi-
nation pathway. BioEssays. 1995; 17(1): 71–7.

Williams CE, McNabb NA, Brunell A, Lowers 
RH, Katsu Y, Spyropoulos DD, et al. Feminiz-
ing effects of exposure to Corexit-enhanced 
water-accommodated fraction of crude oil in 
vitro on sex determination in Alligator mis-
sissippiensis. Gen Comp Endocrinol. 2018; 

265: 46–55.

Willingham E, Crews D. Sex reversal effects of en-
vironmentally relevant xenobiotic concentra-
tions on the red-eared slider turtle, a species 
with temperature-dependent sex determina-
tion. Gen Comp Endocrinol. 1999; 113(3): 

429–35.
Yao HHC, Capel B. Temperature, genes, and sex:  

A comparative view of sex determination in 
Trachemys scripta and Mus musculus. J Bio-
chem. 2005; 138(1): 5–12.

Yatsu R, Miyagawa S, Kohno S, Parrott BB, Yama-
guchi K, Ogino Y, et al. RNA-seq analysis of 
the gonadal transcriptome during Alligator 
mississippiensis temperature-dependent sex 
determination and differentiation. BMC Ge-
nomics. 2016; 17: 77.

Yoshimoto S, Okada E, Umemoto H, Tamura K, 
Uno Y, Nishida-umehara C, et al. A W-linked 
DM-domain gene, DM-W, participates in 
primary ovary development in Xenopus lae-
vis. Proc Natl Acad Sci U  S  A. 2008; 105(7): 

2469–74.
Yoshimoto S, Ikeda N, Izutsu Y, Shiba T, Taka-

matsu N, Ito M. Opposite roles of DMRT1 
and its W-linked paralogue, DM-W, in sexual 
dimorphism of Xenopus laevis:  Implications 
of a ZZ/ZW-type sex-determining system. 
Development. 2010; 137(15): 2519–26.

Zhang W, Deng Y, Chen L, Zhang L, Wang Z, Liu 
R, et al. Comparing the effect of triadimefon 
and its metabolite on male and female Xeno-
pus laevis:  obstructed growth and gonad mor-
phology. Chemosphere. 2020; 259: 127415.


	startTableBody

