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ABSTRACT 
Sequence-specific fluorescent probes for RNA are widely used in microscopy applications such 

as FISH and a growing number of newer approaches to live-cell RNA imaging. The sequence 

specificity of most of these approaches relies on differential hybridization of the probe to the 

correct target. Competing sequences with only one or two base mismatches are prone to causing 

off-target recognition. Here, we report the sequence-specific fluorescent detection of model RNA 

targets using a tricyclic cytidine analogue DEAtC that is included as a surrogate for natural 

cytidine in DNA probe strands and that reports directly on Watson–Crick base pairing. The 
DEAtC-containing DNA oligonucleotide probes exhibit an average 8-fold increase in fluorescent 

intensity when hybridized to matched RNA with DEAtC base paired with G, and little 

fluorescence turn-on when DEAtC is base paired with A. Duplex structure determination by NMR, 

time-resolved fluorescence studies and Stern–Volmer quenching experiments suggest that the 

combination of greater π stacking and narrower grooves in the A-form DNA–RNA heteroduplex 

provides additional shielding and favorable electronic interactions between bases, explaining 

why DEAtC’s fluorescence turn-on response to RNA targets is typically three-fold greater than for 

DNA targets. 

 
INTRODUCTION 

Fluorescent labeling methods for RNA have many applications in tracking, locating, and 

quantifying RNA in fixed and living cells.1–5 Metabolic labeling for RNA imaging can be 

performed using reactive nucleoside analogues such as 5-ethynyluridine and azido nucleosides, 

which can be click labeled following incorporation, or using intrinsically fluorescent nucleoside 

analogues for direct RNA imaging without staining.3,6–10 Artificially induced uptake, trafficking 

and function of exogenously produced RNAs can be monitored by including minimally 
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perturbing fluorescent base analogues when these RNAs are prepared.2,11 But the most widely 

used applications of fluorescent imaging in RNA biology involve the detection of specific target 

sequences in cells or tissues. 

Fluorescent hybridization probes recognize target sequences by base pairing. They can 

either be designed such that excess probe must be washed away prior to imaging, or they can 

provide a fluorescent response specific to their targets. Fluorescence in situ hybridization (FISH) 

typically involves the displacement of a quencher from a fluorescently labeled oligonucleotide 

probe, giving a turn-on response.1,12 Forced intercalation (FIT) probes are single-stranded nucleic 

acids or peptide nucleic acids with an intercalative fluorophore (e.g. thiazole orange) substituted 

for one nucleobase.13,14 Upon duplex or triplex formation with single- or double-stranded targets, 

respectively, the fluorophore is induced to intercalate, greatly increasing its fluorescence. 

Molecular beacons are oligonucleotide hairpins with a fluorophore appended to one terminus and 

a quencher appended to the other.15 They exhibit target-specific fluorescence turn-on upon 

hairpin opening, driven by the formation of a more stable hybrid duplex with the target. 

Fluorogenic aptamers are frequently used in place of fluorophores for RNA imaging in cells.16–18 

The aptamer’s ability to exchange fluorogenic ligands overcomes the problem of photobleaching. 

CRISPR-based methods using catalytically inactive dCas13 can also be used to image 

endogenous RNAs using a guide RNA to provide target specificity.19 

One of the most important limitations of these probing schemes is that their sequence-

specificity is determined primarily by the relative affinity for a matched vs. mismatched RNA 

target. The greater stability of GC as compared with AT base pairs creates bias, and sequences 

with a single mismatch may have only slightly depressed binding affinity as compared with a 

perfectly matched complement. Accordingly, many of these probes are prone to false positives, 

especially in GC-rich sequences or in samples with a high abundance of off-target RNAs. An 

attractive alternative is to develop fluorescent probes that reported directly on RNA sequence by 

altering their fluorescence in response to base pairing. 

Fluorescent nucleobase analogues (FBAs) are widely used in studies on the structure, 

dynamics, and biomolecular interactions of nucleic acids, and they have great potential to 

address the challenge of sequence-specific nucleic acid detection.20–23 Because they can be 

present at the Watson–Crick interface, their fluorescence can report directly on the identity of the 

base pairing partner. Since the discovery of 2-aminopurine’s (2AP) fluorescence in 1969,24 more 
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than 100 fluorescent nucleoside analogues have been reported.22 Intrinsically fluorescent 

nucleobase analogues have been used to report on local structure, conformation, and dynamics of 

nucleic acids, sequence (mis)matches, enzyme-mediated nucleobase modifications, and changes 

in local polarity or pH.25–29 Some nucleobase analogues such as 2AP experience nearly complete 

emission quenching when base-stacked in double-stranded nucleic acids,30–32 however others 

may remain emissive when base-stacked, 33–36 including the largely environmentally insensitive 

tricyclic cytidine (tC) nucleobase.37 By expanding on the parent tC molecular scaffold with a 

series of chemical modifications to the original phenothiazine scaffold, we have developed novel 

derivatives with environmentally sensitive fluorescent properties.25,34,38 One of these compounds, 

the tricyclic cytidine analogue DEAtC, is nearly non-emissive as a free nucleoside in aqueous 

solution (Φem = 0.006) but experiences up to a 20-fold fluorescence turn-on effect (up to Φem = 

0.12) when base-stacked in double-stranded DNA (dsDNA) and base-paired with guanine 

(Figure 1), with some dependence on the identity of neighboring bases.39 This fluorescence turn-

on response to base pairing and stacking is rare; a few other base analogues that exhibit 

significant fluorescent increases in response to duplex formation have been reported and their 

turn-on results for local rigidification.40,41 

Here, we investigate the fluorescence turn-on response of DEAtC to DNA–RNA 

heteroduplex formation, showing that its fluorescence increase is more than two-folder greater 

than in DNA–DNA homoduplex formation and with less sensitivity to the identity its base-

stacked neighbors. NMR structure determine of a 10-mer dsDNA duplex including DEAtC shows 

that it extends into the major groove, but does not significantly perturb duplex structure. Time-

resolved fluorescence measurements and Stern–Volmer quenching measurements indicate that 

the enhanced performance of DEAtC in DNA–RNA is attributable primarily to altered electronic 

interactions with stacked bases as compared with DNA–DNA, a consequence of the A-form 

conformation of the heteroduplex.  
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Figure 1. Structure and fluorescent properties of the DEAtC fluorescent nucleoside analogue. Absorption 
and emission spectra are shown for a 10-mer DNA strand containing an internal 5′ GXC 3′ sequence, 
where X is DEAtC. Fluorescence turn-on is observed upon hybridization with a DNA (blue) or RNA (red) 
complement. Fluorescence spectra are scaled to Φem at λmax. 
 
RESULTS 
Synthesis of DEAtC and design and preparation of oligonucleotide probes 

 DEAtC and its corresponding dimethoxytrityl-protected phosphoramidite were synthesized 

as reported previously.25,42 To measure DEAtC’s fluorescent properties in DNA–RNA 

heteroduplexes and compare with similar measurements in DNA–DNA homoduplexes,42 we 

selected a set of eight 10-mer sequences with varied 3′- and 5′-neighboring nucleobases that we 

and others have used previously to study FBAs (Table 1).  The DEAtC amidite was incorporated 

into these sequences using standard solid-phase synthesis conditions, except the coupling time 

for the DEAtC amidite was increased 10-fold. The identity and purity of the sequences was 

confirmed by mass spectrometry and HPLC (see SI). We named the sequences according to the 

identity of the 3′- and 5′-neighbors. For example, GXC refers to the sequence 3′-

CGCAGXCTCG-5′, where X is DEAtC. 

 

Fluorescence of DEAtC in single-stranded and duplex oligonucleotides 

 DEAtC has low fluorescence as a free nucleoside, with an emission quantum yield Φem = 

0.006 (λmax,abs = 395 nm and λmax,em = 493 nm) in 1× PBS buffer at pH 7.4. This fluorescence is 
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approximately two- to three-fold brighter when DEAtC is present in single-stranded DNA 

oligonucleotides (Figure 2 and Table S1).42 A much greater increase in fluorescence, up to Φem = 

0.12, occurs upon hybridization to a matched DNA complement, but not when DEAtC is 

mispaired with adenine or present opposite an abasic site (Table S2).42 The magnitude of this 

Φem increase is influenced by the 3′- and 5′-neighbors of DEAtC. Some sequences, such as AXA, 

exhibit up to a 5-fold fluorescence increase upon hybridization to form a matched dsDNA 

duplex. In these sequences, the single-stranded DEAtC-containing oligonucleotide probe has 

especially low fluorescence. The brightest sequences have guanosine as the 5′-neighbor of DEAtC, 

but these exhibit only a 2- to 3-fold fluorescence turn-on upon matched hybridization. 

Here, we measured the steady-state fluorescence of DEAtC in DNA–RNA heteroduplexes 

using the same 10-mer DNA oligonucleotide sequences by hybridized them to RNA 

complements. Consistently greater DEAtC fluorescence intensity is observed in the DNA–RNA 

duplexes, with GXC remaining the most emissive sequence and CXT the least (Table 1 and 

Figure 2). GXC exhibited the greatest Φem = 0.22, a 6.9-fold increase with respect to the GXC 

10-mer ssDNA and a 37-fold increase with respect to the DEAtC nucleoside. Most other 

sequences had Φem values ranging from 0.10 – 0.17 (Table 1). CXT exhibited the lowest Φem = 

0.048, but was still 2.4-fold brighter than the ssDNA probe strand prior to hybridization. The 

AXA sequence exhibits the largest fluorescence enhancement, a 14-fold increase with respect to 

the DEAtC-containing ssDNA oligo, upon hybridization with complementary RNA. CXA shows 

the largest difference in turn-on enhancement when hybridized to RNA as compared with DNA. 

Brightness [B = ε·Φ] is approximated using ε395 = 2,700 M-1 cm-1 for DEAtC, although the molar 

absorptivity of DNA bases usually decreases 25 – 40 % in oligonucleotides compared to free 

nucleoside monomers.43 The exact decrease in DEAtC’s absorptivity upon inclusion in an 

oligonucleotide has not been measured. The Stokes shifts among the heteroduplexes are largely 

consistent, ranging from 83 – 110 nm. The excitation energy as determined by λmax,abs ranges 

from 3.02–3.16 eV, which is very similar to the range from 2.94–3.12 eV observed for DEAtC in 

dsDNA.42 These excitation energies are slightly lower than the range for parent tC, 3.11–3.19 eV 

in dsDNA.33 The excitation energy of DEAtC as a free nucleoside is 3.14 eV. Similar excitation 

energies for DEAtC when base paired and stacked in a dsDNA or DNA–RNA indicates that the 

energy gap between the ground (S0) and excited states (S1) remains relatively constant. 
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The stability of the DNA–RNA heteroduplexes and some aspects conformational 

perturbation caused by DEAtC can be measured by ΔTm, the difference in melting temperature 

between the DEAtC-containing and native duplexes (Table 1). Depending on the identity of the 

neighboring bases, ΔTm varies between −7.0 °C (GXC) and +1.5 °C (CXT). In six out of the 

eight tested sequences, DEAtC is typically moderately destabilizing. The corresponding values for 
DEAtC-containing DNA–DNA homoduplexes are a range from −14.5 °C (GXC) to +6.7 °C 

(CXC). DEAtC is, on average, more destabilizing in DNA–DNA duplexes. This result could be 

considered surprising, given that DNA–RNA heteroduplexes take the A-form conformation, in 

contrast with B-form for DNA–DNA. The π system overlap in stacked neighboring bases is 

greater in the A-form. Circular dichroism measurements show that the A-form is retained in 

DNA–RNA and the B-form retained in DNA–DNA when DEAtC substitutes for one cytidine in 

the sequences studied here (Figure S6). 

 
Table 1. Steady-State fluorescence measurements from DEAtC in DNA-RNA duplexes. 

 
DNA Sequence (5′→3′) 

λmax, abs 
(nm) 

λmax, em 
(nm) 

Stokes 
Shift (nm) Φem (±) ΔTm (±)a 

Brightness 
(M-1 cm-1)b 

CGCA-GXC-TCG 404 504 100 0.22 (7.4x10-3) -7.05 (0.77) 594 
CGCA-GXA-TCG 394 501 107 0.17 (1.4 x10-2) -2.83 (1.8) 459 
CGCA-TXA-TCG 409 503 94 0.14 (2.4 x10-2) +0.61 (0.60) 378 
CGCA-CXA-TCG 410 497 87 0.13 (5.2 x10-2) -3.39 (0.85) 351 
CGCA-CXC-TCG 411 494 83 0.12 (3.9 x10-2) -6.92 (0.64) 324 
CGCA-AXA-TCG 392 502 110 0.11 (1.6x10-2) -1.16 (1.0) 297 
CGCA-GXG-TCG 402 503 101 0.10 (2.7 x10-4) -5.43 (0.54) 270 
CGCA-CXT-TCG 410 499 89 0.048 (6.9 x10-4) +1.49 (1.1) 130 

The position of DEAtC is denoted by X. Sequence names are bolded. Complementary RNA sequences are matched. 
a) Duplex stability is calculated by subtracting Tm (°C) of duplexes with natural cytidine from Tm (°C) of duplexes 
substituting DEAtC at position X. b) Brightness is calculated using ε = 2,700 M−1 cm−1 at 395 nm. Measurements 
were made in 1× PBS buffer at pH 7.4. 
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Figure 2. Fluorescence quantum yields of DEAtC-containing 10-mers. Sequence names are given in Table 
1. ssDNA = DEAtC-containing 10mer as a single-stranded oligonucleotide. dsDNA refers to those DEAtC-
containing 10mers hybridized to a complementary 10-mer DNA sequence. DNA–RNA refers to those 
DEAtC-containing 10-mers hybridized to a complementary 10-mer RNA sequence. Error bars indicate the 
standard deviation of the mean. For CXA dsDNA, CXC dsDNA, GXG dsDNA, GXG DNA–RNA, and 
CXT DNA–RNA standard deviations were < 2.5 × 10−3. Measurements were made in 1× PBS buffer at 
pH 7.4. 
 

 
Figure 3. Fidelity of DEAtC’s fluorescence turn-on. Fluorescent emission of the AXA probe strand 
hybridized to complementary DNA or RNA strands with DEAtC:G, DEAtC:I, and DEAtC:A pairings is 
shown. Emission intensity (Φem) is normalized to that of DEAtC:G in dsDNA. The normalized fluorescent 
intensity of the AXA probe strand is shown as a baseline for the absence of turn-on (green). 

 

Our past studies on DEAtC in duplex DNA oligonucleotides show that its fluorescence 

turn-on is dependent on matched base pairing with guanine.42 Opposite adenosine or an abasic 

site, DEAtC does not exhibit fluorescence turn-on. Consistent with that finding, DEAtC’s 

fluorescence turn-on response to RNA is dependent on canonical Watson-Crick base-pairing 

with guanine. When the quantum yield was measured for a DNA-RNA DEAtC:A mismatch using 

the AXA sequence, the fluorescence was comparable to AXA ssDNA Φem, revealing no 

significant turn-on response (Figure 3A). We performed a similar fidelity experiment with a 

DNA complement that included the non-canonical nucleoside inosine (Figure 3B), which bears a 

hypoxanthine nucleobase. Inosine has a Watson-Crick hydrogen-bonding face partially 

resembling guanine and consequently base pairs with cytosine.44 I:C base-pairs differ from 

classic G:C base pairs in that hypoxanthine engages in two hydrogen bonds with cytosine, 

lacking an H-bond with the O2 acceptor on cytosine (Figure 3B). Although inosine presents 

similar features to guanosine, we did not observe a significant fluorescence turn-on for a dsDNA 
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DEAtC:I duplex. Engaging the three Watson-Crick H-bonding sites on DEAtC with a contraposing 

guanine is required for induced fluorescence turn-on. 

 

NMR-based duplex conformational studies 

 We performed NMR structure determination on a DEAtC-containing DNA–DNA duplex 

and the corresponding native duplex to further study changes in structure and dynamics induced 

by this analogue. For these experiments, we selected a modified GXC sequence, chosen both 

because it is the brightest sequence studied and it has the most perturbed melting temperature. To 

facilitate NMR structure determination, we slightly modified the sequence to 5′-CGTA-GXC-

TCC-3′, which we will call GXC′ (X = DEAtC; c.f. the GXC sequence in Table 1). The altered 

sequence has 5′- and 3′-termini designed to minimize fraying, without changing DEAtC’s closest 

neighboring bases. To verify that this sequence change does not significantly alter the 

fluorescence, we measured absorption and emission spectra of GXC′ and determined its Φem as a 

single-stranded oligo (Φem = 0.021), in a matched DNA–DNA duplex (DEAtC base paired with G; 

Φem = 0.13), and in a DNA–DNA duplex with DEAtC base paired with A (Φem = 0.041). These 

values are nearly the same as those observed for GXC, and they show that “mispairing” DEAtC 

with A does not induce a large fluorescence turn-on in this alternative set of neighboring bases. 

Accordingly, DEAtC’s local chemical environment in this modified duplex is effectively the same 

as in the parent GXC sequence. 

Signal assignments of all exchangeable and non-exchangeable nucleic acid protons of the 

GCC′ (the native duplex corresponding to GXC′) and GXC′ duplexes (with the exception of C5′H 

and C5′′H) were made based on standard procedures.10-11 Imino N-H protons in the duplexes were 

visible at 27 °C (GCC′) and 15°C (GXC′). Figure 4 shows the sequential assignment of the 

aromatic base protons (H6/H8) and the C1’H of the DNA sequence in GCC′ (27°C) and GXC′ 

(15°C) in the NOESY spectrum collected in D2O. Sequential connectivity was also observed for 

the aromatic protons with most of the C2′H and C2′′H of the deoxyribose rings.  
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Figure 4. Deoxyribose H1′ to aromatic portion of the NOESY spectra of GCC′ (A) at 27ºC and GXC′ (B) 
at at 15ºC, both at a mixing time of 300 ms. The sequential connectivity for H1′ to H6/H8 for residues 1–
10 is indicated by a red line, while that for residues 11–20 is indicated by a black line.  
 

The families of structures used to represent each duplex were generated using statistical 

analysis modeled after Smith, et al.12 The structures resulting from rMD for each duplex were 

randomly ordered and the mean all-atom pairwise rmsd was calculated for the first two structures, 

then the first three structures, etc. This process was repeated 500 times with each round using a 

different ordering of the structures. This analysis predicts the minimum number of structures 

necessary to fully represent the conformational space consistent with the experimental data. It was 

determined that 20 structures (GCC′) and 20 structures (GXC′) were sufficient to describe the 

duplexes. The structures in each family were chosen to minimize the molecular mechanics 

(AMBER) energy and the constraint violation energy. The superposition of the family of structures 

describing both duplexes is shown in Figure 5 along with the average structures for the duplexes 

and the binding sites. 
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Figure 5. Superposition of family of 20 structures describing the GCC′ duplex (A) obtained by rMD; 
superposition of the family of 20 structures describing the GXC′ duplex (B) obtained by rMD, and a 
comparison of the average structures for GCC′ (C) and GXC′ (D).  
 

The energy and rmsd characteristics of the ensembles of structures for GCC′ and GXC′ are 

summarized in Table 2. The data indicate structural convergence for the GCC′ duplex with a rmsd 

of 1.02 Å (rms difference from the mean structure of 0.70 Å) and for the GXC′ duplex with a rmsd 

of 1.27 Å (rms difference from the mean structure of 0.88 Å), given that the starting structures for 

both duplexes represented a range of B-DNA conformations with initial rmsd values of 3.97 Å 

(GCC′) and 3.98 Å (GXC′). The final collection of structures has a total restraint violation 

summing to 7.6 ± 0.4 kcal for GCC′ and 6.0 ± 0.7 kcal for GXC′, amounting to 0.2% (GCC′) and 

0.1% (GXC′) of the total energy of each system. 

 

Table 2. Summary of energies, rmsd values and violations for ensembles of structures. 
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Molecular Mechanics energies (kcal): GCC′ GXC′ 

EAmber -4493.3 ± 1.0 -4476.9 ± 1.6 

Eviol 7.6 ± 0.4 6.0 ± 0.7 

Average Pairwise rmds (Å):   

DNA 1.02 1.27 

Distance violations (Å):   

0.05 < d ≤ 0.10 5 9 

0.10 < d ≤ 0.20 0 2 

0.20 ≤ d 0 0 

 

Helical analyses (Figures S9–S11) using Curves5+ indicate that both GCC′ and GXC′ 

duplexes exhibit overall B-form DNA geometry. In the region of the DEAtC moiety there is no 

major disruption in the GXC′ duplex relative to the unmodified GCC′. There are minor differences 

in a few helical parameters such as roll, shift, stagger, tip, and y-displacement likely due to dynamic 

motion as the duplex accommodates the diethylamino group in the major groove. Relative to the 

GCC′ duplex, the GXC′ duplex is more highly dynamic, as evidenced by the loss of signal (due to 

broadening) in key regions of the NOESY spectra including NOEs between protons on the DNA 

and the CH3 of the diethylamino groups on DEAtC. These particular NOEs broaden but are visible 

at 10°C (presumably from aggregation of the duplex – not unusual), sharp at 15 °C, weakening at 

20°, and not visible at 25° and 35°C. The observed increase in duplex dynamics when DEAtC 

substitutes for C in this sequence explains the lower melting temperature of GXC. We note that 

the diethylamino group of DEAtC is electron-donating and guanine is the most electron-rich 

canonical nucleobase. We propose that the forced π stacking of these electron-rich arenes upon 

duplex formation is destabilizing and drives the increased dynamics. 

 

Time-resolved fluorescence measurements 

To gain further insight into the origins of DEAtC’s fluorescence turn-on response to 

matched RNA, we performed time-resolved fluorescence spectroscopy using time-correlated 

single photon counting (TCSPC) to measure the excited-state lifetimes τ (Figure S1–S3 and 

Table 3). These measurements were performed using a Delta Pro™ Fluorescence Lifetime 

System (Horiba Scientific) with a LED Delta Diode 371 nm excitation source, with samples 
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dissolved in in 1× PBS buffer at pH 7.4. Data fitting to determine fluorescence lifetimes was 

performed using the maximum entropy method as implemented in the MemExp software (ver. 

6.0).45,46 We calculated amplitude average fluorescence lifetimes <τ> and the radiative and 

nonradiative rate constants for relaxation, kf and knr, respectively.39 

In most observed contexts, the DEAtC nucleoside’s excited state exhibits biexponential 

decay. The major component of this decay function has a lifetime τ = 7.3 ns for the free 

nucleoside, and this lifetime increases to τ ≈ 10 ns in DNA–RNA duplexes. A shorter lifetime of 

τ ≈ 2 ns is observed in most duplexes as a minor component. The amplitude average fluorescence 

lifetime <τ> ranges from 6.3–10.5 ns for the duplexes and is not clearly correlated with any one 

fluorescence property such as Φem. Traditionally, a biexponential decay is interpreted to result 

from the fluorophore being present in two distinct environments. While it is not certain what 

those environments might be in this context, at least for these matched base pairs, one possibility 

is that an imino tautomer of DEAtC, which would be expected to be a minor component, could 

form a wobble base pair with G. Another possibility is that sequences exhibiting τ2 have a minor 

conformer giving rise to this component. While these results do not clearly explain the origin of 
DEAtC’s fluorescence turn-on effect, we do note that the lifetime of the major component 

increases from 7.3 to approximately 10 ns in the duplex, indicative of an environment that slows 

excited state relaxation (i.e. limits quenching). 

To further shed light on DEAtC’s fluorescence turn-on, we performed additional TCSPC 

measurements with DEAtC base paired with inosine and adenosine, respectively. Here, we 

observed a large increase in the contribution of a short lifetime τ2 ≈ 2 ns in a biexponential decay 

(Figure 6). For these “mispairings”, the short lifetime has an amplitude of 0.74 and 0.81, 

respectively. In contrast, the amplitude of the short lifetime τ2 ≈ 2 ns was typically close to 0.3 in 

the “matched” sequences (i.e. those with DEAtC:G base pairs); here, the long lifetime dominates. 

These results show that both the DEAtC:I and DEAtC:A base pairs are associated with major 

populations of DEAtC in environments conducive to rapid quenching. 
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Table 3. Time-resolved fluorescence measurements of DEAtC nucleoside in DNA–RNA 
duplexes. 

 
Sequence Φem τ1 (ns) α1 τ2 (ns) α2 <τ> (ns)a kf (x107 s-1)b knr (x107 s-1)c 
Nucleoside 0.006 7.3 0.62 3.0 0.38 5.69 0.001 0.18 
GXC 0.22 10.5 1.00 – – 10.54 0.021 0.07 
GXA 0.17 10.3 0.79 2.7 0.21 8.70 0.020 0.10 
TXA 0.14 10.0 0.71 2.2 0.29 7.74 0.018 0.11 
CXA 0.13 10.6 0.55 1.1 0.45 6.30 0.021 0.14 
CXC 0.12 11.2 0.77 1.6 0.23 9.05 0.013 0.10 
AXA 0.11 10.2 0.79 2.3 0.21 8.52 0.013 0.10 
GXG 0.10 10.2 1.00 – – 10.20 0.010 0.09 
CXT 0.048 10.5 0.70 2.3 0.30 8.06 0.006 0.12 
AXA† n.d. 8.5 0.19 2.2 0.81 3.37   
AXA‡ n.d. 9.7 0.26 2.2 0.74 4.20   

Time-resolved measurements were performed using TCSPC and λex = 371 nm. Sequences names are defined in 
Table 1. A single-component model were used for GXC and GXG because there was no clear evidence for a 
significant shorter-lifetime component. †hybridized to a complementary RNA strand with DEAtC base paired with 
adenosine. ‡hybridized to a complementary DNA strand with DEAtC base paired with inosine. a) Amplitude average 
fluorescence lifetime <τ> = Σαiτi. b) Radiative decay rate is calculated as Φem divided by <τ>. c) Non-radiative 
decay rates were calculated using the equation knr = (kf/Φem) – kf. n.d. = not determined 
 
 

 

 
Figure 6. Time-resolved emission decays of various probes with DEAtC:G basepairs (blue lines) along 

with mispairings of the AXA probe with DEAtC:A (orange line) and DEAtC:I (red line). 
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Stern–Volmer studies on sensitivity to external quenchers 

 The general trends of DEAtC’s brightness as depending on neighboring bases are similar in 

dsDNA and DNA–RNA duplexes, but the brightness is considerably greater in the latter. DNA–

RNA hybrids typically adopt A-form conformation, similarly to dsRNA, which are structurally 

distinct from B-form.47 CD spectroscopy revealed that all of the DEAtC-containing sequences 

adopted the A-form when paired to their complementary 10-mer RNA (Figure S6). These 

comparisons were performed by examining the CD spectral differences between sequences 

containing DEAtC to those containing natural cytosine and confirming the presence of a sharp 

transition at 210 nm.48 One possible explanation for DEAtC’s greater brightness in DNA–RNA is 

reduced accessibility to external quenchers in the deeper but narrower major groove of the A-

form conformation. A-form has a greater tilt of the base-pair plane with respect to the central 

helical axis, approximately 11 base pairs per turn instead of 10 in B-form, and a greater extent of 

base stacking. The increased overlap of the bases and narrower major groove can be expected to 

endow greater shielding to the nucleobases from external quenchers in DNA–RNA. We tested 

this hypothesis by performing Stern–Volmer quenching analysis using chloride and iodide, 

which are commonly used collisional quenchers. 

Stern–Volmer quenching experiments were performed with three sequences and two 

halide ions in sodium phosphate buffer (Figure 7; experimental details are provided in the 

Supporting Information). The two halides, chloride and iodide, differ in their ionic radius as well 

as their quenching potency, which has been correlated to their ionization energies.49 Chloride has 

ionic diameter of about 334 pm while iodide has an ionic diameter of approximately 412 pm and 

is a stronger quencher.50–52 Experiments were performed using the DNA–RNA oligonucleotides 

GXC, TXA, and CXA (Figures 4 and S8, and Table 4). GXC was the brightest sequence 

observed while TXA and CXA showed the most pronounced fluorescence increase in A-form 

DNA–RNA duplexes relative to fluorescence in B-form dsDNA. Using the recorded amplitude 

average fluorescence lifetimes and Stern–Volmer quenching coefficients, we calculated the 

bimolecular quenching rate constants kq for the TXA and CXA sequences, comparing DNA–

RNA with DNA–DNA. The results are that rate constants for quenching are greater for iodide, as 

expected, and that the rate constants for quenching are slower in the DNA–RNA duplexes. The 

difference is modest for the TXA sequence, only 5% slower quenching in DNA–RNA with 

chloride and 19% slower with iodine. The difference is much more in the CXA duplex, 53% 
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slower with chloride and 43% slower iodide. While significant, we note that DEAtC’s 

fluorescence turn-on upon matched duplex formation is 5-fold greater in DNA–RNA than in 

DNA–DNA in the TXA sequence, and 9-fold greater in CXA. Accordingly, less sensitivity to 

quenching by solutes in DNA–RNA contributes to DEAtC’s greater fluorescence turn-on, but it is 

not the most important effect. 
 

Table 4. Quenching efficiency measured by Stern-Volmer analysis 
  NaCl NaI 
Sequence Duplex KSV (x10-3 M-1 kq (x108 M-1 s-1)a KSV (x10-3 M-1, ±) kq (x108 M-1 s-1)a 

GXC dsDNA 3.22 ±0.13 n.d. 3.22 ±0.23 n.d. 
 DNA-RNA 2.23 ±0.072 2.12 2.63 ±0.92 2.49 
TXA dsDNA 1.46 ±0.072 2.11 3.63 ±0.14 5.24 
 DNA-RNA 1.54 ±0.076 1.99 3.28 ±0.38 4.24 
CXA dsDNA 2.02 ±0.090 6.18 2.93 ±0.18 8.96 
 DNA-RNA 1.84 ±0.057 2.92 3.22 ±0.10 5.11 

The Stern–Volmer quenching constant is graphically measured. a) The bimolecular quenching constant (kq) is 
calculated from the relation KSV = kqτ. 
 

 
Figure 7. Stern-Volmer analysis of GXC duplexes. A) Fluorescence was measured as a function of [Q] 
and integration of emission spectra enabled graphical determination of Stern-Volmer quenching 
coefficients. B) Attenuated emission was recorded with varying [NaCl], and C) [NaI].  
 

DISCUSSION 

 

The fluorescence of most FBAs is quenched in the base stack by photoinduced electron transfer 

with neighboring bases, but in the last twenty years, a number of FBAs were introduce that retain 

robust fluorescence emission upon incorporation into duplex nucleic acids, with little sensitivity 

to base pairing and stacking. More recently, some of the first FBAs have been reported that 

provide substantial fluorescence increases in response to specific base pairing and stacking 
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interactions. These include DEAtC, for which we first reported a fluorescence turn-on responses to 

matched DNA, and tsT, a brightly fluorescent thymidine analogue with 5-fold fluorescence turn-

on response that is specific for matched base pairing the adenosine in DNA–DNA duplexes. It is 

known that FBAs must have HOMO and LUMO energy levels the lie within the HOMO–LUMO 

gap of canonical nucleobases to avoid quenching by PET, but details of the mechanisms for 

fluorescence turn-on responses of these FBAs remain poorly understood, especially when those 

responses are specific to base pairing partners. These mechanisms of fluorescence turn-on are 

important for designing oligonucleotide probes for applications in biochemistry and biophysics 

and for the design of new nucleoside turn-on probes with complementary properties. 

We previously published that DEAtC derivative is nearly non-emissive as a free nucleoside 

in aqueous solution but experiences up to a 20-fold fluorescence turn-on effect when base-

stacked in double-stranded DNA (dsDNA) and base-paired with guanine. Using solvent isotope 

effects, we presented evidence that a substantial contributor to DEAtC’s fluorescence turn-on is 

the ability of the duplex, specifically including Watson–Crick base pairing, to shield DEAtC from 

excited-state proton transfer. In the present study, we investigated how DEAtC’s fluorescence 

turn-on in DNA–RNA duplexes compares with its response in DNA–DNA duplexes and which 

structural features might explain any observed differences. 

Our steady-state fluorescence measurements show that DEAtC’s fluorescence turn-on 

response in DNA–RNA duplexes is approximately twice as great as in DNA–DNA duplexes, is 

less sensitive to the identity of neighboring bases, and retains its specificity for base pairing with 

adenosine. While this large fluorescence turn-on effect, up to approximately 10-fold as compared 

with the single strand containing DEAtC or up to 35-fold as compared with the DEAtC nucleoside, 

has much potential utility as an bioanalytical tool, in this study we focused on investigating the 

fluorescence enhancement. We first sought to determine the extent to which DEAtC perturbs 

duplex structure. Differences in melting temperature ΔTm show that DEAtC is typically, but not 

always, moderately destabilizing, particularly in the brightest sequence, GXC. It is less 

destabilizing than in dsDNA. As we observed previously in dsDNA, CD spectra show that 
DEAtC’s presence in the DNA–RNA heteroduplex does not change the A-form conformation. 

To further gain structural insight into the effects of DEAtC’s presence, we used NMR to 

determine the conformation of a 10-mer dsDNA duplex GXC′ containing DEAtC a base pair with 

G, and compared it with conformation of the canonical duplex GCC′ determined similarly. As 
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anticipated from CD spectra, DEAtC does not significantly change the B-form conformation of 

dsDNA, but the duplex is significantly more dynamic at the site of the DEAtC:G base pair, as 

evident from the broadness of the NOESY signals. These enhanced dynamics are associated with 

lower duplex stability, which is corroborated by the lower Tm when DEAtC is present. The NMR 

structure shows that, on average, DEAtC base pairs and stacks similarly to cytosine, but with some 

of its additional arene structure and diethylamino group extending into the major groove, where 

it is exposed to water and solutes, constrained by the major groove structure. 

The classic double-stranded structure of b-form DNA arises from the hydrophobic effect 

and π–π dispersion energies (Eπ-π) between stacked nucleobases, with the fidelity of hydrogen 

bonding being the determinant of matched base pairing.53–55 In canonical B-form DNA the 

observed twist angle (ω) is 36° offset from exact parallel alignment (ω = 0°), whereas in A-form 

DNA the twist between consecutive base-pairs is smaller at ω = 33°.47 Increasing ω in B-form 

DNA was computationally shown to increase overall duplex thermodynamic stability, principally 

by reducing Pauli repulsion between neighboring bases.56 In DNA–RNA A-form hybrids with 

greater base-pair overlap and reduced physical distance between base pairs, DEAtC should 

experience greater π–π interactions that may contribute to an increased fluorescence response. 

Another likely significant factor is that the polarity in A-form major grooves is predicted to 

mimic the polarity of 20% H2O in 1,4-dioxane, about half the estimated polarity of B-form.57 

This less polar environment likely contributes to DEAtC’s enhanced fluorescence. 

 To better understand how local structure in duplex nucleic acids influences radiative and 

nonradiative relaxation of DEAtC’s excited state, we performed TCSPC studies on the free 

nucleoside and the duplexes. In most contexts, DEAtC exhibits biexponential decay, indicative of 

two populations. One population has a longer excited state lifetime τ ≈ 7–10 ns, and the second 

population has a shorter lifetime τ ≈ 2 ns. The population with the longer lifetime is dominant in 

all cases, except when DEAtC is “mispaired” with adenine or inosine, in which case the shorter 

lifetime is dominant. This change to a dominant shorter lifetime explains the lack of fluorescence 

turn-on response to these base pairings. While we do not have sufficient data to make rigorous 

structural assignments for these populations, we speculate that the shorter lifetime population 

may represent (i) a solvated state prone to ESPT quenching that is prevented by Watson–Crick 

base pairing with three hydrogen bonds, (ii) a tautomeric base pair in the case of DEAtC:A, or a 

combination of (i) and (ii) when DEAtC is base paired with A. 
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 Last, we performed Stern–Volmer quenching studies to assess how differences in the A-

form conformation might leave DEAtC less exposed to exogeneous quenchers. In addition to a 

more compressed helix, the A-form duplex as observed in DNA–RNA has deeper major grooves 

than that of B-form dsDNA.47 While the major and minor grooves in B-form DNA have 

isometric depths, the narrower, deeper major grooves of A-form DNA–RNA restrict access and 

mobility of solvent molecules and some ions. Indeed, quenching rate constants determined from 

Stern–Volmer analysis and time-resolved fluorescence studies show that quenching by both 

chloride and iodide is slower in DNA–RNA, although the magnitude of the difference is 

sequence dependent. This finding supports the premise that reduced access to exogeneous 

quenchers by virtue of the narrower major groove in the DNA–RNA heteroduplex contributes to 
DEAtC’s brighter fluorescence in this environment. 

 

CONCLUSION 

 In this work, we sought to evaluate the fluorescence turn-on response of DNA strands 

incorporating DEAtC upon hybridization to complementary and mismatched RNA. Steady-state 

fluorescence measurements show that DEAtC’s fluorescence turn-on response to matched RNA 

oligos is, on average, an 8-fold increase. This response is approximately triple the magnitude of 

increase upon hybridization with complementary DNA, and is dependent on the formation of a 

“matched” DEAtC:G base pair. Neighboring bases influence the extent of fluorescence turn-on, 

but to a lesser degree than is observed when fluorescence turn-on is induced by hybridization to 

complementary DNA. DEAtC is, in most sequences, modestly destabilizing, as indicated by 

depressed melting temperatures, but CD spectroscopy and NMR structure determination show 

that it does not significantly disrupt native B- and A-form conformations for DNA–DNA and 

DNA–RNA duplexes, respectively. In the most destabilized sequence context, GXC, NOESY 

signals indicate that the DEAtC:G base pair is more dynamic than a canonical C:G base pair. 

Time-resolved fluorescence studies show that “mispairing” DEAtC with A or I results in a 

substantial decrease in fluorescence lifetime <τ> by populating a state that is prone to quenching. 

Desolvation of DEAtC in the base stack and canonical Watson–Crick base pairing is required to 

minimize this quenching, and results in the fluorescence turn-on. Structural analysis of the A-

form in comparison with the B-form and the determination of quenching rate constants by Stern–

Volmer analysis and time-resolved fluorescence shows that the compacted A-form duplex, with 
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its narrower major groove structure, provides a less polar environment for DEAtC, with enhanced 

base stacking, and reduced access to soluble quenchers. These features together explain DEAtC’s 

enhanced performance at fluorescence turn-on sensing of matched RNA sequences as compared 

with matched DNA sequences. Future work is needed to better understand how the electronic 

and hydrogen bonding interactions between stacked and paired nucleobase analogues gives rise 

to this and other fluorescent response to local environment in nucleic acids. Given the many 

advantages of fluorescence turn-on sensing over turn-off sensing, we look forward to many 

future applications of DEAtC in biophysical studies and as a fluorescent probe for specific target 

nucleic acid sequences. The latter application will necessitate the use of longer probe sequences 

such as 20-mers to enable target specificity in complex biological samples, and it is expected that 

attention will be needed to avoid probe designs that form stable hairpins or homodimers, which 

would increase background fluorescence. These studies will be the subject of future reports. 
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