On the Interface of Enzyme and Spatial Confinement: The Impacts of
Confinement Rigidity, Shape, and Surface Properties on the Interplay of

Enzyme Structure, Dynamics, and Function

Qiaobin Li,” Zoe Armstrong,” Austin MacRae,” Mary Lenertz,” Li Feng, and Zhongyu Yang*

Department of Chemistry and Biochemistry, North Dakota State University, Fargo, ND, 58102

Corresponding to: zhongyu.yang@ndsu.edu

# These authors contribute equally to this work.


mailto:zhongyu.yang@ndsu.edu

TABLE OF CONTENTS
[. INTRODUCTION
I1. PRINCIPLES OF INVOLVED EPR METHODS
2.1. Continuous wave (CW) EPR to reveal backbone motion.
2.2. Revealing enzyme contact sites on confinement surface.
2.3. Probing spin exchange interactions among confined enzymes.
2.4. Probing protein clustering, oligomerization, and aggregations using CW EPR.
2.5. Pulsed EPR methods.

III. ENZYME CONFINEMENT UNDER RIGID COMPARTMENTS WITH REGULAR
SHAPES BASED ON METAL-ORGANIC FRAMWORKS (MOFS), COVALENT-ORGANIC

FRAMEWORKS (COFS), AND MESOPOROUS NANOPARTICLES
3.1. Effects of COF wall properties on enzyme catalytic efficiency.
3.2. Enzyme structural basis within mesoporous silica-nanoparticles.

3.3. Translocation of enzymes in MOF chambers.

IV. ENZYME CONFINEMENT UNDER RIGID COMPARTMENTS WITH IRREGULAR

SHAPES BASED ON CRYSTAL DEFECTS
4.1. Classic co-crystallization to immobilize enzymes.

4.2. Advanced co-crystallization platforms to provide advanced functionalities.

V. POLYPEPTIDE CONFINEMENT UNDER FLEXIBLE, DYNAMICS CONFINEMENT

BASED ON POLYMERIC MATERIALS



5.1. Polypeptides as probes to sense polymeric micelle interior environments.

5.2. Polypeptide dynamics and aggregation upon confinement in advanced micellar

materials.

5.3. Polymer shells conjugated to enzyme surfaces.

VI. CONCLUDING REMARKS AND OUTLOOK



Abstract

Confining proteins in synthetic nanoscale spatial compartments has offered a cell-free
avenue to understand enzyme structure-function relationships and complex cellular processes near
the physiological conditions, an important branch of fundamental protein biophysics studies.
Enzyme confinement has also provided advancement in biocatalysis by offering enhanced enzyme
reusability, cost-efficiency, and substrate selectivity in certain cases for research and industrial
applications. However, the primary research efforts in this area have been focused on the
development of novel confinement materials and investigating protein adsorption/interaction with
various surfaces, leaving a fundamental knowledge gap, namely the lack of understanding of the
confined enzymes (note that enzyme adsorption to or interactions with surfaces differs from
enzyme confinement as the latter offers an enhanced extent of restriction to enzyme movement
and/or conformational flexibility). In particular, there is limited understanding of enzymes’
structure, dynamics, translocation (into biological pores), folding, and aggregation in extreme
cases upon confinement, and how confinement properties such as the size, shape, and rigidity
affect these details. The first barrier to bridge this gap is the difficulty in “penetrating” the
“shielding” of the confinement walls experimentally; confinement could also lead to high
heterogeneity and dynamics in the entrapped enzymes, challenging most protein-probing
experimental techniques. The complexity is raised by the variety in the possible confinement
environments that enzymes may encounter in nature or on lab benches, which can be categorized
to rigid confinement with regular shapes, rigid restriction without regular shapes, and
flexible/dynamic confinement which also introduces crowding effects. Thus, to bridge such a
knowledge gap, it is critical to combine advanced materials and cutting-edge techniques to re-

create the various confinement conditions and understand enzymes therein. We have spearheaded



in this challenging area by creating various confinement conditions to restrict enzymes while
exploring experimental techniques to understand enzyme behaviors upon confinement at the
molecular/residue level. This review is to summarize our key findings on the molecular level
details of enzymes confined in i) rigid compartments with regular shapes based on pre-formed,
mesoporous nanoparticles and Metal-Organic Frameworks/Covalent-Organic Frameworks
(MOFs/COFs), i) rigid confinement with irregular crystal defects with shapes close to the outline
of the confined enzymes via co-crystallization of enzymes with certain metal ions and ligands in
the aqueous phase (biomineralization), and iii) flexible, dynamic confinement created by protein-
friendly polymeric materials and assemblies. Under each case, we will focus our discussion on a)
the way to load enzymes into the confined spaces, b) the structural basis of the function and
behavior of enzymes within each compartment environments, and c) technical advances of our
methodology to probe the needed structural information. The purposes are to depict the chemical
physics details of enzymes at the challenging interface of natural molecules and synthetic
compartment materials, guide the selection of enzyme confinement platforms for various
applications, and generate excitement in the community on combining cutting-edge technologies
and synthetic materials to better understand enzyme performance in biophysics, biocatalysis, and

biomedical applications.



NOMENCLATURE

Metal-Organic Framework: MOF
Covalent-Organic Framework: COF
Site-directed spin labeling: SDSL

Electron paramagnetic resonance: EPR
Continuous wave EPR: CW EPR

Double electron-electron resonance: DEER
Double quantum coherence: DQC
Microscopic order macroscopic disorder: MOMD
Non-linear least squares: NSLS

Zeolitic imidazolate framework: ZIF
Invertible micellar assembly: IMA
Polyethylene glycol: PEG
Polycaprolactone: PCL

Tetrahydrofuran: THF



I. INTRODUCTION

Enzymes are key biological catalysts essential to many cellular processes and thus, one of
the central focuses of biophysics and biochemistry research. Enzymes have also been isolated from
nature to serve as biocatalysts in materials, food, and biomedical research and industry. The high
selectivity, specificity, and biocompatibility make enzymes ideal candidates to catalyze many
reactions.' The drawbacks, however, are their relatively low stability once solubilized in buffer
solutions over long-term storage (ca. months) at room temperature and high cost, which may be
mitigated by immobilizing enzymes on solid surfaces and/or confining enzymes in nanoscale
chambers.*!® Enzyme adsorption on or interaction with surfaces differs from enzyme confinement
as the latter offers an enhanced extent of restriction to enzyme movement and/or conformational

11-15 and

flexibility. Prior to our efforts, membrane protein unfolding upon interaction with surfaces
protein orientation upon adsorption to charged surfaces have been investigated in the literature.'>
1619 Of particular interest to our team is enzyme confinement in porous materials, which not only
offers enhanced enzyme stability and protection to allow for multiple catalytic cycles and/or as
delivery platforms, but also provides substrate selectivity in certain cases.?>* Furthermore,
confining enzyme in nanoscale chambers offers an avenue to mimic the confined cellular
environment that enzymes experience in nature, which may avoid the complexities caused by the
cellular components. By doing so, cell-free enzyme biophysics studies such as how confinement

affects enzyme structure, dynamics, function, transport (into biological pores), misfolding, and

aggregation under certain scenarios can be carried out in a convenient way.

Thus far, the majority of research efforts in enzyme confinement studies has been focused
on developing novel materials to mimic cellular compartments and/or achieve desired catalytic

performance.> % 253 In spite of the large, vivid collection of confinement materials and methods



developed to date, there is a fundamental knowledge gap on the behavior of the confined enzymes
at the molecular level. In particular, how enzymes adjust their structure and conformational
dynamics to fit to the confined space, how enzyme function is affected by the confinement, and
how confinement properties such as size, shape, and rigidity impact answers to the former two
questions remain unanswered. Lacking answers to these questions prevents the rational design of
confinement platforms for the custom immobilization of enzymes with desired structure, dynamics,

and function as well as for more effective mimicking of the cellular confinement conditions.

Filling in this gap is a challenging task. It not only requires the proper ways to tune
confinement properties/factors but also specific experimental techniques to probe the needed
structural and dynamic information through the shielding of the confinement walls. Furthermore,
the performance of the same enzyme under varied confinement conditions needs to be compared
in order to reveal how confinement conditions impact enzymes. Upon a careful examination of the
complex enzyme confinement cases in nature and on lab benches, we found that the typical
chambers can be categorized to 3 major cases, rigid chambers with shapes independent of enzyme,
rigid chambers with shapes resembling the outlines of target enzymes, and soft chambers
“wrapping” the target enzymes, the latter of which also involves crowding effects. In the past 5-6
years our group developed a set of tools/procedures to probe biomacromolecules under all three
confinement conditions and applied these methods to study various enzymes, including T4L at the
molecular level based on site-directed spin labeling (SDSL) in combination with electron
paramagnetic resonance (EPR) spectroscopy.**>* SDSL-EPR offers a unique avenue to probe the
structural and dynamical information of a labeled enzyme in complex biological or artificial
environment regardless of the heterogeneity and “shielding”, perfect for probing enzymes under

various confinement conditions. A unique opportunity of exploring various confinement materials



is to compare enzyme performance and the underlying structural basis of the same enzyme, which
offers a unique opportunity to reveal how confinement size, shape, and rigidity impact enzyme

biophysics.

This review is to provide an up-to-date summary of our key findings on the molecular level
structural and dynamic basis of enzymes confined in i) rigid compartments with regular shapes
based on pre-formed, mesoporous nanoparticles and Metal-Organic Frameworks/Covalent-
Organic Frameworks (MOFs/COFs), ii) rigid confinement with irregular shapes (likely the outline
of the confined enzymes) based on co-crystallization of enzymes with certain metal ions and
organic ligands in the aqueous phase (biomineralization), and iii) flexible, dynamic confinement
created by polymeric materials and assemblies. Under each case, we will discuss a) the way to
load enzymes into the confined spaces, b) the dynamics and contact sites of the enzymes within
each compartment environments, and ¢) technical advances of our methodology to probe the
needed structural information. Lastly, we complete this review by comparing the structure and
dynamics information of the same enzyme upon confinement in different chambers. The purposes
are to report the chemical physics details of enzymes at the challenging interface of natural
molecules and synthetic materials, guide the selection of enzyme confinement platforms for
various applications, and generate excitement in the community on combining cutting-edge
technologies and synthetic materials to better understand enzyme performance in biophysics,
biocatalysis, and biomedical applications. There have been reviews on each of the three ways to
confine enzymes in the literature. However, this work overviews the three different ways to confine
enzymes and reviews the impact of different confinement platforms on (the same) enzymes.
Furthermore, this work is focused on correlating the structural basis of enzymes with their catalytic

performances under confinement. The general applications of EPR on enzyme studies can be found



in review articles well-documented in the literature which will not be discussed in detail here.> 3%
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II. PRINCIPLES OF INVOLVED EPR METHODS.
2.1. Continuous wave (CW) EPR to reveal backbone motion.

CW EPR is a classic biophysics experimental technique to probe paramagnetic electron
spin centers such as radicals and paramagnetic metals. The physical principles have been well-
documented in textbooks and thus, will not be repeated here. In biological especially protein
science applications, EPR is often combined with spin labeling as most proteins are diamagnetic
and thus, EPR-silent. The most popular labeling strategy is covalently linking a nitroxide radical
to a protein cysteine through a disulfide bond, generating a sidechain often named as R1 (Figure
1A).5% 3965 The small label size (close to a sidechain; Figure 1B) and the relatively low abundance
of cysteine in nature make this approach applicable to most proteins (cysteine-rich proteins can be

labeled via unnatural amino acids).®¢

The EPR signal of a labeled protein depends on three motions,
protein rotational tumbling, protein backbone fluctuation, and the intrinsic motion of the spin label

sidechain (Figure 1B), as well as the available space for the sidechain to move around (ordering).**-
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Figure 1. (A) SDSL of a protein residue to generate a labeled sidechain (blue). (inset) the size of
a lysine sidechain which is comparable to a R1 sidechain generated by SDSL. (B) Three types of
rotational motions that could affect the CW EPR signal when a spin label is attached to a protein

via SDSL.

The total rate is dependent on the three motions via:

t__ 1 + 1 +i Equation 1

Ttot Tprotein  Thackbone  TSL

where Tio represents the total correlation time, while Tprotein, Thackbone, and st are the correlation
times of protein rotational tumbling, protein backbone fluctuation, and the intrinsic motion of the
spin label sidechain, respectively.®’ These factors depend on protein states. For example, a small

free protein (<45 kDa) in solution will show a relatively sharp EPR spectrum (Figure 2A; 3 lines
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are due to the electron-nuclear spin hyperfine interactions; CW EPR usually reports first-derivative
spectra) due to an averaging of all three types of motions. An unfolded protein will show a sharper
spectrum due to the enhanced backbone motion (typically <0.5 G linewidth; Figure 2B). A protein
attached to a solid support (or restricted in a confined chamber), on the other hand, will lead to
restriction in rotational tumbling and thus, a broader spectrum (Figure 2C). Typical spectral
lineshapes of these relatively fast motions often fall into the spectral areas highlighted by “m” in
Figure 2 (often named as the “mobile” or “m” spectral component). If the labeled sidechain is in
contact with a solid surface upon being trapped in a chamber, then all three motions are limited,
resulting in an extremely broad spectrum (Figure 2D). Typical spectral lineshapes of this relatively
restricted motion often fall into the spectral areas highlighted by “im” in Figure 2 (often named as
the “immobile” or “im” spectral component). If multiple cases are present in the same system, then
CW EPR will show a multi-component spectrum (Figure 2E), deconvolution of which through
spectral simulations can resolve the contribution/population of different components together with
the associated motional and ordering parameter. These can be analyzed further to reveal enzyme
contact sites and motion upon confinement. The key of using CW EPR to probe enzymes, thus,

lies on spectral simulation.
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Figure 2. Examples of typical CW EPR spectra for various cases at room temperature: a free
protein in solution (A), an unfolded protein (B), an immobilized protein (C), an immobilized
protein while contact a solid surface with the labeled site (D), a heterogeneous case with spectral
deconvolution (E), and a typical Pake Pattern when short inter-spin distances are present (F). The
areas highlighted by “m” and “im” are originated from a spin labeled sidechain with relatively

mobile and immobile motions, respectively. The scale of all EPR spectra is 3300 to 3400 G.

The physics of the fitting program is based on the microscopic order macroscopic disorder
(MOMD) model of the non-linear least squares (NSLS) program established by Freed and co-
workers,® which has various user interfaces such as Multicomponent developed by Altenbach and

Hubbell (http://www.biochemistry.ucla.edu/biochem/Faculty/Hubbell/) and EasySpin by Stoll.®’

In protein studies, the MOMD model employs three coordinate frames to describe the internal
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motion of a nitroxide spin label in an enzyme. First, the molecular frame is consistent with the
magnetic tensor (g- and hyperfine-tensor) frame (xa, yi, zum). The zas is defined as to be along with
the nitroxide p, orbital; the xys is parallel with the NO bond axis; the yy follows a right-handed
coordinate system. Second, the principle frame of the rotational diffusion tensor (xz, y&, zr) usually
deviates from the molecular frame. Three Euler angles are required to correlate the two frames,
which affect the results of the simulation of the spectrum (ap, fp, yp). Third, the coordinate frame
describes the diffusion of the spin label on the attached enzyme, the director frame (xp, yp, zp). A
good approximation/simplification is to allow the spin label to rotate/move freely within a cone
(Figure 3A). This also leads to simplifying the rotational diffusion tensor R wherein the axial

symmetry can be assumed. The angle between zp and zg is defined as 6 (Figure 3A).%
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A mutti-component expearimental spectrum
B Simulated spectrum
D z“ ----------- The firet spectral component
....... 11 1%, . wm=~===- The second spectral componert
¥
L [ ]
Yu Magnetic Field (G)
X

Figure 3. (A) Definition of coordination systems in a MOMD model. (B) An example spectral
simulation (red solid) using the MOMD model to fit a typical multi-component EPR spectrum
(black solid). The two spectral components can be deconvoluted into two spectra (dotted black
and red curves).”® Reprinted (adapted) with permission from ACS Appl. Mater. Interfaces 15,

38124 (2023). Copyright 2023 American Chemical Society.
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According to Budil et al,%®

a restoring (ordering) potential (U) is appropriate to describe
the extent of spatial constraints of the spin label within the “cone” (Figure 3A). The restoring
potential is U(8) = -1/2ksTcs® (3cos0 - 1) + H.O.T., where ¢y’ is a scaling coefficient and H.O.T.
represents higher order terms as defined in the literature.®® The ordering parameter often utilized
in simulations, S, is defined as S=1/2(3<cos?0>-1), where 0 is defined in Figure 3A and the

triangle- brackets indicate spatial average.®® In most simulations, only the dominant term and the

first H.O.T. term are involved, the coefficients of which are C29 and C»., respectively.

We found the following procedures work well with enzymes under confinement using
synthetic materials. The starting values for the diagonal values of the g and hyperfine (4) tensors
were: g = 2.0078, gy, = 2.0058, g-- = 2.0022 and A = 6.2 G, 4,, = 5.9 G, A.: = between 34.5 and
36.5 G.”! The hyperfine parameter, A,, reflects the local hydrophobicity. In hydrophobic
environments, A.: is usually 34.5-35.0 G, while it becomes 35.0-37.5 G under hydrophilic
conditions. The rotational correlation rates are described by the rotational diffusion tensor. For
simplicity, symmetric motion is assumed and this assumption is found to provide reasonably good
fit to the data. The mean rotational diffusion constant is defined as R.%® The average effective
correlation time is computed as 7. = 1/(6R). Spatial ordering of the diffusion tensor is accounted
for by the order parameters, Sz and S>2, computed from the C2p and C>2 coefficients of the ordering
potential which was varied in fitting.®® The tilt of the diffusion tensor with respect to the molecular
axis of the nitroxide is specified by the Euler angles (ap, fp, yp). For axially symmetric motion (R
= Ry), only fp and yp need be specified. For z-axis anisotropic motion, the starting value of the
diffusion tilt is fp = 36° which can be changed during simulations.”?> An additional rotational

diffusion constant, R>, is defined as R.-(Rx-R,)/2. This term is defined to describe the anisotropy in
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the motion of the spin label in the x-, y- and z-axes/directions. This term, together with R; which
is defined as the average rate of the motion of the spin label in the x-, y- and z-axes/directions

(R1=1/3(R«+R,+R:), are utilized in simulation to quantify the spectral contribution from motion.®

The R, C2, and C2> parameters are varied in the simulations to fit the experimental data.
After a good fit was obtained, the diagonal elements of the A and g tensors can be varied slightly
to obtain the best fit. Using these procedures, CW EPR spectra of spin labeled enzymes confined
in various chambers can be simulated, resulting in key rate and order parameters (typical spectral

simulation see Figure 3B).
2.2. Revealing enzyme contact sites on confinement surface.

Experimentally, revealing biomacromolecules’ contact sites on a solid surface is a non-
trivial task as it requires detecting the areas or regions of the biomacromolecule contacting the
surface at the sub-molecular level resolution (ideally residue level resolution). EPR and spin
labeling offer a unique and rapid opportunity to achieve this goal. The principle is that, upon
contact with a solid surface, a protein/enzyme’s contact with the surface via a labeled residue will
result in enhanced restriction in the motion of the residue’s sidechain and thus, reduced rate (R)
and enhanced ordering (S) parameters, both of which could be quantified via EPR spectral
simulation. Scanning representative surface regions of a target enzyme will therefore lead to
protein regions responsible for contact (Figure 4 red spectrum); the protein contact sites are likely
“sitting” on the surface via these contact regions while pointing the rest regions away from the
surface. This strategy is suitable for both flat and concave surfaces (such as a protein inside a
confined chamber; Figure 4A).% It is also possible to reveal protein regional freedom if the protein
is partially buried in a solid scaffold (Figure 4B). If the contact sites are heterogeneous, then EPR

spectral analysis can report the relative chance for a region to contact the solid surface by
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determining the relative population of the “contact” component, which shows more restricted
motion in comparison to that with relatively high mobility (Figure 4 red vs green spectra). Such
multi-component spectral simulation can reveal up to 3 different categories of motions, sufficient

for probing enzyme contact sites as proved in our recent works discussed in below sections.>”

A B .
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Figure 4. Illustration of the strategy to use CW EPR to determine enzyme contact sites on a solid
surface (A) or upon being buried under a porous scaffold (B). Protein regions under contact with
a solid support usually shows a highly restricted motion (typical spectrum shown in red) as
compared to those hanging in space (green). EPR spectral range is 3300 to 3400 G. Both

representative spectra are taken under room temperature.

2.3. Probing spin exchange interactions among confined enzymes.

Depending on confinement wall properties, it may be possible to observe a highly
symmetric central peak and a highly reduced low-/high-field peak.’”*"® The resultant spectra cannot
be fit with the MOMD model as detailed in 2.1. This characteristic spectrum is caused by spin
exchange interactions. In general, when two spin centers are close to each other (ca. <10 A), spin
exchange can occur.’®”” Due to the intrinsic size of enzymes, upon confinement in a chamber, it

is unlikely for two labeled sidechains to be closer than the size of the protein (typically a few nm).
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Thus, under normal conditions (no confinement), spin exchange usually indicates protein
misfolding/aggregation or the aggregation of disordered polypeptide. Under spatial confinement
in compartments with walls which promote conductivity or contain conjugated m structures such
as aromatic rings, it is also possible for spin exchange to occur, because if a the spin labeled
sidechain contacts strongly with the confinement walls, the electron in the radical sidechain can
hop onto the wall and travel along the wall to be exchanged with other electrons from nearby
labeled enzymes.*¢ Thus, in combination with SDSL, probing spin exchange offers an opportunity

to determine which residues of an enzyme that can contact strongly with the confinement walls.

The impact of spin exchange on the lineshape of CW EPR spectra (a symmetric central
peak and a reduced low-/high-field peak) could be reflected by some empirical parameters which
could be derived depending on the target system.’”® 7 Based on our experience in enzyme EPR
under confinement, wherein a highly immobilized, broadened spectrum (example see Figure 5) is
observed in the absence of spin exchange,*® we derived two empirical parameters based on the
ratio of the positive and negative peak heights of the central peak, namely /,/Icn, and the height
ratio of the low-field peak to the central peak, namely Io/(I., + In) (peak definitions see Figure
5).% The closer the I,/Icn to 1, the more symmetric the central peak, and the stronger the spin
exchange interactions. Typical value of 1.5-1.6 indicates minimal exchange while I.,/Icx of <1.4
suggests the presence of exchange.*® Furthermore, the smaller the Iop/(I, + Ion), the more reduced
low-field peak, and the stronger the spin exchange interactions. And of course, the stronger the
spin exchange interaction, the stronger the enzyme contact with the wall via the labeled site. These
parameters, however, are only to give the relative strength of spin exchange, instead of an absolute

strength.

18



No exchange
Iq,llcn >1.4

1/(1+1.) >0.14

Figure 5. Basic criteria of using CW EPR lineshape to determine the relatively strength of spin
exchange interactions in a CW EPR spectrum from a typically immobilized labeled site. Typical

scan range is 3300 to 3400 G.

2.4. Probing protein clustering, oligomerization, and aggregations using CW EPR.

If two spin labeled sidechains are separated by 10-25 A, the magnetic dipolar interaction
between the two can lead to CW EPR spectral broadening (Figure 2F). The resultant spectra cannot
be fit with the MOMD model as detailed in 2.1 because the dipolar interaction terms are not
included in the MOMD model. Instead, a separate procedure, quantifying the broadening caused
by the presence of nearby spin centers, has been developed to determine distances between
adjacent spin labels. The broadening is termed as the Pake Pattern (Figure 2F), which can be

simulated using the ShortDistance program (https://sites.google.com/site/altenbach/labview-

programs/epr-programs/short-distances?authuser=0) developed by Altenbach and Hubbell 308

For enzymes under confinement, this approach can be used to determine the distances between
adjacent proteins/polypeptides (singly labeled) and thus, oligomerization of the labeled
proteins/polypeptides. This information is important for assessing if confinement induces protein

aggregation and thus, critical for protein hosting and delivery applications.
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2.5. Pulsed EPR methods.

Various pulsed EPR methods have also been developed to probe enzyme biophysics. In
comparison to the CW EPR methods, these pulsed EPR methods offer longer range of inter-spin
label distances and distance distributions in enzymes (2-7 nm), slower dynamics of enzyme
backbone motion (up to tens of us), and other critical information (such as water accessibility,
coordination of the spin center, etc). Since our group has not extensively explored pulsed EPR in
our enzyme-confinement studies, in this review, we will not discuss the principles of these pulsed

EPR techniques. Interested readers are referred to a few excellent reviews.>* 3688

III. ENZYME CONFINEMENT UNDER RIGID COMPARTMENTS WITH REGULAR
SHAPES BASED ON METAL-ORGANIC FRAMEWORKS (MOFS), COVALENT-

ORGANIC FRAMEWORKS (COFS), AND MESOPOROUS NANOPARTICLES.
3.1. Effects of COF wall property on enzyme catalytic efficiency.

COFs are rigid, tunnel like porous materials with a few nm diameter and pm lengths. Most
COFs maintain hexagonal shapes although other shapes have also been developed.®*:*° Enzymes
smaller than COF pores can be loaded into certain COF channels via diffusion over the timescale
of hours to days, which often offers enhanced enzyme stability and substrate selectivity.”! %>
Revealing the structure-function relationship of the confined enzymes, however, is challenging,
due to the interference of the COF walls with most protein-probing techniques. We recently
demonstrated the use of SDSL in combination with EPR spectroscopy to probe the structure-
function relationship of a model enzyme, T4 phage lysozyme (T4L) in various MOFs/COFs.*® We
also modified the functional groups of the COF inner walls to adjust the hydrophobicity and

revealed the impact of wall hydrophobicity on the interplay of protein structure, function, and

dynamics.
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In detail, we modified the -OMe groups of a COF to -OH and -ONa, forming 3 COFs,
COF-OMe, COF-OH, and COF-ONa with decreasing hydrophobicity but identical diameter (3.4
nm; Figure 6A).°? We then loaded T4L into each COF as demonstrated by confocal fluorescence
imaging and porosity test.*® To probe the catalytic performance of T4L, we employed a small
substrate of T4L, 11-chitosan which can diffuse into the COF channels and interact with T4L. In
the presence of free T4L, the activity assay detailed in the literature generates a decrease in the
absorption intensity at 420 nm as compared to no enzyme (a 0.81 to 0.25 arbitrary unit (a.u.) drop;
Figure 6B pink versus black dotted curves; Table 1).*® T4L loaded in COF-OMe showed a drop
from 0.81 to 0.29 a.u. (Figure 6B red solid versus black dotted curves; Table 1), ~92.9 % of the
catalytic efficiency of free T4L. T4L loaded in COF-OH showed a drop from 0.81 to 0.55 a.u.
(Figure 6B green solid versus black dotted curves; Table 1), ~46.4 % of the catalytic efficiency of
free T4L. T4L loaded in COF-ONa showed almost no change in the absorption at 420 nm (Figure
6B purple solid versus black dotted curves; Table 1). Thus, T4L possessed a decreased catalytic
efficiency as the channel hydrophilicity was increased (from -OMe to ONa), unusual for a

hydrophilic enzyme like TAL (Figure 6B).

Table 1. Quantitative measure of T4L activity in solution and upon encapsulation in COFs using

the activity assay detailed in the literature.*®

No T4L Free T4L T4L@COF- T4AL@COF-OH | TAL@COF-
(control) OMe ONa
Absorption at 0.81 0.25 0.29 0.55 0.80
420 nm (a.u.)
Drop in 0.56 0.52 0.26 0.01
Absorption at
420 nm (a.u.)

To understand this, we employed SDSL to label 6 sites of T4L and probed backbone

dynamics at the labeled regions in each COF. We found similar spectra among all six labeled sites
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of T4L in COF-OMe, which can be explained by a portion of T4L contacting the channel walls at
the labeled site while the rest hanging in COF-OMe channel chambers (Figure 6C left). Then, in
COF-OH, we found 2 out of the 6 labeled sites displayed distorted CW EPR spectra as
characterized by the reduced low-field peak and symmetric center peak (Figure 6C right). We
rationalized this to the spin exchange interactions between an electron spin in a protein and another
from adjacent proteins (also see Section 2.2): once a protein contacts the wall strongly via the
labeled site, the electron hops onto the conjugated = tunnels and exchange with others. The highly
conjugated m stacking system facilitates the tunneling of electrons. The fact that 2 sites of T4L
interact strongly with the COF-OH channel suggests that at least two sites of T4L are strongly
interacting with and thus, restricted by the COF-OH walls, leading to reduced conformational
freedom and thus, reduced catalytic efficiency. Quantitatively, we defined /.,/Icn as a measure of
exchange interactions so that /.,/I.,» below 1.4 and/or 1o/(Ip+1:n) <0.14 indicates strong interactions

(Figure 6D).%
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Figure 6. (A) Illustration of three COF channels with different surface properties. (B)
Differences in T4L catalytic efficiency upon immobilization in each COF. (C) Representative
CW EPR spectra of each labeled T4L in COF-OMe and COF-OH at room temperature. The
areas highlighted by “m” and “im” are originated from a spin labeled sidechain with relatively
mobile and immobile motions, respectively. The field scan range is 3300 G to 3400 G. (D) Plots
of key parameters related to spin exchange interactions as a function of labeled residue number.

Reprinted (adapted) with permission from Chem Catal. 1, 207 (2021). Copyright 2021 Elsevier.
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Similarly, in COF-ONa, 4 out of the 6 labeled sites showed enhanced contact and reduced
conformational freedom. Thus, as the channel became more hydrophilic, the number of T4L
residues that strongly contact COF walls was increased, resulting in an enhanced restriction in T4L
degree of freedom. Such restriction caused the reduced catalytic efficiency in the more hydrophilic
COFs. This finding indicates the important role of spatial confinement in protein
dynamics/function and the effectiveness of SDSL-EPR in probing the underlying structural basis

of protein function alteration in nanoscale spatial confinement.
3.2. Enzyme structural basis within mesoporous silica-nanoparticles.

Mesoporous silica-nanoparticles (mesoSiNPs) also contain rigid pores, although with
lower homogeneity in pore size. We loaded spin labeled T4L into the pores of commercial
mesoSiNPs. Upon removal of surface adsorption proteins via wash with a highly ionic buffer, CW
EPR was carried out to detect the interaction of each labeled residue with the inner walls of the
mesoSiNPs. A set of spectra characterized by a highly restricted component and a relatively mobile
one was determined. Similar to Section 3.1, the restricted component is originated from label
contacting the inner walls of the channels while the mobile one due to labeled site hanging in the
chamber (Figure 7A). Upon EPR spectral simulation, parameters of the rate and order of each
component of each labeled site were resolved.?® **- 33 We also found the relative contribution of
the two cases for each labeled site (6 surface sites total), which led to the proposed protein contact
sites inside of the mesoSiNP channels (Figure 7B). Interestingly, by tuning the surface charge of
the channels, it is possible to alter the interaction between T4L and the channel, and thus, tune the

encapsulation of the protein. Enzymes can be released under reducing conditions from these
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mesoSiNPs, likely an advantage as compared to COFs, wherein the loaded enzyme cannot be

easily released.>

Figure 7. (A) CW EPR spectra at room temperature on six labeled sites of T4L. * indicates
spectral components that is originated from a label not in contact with the channel. The field scan
range is 3300 G to 3400 G. (b) (upper panel) Illustration of the encapsulation of T4L in the
channels of the mesoporous silicananoparticles. (lower panel) Illustration of the protein contact
sites in the channels of the mesoporous Silica-nanoparticles. Dotted lines indicate relatively
stronger interaction between the labeled residue and the channel. Star = lys active site.*
Reprinted (adapted) with permission from J. Magn. Reson. Open 10-11, 100060 (2022).

Copyright 2022 Elsevier.

3.3. Translocation of enzymes into MOF chambers.

Although diffusion and enzyme-channel wall interactions are likely the driving forces of

enzyme loading/transfer into rigid pores, the detailed structural basis of the transport, such as
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changes in the contact sites and backbone dynamics of a protein during a transport event in real
time and how channel properties affect protein transport, is generally lacking. However, such
structural basis is important for understanding the causes of protein structural changes during a
transport process in nature and predicting the resultant enzyme structure-function relationship.”*-
97 We employed time-resolved EPR and a series of chamber materials to initiate bridging this gap.
In detail, we chose a COF with a larger pore (~4.5 nm) than COF-OMe, namely, COF-ETTA-
TPDA, and time-resolved EPR to study the transfer of the same model enzyme, T4L, into it.’” To
probe the heterogeneity in protein-COF surface contact, we labeled 6 surface sites of T4L and
triggered the transport of each spin labeled T4L (Figure 8 A). Time-resolved CW EPR was then
carried out to probe the change in backbone dynamics of various T4L regions during the transport.
In particular, over time, the intensity of the mobile component (mobility of the spin label) was
decreased as T4L was translocated into channels while that of the “contact” or relatively more
immobile component was increased (definitions see Section 2.2; experimental data see
reference).’” The “contact” component was due to T4L interaction with channel walls at the labeled
site. Note that other sources of immobilization such as protein aggregation could not contribute to
the “contact” component. This may be caused by the relative narrow space in the channels, which
may help prevent aggregation. More importantly, from EPR spectra, we did not observe any
indication of aggregation (spin exchange or magnetic dipole-dipole interaction which would

broaden the spectra).’’

The spectral component caused by the contact with COF channels was then plotted for each
labeled site over time. In general, a 2-phase transition was observed for most sites, a rapid initial
adsorption to COF surfaces likely due to hydrophobic interactions (~10-30 minutes) and a slower

move into the channels due to diffusion (up to 48 hours; Figure 8C&E).?” Interestingly, different
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labeled sites displayed different kinetics, so that 65 and 72 showed the least affinity to the COF
surface, as indicated by the lowest percentage of contact component (Figure 8E). This was
rationalized to the least population of aromatic residues in T4L near these regions (Figure 8G).
The protein likely contacts the channel surface with other regions besides 65 and 72. The second

phase of the transport is less residue dependent, suggesting the diffusion is a random process.
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Figure 8. (A) Positions of labeled residues in T4L. The relative population of the “contact”
spectral component of lys mutants upon translocation into PCN-128 (B), COF-ETTA-TPDA (C),
and MCM-41 (D) was monitored for 48 h. Due to the lack of preference in contact sites, on
PCN-128 only data from two sites are shown. The first hour is amplified to show the rapid
adsorption in early times for COF-ETTA-TPDA (E) and MCM-41 (F). The distribution of
aromatic residues (blue sticks) with respect to the labeled sites (G) and that of protein surface

charge (H; blue=positive; red=negative) are shown to assist in data interpretation.

To probe the impact of channel property on protein transport, we chose 2 more channels
with neutral and negatively charged surfaces (but the same pore size, ~4.5 nm), PCN-128 (a
channel-shape MOF), and MCM-41 (mesoporous silica nanoparticles), respectively.?"> °% % T4L
labeled at various surface residues was employed to probe the impact of wall surface on its import
into each channel. We found that the neutral, PCN-128 channels resulted in a single-phase process
with a slow loading rate and random contact sites (which can be probed by detecting which
residues/regions contact a channel), suggesting diffusion as the driving force (Figure 8B). No
residue dependence was found either, suggesting the lack of preferential interaction between T4L
and PCN-128 channels.?” The negatively chargedMCM-41 channels, on the other hand, resulted
in a 3-phase import, a rapid adsorption to MCM-41 surface, a “stacking” to form a multi-layer

).37 The contact sites

protein corona,'® and finally a slower move into the channels (Figure SD&F
of T4L with respect to MCM-41 surface were also found consistent with the surface charge

distribution (Figure 8H). Based on these time-resolved data, we have proposed the dynamic

process of the translocation of T4L into each channel (Figure 9). This work proved the
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effectiveness of SDSL-EPR in probing protein-channel interactions during a transport event in real

time.
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Figure 9. The contact site changes of T4L at different phases of translocation into PCN-128 (A),
COF-ETTA-TPDA (B), and MCM-41 (C). Cyan spheres indicate residues with a higher chance

to contact the compartments as compared to orange ones.

IV.ENZYME CONFINEMENT UNDER RIGID COMPARTMENTS WITH IRREGULAR

SHAPES BASED ON CRYSTAL DEFECTS.
4.1. Classic co-crystallization to immobilize enzymes.
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Co-crystallization of enzyme with certain metal ions and ligands can form enzyme@MOF
biocomposites.'? 1% The involved enzymes often serve as the crystallization nuclei which can
speed up the rate of co-crystal formation. The resultant “confinement” surrounding an enzyme is
often in the shape of enzyme outline (like a scaffold on the surface of a building), and thus,
considered as irregular confinement. The “scaffolds” are also rigid, which helps
protecting/stabilizing the entrapped enzyme. While most published works were focused on the
functionalities of the entrapped enzymes, there was a lack of structural and dynamic information
of the enzymes, in particular, the area(s) of enzymes being exposed above co-crystals and the
backbone dynamics (conformational equilibrium) upon immobilization in MOFs. This information
is important for understanding how an enzyme recognizes and contacts substrates in the solvent or
within MOF scaffolds.!!! The challenge is, again, probing enzyme structural and dynamic
information under the interference of the MOF scaffolds (metal ions and ligands) using most
protein-probing experimental techniques. We found that SDSL-EPR can overcome this barrier and
offer residue-level information on enzyme backbone dynamics, and demonstrated this concept on
our model enzyme, T4L, upon co-crystallization with Zn?>" and imidazolate (T4L@ZIF-8
biocomposites).*® In particular, we labeled multiple surface residues of T4L as in previous sections
and co-crystallized each mutant with Zn** and imidazolate. We found that each labeled surface
site of T4L showed both a mobile and immobile spectral components, with the relative population
varied drastically among different labeled sites (Figure 10A). We rationalized the presence of the
mobile component as the labeled site being partially exposed above the ZIF-8 scaffold, indicating
that a portion of the enzyme can be buried under the ZIF-8 scaffold surface while the rest of the
enzyme can be exposed above it. This was also proved by the fact that large substrates (micrometer

scale bacterial cell walls), which can never be able to diffuse into the ZIF-8 pores (0.6-0.7 nm),
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can be degraded by the entrapped enzyme.>® Upon spectral simulation, we were able to quantify
the differences in the chance of exposing different T4L regions, based on which a few favored
enzyme exposed sites above the MOF scaffold surface were proposed (Figure 10B). The partial
exposure was also confirmed by urea perturbation, wherein the denaturant urea was only able to
unfold protein portions above the MOF crystal surface (but not enzymes buried inside). The
excellent consistency between the relative population of the mobile component from the
simulation of the T4L@ZIF-8 and that of the mobile component from the urea disturbed
TAL@ZIF-8 proved our speculation of the partial exposure of enzymes upon co-crystallization in

MOFs.*°
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Figure 10. (A) CW EPR spectra of six surface sites spin labeled with an R1 sidechain at room
temperature in varied conditions (dotted=immobilized enzyme; cyan=pH 7.4; orange=upon
treatment with urea; green=free enzyme in solution). The field scan range is 3300 G to 3400 G.

(B) Three proposed exposed areas of the studied enzyme on the surface of ZIF-8. Reprinted
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(adapted) with permission from J. Am. Chem. Soc. 140, 16032 (2018). Copyright 2018

American Chemical Society.

A similar strategy was applied to 14 more combinations of metal ions and ligands, such as
Ca-BDC, Ca-BPDC, Ca-NH,-BPDC, Ca-DDVA, and the combination of five ions (Zn**, Cu**,
Ni**, AI**, and Zr*") with BDC/BPDC, wherein DDVA is a ligand extracted from natural product
lignin while BDC and BPDC represent 1,4-benzendicarboxylic acid and biphenyl-4,4 -
dicarboxylic acid, respectively.’®3® In the former four Ca-MOFs, we have published the proposed
exposure regions of T4L on these MOFs. Interestingly, even for the enzymes buried under the
MOF crystals, we found differences in backbone dynamics so that more freedom was found in Ca-
NH>-BPDC as compared to that in Ca-BPDC, as indicated by the enhanced backbone dynamics
(rate) of the immobile components in the former MOF (Figure 11).°® Quantitative measurement of
T4L catalytic efficiency in solution and upon immobilization resulted in different K and Viax
parameters (Table 2 adapted from reference).*® Depending on Ca-MOF selection, the catalytic
efficiency of the confined enzyme is reduced from 77.8 % (Ca-NH>-BPDC) to 36.7 % (Ca-BPDC)

as compared to the positive control (free enzyme).

Table 2. The kinetic parameters of cell wall degradation catalyzed by T4L and T4L confined in

MOFs.
Vnax (Lmol/min) Ky (UM)
T4L (control) 173.7 +/-16.8 0.36 +/-0.10
T4L@Ca-BDC 72.8 +/- 2.68 0.087 +/-0.016
T4L@Ca-BPDC 63.8+/-3.8 0.130 +/- 0.036
T4L@Ca-NH,-BPDC 1352 +/-2.8 0.171 +/- 0.013
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We also found a rough correlation between crystallinity and the rate of the motions of the
mobile and immobile components in a series of MOFs formed by 4 ions and BDC/BPDC (8 MOFs
total; manuscript under review). These works further confirmed the power of SDSL-EPR in
probing the area(s) of enzymes being exposed above co-crystals and the backbone dynamics upon
immobilization in MOFs. The information is important for guiding the rational design of new
MOFs to co-crystallize/confine enzymes. It is worth noting that most of our co-crystallization
reactions were carried out in water phase, which minimizes the damage to the target enzyme and
removes the limitation on enzyme size and complexity (so that multiple enzyme clusters can be

co-immobilized together).

Enhanced dynamics in “im”

Ca-BPDC Ca-NH,-BPDC

Figure 11. Difference in the immobile component of the CW EPR spectra for T4L in Ca-BPDC

and Ca-NH>-BPDC at room temperature can be detected and quantified to report the dynamics of

the entrapped enzyme sidechain in different MOF crystal scaffolds. The field scan range is 3300
G to 3400 G for both spectra. Reprinted (adapted) with permission from Chem Catal. 1, 207

(2021). Copyright 2021 Elsevier.

4.2. Advanced co-crystallization platforms to provide advanced functionalities.
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We have also developed experimental strategies to endorse more functions to the enzyme
co-crystallized with MOFs and probed the enzyme contact with MOF and exposure. For example,
we found that enzymes and metal ions/ligands can be co-crystallized on the surface of carbon
nanotubes (CNTs), which offers enhanced chance to expose enzyme regions likely due to the
occupancy of the MOFs space by CNTs (so that less enzymes can occupy the interior space of the
MOFs).*” Interestingly, the resultant enzyme@MOF/CNTs composites are stable under acidic pHs,
which is opposite to the general properties of ZIF-8 which are not stable under acidic pHs.*’ Also,
graphene oxides (GOs) can serve as the seed to co-crystallize enzymes and MOFs.*> We have also
attempted to endorse magnetic properties to enzyme@MOFs composites to enhance the separation
efficiency after biocatalytic reactions, although probing the exposure information by EPR is
challenging due to the presence of the magnetic nanoparticles which severely interfere with EPR
signal detection.** We have also proved the effectiveness of co-immobilizing multiple enzymes on
the same MOF to promote the biocatalytic efficiency.** In particular, the time to degrade a model
cereal substrate (essentially a food sample) using three digestive enzymes, o-amylase,
amyloglucosidase, and protease, sequentially following the classic procedure in food industry was
~155 min, while co-immobilizing multiple enzymes on the same MOF reduced the degradation
time to ~50 min.** The catalytic time was reduced by a factor of ~3! Studies on the
exposure/contact and dynamics of the immobilized enzymes in these multi-enzyme@MOF

composites are underway.

A unique case study was to immobilize a protease on MOFs via co-crystallization, which
minimized the self-degradation of protease during a function/mechanism study. Proteases
hydrolyze peptide bonds at specific residues/sequences and thus, are essential for cellular

functions.!'"!15 However, it is challenging to study the interactions between protease and
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substrates using most experimental approaches. In a recent work, we labeled a protein substrate
via SDSL and used time-resolved, 2D CW EPR to monitor the lineshape changes over time upon
contact with trypsin, a model serine protease (Figure 12A).>> The advantage of EPR is that the
presence of trypsin and broken pieces of the substrate did not affect the CW EPR signal. The
further the proteolytic reaction proceeded, the smaller the labeled protein segment, and the sharper
the linewidth (Figure 12B). By spectral simulation, we were able to determine the changes in the
populations of the broken substrate pieces over time, which can suggest the possible preference of
the cleavage site on the model substrate (Figure 12C). We noted that the EPR results cannot be
confirmed by mass spectrometry (MS), which is a typical technique to study proteolytic reactions,
because the reaction cannot be conveniently quenched to obtain time-resolved MS data.>? Thus,
we immobilized trypsin on a MOF, Ca-BPDC, so that the products can be separated from the
insoluble, trypsin@Ca-BPDC composites and subjected to EPR and MS study (Figures 12D and
12E). Remarkably, MS and EPR resulted in amazingly consistent findings on the preference of

cleavage site and cleavage kinetics.>?
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Figure 12. (A) Typical time-resolved EPR data to probe the degradation of a spin labeled protein
substrate, T4L, by trypsin in HEPES buffer at room temperature. (B) Spectral difference between
intact and cleaved T4L by free trypsin in HEPES buffer at room temperature. The field scan
range is 3300 G to 3400 G. (C) Near zero selectivity of free trypsin against a protein substrate
T4L in HEPES buffer due to the similar increase rate in the population of broken pieces;
cleavage sites of trypsin are shown on the right. (D) Certain T4L sites such as 72 and 44 were
degraded faster than others due to their exposed cleavage sites (right) with trypsin@Ca-BPDC.

(E) MS data supported the cleaved pieces indicated by EPR (right).

V. POLYPEPTIDE CONFINEMENT UNDER FLEXIBLE, DYNAMIC CONFINEMENT

BASED ON POLYMERIC MATERIALS.
5.1. Polypeptides as probes to sense polymeric micelle interior environments.

Polymeric micelles find wide applications as molecular delivery vehicles and platforms to
mimic the crowded/confined cellular environment, yet there is a lack of effort on probing the
interior environment of micelles and the entrapped molecular cargos.!!*!'!* Knowing the interior
of a micelle, in particular the polarity and crowding extent inside of micelles which can likely
affect cargo’s location, aggregation state, and possibly structure if the cargo is a
(bio)macromolecule, is important for not only predicting the performance of the molecular cargos
but also guiding the rational design of novel micelles to better mimic the cellular environment.
Probing the interior of a micelle, however, is a challenging task, due to the interference of the
polymeric molecules and their dynamic interactions (when forming a micelle). We have utilized
spin labeled polymers and CW EPR to probe the interface of the hydrophilic shell and hydrophobic

core of a series of polymeric micelles formed by diblock polymers (Polyethylene glycol-
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Polycaprolactone, or, PEG-PCL) with different core sizes.’! We found that the spin label attached
at the interface between the PEG and PCL segments showed two components (Figure 13A), likely
due to the fact that the spin labels in these labeled molecules can partially point to the hydrophilic
shell and partially be trapped in the hydrophobic core, which resulted in a relatively mobile motion
and highly restricted motion, respectively. The percentage of the labels in restricted motion is
dependent on the length of PCL, so that the longer the PCL segment, the more restriction to the
motion (28+/-3, 33+/-5, and 31+/-3 % of the immobile components for PCL segment with 2000,
9000, and 11000 molecular weight, respectively). We also probed the disassembly of the micelle
by a typical organic solvent, tetrahydrofuran (THF), so that the more THF was present, the less
restriction of the motion of the label (Figure 13B). This work was a demonstration of the sensitivity

of EPR on micelle dynamics and interior environment.>!

A B

5 X | PEG-PCL20000 %
...-m\/l Ipl | 6. 100% THF
P\ . VN N/ 5. 80% THF

4 PEG-PCL18000 J f/ /_/|

i ] f | 7~
-'i' | A 4.60% THF
PEG-PCL11000 =" H,-r-’ A
3. 40% THF

PEG-PCLA000
2. 20% THF

PEG-PCL2000

=
(e g E———
- o

o be—

1. 0% THF

Figure 13. (A) CW EPR spectra of PEG-PCL spin labeled at the connection between the two
blocks at room temperature. (B) THF disassembles the PEG-PCL micelles as probed and
reported by the narrowing CW EPR spectra at room temperature. The field scan range is 3300 G

to 3400 G in all spectra.
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We also non-selectively spin labeled an antigenic glycoprotein hemagglutinin (HA)
polypeptide (Figure 14A), and utilized EPR to probe the motion of the HA peptide, which was
believed to be dependent on the local environment of the interior of the micelle.* We chose two
micelles, a regular micelle (S10) formed by a classic diblock polymer and an invertible micelle
assembly (IMA) based on repeating units of PEG-PTHF (Figure 14B).!212> We found that the
two micelles displayed different “tightness” upon disturbance by acetone so that the mobile
component in the IMAs was lower than that in S10 under the same acetone concentration,
suggesting that IMAs have a higher packing stability against external disturbance (Figure 14

C&D).*® This work also proved the power of EPR on probing the interior of micelles.
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Figure 14. (A) Non-selective HA peptide labeling results in a random labeling position. (B) EPR
spectra of the randomly labeled peptide in solvent, S10, and another IMA(PEGsoo-PTHFss0) at
room temperature. (C) CW EPR spectra of non-selectively spin labeled HA peptide upon
disassembly by acetone. (D) The percentage of the mobile component, which indicates the extent
of disassembly, as a function of acetone percentage. Reprinted (adapted) with permission from J.

Phys. Chem. C 122, 25692 (2018). Copyright 2018 American Chemical Society.
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5.2. Polypeptide dynamics and aggregation upon confinement in advanced micellar materials.

We also selectively labeled the same HA peptide at the head, middle, and tail/end positions
(Figure 15A) and monitored the relative local polarity and crowding changes for the same model
IMA, PEG-PTHF, upon addition of acetone and inversion caused by toluene.** In water, we
observed the expected line broadening as the labeled site was moved to the more crowded interior
of the IMA, due to the enhanced restriction in motion at the labeled region of the peptide (Figure
15B). Then, we inverted the polarity of the solvent by dialyzing against toluene and observed the
opposite location of the labeled regions of the HA peptide (so that the hydrophobic head was
located at the shell while the more hydrophilic tail was buried inside of the core). We also observed
peptide aggregation inside of the inverted IMA so that CW EPR was utilized to determine the
distances among three labeled HA peptide residues, one at a time. We then established the average
distances among the aggregated peptides at each labeled position and found that the “head” of the
peptide tends to aggregate closer to each other as compared to the “tail” of the peptide in toluene,
based on which an aggregation state model was proposed for the HA peptide in IMA (Figure 15
C&D).* This work is important for understanding the behavior of large biomolecular cargos in
micelles, shedding light on the rational design of advanced micelles for optimal drug delivery
performance and mimicking the cellular organelles using the crowded, soft confinement offered
by polymeric materials. For example, based on cargo location, aggregation states, and movement
upon solvent polarity change determined by EPR, one could assess if a cargo molecule is placed
at the desired location (core or shell of the micelle) and predict the movement and release of the
cargo from the micelle. If the cargo location is not ideal in the micelle and/or the cargo cannot be

released from the micelle, then, fine-tuning of the lengths and hydrophobicity of the micelle’
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hydrophobic and hydrophilic segments can be carried out to adjust cargo location and release,

which will be assessed through another round of EPR measurement.
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Figure 15. (A) Cysteine insertion to control the labeling position in HA. (B) EPR spectra of the
HA peptide labeled at different positions in S10 and PEGeoo-PTHFeso at room temperature. Scan
range is 3300 to 3400 G. (C) Experimental room temperature CW EPR data (scan range 150 G
centered at ~3400 G) show different lineshapes which are composed of the regular three-line
splitting of nitroxides as well as the Pake pattern (as guided by the dotted lines) due to the spin-
spin magnetic dipolar interactions under close spin proximity caused by aggregation. The
estimated distance distribution among spin labels at the head, mid, and end/tail positions of the
peptide are shown in the inset of each. (D) Schematic illustration of the proposed aggregation
states of the labeled HA peptide in IMAs in toluene and 50 % acetone.*’ Reprinted (adapted)
with permission from ACS Appl. Mater. Interfaces 12, 12075 (2020). Copyright 2020 American

Chemical Society.

5.3. Polymer shells conjugated to enzyme surfaces.

40



The original motivation of conjugating soluble polymers to enzyme surfaces was to create
permeant confinement (as compared to loading polypeptides into micelles and the potential
leaching) and thus, long-lasting protection to the target enzymes and endorsing polymeric
functions/properties to the host protein, with the ultimate applications in enzyme stabilization and
delivery.!?*12® We chose the biocompatible polymer PEG with different lengths and reacted these
PEGs with protein lysines (amines) under different feeding ratio (PEG-to-protein ratio).*” The
resultant conjugate complexes were believed to be highly heterogeneous in molecular weight and
conjugation sites, making it challenging to probe the molecular level enzyme structure and
dynamics information. We utilized EPR and SDSL to probe these details. First, we found that the
size and abundance (determined by feeding ratio) affect the catalytic efficiency of the modified
T4L by influencing the accessibility of the substrate to the enzyme active site (Figure 16 A&B).
In particular, the catalytic efficiency was assessed by a classic lysozyme activity assay, wherein
the degradation of bacterial cell walls resulted in a decrease in the optical density at 450 nm
(ODA450). The relative slope of OD450 drop over time was quantified as an assessment to enzyme
activity. For PEG with a 5k molecular weight, the slope of OD450 drop is ~50 % of the wildtype
protein at low feeding ratios (100-150:1). At higher feeding ratios (250-500:1), there is almost no
activity observed. Similar trends hold for PEG with a 20k molecular weight, wherein hybrids
prepared with a 25:1 and a 100:1 ratio showed ~45 % and 25 % of the catalytic efficiency of the
wildtype enzyme. Comparing PEG with a 5k and 20k at the same feeding ratio suggested that the
longer the PEG chain, the lower the catalytic efficiency (~45 % vs ~50 % of the wildtype activity).
At 500:1, PEG with a molecular weight of 1.9k showed almost no activity, indicating the more the
protein amines occupied, the less the activity, even if the polymer chain is relatively short. To

understand this, we probed the structural basis of the resultant conjugates. We found that an
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increase in linewidth as the feeding ratio and/or size of PEG was increased for most labeled sites,
which is consistent with the enhanced linewidth due to the enhanced molecular weight upon
increasing the amount of PEG conjugated to the protein (Figure 16 C&D green vs black curves).
Because the lineshape is dependent on the rotational correlation time of the whole protein-polymer
conjugate, which further depends on the overall molecular weight, we utilized spectral simulation
to extract the rotational correlation time and computed the average molecular weight of each
conjugate.* We found a rough correlation between the calculated molecular weight and the
molecular weight distribution by electrophoresis as detailed in our work.*” The exceptions are two
sites, 44 and 131, which did not show the expected linewidth increase even under the highest
feeding ratio with the longest PEG (Figure 16 C&D orange). We rationalized this finding to the
local disruption to the target enzyme, T4L, due to the conjugation of PEGs near these sites. Given
the high abundance of lysines near these two sites, this rationalization is reasonable. This work is
a clear demonstration of the use of SDSL-EPR in probing enzyme performance inside of a soft but

stable polymer shell.
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wi

Sites show
Enhanced
Weight

Figure 16. Illustrations of low (A) and high (B) polymer abundance in a conjugate and their
influence on local dynamics determined by EPR at room temperature (C,D). In (A) and (B), the
red spheres represent the a-carbon of the labelled residues for the dynamics studies while the
green spheres indicate the distribution of lysine which can react with the polymer. The extent of
EPR spectral broadening is correlated with polymer abundance (green curves of C and D are data
from residues 65R1 and 72R1) while local disordering narrows the linewidth on certain sites
(orange curves of C and D are data from residues 44R1 and 131R1). The field scan range is 3300

G to 3400 G.

VI. CONCLUDING REMARKS AND OUTLOOK

Aiming at promoting biocatalyst design and fundamental protein biophysics under spatial
confinement, we have developed various confinement conditions which an enzyme could

encounter naturally or artificially and examined enzyme performance using SDSL in combination
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with EPR spectroscopy. We found that by diffusion, enzyme can be immobilized in pre-formed
compartment materials with rigid, regular shapes. The performance of the T4L enzyme, which can
be quantified by various parameters (such as enzymatic kinetics parameters, absorption decrease
at a certain wavelength, or time to degrade the same model substrate) and relies on the interplay
of the structure, dynamics, and function, depends on the restriction to the conformational degree
of freedom upon confinement. CW EPR offers a powerful way to determine the strength of the
contact between a protein residue and the compartment surface as well as the relative protein
contact regions with respect to the confinement surface. The substrates have to be limited to those
smaller than the pore size of the compartment materials. In addition, by co-crystallization, enzyme
can be implanted on the surface of MOF crystals so that certain regions of the enzyme can be
exposed above the crystal surface, which promotes the biocatalysis involving substrates larger than
MOF pores. The exposed regions can also be determined by CW EPR. Enzymes partially exposed
above the MOF crystal surface obviously display enhanced backbone dynamics as compared to
those completely immobilized in the pre-formed MOFs/COFs. Enzymes buried inside of the co-
crystals could also have different backbone motions depending on the MOF scaffolds. Lastly,
under “soft” confinement environment, spin labeled polypeptides can report the interior (local)
environment of the polymeric micelles upon EPR measurement, a unique advantage to probe the
interiors of self-assemblies, while polymers conjugated to enzymes affect the molecular weight
and the local ordering, which can also be detected by EPR. These findings can serve as the
guidance of the selection of enzyme confinement platforms for various applications and generate
excitement in the community of protein biophysics, biocatalysis, and biochemistry on combining
cutting-edge materials and experimental technologies to better understand enzyme performance in

biophysics, biocatalysis, and biomedical applications.
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In the future, intra-distance measurements in the entrapped enzymes using advanced,
pulsed EPR techniques such as double electron-electron resonance (DEER) and double quantum
coherence (DQC) should be carried out to provide more thorough pictures of the global structural
changes of the entrapped enzyme in the absence and presence of substrates under varied
confinement environment. Also, more enzymes need to be studied via SDSL-EPR upon
confinement under varied compartment materials depending on the application. The structure-
based enzyme immobilization/confinement design will likely promote the rational design of

enzyme confinement platforms.
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