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Biofilms as self-shaping growing nematics

Japinder Nijjer1,10, Changhao Li    2,10, Mrityunjay Kothari    3,4, Thomas Henzel3, 
Qiuting Zhang1, Jung-Shen B. Tai    1, Shuang Zhou    5, Tal Cohen    3,6  , 
Sulin Zhang2,7,8   & Jing Yan    1,9 

Active nematics are the non-equilibrium analogue of passive liquid 
crystals. They consist of anisotropic units that consume free energy to 
drive emergent behaviour. As with liquid crystal molecules in displays, 
ordering and dynamics in active nematics are sensitive to boundary 
conditions. However, unlike passive liquid crystals, active nematics have 
the potential to regulate their boundaries through self-generated stresses. 
Here we show how a three-dimensional, living nematic can actively shape 
itself and its boundary to regulate its internal architecture through 
growth-induced stresses, using bacterial biofilms confined by a hydrogel as 
a model system. We show that biofilms exhibit a sharp transition in shape 
from domes to lenses in response to changing environmental stiffness 
or cell–substrate friction, which is explained by a theoretical model that 
considers the competition between confinement and interfacial forces. 
The growth mode defines the progression of the boundary, which in turn 
determines the trajectories and spatial distribution of cell lineages. We 
further demonstrate that the evolving boundary and corresponding stress 
anisotropy define the orientational ordering of cells and the emergence 
of topological defects in the biofilm interior. Our findings may provide 
strategies for the development of programmed microbial consortia with 
emergent material properties.

Active nematics are collections of anisotropic particles that metabolize 
free energy to generate mechanical work. Unlike conventional liquid 
crystals (LCs), they exist far from equilibrium, and activity plays an 
important role in shaping their collective structure and dynamics1–6. 
One prototypical example of active nematics, with non-conserving 
particle number, is growing colonies of bacterial cells with elongated 
shapes7–13. When bacteria collectively secrete extracellular matrix to 
adhere to each other and a substrate, they form multicellular com-
munities known as biofilms14,15. Biofilms grow in diverse environments 

including in the ocean, in soil and in humans, and as they develop, 
they take on a rich variety of three-dimensional (3D) morphologies, 
dynamics and internal architectures8,16–21. Moreover, the anisotropic 
shape of bacterial cells can lead to parallel alignment and non-trivial 
global organization, which allows one to use biofilms as model living 
nematic systems to probe the feedback between evolving boundaries 
and internal ordering22–24. Understanding this feedback could allow 
for controlled growth of beneficial biofilms, elimination of harmful 
ones and the potential development of a new class of growing active 
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architectures at single-cell resolution (Extended Data Fig. 1 and 
Supplementary Videos 1–4). Figure 1a shows a series of segmented 
biofilms grown under gels of different concentrations, each consist-
ing of roughly 8,600 cells. We found that as the biofilms matured, 
they developed into one of two bulk shapes, indicating two distinct 
growth modes: under soft confinement (c ≤ 1%), the biofilms grew 
as hemispherical structures, which we label ‘domes’, whereas under 
stiff confinement (c ≥ 2%), the biofilms grew as flatter structures, 
which we label ‘lenses’ (Fig. 1b). At intermediate gel concentrations 
(1% < c < 2%), we observed the coexistence of both lenses and domes. 
To quantify this shape transition, we measured the contact angle 
(ψ) that the biofilms made with the glass substrate for hundreds of 
mature biofilms for each condition (Fig. 1c and Extended Data Figs. 2  
and 3). Interestingly, ψ exhibited a bifurcation-like transition with 
increasing stiffness. Biofilms possessed larger ψ when grown under 
soft gels (median ψ range 101–121° for c = 0.2% to 1%) and smaller ψ 
when grown under stiff gels (median ψ range 23–39° for c = 2% to 
2.5%); at intermediate concentrations (c = 1.3% to 1.75%), a bimodal 

materials that not only respond to but also actively alter their environ-
ment to maximize functionalities.

Confinement and interfacial forces control 
morphogenesis
Here we use confined Vibrio cholerae biofilms as the model system to 
demonstrate the self-shaping and self-organizing capability of a 3D 
growing nematic system. To focus on the cell organization and biome-
chanical aspects of biofilm growth, we used a locked biofilm-forming 
strain, labelled WT*16,25. To tune the effect of the boundary, we used 
a geometry in which the biofilm-forming bacteria were confined 
between a soft hydrogel and a stiff glass substrate16. We varied the 
stiffness of the overlaying gel by varying the agarose concentration 
(c) from 0.2% to 2.5%, resulting in shear moduli that ranged from 150 
Pa to 150 kPa (Supplementary Fig. 1). In each case, the biofilms grew 
clonally from a single cell into a mature biofilm consisting of thou-
sands of cells. Using time-lapse 3D imaging and cell-segmentation 
algorithms16,24, we extracted and tracked the evolution of biofilm 
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Fig. 1 | Biofilm shape bifurcation in response to environmental stiffness.  
a, Reconstructed biofilms grown under agarose gels with different 
concentrations. Biofilms consist of 8,600 ± 700 (mean ± s.d.; range 7,245–9,420) 
cells. b, Shape of biofilms in a in cylindrical coordinates. The contours are 
reflected about r = 0. c, Violin plot of contact angles calculated for biofilms grown 
under different agarose concentrations. Each chord represents a probability 
distribution function calculated from 136 ± 53 (mean ± s.d.; range 58–269) 
mature biofilms. Stars correspond to biofilms shown in a and b. d, Bifurcation 
of the biofilm contact angle with agarose concentration. Each point (and error 

bar) corresponds to the mean (and standard deviation) of a gaussian fit that 
encompasses all biofilms with contact angles either greater than or less than 
75° (underlying data are the same as for Fig. 1c). Insets: two examples of mature 
biofilms with different morphologies grown under 1.5% agarose gels. e, Plot of the 
maximum height and maximum radius of biofilms grown under a 0.5% gel (left) 
and 2% gel (right). Data correspond to ensembles of 12 and 6 different biofilms 
imaged over time, respectively. Inset: shape evolution of a single biofilm under 
each condition. f, Time-evolution of the contact angle for biofilms grown under 
gels with different stiffnesses. Scale bars, 10 µm.
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distribution of ψ emerged, with each peak coinciding with either 
the large ψ (small stiffness, median ψ range 127–131°) or small ψ  
(large stiffness, median ψ range 33–40°) behaviour (Fig. 1d).

In addition, the kinetics of shape evolution differed substantially 
between the two regimes, as quantified by the evolution of the maxi-
mum height hmax and maximum radius rmax of the biofilms (Fig. 1e). For 
soft confinement, the biofilms grew nearly isotropically, with the 
maximum height and radius scaling as hmax ∝ n1/3  and rmax ∝ n1/3 , 
respectively (where n is the number of cells). For stiff confinement, the 
biofilms grew faster horizontally than vertically, leading to an increas-
ingly anisotropic shape over time. This was reflected in the different 
scaling laws for biofilm height and radius, where hmax ∝ n1/5  and 
rmax ∝ n2/5, reminiscent of those observed during hydraulic fractur-
ing26,27. Correspondingly, we observed two diverging trajectories of ψ 
(Fig. 1f), where ψ either increased or decreased above ~100 cells.

Previous work indicates cell–substrate friction as a key deter-
minant in biofilm morphogenesis16,18,28,29, which in V. cholerae is pri-
marily achieved by two redundant adhesion proteins RbmC and Bap1  
(refs. 30–32). Upon deleting these adhesins, we found that the critical 
stiffness at which the shape transition occurred decreased (Extended 
Data Fig. 3). To further demonstrate the effect of cell–substrate friction 
on biofilm shape, we generated a strain with an arabinose-inducible 
expression vector with titratable expression of bap1. Indeed, as bap1 
expression increased, the critical stiffness at which the biofilms tran-
sitioned from domes to lenses also increased (Fig. 2a). A bimodal dis-
tribution of shapes was again observed near the phase boundary in 
the two-dimensional phase diagram. We also used experimentally 
benchmarked agent-based simulations (ABSs; Methods) to confirm 

that the biofilm shape transition originated from the competition 
between surface friction and gel elasticity. Indeed, by varying only 
those two parameters, we reproduced the transition from large to 
small ψ upon decreasing friction or increasing gel stiffness (Fig. 2b and 
Supplementary Videos 5 and 6).

An energetic model explains the biofilm shape 
transition
To elucidate the origins of the two different growth regimes, we con-
sider the energetics of biofilm growth confined at the bonded interface 
between a semi-infinite elastic material and a rigid substrate, while 
accounting for the frictional losses the biofilm experiences as it slides 
along the substrate. Here we model the biofilm as a volumetrically 
expanding ideal liquid because on a long timescale, the biofilm can 
continuously reorganize its internal structure during growth23,24,33,34. 
As the biofilm expands, it can deform the surrounding gel, delaminate 
the gel from the glass substrate or both. We consider the total poten-
tial energy of the system U = Ud + Ue as the sum of34 (1) the adhesion 
energy Ud(rb) = Γπ (r2b − r

2
i )  invested in delaminating the gel–glass 

interface with energy density Γ, starting from an initial basal radius of 
the biofilm ri to its final basal radius rb, and (2) the elastic energy stored 
in the gel Ue(rb,V) = μr3bf(V/r

3
b) , where μ is the shear modulus and 

f = f(V/r3b) is the dimensionless elastic potential energy as a function 
of dimensionless volume, obtained from finite element simulations. 
Frictional forces come into play only after the gel begins to delaminate 
and the biofilm expands on the substrate, which we model using the 
Rayleigh dissipation function, D (rb, ̇rb) =

1
2
∫2π
0 ∫rb0 η|v (r;rb, ̇rb)|

2rdrdθ, 
where η is the friction coefficient and v is the velocity of the biofilm at 
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Fig. 2 | Environmental stiffness and biofilm-surface adhesion jointly control 
biofilm shape. a, Phase diagram showing the experimental distribution of 
biofilm shapes for cells producing varying amounts of the surface adhesion 
protein Bap1, controlled by an arabinose-inducible promoter and grown in 
different stiffness environments. Each icon corresponds to a violin plot of 
contact angles, with red and blue corresponding to large and small mean contact 
angles, respectively. Each histogram corresponds to 41 ± 25 biofilms (mean ± s.d.; 

range 6–138). b, Phase diagram showing biofilm contact angles from ABSs 
for different cell–substrate friction coefficients and gel stiffnesses. Each dot 
corresponds to a single simulation. c, Phase diagram showing predicted biofilm 
contact angles calculated from the continuum model (Supplementary Note 2) for 
V = 10−13 m3. d, Predicted evolution of the contact angle with growing volume for 
stiffness μ = 3 kPa for different friction coefficients η (unit, Pa s m−1).
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the substrate. The Euler–Lagrange equation for this system, with the 
generalized coordinate rb ≡ rb(V ), is written as ∂U

∂rb
= − ∂D

∂ ̇rb
, which gives

Hd ̃rb
dṼ

= M
F̃ (Ṽ/ ̃r3b)
Ṽ

− 1
Ṽ ̃rb

(1)

where ̃rb ≡ rb/ri  and Ṽ ≡ V/r3i  are dimensionless quantities and 
F̃(x) = xf ′ (x) − f (x)  (Supplementary Note 2). Crucially, the biofilm 
growth dynamics are governed by two dimensionless variables that 
emerge naturally from this formulation: the dimensionless friction 
H = ηgr2i /4Γ (where g is the biofilm growth rate) and the dimensionless 
elastic modulus M = 3μri/2πΓ, which measure the relative importance 
of frictional dissipation and elastic potential energy to interfacial 
energy, respectively. Solving equation (1), we find that as the volume 
increases, the system initially exhibits cavitation-like expansion during 
which biofilm growth induces only elastic deformation in the gel with 
no sliding motion of the biofilm with respect to the substrate, along 
with a growing contact angle34. The system then transitions to delam-
ination during which breakage of interfacial bonds between the gel 

and the glass substrate becomes energetically favourable and leads to 
sliding of the biofilm cells along the substrate. In this limit, biofilm 
growth mimics a ‘hydraulic fracture’26,27, which gives rise to a decreas-
ing contact angle and a lens-shaped biofilm. Finally, as the biofilm 
continues to grow, the system transitions to a friction-limited delam-
ination regime in which friction retards expansion on the substrate 
leading to a growing contact angle again and hence a dome-shaped 
biofilm (Fig. 2d). Experimentally, the observed contact angles of bio-
films are controlled by V, η and μ. Benchmarked by experimentally 
measured values (Supplementary Note 2), the theoretical phase dia-
gram closely matches those attained experimentally and recapitulates 
many salient features (Fig. 2c, Extended Data Fig. 4 and Supplementary 
Fig. 2). In the small η limit, the model reduces to the previous interfacial 
cavitation model34 in which the shape is independent of η. In the large 
η limit, this model predicts that the shape transition occurs at a constant 
ratio of η to μ, consistent with the ABS results quantitatively and with 
the bap1-titration experiment qualitatively; in this limit, the energetics 
is dominated by the balance between the frictional dissipation  
and elastic deformation of the gel, so the shape only depends on 
H/M = (πgri/6)(η/μ).
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Fig. 3 | Boundary conditions dictate cell fate in biofilm. a, Reconstructed cell 
trajectories from puncta tracking in a biofilm confined by a stiff gel (c = 2%). 
Colours denote the intensity of the fluorescently labelled puncta. Scale bar, 
10 µm. Inset: image of a green-punctum-containing red V. cholerae cell. Scale bar, 
1 µm. b, Puncta trajectories from biofilms grown under two different conditions 
projected into (r,z) space. Purple lines denote averaged trajectories that end 
near the edge of the biofilm. c, Age of the biofilm–gel interface measured by 
tracking the displacement of tracer particles embedded in the agarose gel. 

The delamination time—that is, birth of the local interface—is defined as the 
time point when the vertical displacement of the corresponding tracer particle 
exceeds 0.5 μm. Data consist of an ensemble of three different biofilms labelled 
with three different markers. d, Basal layer puncta labelled by whether their 
height has exceeded 3 μm during their entire history, corresponding to cells that 
have transiently left the surface (green) and cells that are always substrate bound 
(blue), respectively. e, Schematic representation of the cell trajectories and their 
coupling to boundary evolution.
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Boundary evolution determines cell trajectories
As a biofilm grows, the dwelling cells can self-organize spatially and 
temporally; we therefore considered the implications of the differ-
ent morphologies on the internal structural evolution of the biofilm. 
Critical to understanding this self-organization process is revealing 
the trajectories of different cells inside the biofilm. To this end, we 
used a bacterial strain in which each cell contained a single bright 
punctum35,36 that we tracked over time (Fig. 3a and Supplementary 
Video 7). We projected all trajectories into the axisymmetric coor-
dinates of the biofilm (Fig. 3b, grey lines) and overlaid them with the 
averaged trajectories for cells that ended near the boundary (Fig. 3b, 
purple lines). This allowed us to visualize the spatial distribution of 
different cell lineages.

Under soft confinement, cell trajectories followed a fountain-like 
flow pattern in which cells that originated near the core left the 
substrate and overtook frictionally slowed cells near the substrate  
(Fig. 3b,d), in a manner similar to unconfined biofilms36. In contrast, 
when the gel was stiff, all cell trajectories bent upwards, away from 
the substrate (Fig. 3b); as a direct consequence, the basal layer of the 
biofilm consisted primarily of cell lineages that always stayed on the 
substrate (Fig. 3d). A similar change in cell trajectories was observed 
in the ABSs upon changing biofilm morphology, therefore ruling out 

biological signalling as the cause of the observed change in cell trajec-
tories (Extended Data Fig. 5).

We hypothesized that the observed alteration in cell trajectories 
was driven by the differing progressions of the biofilm–gel boundary. 
This is because the cells at the boundary are anchored to the gel24, 
requiring the cells to track the motion of that material point. To sup-
port this hypothesis, we tracked the displacements of the boundary 
by embedding and tracking tracer particles in the agarose gel (Supple-
mentary Video 8). Consistent with our theoretical model for the overall 
shape, we found two distinct modes of tracer trajectories correspond-
ing to the dome-shaped and lens-shaped modes of growth (Extended 
Data Fig. 6). In the stiff gel (lens-shaped) regime, the tracers were 
displaced vertically away from the substrate as the gel delaminated 
to continuously create new biofilm–gel and biofilm–glass interfaces; 
in contrast, in the soft gel (dome-shaped) regime, little new biofilm–
glass interface was created, and instead the biofilm–gel boundary 
expanded to accommodate cell proliferation. To reveal the creation 
of new interface in the stiff gel regime, we mapped the ‘age’ of the 
biofilm–gel interface (Fig. 3c) and found that the central part of the 
interface was indeed older because it was created earlier during bio-
film growth. Because a cell adhered to the gel boundary will track the 
boundary displacement, this naturally leads to upward bending of the 
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cell trajectories in the lens-shaped limit (Fig. 3e). Lending support to 
this argument, when we deleted the key exopolysaccharide biogen-
esis gene vpsL such that cells were not adhesive to the boundaries24,37, 
the cell trajectories no longer bent upwards despite the fact that the 
biofilm was similarly lens-shaped (Extended Data Fig. 7). Therefore, 
we conclude that progression of the biofilm–gel boundary combined 
with cell–gel adhesion determines the positional cell fate and the 
spatiotemporal distribution of lineages in a biofilm.

Stress anisotropy controls nematic structural 
transition
A hallmark of LCs is the self-organization of orientational order due to 
anisotropic interparticle interactions. The ground state of an uncon-
fined nematic assumes a constant scalar order parameter S(r) and a 
uniform director n̂ (r) (ref. 38); when a nematic is confined, however, 
the anchoring condition at the boundary can often lead to geometric 
frustrations and creation of topological defects39,40. Given the elongated 
shape of V. cholerae cells, a natural question is how the evolving biofilm 
boundary influences the orientational order inside the biofilm. To 
quantify the orientational order, we measured the spatially varying 

nematic order parameter tensor Q (r) = ⟨3n̂i ⊗ n̂i − I⟩ /2, where angled 
brackets denote spatial averaging across cell orientations n̂i  of  
different cells i in a local neighbourhood (Figs. 4 and 5) and I is the iden-
tity matrix. The scalar order parameter S was defined as the maximum 
eigenvalue of Q, and the non-polar director n̂ (r) = −n̂ (r) , which  
marked the averaged local orientation of cells, was the correspond-
ing eigenvector. Under this definition, when S = 1, cells are aligned 
perfectly parallel to each other, and when S = 0, the cell orientations 
are isotropically disordered.

We measured Q(r) in 6–18 biofilms at each gel concentration and 
averaged them to generate ‘prototypes’ of biofilm organization and 
obtained the locally averaged nematic order parameters ̄S (r, z) and 
n̄ (r, z) (Figs. 4 and 5 and Extended Data Fig. 8). As the gel concentration 
increased from 0.2% to 1.5%, ̄S of the dome-shaped biofilm increased. 
In general, ̄S was maximized at the origin, where ̄S ≈ 0.6, and gradually 
reduced to as low as 0.4 but increased again to ~0.6 at the gel boundary 
(Fig. 4c). For the higher gel concentrations (c = 1.0% and 1.5%), the 
director field followed a ‘bipolar’ structure with two surface defects, 
called boojums, sitting at the origin and apex of the biofilm, similar to 
those observed in thermotropic LCs confined in a spherical droplet 
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ovals denote the average direction of the cells projected into (r,z) space. Data are 
first averaged azimuthally in each biofilm and then averaged across 11 ± 4 
(mean ± s.d.; range 6–16) different biofilms. Grey denotes regions with an 
insufficient number of cells for averaging. c, Scalar order parameter averaged as 
a function of the normalized distance to the origin (mean ± s.d.).
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with planar anchoring (Fig. 5)40,41. Concomitant with the dome-to-lens 
shape transition at c =1.5%, we observed a marked topological transition 
of the director field. In lens-shaped biofilms, the two boojums remained 
and the director connecting the two boojums bent smoothly in the 
middle of the biofilm (Fig. 5b); however, an additional ‒1/2 disclination 
loop emerged around this ellipsoid, making them topologically distinct 
from the dome-shaped biofilms. ̄S was generally higher in lens-shaped 
biofilms but still showed a small dip in the interior (Fig. 5c).

Previously, using a combination of ABS and continuum modelling, 
it was shown that biofilm growth on a rigid substrate leads to large 
compressive stresses driving a core of verticalized cells31,42, while the 
surrounding growth-induced flow leads to horizontal, radially aligned 
cells16. Although these results define the ordering on the basal bound-
ary, they do not explain the cell organization in the bulk. Using experi-
mentally benchmarked parameters, we were able to recapitulate the 
cell ordering in the entire biofilm using ABSs (Fig. 6a,b), which enabled 
us to interrogate the mechanical stress σ experienced by each indi-
vidual bacterium. Crucially, we found the existence of substantial stress 
anisotropy in confined biofilms, quantified as τ/p, where p = tr (σ) /3 
and τ = √2/3 (σ−−−pI) ∶ (σ−−−pI) . This anisotropy was strongest at the 
biofilm–gel interface and propagated gradually into the interior  
(Fig. 6c). Since elastic strain energy for a rod-shaped cell arises pre-
dominantly from compression along its long axis, the cell’s most ener-
getically stable state is when the cell orientation, n̂i, aligns with the 

direction of minimal compressive stress. Defining the three principal 
stresses, 0 ≥ σ1 ≥ σ2 ≥ σ3 (Fig. 6d, inset), cells will therefore align with 
the direction of the first principal stress, n̂1. This argument is a general-
ized statement of stress anisotropy-induced alignment previously 
proposed to explain cell ordering in two-dimensional bacterial colo-
nies43. Defining the relative orientation parameter αi = ||n̂1,i⋅⋅⋅n̂i|| as the 
degree of alignment between cell orientation and the first principal 
stress, we found that, indeed, regions of high α largely coincided with 
regions of high stress anisotropy (Fig. 6d). The reason for the strong 
alignment at the biofilm–gel interface is that as the biofilm grows and 
the biofilm–gel interfacial area dilates, a shear force resisting the rela-
tive motion between the cells and gel develops at this interface24. The 
corresponding shear stress acting on the cells leads to large stress 
anisotropy, where n̂1 points towards the polar direction, therefore 
aligning the cells bipolarly near the biofilm–gel interface (Fig. 6b,c).

Interestingly, cells at the biofilm–glass interface do not align 
with the first principal stress (Fig. 6c). This is likely due to the high 
hydrostatic pressure p in the biofilm centre (Extended Data Fig. 9), 
which leads to closer packing of the soft rods (Supplementary Fig. 
2) and hinders cell rotations44. More importantly, because the glass 
substrate does not deform and remains flat, it cannot generate more 
shear force to the glass-adhered cells due to areal dilation; therefore, 
the interfacial stress-induced alignment mechanism is absent at this 
interface. Instead, a flow-induced alignment model was previously 
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Fig. 6 | ABSs recapitulate the experimental cellular ordering and reveal stress 
anisotropy in biofilms. a, Oblique, cross-sectional and bottom views of a 
representative simulated biofilm grown under stiff confinement (gel modulus 
E ≈ 104 Pa). Cells are coloured on the basis of the scalar order parameter 
calculated in each differential volume, with Δr = 2μm, Δz = 2μm, Δθ = 45∘. b, 
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Colours denote the scalar order parameter, and ovals denote the average director 
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space. d, Azimuthally averaged alignment between the cell direction and first 
principal stress direction, |n̂1 ⋅ n̂i|. Ovals denote the unit orientation vector 
corresponding to σ1 projected into (r,z) space. e, Stress anisotropy τ/p as a 
function of the gel modulus E for simulations with both cell–substrate friction 
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eight unique simulations. f,g, Azimuthally averaged cell orientations for 
Δbap1ΔrbmC (f) and ΔvpsL (g) mutant biofilms (experiment) grown under 2% 
agarose gel, with a total of six and seven biofilms averaged, respectively.
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used to accurately capture the radial alignment at the biofilm–glass 
interface16. The ordering at the two interfaces (biofilm–gel and biofilm–
glass), controlled by two different mechanisms, defines the biofilm’s 
internal architecture together with the shape of the biofilm.

We further propose that the key difference in cell ordering between 
lens- and dome-shaped biofilms can be explained by the different 
ordering at the triple-contact point where the two boundaries meet, 
which is in turn controlled by the bulk energetics (see above). For 
ψ > 90° (dome-shaped biofilms, Fig. 4b), n̂ smoothly transitions from 
the biofilm–glass to the biofilm–gel interface such that no topological 
defects are necessary in the interior; only two boojums are found at 
the top and bottom of the biofilm surface. In contrast, for ψ < 50° 
(lens-shaped biofilms, Fig. 5b), a splay conformation is required at the 
triple-contact point to smoothly transition from one interface to the 
other. This necessitates a defect of charge −1 in the interior of the bio-
film since a splay at the triple-contact point leads to a total angular 
change of −2π as one traverses the boundary clockwise. This topologi-
cal constraint is satisfied by a defect ring of charge −1/2.

To validate this proposed mechanism, we first confirm with ABSs 
that cells far from the interfaces experience nearly vanishing shear 
stress but high hydrostatic compression (Fig. 6b,c), leading to low ̄S(r) 
in the middle of the biofilm. Second, the averaged shear stress and the 
associated anisotropy increase as gel stiffness increases (Fig. 6e), lead-
ing to overall higher ̄S in both the simulation and experiments. Third, 
when we removed the radial ordering at the biofilm–glass interface by 
deleting the cell–substrate adhesion16, the ‒1/2 disclination loop disap-
peared and the boundary-driven alignment from the top penetrated 
deeper into the biofilm (Fig. 6f and Extended Data Fig. 9). Finally, by 
deleting the biofilm extracellular matrix (ΔvpsL mutant) and therefore 
removing both cell–substrate and cell–gel adhesion16,37, the shear stress 
anisotropy decreases throughout the biofilm, the first principal stress 
points in random directions, and, consequently, cells are randomly 
oriented (Fig. 6g and Extended Data Fig. 9), similar to classical bacterial 
colonies7,9,12,13,45. To sum up, our results demonstrate how biofilm shape 
and cellular configuration at the boundary, set by the joint effects of 
macroscopic energetics and microscopic stress anisotropy, drive the 
emergence of distinct long-range nematic ordering in the interior  
of biofilms.

Conclusion
Understanding the different modes of biofilm growth is critical to 
understanding how biofilms and, more generally, growing organisms 
can alter their morphology and internal architecture in response to 
environmental signals and constraints. This is also useful when engi-
neering new classes of growing active materials that adapt to their sur-
roundings by considering the interplay between bulk shape and internal 
organization. Here we showed how a growing biofilm actively shapes 
its environment and its internal architecture and lineages through 
mechanical coupling to its surroundings. The physical processes of 
self-shaping and self-organization in biofilm have several biological 
implications. For example, a mature lens-shaped biofilm can take advan-
tage of the delamination process to create empty space beyond the edge 
of the biofilm, allowing cells to disperse46 and explore new territory 
(Extended Data Fig. 10a,b). When a number of biofilms grew in proxim-
ity to each other, the cumulative stresses generated by many biofilms 
led to large-scale, collective delamination of the gel from the substrate, 
leading to a ‘village’ of biofilm clusters interspersed with free-swimming 
cells (Extended Data Fig. 10c–e). Moreover, because the geometry and 
directionality of cell growth dictate the accessibility of nutrients to the 
entire biofilm, nematic cell ordering may afford improved nutrient/
waste diffusion into and out of the innermost portions of the biofilm47. 
Different cell trajectory patterns will transport different lineages to 
separate regions of the biofilm and determine where antibiotic toler-
ant or persistent cells end up spatially in the biofilm48. The variation 
in cell positional fate could further couple with heterogeneous gene 

expression patterns in the biofilm, leading to segregation of cells with 
different internal states11,36,49. From an application point of view, the 
phenomena discovered here could offer new ways to mechanically 
guide biofilm growth, leading to new strategies to suppress the growth 
of harmful biofilms and to design and program beneficial ones. Finally, 
while in this work we manipulated extracellular matrix production 
through mutagenesis, it is intriguing to consider how and when bacteria 
adapt extracellular matrix production to mechanical cues through 
gene regulation to guide their own development15.
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Methods
Growth and imaging of confined biofilms
The strains used in these experiments were derivatives of the C6706 El 
Tor strain and contained a point mutation in the diguanylate cyclase 
VpvC (vpvCW240R), which caused upregulated c-di-GMP production 
and therefore constitutive biofilm production25. Unless otherwise 
noted, these strains also included a deletion of the rbmA gene to iso-
late the effects of cell-cell adhesion50,51—this strain background was 
labelled WT*. In addition to the WT* strain, we also worked with a set of 
strains in which the genes encoding the adhesins Bap1 and RbmC were 
deleted. The Δbap1ΔrbmC mutant exhibited little friction as it grew on 
the substrate16. We also used a set of strains that did not produce any 
extracellular polysaccharides through the deletion of the Vibrio poly-
saccharide synthase gene vpsL37, which behaved analogously to other 
non-biofilm-forming bacteria7,9–11. The bacteria were also genetically 
modified to constitutively express the fluorescent protein mNeon-
Green or, in the case of cell trajectory measurements, mScarlet-I. For 
cell trajectory measurements, we used a strain containing mNeonGreen 
fused to the µNS protein from the avian reovirus, which self-assembled 
to form a single intracellular punctum. These puncta are inherited by 
one of the daughter cells while a new one self-assembles in its sibling, 
thereby allowing the tracking of cell trajectories over time36. For a 
complete list of strains, see Supplementary Table 1.

Biofilm growth experiments were performed in M9 minimal media 
(Sigma Aldrich) supplemented with 0.5% glucose (Sigma Aldrich), 2 mM 
MgSO4 ( JT Baker) and 100 µM CaCl2 ( JT Baker) (henceforth referred to 
as M9 media). For confined growth experiments, cells were first grown 
under shaken conditions overnight in LB broth (BD). The overnight 
culture was back-diluted 30× in M9 media and grown under shaken 
conditions until the optical density reached 0.05–0.25 (about 2 h). Con-
currently, agarose polymer (Invitrogen) of a given concentration was 
boiled in M9 media and then placed in a water bath to cool to 40–50 °C 
without gelation. The bacterial culture was diluted in M9 media to an 
optical density of 0.001–0.003, and a 1 µl droplet of this diluted culture 
was deposited in the centre of a glass-bottomed 96-well plate (MatTek). 
The droplet was covered with 20 µl of the liquid agarose, which quickly 
solidified at room temperature and sandwiched the bacteria between 
the solidified gel and the glass substrate (note that we neglect the ~5% 
dilution of the agarose by the droplet). The gel mesh size was generally 
smaller than the cells, and therefore confined them, but large enough 
to allow free diffusion of nutrient and waste molecules. Finally, 200 µl 
of M9 media was added to the well on top of the solidified agarose to act 
as a nutrient reservoir. Cells were finally grown under static conditions 
at 30 °C and imaged at various times during development.

Overview of imaging and image analysis
Imaging was performed using a Yokogawa CSU-W1 spinning-disk con-
focal scanning unit mounted on a Nikon Ti2-E microscope body, using 
the Nikon perfect focus system, and images were acquired using Nikon 
Elements 5.20. For high-resolution, single-cell-level imaging, a 100× 
silicon oil immersion objective (Lambda S 100XC Sil, numerical aper-
ture = 1.35) was used. At low agarose concentrations (c ≤ 0.5%), a z-step 
size of 0.195 μm was used; at high agarose concentrations (c > 0.5%), 
a z-step size of 0.13 μm was used. For high-throughput biofilm mor-
phology measurements, a 60× water immersion objective (CFI Plan 
Apo 60XC, numerical aperture = 1.20) and z-step size of 0.4 μm were 
used. The green mNeonGreen fluorophore was excited using a 488 nm 
laser, the red mScarlet-I fluorophore was excited using a 561 nm laser 
and the far-red fluorescent beads were excited using a 640 nm laser. 
For time-course imaging, cells were incubated in a Tokai-Hit stage-top 
incubator at a temperature of 30 °C.

After acquisition, images were deconvolved using Huygens 20.04 
(SVI). The high-resolution single-cell images were then segmented 
into individual cells using methods described elsewhere16,24. Briefly, 
the images were first binarized layer by layer using an adaptive Otsu 

method, and the cells were then segmented using an adaptive thresh-
olding scheme (Extended Data Fig. 1). The cell locations and direc-
tions were then determined from the centre of mass and the principal 
axis from a principal component analysis of the segmented voxels, 
respectively. We further defined a cylindrical coordinate system where 
the origin was set by finding the radial centre of mass of all of the seg-
mented cells.

High-throughput contact angle measurements
To attain high-throughput measurements of the contact angles across 
many biofilms, a large, tiled image, about 1 mm × 1 mm, containing 
27 ± 20 (mean ± s.d., range 4–87) biofilms was first taken 2–6 hours after 
seeding to identify bacteria that started at the gel–substrate interface 
and then taken 12–20 hours after seeding for contact angle (ψ) measure-
ment. Since we were only interested in measuring the effective ψ, we 
restricted our attention to the bottom 5 µm of each biofilm in this assay. 
The images were deconvolved and then segmented using a custom 
Matlab (v.2018a) script. First the images were denoised and binarized 
layer by layer using a Wiener two-dimensional adaptive noise-removal 
filter and Otsu thresholding. Biofilms were then either automatically or 
manually identified as large, connected binarized voxels. For each bio-
film and for each layer, a convex hull that contained all binarized pixels 
was found, and the area of the hull was taken to be the cross-sectional 
area of the biofilm A(z) at each height z. From the cross-sectional area, 
the effective radius was calculated as r(z) = (A(z)/π)1/2. The contact angle 
was then found by fitting a linear slope and calculating ψ = tan−1(dr/
dz) + 90° (Extended Data Fig. 2).

Tracing of cell trajectories
To trace the cell trajectories in the biofilm, we tracked the trajecto-
ries of individual puncta inside the biofilm. First, the deconvolved 
images were registered using Matlab built-in functions to minimize 
frame-to-frame jitter. Individual puncta were then identified as local 
maxima in the images, and subpixel resolution was attained by fitting 
a parabola around each maximum. This process was repeated for all 
frames, and the particles were connected over time using TrackMate 
particle-tracking software52. These puncta trajectories were projected 
into the cylindrical coordinates of the biofilm. The averaged trajecto-
ries were calculated by averaging all trajectories whose final coordi-
nate (r,z) was within 3 μm of the target final coordinate (rtar,ztar). We 
neglected averaged trajectories in which fewer than three trajectories 
were averaged. The final target coordinates were chosen at different 
points near the boundary.

Visualization of the gel deformation
To visualize the deformation of the agarose gel, we diluted 200 nm 
far-red fluorescent particles (Invitrogen) at a ratio of 1:100 into the 
molten agarose gel before encasing the bacteria. In the first step of 
the data analysis process, a portion of the deconvolved images where 
little particle motion was expected was used to register the images 
using Matlab built-in functions. Using a procedure similar to puncta 
tracking, the fluorescent particles were identified and tracked by find-
ing local maxima and using the TrackMate particle-tracking software. 
The ‘age of the interface’ was determined by finding the time when the 
vertical displacement of particles near the substrate (initially within 
5 μm) exceeded a threshold value of 0.5 μm, corresponding to a local 
delamination event.

Quantification of cell ordering
To quantify the average cell ordering inside the biofilms, we averaged 
cell directions using the Q-tensor model of LCs53. For each cell i, we first 
converted the direction into a head-tail symmetric quantity by taking 
the outer product of the direction with itself, Qi = (3n̂i ⊗ n̂i − I)/2   
(where n̂i is in cartesian coordinates). Each biofilm was discretized into 
cylindrical sectors with Δr = 2μm, Δz = 2μm and Δθ = π/4, and Q was 
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then averaged in each sector, yielding a locally averaged, spatially 
varying nematic order parameter Q(r,θ,z). To azimuthally average Q, 
we first converted the tensor to cylindrical coordinates through the 
transformation Qp = RTQR, where R is the transformation matrix and 
RT its transpose, and then averaged across θ. Finally, to average across 
many biofilms at the same agarose concentration, we rescaled each 

biofilm by its maximum radius and height, yielding Qp (
r

rmax
, z
zmax

), and 

then averaged Qp across many biofilms. To visualize and quantify the 
nematic order parameter, we calculated the scalar order parameter  
S as the maximum eigenvalue of Q, Qp or Q̄p and n̂ as the correspond-
ing eigenvector.

Agent-based simulations
The ABSs were built on those developed in 16 and updated to include 
cell–gel adhesion. For details, see Supplementary Note 1.

Continuum modelling of biofilm shape morphogenesis
A continuum model for the macroscopic morphogenesis of V. cholerae 
biofilms confined between an infinite elastic material and a hard sub-
strate was developed. For details, see Supplementary Note 2.

Data availability
All relevant data supporting the key findings of this study are available 
in the article and its Supplementary Information files or from the cor-
responding authors upon reasonable request. Raw image data can be 
accessed via https://doi.org/10.5061/dryad.9kd51c5nw. Source data 
are provided with this paper.

Code availability
The ABSs were implemented in the framework of the molecular dynam-
ics simulator LAMMPS and can be retrieved from https://zenodo.
org/record/7879038#.ZE0-US_MKJ8. Images were analysed using 
custom-written Matlab codes (v.2018a) and can be retrieved from 
https://doi.org/10.5281/zenodo.5570867.
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Extended Data Fig. 1 | Biofilm image segmentation process. From top to bottom: Raw data, deconvolved data, binarized image, segmented image and reconstructed 
image. In the bottom two panels, each colour denotes a distinct cell. Slice 1 and slice 2 correspond to two different (r, z) cuts of the same biofilm grown under a 2% gel 
overnight. Scale bar, 5 µm.
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Extended Data Fig. 2 | Example biofilm and contour identification.  
(a) Raw image showing the basal plane (top) and cross-section (bottom) of a  
WT* biofilm grown under a 0.5% agarose gel. Scale bar, 10 µm. (b) Three-
dimensional reconstruction of the biofilm in (a) with the areal convex hulls 

overlain (white). (c) Effective radii of the convex hulls as a function of the height 
of the biofilm. Red line corresponds to a linear fit from which the effective 
contact angle is calculated.
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Extended Data Fig. 3 | Contact angle distributions across experiments 
and mutant strains. (a) Probability distribution function of different contact 
angles for biofilms grown under gels of different agarose concentrations. Each 
line corresponds to a distinct single field of view with at least 10 biofilms. In 
general, we find that the distributions, including the bimodal distributions at 
intermediate concentrations, are well preserved across experiments. (b) Violin 
plot of contact angles calculated for biofilms formed by different mutant strains 

grown under gels of different agarose concentrations. Each chord represents 
a probability distribution and the lines connect the median values of the 
distributions. The grey data correspond to the data in Fig. 1c, the blue data are 
for a mutant strain that lacks biofilm adhesins Bap1 and RbmC and the orange 
data are for a mutant strain that also lacks biofilm adhesins Bap1 and RbmC but 
expresses the cell-cell adhesin RbmA. We note that the cell-cell adhesion seems to 
minimally affect the shape transition.
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Extended Data Fig. 4 | Competition between gel stiffness and substrate 
friction controls biofilm morphogenesis. (a) Schematic of the theoretical 
setup. A biofilm with basal radius rb sits at the interface of a rigid bottom 
substrate and a semi-infinite elastic gel (blue). As the biofilm grows, its expansion 
is impeded by friction from the substrate; meanwhile, the growth of the biofilm 
deforms the gel around it, potentially delaminating the gel from the substrate. (b, 
c) Example solutions showing the evolution of the rescaled volume V/r3b (b) and 
contact angle (c) for μ = 3kPa and η = 1011Pa s/m. Experimentally, the initial 

regimes are difficult to observe because of errors in defining the shape of a 
biofilm consisting of tens of cells. (d) Predicted biofilm contact angle as a 
function of dimensionless substrate friction and gel modulus. Overlain circles 
denote the experimental results from Extended Data Fig. 3. The two halves of 
each circle quantify the interquartile range of measured contact angles. The 
adhesin-less mutant ∆bap1∆rbmC (∆BC) has a negligible dimensionless friction 
value and is therefore plotted on the x-axis.
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Extended Data Fig. 5 | Cell trajectories in agent-based simulations also exhibit different patterns in response to gel stiffness. Trajectories of cells in agent-based 
simulations with different gel stiffnesses show two different types of patterns: either curving down leading to fountain-like trajectories (top) or curving up (bottom), 
consistent with experimental observations.
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Extended Data Fig. 6 | Distinct gel deformation modes for dome- and 
lens-shaped phenotypes. Displacement of tracer particles in the axisymmetric 
coordinates of the biofilm during growth of 6 different biofilms. The colours 
denote the direction and magnitude of the vertical displacement of the beads at 

the end of the experiment with respect to their original locations (z (t) − z (0)). 
Consistent with the interfacial cavitation model for the growth of dome-shaped 
biofilms, we observed negative values near the boundary, corresponding to gel 
materials that are compressed and therefore move closer to the glass substrate.
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Extended Data Fig. 7 | Cell trajectories in mutant biofilms. (a) Reconstructed 
puncta trajectories for a WT* biofilm grown under a soft gel (corresponding to 
averaged data in Fig. 3b). Scale bar, 10 µm. (b, c) 3D reconstructed puncta 
trajectories (top) and projected and averaged trajectories (bottom) for a biofilm 
that does not produce the extracellular adhesins Bap1 and RbmC (b) and for 
bacteria that do not produce any extracellular matrix (ΔvpsL, c) grown under a 
stiff gel (c = 2%). While the Δbap1ΔrbmC mutant (b) follows similar trajectories 
as the WT* biofilm under a stiff environment (Fig. 3b), trajectories of ΔvpsL cells 

exhibit the opposite curvature. It has been shown previously that the 
Δbap1ΔrbmC mutant still retains some adhesion to the top gel surface through 
the exopolysaccharide, which is critical to create the upward bending of the cell 
trajectories. In contrast, the ΔvpsL mutant exhibits a trajectory that can be 
expected if all regions of the biofilm are growing in dimensions proportional to 
the growing radius and height. These results support the conclusion that biofilm 
shape and biofilm-gel adhesion jointly dictate the cell trajectories in a biofilm.
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Extended Data Fig. 8 | Bacteria reproducibly self-organize into the same 
overall biofilm architecture. Azimuthally averaged cell orientations for WT* 
biofilms grown under 2% gels overnight. Colours denote the nematic order 
parameter and the ovals denote the average director of the cells projected into 

(r, z) space. Each panel corresponds to a unique biofilm of different size but 
yields the same overall cellular ordering. These data were rescaled and averaged 
to give the prototypical organization shown in Fig. 5b in the main text.
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Extended Data Fig. 9 | Agent-based simulations for WT* and mutant biofilms 
grown under a gel with E = 3 × 104 Pa. Top: azimuthally averaged cell orientations 
(black oval) and nematic order parameter (color). Middle: first principal stress 
direction (black oval) and shear stress distribution (color). Bottom: first principal 
stress direction (black oval) and pressure distribution (color). Results are shown 

for (a) a biofilm with cell-substrate friction and cell-gel adhesion, corresponding 
to WT* biofilms in the experiments; (b) a biofilm with cell-gel adhesion only, 
corresponding to Δbap1ΔrbmC mutant biofilms in the experiments; (c) a colony 
with neither cell-substrate friction nor cell-gel adhesion, corresponding to ΔvpsL 
mutant colonies in the experiments.
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Extended Data Fig. 10 | Collective delamination enables dispersed cells to 
explore new territories. (a) Basal layer of a biofilm, with dispersed cells around 
it (enclosed by the dashed lines). (b) Radially averaged intensity plot 
corresponding to the biofilm in (a). The green intensity corresponds to the 
azimuthally averaged signal from the fluorescently labelled bacteria, and the 
magenta corresponds to the azimuthal maximum intensity projection of the 
tracer particles. Empty space is observed between the glass and gel beyond the 
edge of the biofilm, highlighted by the dashed triangle. (c) Displacement dz  of 
the agarose gel nearest to the substrate relative to its initial position. The three 
peaks correspond to three biofilms which have collectively delaminated the gel 

from the substrate. The white outline corresponds to the 0.5 µm contour of dz. 
(d) Evolution of the delaminated region (the 0.5 µm dz  contour) over time, 
showing initially local growth before collective delamination. (e) Image of the 
basal layer of many biofilms, showing collective delamination. The initial 
inoculation consisted of three differently coloured but otherwise identical WT* 
strains. The magenta dots correspond to tracer particles embedded in the gel 
near the basal plane, the absence of which coincides with the absence of agarose 
gel – this collectively delaminated region is outlined by the dashed line. Scale bar 
in a,b,c,d, 10 µm; scale bar in e, 100 µm.
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