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Controlling liquid–liquid phase behaviour 
with an active fluid

Alexandra M. Tayar    1  , Fernando Caballero    1, Trevor Anderberg1, 
Omar A. Saleh    1,2,3, M. Cristina Marchetti1,3 & Zvonimir Dogic    1,3 

Demixing binary liquids is a ubiquitous transition explained using a 
well-established thermodynamic formalism that requires the equality 
of intensive thermodynamics parameters across phase boundaries. 
Demixing transitions also occur when binary fluid mixtures are driven away 
from equilibrium, but predicting and designing such out-of-equilibrium 
transitions remains a challenge. Here we study the liquid–liquid phase 
separation of attractive DNA nanostars driven away from equilibrium using 
a microtubule-based active fluid. We find that activity lowers the critical 
temperature and narrows the range of coexistence concentrations, but 
only in the presence of mechanical bonds between the liquid droplets and 
reconfiguring active fluid. Similar behaviours are observed in numerical 
simulations, suggesting that the activity suppression of the critical point is a 
generic feature of active liquid–liquid phase separation. Our work describes 
a versatile platform for building soft active materials with feedback control 
and providing an insight into self-organization in cell biology.

Liquid–liquid phase separation (LLPS) is a pervasive phenomenon that 
plays a central role throughout physics, materials science, engineering,  
biology and everyday life1–4. In equilibrium, the concentrations of 
the coexisting phases are controlled by thermodynamic parameters 
such as temperature and pressure. The input of mechanical energy 
influences the properties of LLPS. For example, shearing a two-phase 
system can modify the coexistence concentrations and suppress the 
critical point5–11. Alternatively, systems can also be driven out of equi-
librium not by the input of energy at macroscopic boundaries but by 
the continuous motion of energy-consuming microscopic constitu-
ents12. Such internally driven systems exhibit diverse non-equilibrium 
dynamical states and phase transitions reminiscent of LLPS13–17. For 
example, even in the absence of attractive interactions, active Brown-
ian particles undergo bulk phase separation into a dense liquid and a 
dilute gas18–22. In a different regime, increasing the motility of active 
particles with attractive interactions can suppress the phase separa-
tion and breakup dense condensate23,24. These observations identify 
the activity as a promising parameter that controls phase behaviours 
and can be easily patterned in space and time25. In active analogues of 

LLPS, such as Janus swimmers and motile bacteria, however, the same 
microscopic constituents generate the active forces and undergo phase 
separation. Generalizing these findings to a much wider range of passive 
materials exhibiting LLPS remains a challenge26. Here we use activity 
to control the LLPS of a passive system composed of associative DNA 
nanostars27. We merge this system with a microtubule (MT)-based active 
fluid exhibiting chaotic flows28, finding that activity suppresses the 
critical-point temperature and narrows the concentration gap of the 
coexisting phases. The suppression of LLPS requires a direct mechani-
cal link between the reconfiguring MT network and the passive entities 
undergoing the phase transition.

Results
Coupling DNA-based droplets to an active fluid
Our experimental system had four main components. First, it con-
tained associative multi-armed DNA nanostars with attractive hybridi-
zation interactions at the tip of their arms. DNA nanostars formed 
temperature-dependent dense liquid-like condensates that coexisted 
with a dilute gas phase (Fig. 1a and Supplementary Fig. 1)27,29–31. The second 
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surface-tension-minimizing spherical shape (Fig. 1c and Supplemen-
tary Video 1). This suggested the essential role of network–droplet 
coupling. Simultaneously visualizing droplets and MTs provided 
additional evidence for the importance of such coupling (Fig. 1b). In 
particular, the deformation of mechanically coupled droplets followed 
the curvature of the MT bundles. The active flows, combined with the 
connectivity of the droplet to the cytoskeleton network, changed the 
droplet’s surface area. After reaching a critical extension, the droplet 
disintegrated into smaller droplets.

Activity suppresses LLPS
The temperature-dependent equilibrium phase diagram of associative 
DNA nanostars can be described by a conventional Landau–Ginzburg 
free energy in terms of a scalar field representing the DNA concentra-
tion. Below a critical temperature of Tc = 24 °C, the system phase sepa-
rated between the dilute nanostar phase and dense spherical droplets 
(Fig. 2a). At T > Tc, the dense droplets evaporated, generating a uniformly 
dispersed fluid phase. Next, we investigated how the activity influenced 
the phase behaviour for mechanically coupled droplets containing 
kinesin–DNA motors. At low temperatures (T < 19 °C), we observed 
continuously deforming droplets coexisting with a dilute gas (Fig. 2b 
and Supplementary Video 2). Above 19.5 ± 0.5 °C, the droplets evapo-
rated. The difference in the critical-point temperatures between the two 
cases suggests that active stirring suppressed LLPS in DNA nanostars.

Next, we kept the temperature constant but varied the kinesin–
DNA concentration, which controls the activity of the MT network 
and the network–droplet mechanical coupling (Fig. 2c). At low kinesin 
concentrations, active flows were slow, and droplets did not drasti-
cally deform (Fig. 2c–e). Increasing the kinesin–DNA concentration 
increased both flow speeds and droplet deformations and reconfigu-
rations. Above 5.5 μM kinesin–DNA concentration, the liquid–liquid 
coexistence disappeared, and we observed a uniform fluid phase. Tem-
poral dynamics provided further evidence for the interplay between 
activity and LLPS. Active flows are powered by chemical energy from 
ATP hydrolysis. Once the kinesin motors depleted the ATP fuel, the 
non-equilibrium dynamics ceased, and the active fluid speeds dropped 

component was the MT, micrometre-long filaments stabilized with 
non-hydrolysable nucleotide analogue GMPCPP. The third component 
was kinesin molecular motors covalently attached to one arm of DNA 
nanostars32. Kinesin–DNA had a dual purpose. When in the gas phase, they 
were bound to multiple MTs. Using energy from adenosine triphosphate 
(ATP) hydrolysis, they stepped along the MTs, powering interfilament 
sliding and generating chaotic active flows, similar to those previously 
studied28. When displayed on the droplet surface, they provided a bond 
between the reconfiguring MT network and the DNA-based droplets. The 
network reconfiguration rate was determined by ATP concentration, 
which was kept constant using a biochemical regeneration system. The 
fourth component was the depletion agent poly(ethylene glycol) (PEG) 
(35 kDa, 2% w/v), which also had a twofold purpose. It induced attractive 
depletion interactions between the MTs33, which increased the efficiency 
of motor clusters binding to multiple filaments—a feature essential for 
powering interfilament sliding and the generation of active stresses28. The 
depletion agent can also promote the formation of DNA condensates34. 
Importantly, besides kinesin–DNA and MTs, PEG and all the other compo-
nents were present in both active mixtures and passive control samples 
(Methods). Thus, the role of PEG in shifting the phase diagram does not 
impact our comparisons. We observed that MTs exclusively partitioned 
into the dilute nanostar phase, rather than the condensate. This probably 
occurred because MTs repel DNA due to their mutual negative charge, 
and because MTs have a diameter of 20 nm that exceeds the nanostar 
condensate mesh size of 9 nm (refs. 29,31).

With decreasing temperature, passive DNA nanostars condensed 
into surface tension, minimizing the spherical droplets. The activity 
drastically deformed the spherical liquid droplets (Fig. 1b and Sup-
plementary Video 1). In principle, these deformations could be driven 
by two interactions: short-ranged motor-mediated mechanical cou-
pling of the reconfiguring MT network to the droplet or longer-ranged 
hydrodynamic flows. To determine the dominant interaction, we 
removed the kinesin–DNA, thus severing droplet–filament bonds 
and keeping the same DNA composition. In this case, the active flows 
were powered by orthogonal streptavidin–biotin kinesin clusters, 
the droplets were advected by the flow and they largely retained their 
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Fig. 1 | Active LLPS composed of DNA nanostars and MT-based active fluid.  
a, DNA droplet enveloped by an active MT network. DNA nanostars phase separate 
into dense droplets and dilute gas, driven by the hybridization of a palindromic 
sequence at their tips. MTs partition into the dilute phase. Kinesin–DNAs have 
a motor attached to one arm, whereas the other three arms have attractive 
interactions. They bond droplets to MTs, and generate autonomous flows in 

the dilute phase. b, DNA droplet (cyan) advected and deformed by the active 
MT network (red). c, Replacing kinesin–DNA with streptavidin-based clusters 
eliminates network–droplet coupling while preserving activity. The droplets are 
not considerably deformed but are advected by the active flows. The sample is in 
the steady state and t = 0 indicates the beginning of the observed event. Kinesin–
DNA concentration, 2.5 μM.
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to zero (Fig. 2g). The decrease in the flow speeds was concomitant with 
the nucleation of new droplets and their subsequent growth (Fig. 2f, 
Supplementary Fig. 2 and Supplementary Video 3).

Measuring the influence of activity on phase 
diagram
Motivated by these observations, we measured the phase diagram as a 
function of both temperature and activity. DNA nanostar concentration 

of the coexisting phases was estimated from the fluorescent intensi-
ties of the droplets and background, as well as the droplet area frac-
tion (Supplementary Fig. 3). Imaging liquid–liquid coexistence at 
different temperatures revealed the equilibrium phase diagram of 
DNA nanostars, with a binodal curve that separated the two-phase 
and single-phase regime (Fig. 3(i)), similar to that found previously27. 
Above a cloud temperature of Tc = 23.5 ± 0.3 °C, there was only a 
uniform-density fluid phase.
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Fig. 2 | Activity suppresses LLPS. a, DNA droplets coexisting with an active 
fluid at different temperatures. The sample lacks kinesin–DNA, and activity is 
generated by streptavidin–kinesin motor clusters. b, DNA droplets coexisting 
with an active fluid in the presence of kinesin–DNA, which links MTs to droplets. 
Kinesin–DNA, 4.5 μM. c, Increasing kinesin–DNA concentration increases both 
activity and network–droplet coupling. d, Steady-state flow speeds generated 

at different kinesin–DNA concentrations; T = 18.5 °C. e, Active flow speeds as a 
function of kinesin–DNA concentration. Data points are the mean and standard 
deviation of the velocity averaged over 372 time points. f, DNA droplets during 
an activity quench. Depleting ATP reduces the flow speeds, resulting in droplet 
nucleation, growth and coarsening. Kinesin–DNA, 4.5 μM. g, Speed of active 
flows over the sample lifetime. In all panels DNA is at 4.5 mg ml–1 (70 μM).
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To determine the influence of non-equilibrium driving, we 
measured the phase diagram in the presence of 5.5 μM kinesin–DNA  
(Fig. 3(iv)). The number of nanostar interacting arms influenced the 
shape of the phase diagram27. To ensure a meaningful comparison, 
we only changed one parameter between the active and passive sam-
ples. Both had the same composition and a total DNA nanostar con-
centration of 65 μM, where 75% of the nanostars had four overhangs 
and 25% had three overhangs. To change the activity, we tuned the 
ratio of three-overhang nanostars with and without kinesin, and their 
total concentration was maintained constant. Activity generated by 
5.5 μM kinesin–DNA changed the phase diagram in two ways. First, it 
lowered the cloud point temperature to 18.3 ± 0.3 °C. Second, it nar-
rowed the concentration difference between the two coexisting phases. 
We repeated the same measurements for 3.0 and 4.5 μM kinesin–DNA  
(Fig. 3(ii),(iii), respectively). Combining these measurements uncovered 
a three-dimensional (3D) non-equilibrium LLPS phase diagram that is a 
function of both temperature and activity (Fig. 3a). We also measured 
the phase diagram at a constant temperature of 19 °C, and varied the 
kinesin–DNA concentration (Fig. 3(v)). Increasing the kinesin concentra-
tion reduced the width of the tielines. The system did not phase separate 
above a critical kinesin–DNA concentration, which was 4.5 μM. When 
interpreting these data, one should note that the kinesin stepping speed 
is temperature dependent; the average speed of the active fluid increased 
by 120% when changing the temperature from 19 to 23 °C (ref. 35).

Mechanically coupled droplets were composed of three distinct 
elements: (1) DNA nanostars with four interacting arms, (2) benzylgua-
nine (BG)-modified DNA nanostars with three overhangs and (3) kinesin 

motors attached to BG-modified DNA nanostars at varying concentra-
tions (0–5.5 μM). Different DNA components could, in principle, parti-
tion differently between the two phases. For example, driven by their 
affinity for MTs, the kinesin–DNA could preferentially partition into the 
MT-rich nanostar gas phase. At the same time, four-overhang nanostars 
could be enriched in the dense droplets. To check for these possibilities, 
we labelled the three DNA-based components and determined their 
partitioning between the two phases. We found that all components 
were homogeneously distributed within the droplet (Supplementary 
Fig. 4a,b). Furthermore, all components similarly partitioned between 
the dilute and dense phases (Supplementary Fig. 4c,d). Thus, the total 
DNA concentration axis of the 3D phase diagram describes the partition 
of all DNA-based components (Fig. 3).

In the dilute phase, nanostars could be monomeric or oligomer-
ized due to their attractive ends. To characterize the possible struc-
tures, we used fluorescence correlation spectroscopy, a sensitive probe 
of the nanostar cluster size. Such an analysis revealed that the nanostars 
in the dilute phase were either monomeric or dimeric, and there was 
no discernible signal of larger-sized clusters (Supplementary Fig. 5). 
Note that interfilament sliding requires motor clustering, and this 
activity might be generated by the DNA dimer population that can 
link multiple motors.

Coupling between the active fluid and liquid 
droplets
The activity-induced suppression of LLPS requires motor-mediated 
mechanical coupling between the droplets and MT network. To 
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Fig. 3 | Activity-dependent phase diagram of DNA nanostars. a, LLPS phase 
diagram as a function of both temperature and activity, which is controlled by 
kinesin–DNA concentration. Two-dimensional cuts of the 3D phase diagram 
at different kinesin–DNA concentrations (CDNA) ((i)–(iv)) and those at a fixed 
temperature and varying kinesin–DNA concentrations (v). Data points are the 
mean of 1,000 time points and averaged over n = 3 ∨ 4 independent experiments. 

The error bars are standard deviation of n = 3 ∨ 4 independent experiments. 
The black lines are guides for the eye. The surface is an interpolation between 
the black lines. The total DNA concentration before quench was 4.5 mg ml–1 
(70 μM). All the samples have the same composition, except for the kinesin–DNA 
concentration.
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demonstrate this, we removed kinesin–DNA and generated activ-
ity using streptavidin–kinesin clusters that drove active flows but 
eliminated MT–droplet mechanical coupling (Fig. 4)28. Increasing the 
streptavidin–kinesin cluster concentration increased the active flows 
from 0 to 8 μm s–1, up to 20-fold faster than the velocities generated 
at the highest kinesin–DNA concentrations we studied. In the absence 
of mechanical coupling, the droplets remained circular at low veloci-
ties, whereas for higher velocities, they started deforming. However, 
increasing the velocity in this system did not alter the coexistence 
concentrations. Next, we kept the DNA concentration constant and 
changed the temperature. Again, there was no measurable difference 
between an equilibrium system and one driven by active flows but 
lacking MT–droplet coupling (Supplementary Fig. 6). Adding 3 μM 
of kinesin–DNA introduced mechanical droplet–filament coupling 
and minimally altered the speed of autonomous flows. In this case, 
coexistence concentrations narrowed with increasing flow speed and 
a critical point appeared.

The non-equilibrium phase diagram demonstrates the essential 
role of motor-mediated MT–droplet coupling. To gain a molecular 
insight, we simultaneously visualized the 3D MT network structure 
and the droplet shape. A projection reveals the structure of the MT 
network located up to 5.5 μm from the droplet surface (Fig. 5a and 
Supplementary Video 4). Droplets lacking kinesin–DNA components 
remained predominantly spherical, with MT bundles only intermit-
tently contacting their surface. The bundles did not generate coherent 
flows at the surface. In comparison, the presence of the kinesin–DNA 
link qualitatively changed the network–droplet interactions. Specifi-
cally, such droplets exhibited large shape distortions and spontaneous 
breakups (Fig. 5b and Supplementary Video 5). Such deformations were 
driven by MT bundles that remain connected to the droplet surface 
over an extended time. Intriguingly, the droplet breakup was driven by 
the MT alignment. The extensile motion of surface-bound MTs gener-
ated a narrow neck that eventually ruptured, creating two daughter 
droplets (Fig. 5b).

We quantified how the deformations generated on the droplet’s 
surface propagated into the interior. Using particle tracking veloci-
metry of MTs and bead-doped samples, we measured the velocity 
field both outside and within the droplets (Supplementary Video 6). 
We extracted the eigenvalues of the simple shear rate, denoting the 
local deformation of each fluid element invariant to the coordinate 
system. The magnitude of the simple shear rate averaged over different 
contours as a function of distance from the droplet surface revealed 
how deformations propagate across the interfacial boundaries (Fig. 5c 
and Supplementary Video 6). Droplets lacking kinesin–DNA showed 
a profile quickly decaying to zero in the droplet interior, whereas 
kinesin-decorated droplets had a non-zero shear rate in the droplet.

Continuum theory of LLPS of active fluids
Previous efforts studied LLPS in active fluids of spherical particles. 
Such systems are described with the Cahn–Hillard theory that cou-
ples the dynamics of a scalar field ϕ describing the concentration 
of one of the species to the flow field v. These scalar models predict  
negative interfacial tension and arrested phase separation36,37. How-
ever, they fail to predict the suppression of critical temperature 
observed in our experiments. This is not entirely surprising as our 
active fluid is composed of anisotropic MTs that can acquire local 
orientational order, whereas previous models studied active fluids 
with spherical constituents. The non-equilibrium dynamics and the 
associated flow of active liquid crystals composed of anisotropic par-
ticles are very different from those formed by spherical particles12. 
Specifically, active liquid crystals exhibit a ubiquitous bend instabil-
ity, which, in turn, drives turbulent-like chaotic flows. Previous work 
has shown that the MT-based 3D active fluid used in our experiments 
is well described by a coarse-grained hydrodynamic theory of active 
liquid crystals38,39.

Motivated by the above consideration, we explore the role of 
turbulent flows generated by the coupling of activity to orientational 
order in controlling the LLPS. In particular, we couple the dynamics of 
DNA concentration ϕ and flow field v to the nematic order parameter 
Qij describing the orientational order of the active fluid. Similar models 
have been used before to describe active/passive interfaces40–42, but 
the influence of activity on the phase diagram has not been studied. 
The concentration field ϕ is advected by flow and phase separates 
according to the Cahn–Hilliard dynamics, Dtϕ = ∇2 ( δFϕ

δϕ
) , where 

Dt = ∂t + v•∇  and Fϕ =
1
2
∫ 1

2
[(ϕ2+a)2 + κ(∇ϕ)2], into DNA-poor 

(ϕ− = −√−a/2 ) and DNA-rich (ϕ+ = +√−a/2 ) phases when a < 0  
(Fig. 6a,b). Here a ∝ (T – Tc)/Tc plays the role of reduced temperature. 
In equilibrium, the critical point is ac = 0 for a symmetric mixture 
(ϕ0 =

1
V
∫Vd2rϕ (r,0) = 0) and the coexistence line is the inverted 

parabola, that is, a = −ϕ2
0 (Fig. 6c). The Q tensor relaxes at a rate con-

trolled by the nematic free energy FQ that incorporates the elasticity 
of the liquid crystal and is stirred by the strain rate Dij and vorticity ωik, 

with DtQij = λDij +Qikωkj − ωikQkj +
1
γ
δFQ
δQij

 (ref. 12). The flow is described 

by the Navier–Stokes equation ρDtv = ∇•η(ϕ)∇v – ∇P + f, with force 
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Fig. 4 | LLPS suppression requires MT–droplet interactions. a, Illustration 
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as a function of the flow velocity for a system lacking kinesin–DNA (blue) and for 
a system where MT–droplet interactions are mediated by 3 μM kinesin–DNA. 
Velocity of autonomous flows is controlled by streptavidin–kinesin clusters 
that drive active flows but do not couple droplets to MTs. The values represent 
mean and standard deviation for 1,000 time points, with n = 3 ∨ 4 independent 
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fi = fϕi + f ai  comprising passive capillary forces fϕi  and active forces 
f ai = ∂j (α(ϕ)Qij); here α(ϕ) is an active stress that vanishes in the pas-

sive, DNA-rich fluid and has a constant value of α0 < 0 in the active, 
DNA-poor phase (Supplementary Information). The dilute and dense 
phases have different viscosities η. We use a single velocity field that 
continuously varies across the fluid–fluid interface, which accounts 
for the mechanical coupling of MTs to liquid droplets  
(Fig. 6d). This assumption is supported by the experimental observations 
that shear flows generated in the active-fluid phase propagate into the 
droplet interior, as evident in the experiments (Supplementary Fig. 7).

We numerically solved our model to obtain the phase diagram as 
a function of effective temperature (a) and activity (α). The calculated 
phase diagram captures the main experimental features, namely, the 
shift in the critical point to lower temperatures and the narrowing of 
the coexistence region (Fig. 6c). Furthermore, in the coexistence 
region, the phase separation dynamics are arrested and one  
observes a dynamical steady state consisting of finite-sized droplets 
(Fig. 6a and Supplementary Video 7). Our model leads to an understand-
ing of how active fluids control the phase diagram of equilibrium  
LLPS. To capture the observed behaviour, the active force, 
f ai = f

a,b
i + f a,si = α(ϕ)∂jQij +Qij∂jα(ϕ) , has to have both bulk and  

interfacial contributions arising from activity gradients. Extensile 
(α < 0) interfacial stresses shear the interface, favouring their formation 
and breakup into a bulk-phase-separated system. Simultaneously, flows 
generated by the bulk active stresses throughout the active phase are 
essential for shifting the critical point and narrowing the coexistence 
region12,43,44. Approach to the critical point is associated with the critical 
slowing down, as well as the growth of the lifetime of critical fluctua-
tions in the homogeneous state. This unbounded growth is restricted 
by active stirring that injects energy into the system at a rate |α|/η. 
Consequently, the critical point is suppressed once the active shear 
rate overcomes the rate at which the gradients spontaneously develop. 
This mechanism is analogous to a critical fluid subjected to external 
shear, where one also finds the suppression of the critical point when 
the externally imposed shear rate exceeds the rate of passive relaxa-
tion6. We emphasize that the role of activity on phase separation has 
been studied before in the context of scalar models where activity 
enters in the form of non-equilibrium capillary forces that break 

detailed balance36,37,45. In this case, the activity can arrest phase separa-
tion, but does not affect the location of the critical point and size of the 
coexistence region. We, therefore, conclude that the coupling to 
liquid-crystalline degrees of freedom is the key for experimentally 
observed suppression of phase separation.

Several comments are pertinent when comparing our model with 
experiments. First, in principle, nanostar-based fluids can be viscoe-
lastic. However, comparison of relevant length scales justifies our 
assumptions of two coexisting fluids with different viscosities. For the 
dense nanostar phase, the elastic modulus dominates for frequencies 
larger than ~1 s−1; for shorter frequencies the network is liquid like and 
the loss modulus dominates29. In comparison, the characteristic active 
fluid strain rate is σ ≈ 5 × 10−3 s−1 (Supplementary Fig. 8). Thus, the active 
fluid deforms the droplet condensates slowly enough to allow for their 
relaxation, and the droplets behave like viscous fluids. In particular, the 
viscosity of the droplets is approximately several orders of magnitude 
higher than water30. Second, our model does not allow to switch off 
the DNA–MT mechanical coupling and maintains a finite bulk activity 
as a control for the need of mechanical DNA–MT linkages for the sup-
pression of phase separation. Finally, there are additional mechanisms 
not considered here that could influence the phase diagram. Also, a 
large fraction of injected energy in an active fluid is dissipated through 
channels that do not involve viscous flows46. It is possible that such 
still poorly understood non-viscous dissipation channels could also 
influence the LLPS phase behaviour.

Conclusions
We merged an active fluid with an equilibrium LLPS to establish an 
activity-based control of the phase diagram. The stresses induced 
by the reconfiguring MTs translocate, rupture and dynamically 
disassemble DNA-based liquid droplets, changing the liquid–liq-
uid coexistence concentrations and suppressing the critical-point 
temperature. From a fundamental perspective, these results raise 
intriguing questions about similarities and differences in how inter-
nally generated and externally imposed flows affect the equilibrium 
phase separation. From a materials science perspective, active LLPS 
provides a foundation for assembling diverse soft active materials. In 
particular, the coupling between phase separation and activity open 
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the path towards creating materials that can incorporate feedback 
and maintain homoeostasis. Finally, our results are also relevant to 
cell biology, where phase separation has emerged as an important 
self-organizing principle4,47. Biological phase separation processes are 
usually described using thermodynamic formalisms that assume local 
equilibrium48. The cell cytoskeleton, however, is collectively driven 
away from equilibrium by nanoscale force-generating processes. Our 
results suggest that active cytoskeletal forces could locally control 
the spatiotemporal dynamics of membraneless organelles, but this 
probably requires mechanical coupling between the cytoskeletal 
network and liquid droplets49,50.
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Methods
Tubulin purification and MT polymerization
Tubulin was purified from bovine brain through two cycles of polym-
erization and depolymerization51. Tubulin was stored at −80 °C and 
recycled through an additional cycle of polymerization and depolym-
erization. Tubulin was labelled with Alexa Fluor 647 dye for fluorescent 
imaging using a succinimidyl ester linker52. Recycled and labelled tubu-
lin was flash frozen in liquid nitrogen and stored at −80 °C. MTs were 
polymerized at 8 mg ml–1 tubulin concentration in M2B buffer (80 mM 
PIPES at pH 7.0, 1 mM EGTA, 2 mM MgCl2) containing 20 mM DTT and 
10 mM GMPCPP ( Jena Bioscience), a non-hydrolysable analogue of GTP. 
The mixture was incubated on ice for 10 min, subsequently at 37 °C for 
30 min and allowed to sit at room temperature for 3 h, flash frozen in 
liquid nitrogen and stored at −80 °C. Fluorescent MTs contained 5% 
Alexa Fluor 647-labelled tubulin.

Kinesin purification
Dimeric kinesin, consisting of 401 amino acids of the N-terminal motor 
domain of Drosophila melanogaster kinesin-1 fused to the SNAP-tag, 
was purified as previously described28,53. The SNAP-tag is appended to 
the cargo-binding region of the motor. The protein was flash frozen in 
liquid nitrogen and stored at −80 °C.

Modifying DNA oligos
5′-Amine-modified DNA oligos (Integrated DNA Technologies) were 
labelled with BG-GLA-NHS (New England Biolabs)32,54,55. Briefly, 
BG-GLA-NHS was dissolved in dimethyl sulfoxide to a final concentra-
tion of 20 mM. Amine-modified DNA oligos were dissolved at 2 mM in 
HEPES buffer (150 mM, pH 8.4). BG-GLA-NHS solution was added to DNA 
oligos at a final BG concentration of 7 μM. The mixture was incubated 
for 30 min at room temperature. DNA was separated from excess BG 
using a size-exclusion spin column (Micro Bio-Spin 6 columns, Bio-Rad). 
Before DNA cleaning, Tris buffer in the column was exchanged with 
phosphate-buffered saline (0.2×) (pH 7.2) according to the manufacturer’s 
instructions. The separation step was repeated four times. DNA oligos were 
concentrated using a SpeedVac to a final concentration of 5–10 μg μl–1.

Assembling DNA nanostars
Four-armed DNA nanostars were assembled from four distinct 
49-base-pair-long DNA oligos30, with 6-base-pair sticky palindromic 
overhang AGGCCT, and one unpaired base (Supplementary Fig. 1). 
DNA oligos were mixed at an equal concentration of 20 μg μl–1 in TAE 
buffer (40 mM Tris, 20 mM acetic acid, 1 mM EDTA, pH 8.2) and 25% 
of sequence 1 was labelled with a BG modification. DNA oligos were 
annealed to their complementary strands. DNA was heated to 95 °C for 
10 min and gradually cooled down to room temperature in a heat block 
left on the bench. DNA nanostars were stored at −20 °C.

DNA nanostar oligos sequence
Sequence 1: AGGCCTAGCTCAACGGTGAGTTGCACGTTCGGC 
CGTTCCCAGAGAAAGC

Sequence 1 (for modifications): AGCTCAACGGTGAGTTGC 
ACGTTCGGCCGTTCCCAGAGAAAGC

Sequence 2: AGGCCTAGCGTCAAACCACACTCGCACTTCGTGCAA 
CTCACCGTTGAGC

Sequence 3: -AGGCCTAGCCGCCGCCGCATCGCCCGCTTGTGCGAG 
TGTGGTTTGACGC

Sequence 4: -AGGCCTTGCTTTCTCTGGGAACGGCCGTTGCG 
GGCGATGCGGCGGCGGC

DNA nanostars have 98 base pairs and their molecular weight is 
~65,000 Da.

Active gel mixture
The final active mixture contained a varying concentration of kinesin–
DNA complexes in the range of 0–5.5 μM, as indicated in the figures 

in the main text. DNA nanostar mixtures contained 25% BG-labelled 
nanostars and 75% four-arm nanostars (Supplementary Fig. 1). DNA 
nanostar concentration was either 40 μM (2.5 mg ml–1) or 70 μM 
(4.5 mg ml–1), as indicated in the figures in the main text. All the other 
components were dissolved in M2B buffer (80 mM PIPES, 2 mM MgCl2, 
1 mM EGTA, pH 6.8 using KOH) and had fixed concentrations. These 
included the following: (1) MT final concentration of 1.10 mg ml–1 
(~10μM); (2) 2% w/v PEG at 35 kDa; (3) 26.6 mM phosphoenolpyruvic 
acid; (4) 1.4 mM ATP; (5) 6.70 mg ml–1 glucose; (6) 0.40 mg ml–1 glucose 
oxidase; (7) 0.08 mg ml–1 glucose catalase; (8) 5.0 mM DTT; (9) pyruvate 
kinase/lactic dehydrogenase, 0.03 U ml–1.

The final sample was assembled in the following steps:

	1.	 Active mixture 1: the samples contained an ATP regeneration 
and antioxidant mixture that ensured steady-state kinesin 
stepping speed and minimizing photobleaching effects. The 
final sample contained 26.6 mM phosphoenolpyruvic acid, 
1.4 mM ATP, 6.70 mg ml–1 glucose, 0.40 mg ml–1 glucose oxidase, 
0.08 mg ml–1 glucose catalase, 2.0 mM MgCl2, 5.0 mM DTT and 
pyruvate kinase/lactic dehydrogenase28. This solution can be 
stored concentrated 2.5× at −80 °C and used on the day of the 
experiment.

	2.	 Active mixture 2: antioxidants and depletant—to form the 
active nanostars, a mixture was prepared as follows: 10 μl ATP 
regeneration system (active mixture 1), 8 μl M2B buffer, 5 μl PEG 
(35 kDa, 12% w/v) were mixed at room temperature.

	3.	 Active mixture 3: binding DNA nanostars to kinesin motors—the 
DNA nanostar mixture was thawed at 45 °C for 5 min and cooled 
down to room temperature. The nanostar mixture was added at 
equal volume to active mixture 2 and incubated for 2 h at 15 °C. 
Kinesin motor stock was added to the mixture at the desired 
concentration (as specified in the main text) and mixed using 
a pipette with a wide tip. The mixture was incubated at 15 °C 
for 1 h. Previous work estimated the efficiency of kinesin–DNA 
binding at 70–80% (ref. 34).

	4.	 Assembling the active gel: to assemble an active gel, 5 μl of ac-
tive mixture 2 was added to 5 μl of active mixture 3 and 2 μl of 
polymerized MTs at 6.8 mg ml–1.

	5.	 Flow and data acquisition protocol: the final active gel was 
placed into a parafilm chamber sandwiched between two 
acrylamide-coated coverslips52. The capillary dimensions were 
0.12 × 2.00 × 20.00 mm3. The chamber was then sealed with 
Norland adhesive glue, and cured with ultraviolet light. The 
samples were immediately taken to the microscope after as-
sembly, and observations started a couple of minutes after the 
activity was initiated.

Fluorescent labelling of kinesin
SNAP-tagged kinesin motors were mixed with BG-Alexa Fluor 488 (New 
England Biolabs), at a ratio of 10:1, in M2B buffer containing 0.5 µM 
DTT. The mixture was incubated for 30 min at room temperature and 
sequentially added to the BG-labelled DNA nanostars.

Optical microscopy imaging
For imaging and quantifying the total DNA concentration, we used 
YOYO-1 intercalating dye at a concentration of 100–200 nM. For meas-
uring the tielines, DNA nanostars were internally labelled with Cy5 
fluorophore at the core of the nanostar. Active gels were imaged using 
conventional fluorescence microscopy with Nikon Ti2 and an Andor 
Zyla 5.5 camera running open-source microscopy managing software 
Micro-Manager 1.4.23. Three-dimensional volumes and droplet defor-
mation profiles were extracted from the confocal images acquired 
with Nikon ECLIPSE Ti2 having CrestOptics confocal X-light V2 and 
a Photometrics 95B camera. The experiments were conducted on a 
Tokai HIT CBU thermal plate operating in the range of 10–55 °C. The 
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fluorescence correlation spectroscopy measurements were conducted 
on a Leica SP8 confocal scanning laser microscope, with a Plan Apo 
63×/1.2-numerical-aperture water-immersion lens and the Leica fluo-
rescence correlation spectroscopy module.

Measuring DNA concentrations between coexisting phases
Partitioning of DNA between the dilute and dense phases was calcu-
lated from the fluorescent intensity and the two-dimensional area 
fraction of each phase. Since the droplet diameter is typically larger 
than the chamber height of 120 µm, the active LLPS was treated as a 
quasi-two-dimensional sample; therefore, the ratio of the area fraction 
indicates the ratio of the volume fractions. To measure the intensity 
of the entire volume section, we used a 2×/0.1-numerical-aperture 
objective with a 100 µm depth of field. Close to the binodal curve, 
the droplet diameters were smaller than the channel depth; there-
fore, the area–volume fraction of smaller droplets was overestimated. 
Each measurement was kept at a constant temperature until the ATP 
was depleted. For the active LLPS, the concentrations were extracted 
from the steady-state values of each phase concentration about an 
hour before the ATP depletion (Supplementary Fig. 3). For the passive 
regimes, the measurements were taken after the droplets relaxed to 
their final shape at about t = 10–15 h.

DNA cluster size in the dilute phase
We characterized the structure of the dilute phase using fluorescence 
correlation spectroscopy. The fluorescence intensity fluctuations 
due to Brownian motion reveal the distribution of diffusion times and 
consequently the size of nanostar clusters. Fluorescent correlation 
spectroscopy measurements were conducted in the dilute DNA phase 
for kinesin-decorated DNA droplets and for passive DNA droplets.

Projection of MTs on DNA droplets
To quantify the interactions between DNA and MTs, 3D confocal images 
were acquired. The evolving surface of the droplets was extracted from 
the 3D volume images using the TubULAR toolkit, with an MT projec-
tion at a distance of 5–11 μm from the surface56.

Data availability
All data supporting the findings of this study are available within the 
Article and its Supplementary Information. Source data are provided 
with this paper.

Code availability
The numerical code used to generate the thermotical phase dia-
gram is available via GitHub at https://github.com/fcaballerop/
nematicPhaseFieldFoam.
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