
Journal Name

Designing negative feedback loops in enzymatic coacer-
vate droplets†

Nisha Modi,
a

Siwei Chen,
a

Imelda N. A. Adjei,
b

Briana L. Franco,
a

Kyle J. M. Bishop
⇤a

and

Allie C. Obermeyer
⇤a

Membraneless organelles within the living cell use phase separation of biomolecules coupled with

enzymatic reactions to regulate cellular processes. The diverse functions of these biomolecular con-

densates motivate the pursuit of simpler in vitro models that exhibit primitive forms of self-regulation

based on internal feedback mechanisms. Here, we investigate one such model based on complex

coacervation of the enzyme catalase with an oppositely charge polyelectrolyte DEAE-dextran to

form pH-responsive catalytic droplets. Upon addition of hydrogen peroxide “fuel”, enzyme activity

localized within the droplets causes a rapid increase in the pH. Under appropriate conditions, this

reaction-induced pH change triggers coacervate dissolution owing to its pH-responsive phase be-

havior. Notably, this destabilizing effect of the enzymatic reaction on phase separation depends on

droplet size owing to the diffusive delivery and removal of reaction components. Reaction-diffusion

models informed by the experimental data show that larger drops support larger changes in the local

pH thereby enhancing their dissolution relative to smaller droplets. Together, these results provide

a basis for achieving droplet size control based on negative feedback between pH-dependent phase

separation and pH-changing enzymatic reactions.

Introduction
Living cells use phase separation of biopolymer mixtures to form
membraneless organelles (MLOs) that regulate biochemical re-
actions and cellular processes.1–3 The formation and function
of MLOs and other condensates can be understood—to large
extent—using concepts of equilibrium thermodynamics. The ex-
istence, stability, and composition of these condensed phases
depend on molecular interactions (e.g., electrostatic, hydropho-
bic) and thermodynamic variables (e.g., temperature, pH, ionic
strength) as described by equilibrium phase diagrams.4,5 The
molecular environments of each phase enable the selective en-
richment or exclusion of chemical species, offering enhanced con-
trol over reaction rates—for example, by concentrating enzymes
and their substrates.6,7

Coupling between phase separation and chemical reaction(s)
provides a basis for feedback control whereby reaction prod-
ucts promote or inhibit the formation of biomolecular conden-
sates which, in turn, accelerate or decelerate the reaction rate.8,9

For example, RNA condensation serves to accelerate RNA tran-
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scription by enriching critical factors within transcriptional con-
densates.10–14 At low concentrations, transcription of RNA pro-
motes condensation creating positive feedback between the two
mutually enhancing processes. By contrast, reentrant phase be-
havior at high RNA concentration leads to negative feedback
whereby transcription inhibits condensation.15 These feedback
mechanisms enable homeostatic regulation of transcription and
other intracellular processes.1,2 Moreover, through coupling with
biochemical reactions, cells can gain dynamic control over con-
densate properties such as size,16–18 number,16 and position,19

which are difficult to control at equilibrium.

Understanding the function of MLOs in vivo benefits from sim-
pler in vitro models that combine biomolecular condensation and
enzymatic reaction(s) to create elements of feedback control.
Complex coacervates based on phase separation of oppositely-
charged polyelectrolytes provide a useful model for MLOs as
they readily incorporate enzymes and other reaction compo-
nents within a responsive dynamic environment.20–22 Coacervate
droplets respond to changes in temperature,23 ionic strength, and
pH24–26 among other factors that alter the molecular interactions
mediating phase separation. In addition to these thermodynamic
variables, active coacervates respond also to chemically-fueled re-
actions that modify the charge27 or concentration of the partic-
ipating biomolecules.28–30 Active coacervate droplets have been
shown to grow due to positive feedback whereby reactions pro-
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moted within the drop produce material components that feed
drop growth.30 Such positive feedback between chemical produc-
tion and coacervate formation can lead to transient non-spherical
shapes among populations of growing droplets.28

Active droplets exhibiting negative feedback between coacer-
vate formation and reaction-induced dissolution provide a ba-
sis for controlling droplet size (Fig. 1).17,31 Theoretical models
of active size control have shown how enzymes enriched in the
condensed phase can drive reactions therein that destabilize the
coacervate—for example, by modifying phase separating com-
ponents. Importantly, this type of reaction-induced destabiliza-
tion depends on droplet size owing to the diffusive delivery and
removal of participating components. Droplets evolve in time
to a stable size at which the rates of droplet growth and dis-
solution are balanced. Recent experimental models based on
pH-responsive coacervates of glucose oxidase and an oppositely
charged polyelectrolyte have achieved some of the key require-
ments necessary for controlling droplet size.32 The enzyme cat-
alyzes the production of gluconic acid which lowers the pH caus-
ing dissolution of the coacervate droplets. However, the slow rate
of reaction compared to diffusion within micron-scale droplets
prohibits the type of size-dependent inhibition needed to close
the feedback loop and regulate droplet size.

Here, we present an active, pH-responsive coacervate based
on catalase and the weak polycation DEAE-dextran that enables
two-way coupling between phase separation and enzymatic ac-
tivity (Fig. 1). The diffusion-limited enzyme catalyzes the rapid
decomposition of hydrogen peroxide “fuel” causing a concomi-
tant increase in the pH under mild basic conditions. We quan-
tify and explain the magnitude and rate of the reaction-induced
pH increase as a function of the initial pH, peroxide concentra-
tion, and enzyme loading. We further demonstrate that catalase
and DEAE dextran form pH-dependent coacervate droplets that
dissolve in response to reaction-induced pH increases initiated
by the addition of hydrogen peroxide fuel. In addition to the
inhibitory influence of reaction on coacervation, we show that
coacervate size can alter the rate of fuel consumption due to dif-
fusion limitations in droplets larger than a characteristic size. Us-
ing reaction-diffusion models informed by experimental data, we
discuss how this and related systems could enable the formation
of monodisperse coacervate droplets of tunable size. Such coac-
ervate systems could potentially emulate active size control in bi-
ological condensates as seen in centrosomes16 and membrane re-
ceptors.33

Results and Discussion
Our design of active coacervates capable of negative feedback
control relies on the coupling between reaction-induced pH
change and pH-responsive phase separation. In this context, a
suitable reaction should induce a pH change that is (i) sufficiently
large (i.e., > 1 pH unit) to alter coacervate phase behavior, (ii) lo-
cally enhanced within coacervate droplets to inhibit their growth,
and (iii) suitably fast to compete with diffusive exchange with the
surrounding solution. The enzymatic decomposition of hydrogen
peroxide by catalase satisfies all of these criteria. While the ef-
fect of pH on catalase activity is well established,34 the ability of
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Fig. 1 Two-way coupling between enzymatic reaction and phase sepa-
ration. (a) Catalase catalyzes the decomposition of hydrogen peroxide
fuel into water and oxygen. H2O2 is a weak acid that dissociates in wa-
ter to produce HO –

2 ions. Catalytic consumption of H2O2 disrupts the
acid-base equilibrium driving the reaction to the left in accordance with
Le Chatelier’s principle, resulting in an increase in OH– ions. (b) Cata-
lase phase separates with DEAE-dextran at pH 9 to form coacervates
enriched in catalase. (c) Negative effect of the enzymatic reaction on
phase separation wherein the reaction-induced pH increase destabilizes
the coacervate. (d) In the presence of fuel, such systems may enable
size control based on local pH changes within catalase-rich coacervate
droplets. As smaller droplets grow beyond a critical size a⇤ (left), they
begin to dissolve due to the local pH increase induced by the reaction
and enhanced by the size-dependent rate of diffusive exchange between
the drop and its surroundings (right).

catalase to modify the solution pH is less widely appreciated. We
therefore begin by characterizing the magnitude and rate of pH
increase induced by this reaction. We then consider the incorpo-
ration of the enzyme within coacervate droplets and characterize
the two-way coupling between phase separation and enzymatic
reaction.

Enzymatic decomposition of H2O2 causes rapid pH increase
The pH increase induced by the decomposition of H2O2 is pre-
dicted by a kinetic model that accounts for the acid-base equilib-
rium of H2O2 and its enzymatic decomposition by catalase (Fig.
2a). Hydrogen peroxide is a weak acid that dissociates to form
HO�

2 anion under basic conditions

H2O2 +OH� Kp/Kw����*)���� HO�
2 +H2O (1)

where Kp = 2.399⇥ 10�12 M is the dissociation constant of per-
oxide based on the reported pKa of 11.62, and Kw is the dissoci-
ation constant of water. The enzymatic decomposition of H2O2
disrupts this equilibrium resulting in the production of hydroxide
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ions in accordance with Le Chatelier’s principle. For complete de-
composition, the amount of OH– produced is equal to the initial
amount of HO�

2 present in solution. The resulting pH increase
is well approximated as DpH = log10(1+KpCp/Kw) where Cp is
the initial peroxide concentration (ESI Section 1†). For Cp = 100
mM, this expression predicts a pH increase DpH = 1.4 for initial
pH values in the range 6.3 < pH < 11.6. While the magnitude of
the pH increase is determined by the acid-base equilibrium, the
rate of change is controlled by the enzymatic decomposition of
hydrogen peroxide into water and oxygen

H2O2
kobs��! H2O+ 1

2 O2 (2)

where kobs is an apparent first order rate constant that depends
on the local enzyme concentration (ESI Section 1.5†).35 For
standard Michaelis-Menten kinetics, this approximation is appro-
priate when the H2O2 concentration is much smaller than the
Michaelis constant Km = 1.1 M.36

To validate these model predictions, we measure the enzyme-
catalyzed pH change for a series of 100 mM peroxide solutions
at different initial pH values (Fig. 2a). The initial value pH0
is measured before the addition of a small volume of buffered
catalase solution. The pH is then monitored over time until it
reaches an asymptotic value pH•. The pH change for the assay,
DpHassay = pH• �pH0, is compared to that of a control reaction
DpHcontrol wherein a buffered solution without catalase is added
to the H2O2 solution. Near neutral pH, the control experiments
without catalase show non-zero pH change due to the presence
of 8 µM Tris buffer. The reported pH change in Figure 2a rep-
resents the difference between that of the assay and the control:
DpH = DpHassay �DpHcontrol. Comparing experimental measure-
ments to model predictions, we find that the equilibrium model
based on reaction (1) agrees well with the measured pH increase
at basic conditions (pH0 > 8) but fails at lower pH values (cf.
dashed curve and solid markers in Fig. 2a). These discrepancies
are largely reconciled by augmenting the model to include the ef-
fects of buffer present in the catalase solution (Fig. 2a, bold curve
and ESI Section 1.4†).

Under basic conditions (pH0 = 9), the measured pH change
increases monotonically with the initial peroxide concentration
in close agreement with model predictions (Fig. 2b). For con-
sistency, the reported pH change is given by DpH = DpHassay �
DpHcontrol as above; however, the control experiment without
catalase shows only a negligible pH change due to the small
amount of added buffer. These results indicate that large pH
changes (>1 unit) require relatively high peroxide concentrations
(>50 mM). At such concentrations, the rapid catalytic decompo-
sition of H2O2 produces many bubbles due to the low solubility
of oxygen in water. As discussed below, the formation of bub-
bles complicates the imaging of active coacervates enriched with
catalase. Further experiments make use of 100 mM peroxide so-
lutions at pH 9 to create significant pH changes despite undesired
bubble formation.

The characteristic time required for the reaction-induced pH
change is controlled by the enzyme kinetics (Fig. 2c). To facili-
tate comparison between kinetic assays, we define a characteristic
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Fig. 2 Reaction-induced pH increase DpH due to the enzymatic decom-
position of H2O2. (a) Measured pH increase (markers) as a function of
the initial pH for an initial H2O2 concentration of 100 mM. The shaded
region denotes ±1 standard deviation above/below the mean of three
replicates. The curves show the predictions of the equilibrium model
with (solid) and without (dashed) 8 µM Tris buffer present in the ex-
periments (see ESI Section 1†). (b) Measured pH increase (markers) as
a function of the initial H2O2 concentration for an initial pH of 9. The
solid curve shows the prediction of the equilibrium model. (c) Measured
pH as a function of time upon addition of 100 mM H2O2 to an aqueous
solution of 0.235 mg/mL catalase at pH 9 (green markers). The time
scale t⇤ is defined graphically as the time required to increase from the
initial pH0 (dotted line) to final pH• (dashed line) at the initial rate. A
control experiment shows no pH increase in the absence of catalase (gray
markers) (see ESI Section 1.5†).

time for pH change t⇤ using the geometric construction shown in
Figure 2c. Assuming that acid-base equilibration is fast, the time
required for the pH change is controlled by the enzymatic con-
sumption of peroxide (ESI Section 1.5†). For the 0.22 mg/mL
catalase concentration used here, the t⇤ value of 5.5 s agrees
with expectations based on kinetic parameters obtained directly
by measuring the rate of H2O2 consumption (ESI Section 4.2 and
Table SI†).

Phase separation of catalase & DEAE-dextran is pH dependent
Guided by the constraints of the enzymatic reaction, we now seek
to design a pH-responsive coacervate that forms liquid droplets
at pH 9 but dissolves at higher pH. The isoelectric point of cata-
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lase is pI = 5.3, as estimated using the Henderson-Hasselbalch
equation applied to charged amino acid residues and in agree-
ment with previously reported values.34 At the conditions of in-
terest (pH = 9 to 11 > pI), catalase is negatively charged and
forms the anionic component of a complex coacervate. To make
the coacervate pH-responsive, we require a weak polycation with
a pKa ⇡ 9 such that reaction-induced pH changes cause a sig-
nificant reduction in polycation charge and thereby the electro-
static interactions driving phase separation. Based on preliminary
experiments with different weak polycations—including poly(2-
(dimethylamino)ethyl methacrylate), poly(allylamine hydrochlo-
ride), and poly-L-lysine—we identify diethylaminoethyl (DEAE)-
dextran as the most promising candidate. The presence of strong
tertiary amines with an apparent pKa of 8.8 suggests that DEAE-
dextran will exhibit significant charge reduction upon increasing
the pH from 9 to 10.32 Moreover, DEAE-dextran is soluble over
the desired pH range (9 to 11) and shows a higher tendency to
form liquid droplets with catalase as compared to other polyca-
tions tested, which formed solid-like precipitates.

Turbidity measurements indicate that catalase phase separates
with DEAE-dextran to form complex coacervates at mixing ratios
close to charge neutrality (Fig. 3a). Turbidity is used as an indica-
tor of phase separation, which is subsequently confirmed by opti-
cal microscopy. To detect phase separation at pH 9, we measure
the turbidity of catalase and DEAE-dextran mixtures as a function
of mixing ratio with the total macromolecule concentration kept
constant. The mixing ratio is expressed both as the mass fraction
of catalase x and as the positive charge fraction f+ defined as

f+ =
(1� x)M+

(1� x)M++ xM� (3)

Here, M+ and M� represent the charge per mass of DEAE-dextran
and catalase at pH 9, respectively, as estimated by the Henderson-
Hasselbach equation assuming independent ionizable groups.32

A positive charge fraction of 0.5 represents the point of charge
neutrality, at which coacervate formation is expected to be most
favorable.32,37 Consistent with these expectations, the turbidity
at pH 9 reached a maximum at 0.92 mass fraction of catalase
corresponding to a charge fraction, f+ ⇡ 0.5, close to charge neu-
trality.

Phase separation of catalase with DEAE-dextran is pH-
dependent (Fig. 3b). To verify this, we measure the turbidity
as a function of pH for a constant mixing ratio corresponding to
0.94 mass fraction of catalase. The turbidity shows a broad peak
centered at pH 8-9 and decreases rapidly as the pH increases to
11 (Fig. 3b). In these experiments, the mixing ratio is selected
to maximize the difference in turbidity between pH 9 and 10.5
and thereby facilitate reaction-induced inhibition of phase sepa-
ration. The observed pH dependence is consistent with expecta-
tions based on macromolecular charge imbalance. The positive
charge fraction at 0.94 mass fraction catalase is predicted to de-
crease from 0.4 at pH 9 to 0.1 at pH 10 with further reduction at
higher pH. The pH-responsive phase behavior is further confirmed
by optical microscopy, which shows that micron-scale coacervate
droplets form at pH 9 but not at pH 11 (Fig. 3b).
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Fig. 3 Equilibrium phase behavior of catalase with DEAE-dextran. (a)
Turbidity of catalase and DEAE-dextran mixtures as a function of mixing
ratio at pH 9 in 10 mM Tris buffer. The total macromolecule concen-
tration is held constant at 0.5 mg/ml. (b) Turbidity of catalase and
DEAE-dextran mixtures as a function of pH in 10 mM Tris or 5 mM
phosphate buffer. The total macromolecule concentration is held con-
stant at 0.25 mg/mL with a catalase mass fraction of 0.94. Microscopy
images show micron-scale coacervate droplets that form at pH 9 and 10
but not pH 11; scale bars are 2 µm. (c) Fraction of catalase present
in the dilute phase (in terms of concentration) as a function of mixing
ratio (total macromolecule concentration: 0.5 mg/mL in 10 mM Tris at
pH 9). Shaded regions in (b) and (c) represent ±1 standard deviation
above/below the mean of replicates.

Catalase is significantly enriched within the coacervate phase at
mixing ratios approaching charge neutrality (Fig. 3c). We quan-
tify enzyme partitioning between the two phases using absorp-
tion spectroscopy to measure the concentration of fluorescently
labeled catalase in the dilute phase. For a total macromolecule
concentration of 0.5 mg/mL at pH 9, the fraction of catalase re-
maining in the dilute phase reaches a minimum value of 0.41 at
mixing ratios close to charge neutrality. The fraction of catalase
in the condensed phase is therefore maximal at this mixing ratio,
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which corresponds closely to that of the turbidity maximum (cf.
Figs. 3a and 3c). Together, the agreement between the turbidity
measurements and these concentration measurements supports
the hypothesis that catalase is incorporated within the coacervate
phase as reported previously for other protein-polymer coacer-
vates.37–39

Importantly, the local enzyme concentration within the coacer-
vate droplets at 0.94 mass fraction of catalase is estimated to be
⇠ 103 times higher than in the surrounding solution. This order-
of-magnitude estimate assumes a macromolecule concentration
of ⇠ 120 mg/mL in the condensed phase for a two-phase system
with a total macromolecule concentration of 0.25 mg/mL.40,41

This concentration estimate is based on the measured fraction
of catalase that remains in the supernatant (0.47, Fig.3c) and
the assumption that the volume fraction of the condensed phase
is ⇠0.001.39–41 The rate of enzyme-catalyzed peroxide decom-
position should be similarly enhanced assuming that the rate is
proportional to the local enzyme concentration and that the en-
zyme activity is not significantly altered by the coacervate envi-
ronment.30,42

H2O2 fuel destabilizes catalase/DEAE-dextran coacervates

Coacervate droplets formed at pH 9 dissolve rapidly upon addi-
tion of H2O2 fuel due to the reaction-induced pH increase cat-
alyzed by the enzyme (Fig. 4a). To demonstrate this inhibitory
influence of reaction on coacervation, we mix catalase and DEAE-
dextran at pH 9 with a catalase mass fraction of 0.94 to form
stable coacervate droplets as evidenced by turbidity analysis (Fig.
4b, � buffer). Upon addition of 100 mM H2O2, we observe a
rapid increase in pH and a simultaneous decrease in turbidity,
which is evident by eye as a transition from cloudy to transpar-
ent, bubbly solutions (Fig. 4c). When the same experiment is
conducted in the presence of 100 mM Tris buffer, the pH of the
coacervate solution remains unchanged as does the measured tur-
bidity (Figs. 4b and 4d, + buffer). These results suggest that
coacervate dissolution is caused by the pH increase induced by
the enzymatic reaction. A similar effect was reported previously
for a pH-responsive, protein-polymer coacervate based on glucose
oxidase.32 However, this type of reaction-induced destabilization
alone does not establish a closed feedback loop between the en-
zymatic reaction and coacervate formation. To close this loop,
it remains to be demonstrated that the enrichment of the enzyme
within coacervate droplets can create and potentially sustain local
conditions that inhibit coacervate stability. In the present context,
the reaction should create significant pH differences between the
droplet interior and the surrounding solution despite the diffusion
of species between the two phases. We attempted to monitor pH
differences between the supernatant and coacervate phase with
pH indicator dyes, but the presence of the enzyme and/or poly-
cation interfered with the absorption spectrum of the dyes and
prevented this quantitative comparison (ESI Section 8†).

Coacervation slows pH increase due to diffusion limitations

The time scale t⇤ for the chemically fueled pH increase depends
on the size of the condensed phase (Fig 5). To show this, we
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Fig. 4 Enzyme-catalyzed coacervate dissolution. (a) Schematic illus-
tration showing coacervate formation at pH 9, chemically-fueled pH in-
crease, and coacervate dissolution at pH >10. (b) Measured turbidity
(left, blue) and pH (right, green) before and after addition of 100 mM
H2O2 fuel to the catalase/DEAE-dextran coacervate in water (� buffer)
or 100 mM Tris buffer (+ buffer). Error bars denote standard devia-
tions based on three replicates. Total macromolecule concentration is
0.25 mg/mL; catalase mass fraction 0.94; initial pH 9. (c) Photographs
of coacervate dissolution and bubble formation in water upon addition
of 100 mM H2O2 corresponding to ‘� buffer’ experiments in (b). (d)
Photographs of bubble formation but not coacervate dissolution in Tris
buffer corresponding to ‘+ buffer’ experiments in (b).

compare the transient pH increase in catalase/DEAE-dextran mix-
tures for two limiting cases—that of many micron-scale coacer-
vate droplets and a single macro-scale coacervate pellet prepared
by centrifugation (ESI Section 6†). Importantly, the composition
of each mixture is identical; they differ only in the spatial distri-
bution of the condensed phase. Upon addition of 100 mM H2O2,
the pH of the coacervate dispersion increases quickly with a char-
acteristic time scale t⇤ = 9.9±2.3 s (Fig. 5a,b; coacervate in solu-
tion). By contrast, the pH of the coacervate after centrifugation
increases more slowly with t⇤ = 19.1±2.4 s (Fig. 5a,b; pellet + su-
pernatant). For comparison, the transient pH increase for catalase
in solution without DEAE-dextran is statistically indistinguishable
from that of the coacervate dispersion (Fig. 5a,b; catalase in so-
lution, t⇤ = 6.9+ 1.0 s, effect sizes ESI Fig. S13). Catalase shows
similar activity for H2O2 decomposition when it’s incorporated in
micron-scale coacervate droplets as when it’s dispersed in solu-
tion (ESI Table SII and Section 6.4†).

These experimental observations are reproduced and explained
by a reaction-diffusion model that considers the diffusion of H2O2
into spherical coacervate droplets of radius a and its enzymatic
decomposition with a rate constant proportional to the local en-
zyme concentration (ESI Section 2.1†). The corresponding rates
of diffusion and reaction are balanced for a characteristic droplet
radius of a⇤ = 3(DH2O2

/kin
obs)

1/2, where DH2O2
is the diffusivity

of H2O2 inside the coacervate, and kin
obs is the rate constant for

H2O2 decomposition therein. Assuming a total macromolecule
concentration of 120 mg/mL in the condensed phase, the rate
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Fig. 5 Comparison of the transient pH increase for coacervates of two
different sizes. (a) Representative pH measurements as a function of
time for H2O2 decomposition by micron-scale coacervate droplets (coac-
ervate in solution) and by a macro-scale coacervate pellet obtained by
centrifugation (pellet + supernatant). For comparison, the transient pH
increase for ‘catalase in solution’ without DEAE-dextran and for the ‘su-
pernatant’ of the centrifuged dispersion are also shown. The initial pH is
9; the initial peroxide concentration is 100 mM; the catalase concentra-
tion is 0.224 mg/mL; the mass fraction of catalase is 0.94 for the mixed
samples. A control (only H2O2) shows no pH increase in the absence of
catalase. (b) Comparison of t⇤ values obtained from pH versus time data
of the type shown in (a). Error bars represent ±1 standard deviation
above/below the mean of replicates.

constant inside the coacervate is estimated to be kin
obs ⇠ 300 s�1

based on the observed value kobs = 0.51 s�1 for catalase in so-
lution and the measured fraction of catalase in the dilute phase.
Approximating the H2O2 diffusivity by the solution-phase value
DH2O2

= 1.4 ⇥ 10�9 m2/s, the reaction-diffusion length is esti-
mated to be a⇤ ⇠ 7 µm. This estimate is highly uncertain as the
reaction rate constant and the H2O2 diffusivity inside the coac-
ervate are not measured directly. Regardless of its precise value,
droplets larger than this length scale (a � a⇤⇠ 10 µm) experi-
ence diffusion limitations whereby H2O2 fuel does not reach the
drop interior but is rather consumed within a boundary layer of
thickness a⇤. Catalase present within the interior of large drops
is kinetically inaccessible thereby reducing the apparent rate of
peroxide decomposition and the accompanying pH increase (ESI
Fig. S3†).

Analysis of the model reveals that the apparent rate constant
for peroxide decomposition catalyzed by a dispersion of coacer-
vate droplets is well approximated as

kcoacervates
obs = kobs


f +(1� f )

✓
1

a tanh(3a)
� 1

a2

◆�
(4)

with kobs µ 1/t⇤ (ESI Section 2.1†). Here, f ⇡ 0.47 is the fraction
of catalase in the dilute phase, and a = a/a⇤ is the ratio between

the droplet radius a and the reaction-diffusion length a⇤. Consis-
tent with our experimental observations, the catalytic activity of
small coacervate droplets (a ⌧ a⇤) is indistinguishable from that
of catalase in solution—that is, kcoacervates

obs ⇡ kobs for a ⌧ 1 (ESI
Table SII and Section 6.4†). Figure 5 shows that the time scales t⇤

for ‘catalase in solution’ and ‘coacervates in solution’ are approxi-
mately equal for the small droplets used here (a < 1 µm; Fig. 5b,
ESI Fig. S12†).

By contrast, for a single large droplet (a � a⇤), equation (4) for
the apparent rate constant is well approximated as kcoacervate

obs ⇡
f kobs when a � (1� f )/ f . In this limit, only catalase present
in the dilute phase contributes appreciably to peroxide decom-
position; the vast majority of catalase present in the condensed
phase is kinetically inaccessible to the H2O2 fuel. Consistent with
this prediction, the measured time scales t⇤ for ‘pellet + super-
natant’ and for ‘supernatant’ alone are equal within the experi-
mental uncertainty (Fig. 5b and ESI Section 6.4†). Moreover, the
ratio between t⇤ for ‘coacervates in solution’ and for ‘pellet + su-
pernatant’ is 0.31±0.082, which is similar to the fraction of cata-
lase in the dilute phase f = 0.47 measured independently (cf. Fig.
5b and Fig. 3c). In addition to experimental uncertainty, the dis-
crepancy between these quantities may be caused by errors in the
measured catalase concentration due to incomplete separation of
the labelled enzyme from the unreacted fluorophore (ESI Section
6.4†).

Together, the results of Figure 5 suggest that the reaction-
diffusion length a⇤ is bounded between the sizes of the micron-
scale coacervate droplets and the macro-scale coacervate pellet:
1 µm ⌧ a⇤ ⌧ 1 mm. To narrow these bounds, we measure addi-
tional t⇤ values for coacervate solutions aged for different times
to promote the coarsening of larger drops (ESI Section 7†). Coac-
ervate solutions stirred for 4 hr to promote coarsening lead to
a slower pH increase upon addition of H2O2 as compared to
otherwise identical solutions aged without stirring for the same
time: t⇤ = 8.1± 2.0 s vs. 4.7± 1.6 s for stirred and unstirred so-
lutions, respectively. This difference is attributed to the presence
of larger droplet sizes in the stirred solutions as evidenced by
optical microscopy; however, significant polydispersity in the size
distribution prevented quantitative analysis. Subsequent centrifu-
gation of the stirred coacervate leads to a further increase in t⇤

to 14.2± 2.0 s. These results remain consistent with the above
order of magnitude estimate for the reaction-diffusion length,
a⇤ ⇠ 10 µm; however, the precise value remains uncertain.

According to the reaction-diffusion model, large coacervate
droplets (a � a⇤) support reaction-induced pH differences be-
tween the droplet interior and the surrounding solution (Fig. 6,
ESI Fig. S3†). Peroxide decomposition in the boundary layer near
the droplet surface results in the localized production of OH–

therein and a transient pH increase throughout the drop inte-
rior. Such local pH changes are expected to destabilize coacer-
vate droplets larger than a critical size. By contrast, pH varia-
tions within smaller droplets (a ⌧ a⇤) remain spatially uniform
due to the peroxide decomposition becoming increasingly reac-
tion limited with decreasing droplet size. For a closed system
(as in our experiments), the distinction between large and small
droplets does not alter the final outcome: the reaction-induced

6 | 1–10+PVSOBM�/BNF
�<ZFBS>
�<WPM�>




pH

9.0

10.3

[H
2O

2 
] (

m
M

)

0

100
a = 3.5 µm a = 14 µm

t = 0.4 s

a

Fig. 6 Computed profiles for H2O2 concentration (top) and pH (bottom)
in and around small (left) and large (right) coacervate droplets at time
t = 0.4 s after addition of H2O2. The parameters and conditions of the
reaction-diffusion model are chosen to match those of the experiments in
Fig. 5 (see ESI Section 2.1 and Fig. S3 for details†). For droplets smaller
than the reaction-diffusion length a⇤ = 7 µm, H2O2 diffuses through-
out the drop interior before being consumed by the reaction (top, left);
the local pH increase within the droplet is limited by diffusive exchange
with the surrounding solution (bottom, left). For large drops, peroxide
decomposition is localized near the drop interface (top, right), and the
local pH rises significantly within the drop interior (bottom, right).

pH increase causes coacervate dissolution. However, for an open
system maintained at constant H2O2 concentration and solution
pH, the model suggests that coacervate droplets will grow to a
characteristic size of order a⇤, above which the local pH increase
triggers droplet dissolution (ESI Section 2.2 and Fig. S4†).

Unfortunately, experiments designed to demonstrate reaction-
induced size control were inconclusive due to vigorous bubble for-
mation. Using external feedback control, we fix the solution pH
to a constant value by addition of acid to counteract the effects
of the enzymatic reaction. However, owing to the steady addi-
tion of peroxide fuel, the production of oxygen bubbles creates a
rapidly growing foam that sequesters much of the coacervate ma-
terial, which adsorbs at the gas-liquid interface. As a result, we
are unable to maintain the reaction conditions predicted to drive
coacervate dissolution and/or growth toward a stable size. Nev-
ertheless, the present experiments on the catalase system provide
useful insights in the design of future coacervate materials with
activity-induced size control.

General requirements for activity-induced size control
To summarize, the present approach for controlling the size of
active coacervate drops relies on the catalytic production of a
destabilizing species within the drop interior. The stability of the
dense phase must be responsive to this species (here, OH– ) such
that phase separation occurs only below a threshold concentra-
tion. The catalytic production of the destabilizing species should
exceed this threshold within large drops, for which the diffusive
removal of the species from the drop is slower than its reactive
production inside the drop. Based on the reaction-diffusion model
(ESI, Section 2†), the maximum stable drop size is proportional

to the characteristic length a⇤ over which reaction and diffusion
compete: a⇤ = 3(Din/kin)

1/2 where Din and kin are the diffusiv-
ity of the chemical fuel and the (first order) rate constant for its
consumption inside the coacervate drop.

Different chemistries with faster or slower reaction kinetics are
capable of stabilizing smaller or larger drops. For an enzyme-
polymer coacervate based on glucose oxidase,32 the catalytic ox-
idation of glucose produces gluconolactone, which hydrolyzes to
form gluconic acid, thereby lowering the pH and destabilizing
the coacervate. Under the reported conditions (pH 7.5), the rate
limiting step for the reaction-induced pH change is likely the hy-
drolysis reaction, which has a reported rate constant of ⇠0.05
min�1. 43 Assuming a typical diffusivity of 10�5 cm2/s, the corre-
sponding reaction-diffusion length is estimated to be a⇤ ⇠ 3 mm—
considerably larger than the ⇠10 µm estimated for the catalase
system. Additionally, the reaction-diffusion length depends on
the solute diffusivity inside the drop which may be influenced by
coacervate density and viscosity as well as the molecular interac-
tions with the solute.

In designing active coacervates, it is beneficial—but not strictly
necessary—that the reaction rate inside the drop be much faster
that its rate outside of the drop. If the concentration of chem-
ical fuel and destabilizing product are maintained constant out-
side of the droplet by an effective chemostat, the consumption of
fuel outside of the drop should not affect its behavior inside the
drop. In practice, however, it is desirable to limit the wasteful
consumption of fuel outside of the drop as to reduce the burden
on the chemostat. For transient experiments without a chemostat,
pseudo-steady conditions within the drop interior can be achieved
only when the reaction rate inside the drop is much faster than
that outside (ESI, Section 3†). When the destabilizing product dif-
fuses more slowly than the chemical fuel, these experiments may
enable transient “sculpting” of large coacervate drops, in which
locally destabilizing conditions are achieved for some time before
returning to stable conditions at long time (ESI, Section 3†). Such
behavior is not observed in the present system where the destabi-
lizing product (OH– ) diffuses faster that the fuel (H2O2).

Conclusions
We have shown how two-way coupling between complex coac-
ervation and enzymatic activity can enable negative feedback
control in active coacervate droplets. In this approach, an en-
zyme incorporated within the coacervate catalyzes the produc-
tion of chemical species that destabilize the condensed phase
causing the droplet to dissolve and thereby decelerating the lo-
cal reaction rate. In particular, we demonstrated that catalase
forms pH-responsive coacervate droplets with DEAE-dextran and
that catalase activity causes pH changes that destabilize those
droplets. Owing to fast enzyme kinetics within the condensed
phase, we hypothesize that catalase activity leads to local pH
changes in droplets larger than a critical size comparable to the
reaction-diffusion length. This hypothesis is supported indirectly
by reaction-diffusion models informed by experimental data on
the size-dependent activity of enzymatic droplets. Importantly,
such negative feedback between enzyme activity and coacervate
formation could allow for self-regulation of droplet size; how-
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ever, this capability has yet to be demonstrated. To realize size
control in active coacervate droplets, future studies would bene-
fit from open chemostat systems that maintain constant solution
conditions and from fast enzymatic reactions that alter coacervate
stability without bubble formation. In the current system, oxy-
gen bubbles present significant challenges in quantifying droplet
sizes in situ for nonequilibrium steady-states sustained by deliv-
ery of H2O2 and base. Nevertheless, the present experiments
and models demonstrate that active coacervates can be rationally
designed to enable negative feedback control using quantitative
knowledge of their reaction kinetics and phase behavior. Look-
ing forward, the realization of bioinspired materials with internal
control mechanisms based on destabilizing activity could be use-
ful in regulating material size, fuel consumption, and the rate of
material turnover.

Experimental
Materials
Materials were bought and used as received from commercial sup-
pliers. Catalase from bovine liver and diethylaminoethyl-dextran
hydrochloride (DEAE-dextran, Mw = 500 kDa) were purchased
from Sigma Aldrich. Alexa Fluor™ 488 NHS Ester (succinimidyl
ester) was purchased from ThermoFisher Scientific. Cytiva NAP-
25 columns were purchased from Fisher Scientific.

DpH as a function of pH and H2O2 concentration (Fig. 2)
Aqueous solutions of 100 mM H2O2 were adjusted to different
pH values (pH0) by addition of concentrated solutions of HCl or
NaOH (0.1–1 M). A stock solution of 1 mg/mL catalase was pre-
pared by dissolving catalase in 1 mM Tris at pH 7.5 followed by
filtration with a 0.2 µm surfactant-free cellulose acetate (SFCA)
membrane syringe filter. A fixed volume (164 µL) of the cata-
lase solution was added to 20 mL of the stirred H2O2 solution to
achieve a final catalase concentration of 8.1 µg/mL for the assay.
The final concentration of Tris in the 20 mL reaction solution is 8
µM due to the addition of 164 µL of catalase solution, prepared
with 1 mM Tris. The solution pH was measured every 1–3 s using
a pH electrode (InLab Pure Pro-ISM) connected to a pH meter
(SevenCompact S210) until the pH stabilized (pH•). Additional
control experiments measured the pH change caused by the addi-
tion of a 1 mM Tris solution without the enzyme. For each initial
pH, the assay and Tris control were performed in triplicate. For
Figure 2b, an aqueous solution of 200 mM H2O2 was initially pre-
pared and adjusted to pH 9 using concentrated solutions of HCl
or NaOH. H2O2 solutions at lower concentrations at a common
initial pH 9 were prepared by diluting the 200 mM H2O2 solution
with water adjusted to pH 9. The addition of enzyme to these
H2O2 solutions and subsequent pH measurements were done in
a similar fashion as described above.

Turbidity analysis as a function of mixing ratio (Fig. 3a)
A 0.5 mg/mL catalase solution was prepared by dissolving cata-
lase in 10 mM Tris at pH 9. After dissolution, the pH was read-
justed to 9 by addition of concentrated HCl or NaOH solutions
followed by filtration with a 0.2 µm SFCA syringe filter. A 0.5

mg/mL DEAE-dextran solution was prepared in the same way as
the protein. Varying amounts of these solutions were added to
384 well glass bottom plates to a final volume of 50 µL per well.
The path length in these turbidity measurements is estimated to
be 0.45 cm based on the ratio between the solution volume (50
µL) and the bottom area of each well (10.9 mm2). The total
macromolecule concentration was held constant at 0.5 mg/mL
for each mixing ratio. The catalase mass fraction in the wells
ranged from 0 to 1 in increments of 0.04 with each mass fraction
prepared in triplicate. Mixing was done by manual pipetting. Ab-
sorbance at 600 nm (A600) was measured using a Tecan Infinite
M200 Pro plate reader set to 25 �C. Turbidity was calculated us-
ing the formula: 1�T = 1�10�A600 where T is the transmittance
at 600 nm.

Turbidity analysis as a function of pH (Fig. 3b)

Solutions of 1 mg/mL catalase and DEAE-dextran were prepared
in 10 mM Tris at pH 8 as described above. The solutions were
then diluted to 0.25 mg/mL protein or polymer using 10 mM Tris
or 5 mM phosphate buffer with final pH adjustment by addition
of concentrated HCl or NaOH solutions. The 0.25 mg/mL cata-
lase solution at a specified pH was mixed with the 0.25 mg/mL
DEAE-dextran solution at the same pH at a mass fraction of 0.94
(940 µL catalase solution and 60 µL DEAE-dextran solution) in a
cuvette (1 cm path length). Samples at each pH were prepared
in triplicate and absorbance at 600 nm was measured 15 min and
1 h after mixing. Microscopy images of the mixtures were taken
15 min after mixing by removing 3.5 µL from the cuvette into
uncovered imaging chambers created using press-to-seal silicone
isolators on glass slides.

Fluorescent labeling of catalase (Fig. 3c)

A 1 mg/mL catalase solution was prepared in 50 mM phosphate
buffer at pH 7.5 followed by filtration with a 0.2 µm polyethersul-
fone (PES) filter. Alexa Fluor 488 NHS ester (1 mg/mL in DMSO)
was added to 40 mL of catalase solution to achieve a final dye
concentration of 79 µM corresponding to a molar ratio of 20:1
dye to catalase. The pH was readjusted to 7.5 by dropwise ad-
dition of concentrated NaOH. The mixture was incubated for 4 h
at 4 �C. The fluorescently labeled protein was separated from the
unreacted fluorophore and buffer exchanged into 10 mM Tris at
pH 9 using NAP-25 columns. The eluted fractions containing flu-
orescently labelled catalase were filtered again using 0.2 µm PES
filters. The concentration of the enzyme was calculated using ab-
sorbance measurements at 280 nm and 495 nm using the given
formula: A280(only enzyme) = A280(labeled enzyme solution)�
0.11A495(labeled enzyme solution). This formula calculates the
contribution of the unlabeled enzyme to the net absorbance of
the labeled enzyme solution at 280 nm. Using the reported rela-
tionship between the extinction coefficient of the dye at 280 nm
and 495 nm (e280 nm = 0.11e495 nm), the absorbance due to the
dye at 280 nm is subtracted from the net absorbance of the la-
beled enzyme solution at 280 nm. The obtained absorbance at
280 nm due to only the enzyme in the labeled enzyme solution
was compared to the calibration curve relating the measured ab-
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sorbance of the unlabeled enzyme at 280 nm to the concentration
of catalase. By assuming that all the catalase present in the eluted
and purified labeled enzyme solution is associated with the dye,
the above procedure was used to estimate the concentration of
catalase present in the labeled enzyme solution.

Catalase concentration in the dilute phase (Fig. 3c)

The fluorescently labeled catalase solution described above was
diluted to a final concentration of 0.5 mg/mL catalase using 10
mM Tris at pH 9. A 0.5 mg/mL solution of DEAE-dextran in 10
mM Tris at pH 9 was prepared as described above. The pH of
both solutions was adjusted to 9 using concentrated solutions of
HCl or NaOH. Labeled catalase and DEAE-dextran were mixed at
different ratios in 1.5 mL microcentrifuge tubes up to a total vol-
ume of 400 µL. The samples were then centrifuged at 13,000 rpm
for 30 min to separate the dilute phase from the dense coacervate
phase. 100 µL of the supernatant was removed into 384 well
glass bottom plates in triplicate, and A494 measurements were
taken (M200 Pro). The concentration of the fluorophore present
in the supernatant was quantified using a calibration curve for
pure Alexa Fluor dye at 494 nm. This wavelength was chosen
based on the reported optimum excitation wavelength of Alexa
Flour 488 NHS ester. This value was divided by the total con-
centration of Alexa Fluor present at that mixing ratio to give the
fraction of catalase present in the supernatant at that mixing ra-
tio. The total Alexa Fluor present at a particular mixing ratio was
calculated by multiplying the measured absorbance of 100 µL of
labeled catalase (in the absence of additional buffer or polyca-
tion) at 494 nm with the mass fraction of catalase at that mixing
ratio. As a control, this procedure was repeated with labeled cata-
lase mixed with just buffer at mixing ratios ranging from 0.6 to 1
mass fraction of catalase.

Coacervate dissolution in the presence of fuel (Fig. 4)

The pH of 2 M H2O2 solutions in water was adjusted to pH 9.
The concentration of prepared H2O2 solutions was checked by
measuring the A280 of the 2 M H2O2 solution diluted by a factor
of 20 (extinction coefficient of H2O2 at 280 nm is 4.2 M– 1cm– 1

as determined experimentally). The pH of this solution was de-
termined by measuring the absorbance of a small amount of the
solution (1 mL) at 600 nm in the presence of a known concen-
tration (0.01 mg/mL) of xylenol blue, a pH indicator. A 0.25
mg/mL catalase solution in water at pH 9 was made by diluting
a stock solution of 1 mg/mL catalase in water at pH 9 prepared
as described above. This solution was mixed with a 0.25 mg/mL
DEAE-dextran solution in water at pH 9 (prepared in a similar
manner) in a scintillation vial at a mass fraction of catalase of
0.94. The pH of the solution was measured every 1 s using an
InLab Pure Pro-ISM pH electrode connected to a SevenCompact
S210 pH meter with stirring at 400 rpm. H2O2 was added to
this solution to a final concentration of 0.1 M H2O2. The pH was
recorded until a stable reading was reached. The turbidity of this
solution before the addition of H2O2 and at the end of this assay
was measured by pipetting 1 mL of this solution into a cuvette
and measuring the A600 (in the absence of bubbles). As a control,

a similar assay was performed in 100 mM Tris pH 9 buffer.

Effect of phase separation on reaction rates (Fig. 5)

A 2 M solution of H2O2 in water was prepared and the pH was
adjusted to 9 using concentrated solutions of NaOH and HCl.
Xylenol blue, a pH indicator, was used to assess the pH of the 2
M H2O2 solution. MilliQ water adjusted to pH 9 was used to pre-
pare the 1 mg/mL catalase and 1 mg/mL DEAE-dextran solutions.
After filtration with 0.2 µ M SCFA syringe filters, the protein and
polymer solutions were individually diluted to a concentration of
0.25 mg/mL using water at pH 9. One trial included the prepara-
tion of 5 solutions with one of the solutions being split into two
parts, ultimately for a total of 6 reactions per trial. All 5 initial
solutions were made by diluting the same 1 mg/mL catalase and
1 mg/mL DEAE-dextran solutions. Hence, each trial consisted of
6 assays (or 6 reactions) wherein the pH of the solution was mea-
sured over time. In each assay, 2 M H2O2 was added such that
the final concentration of H2O2 at the beginning of each of the 6
assays was 0.1 M H2O2. Prior to the addition of H2O2, the pH of
each solution was re-adjusted to pH 9 in case there were minor
changes in the solution pH after mixing. For all of the 6 assays, an
InLab Pure Pro-ISM pH electrode connected to a SevenCompact
S210 pH meter was used. The pH was recorded every 1 s begin-
ning 30 s before the addition of H2O2 fuel until the pH stabilized
( 4 - 6 min after H2O2 addition).

For each of the first three out of the 5 solutions, a 20 mL mix-
ture was made by mixing 0.25 mg/mL catalase and 0.25 mg/mL
DEAE-dextran at 0.94 mass fraction of catalase. To solution 1,
H2O2 was added after mixing and the pH was recorded until the
pH stabilized (referred to as the coacervates in solution in Figure
5). Solutions 2 and 3 were centrifuged at 4000 rpm for 30 min
at room temperature. H2O2 was added to solution 2 directly af-
ter centrifugation (referred to as pellet + supernatant in Figure
5). Solution 3 was separated into individual phases after cen-
trifugation. The supernatant was separated from the dense phase
by pipetting and H2O2 was added to this isolated dilute phase
(referred to as the supernatant in Figure 5). To the remaining
pellet from solution 3, water at pH 9 was added to obtain a so-
lution of volume 20 mL. H2O2 at pH 9 was added to this pellet
immersed in water without further mixing (referred to as pellet in
ESI Fig. S11†). Solution 4 was made by mixing 0.25 mg/mL cata-
lase with water to obtain a 0.235 mg/mL catalase solution at pH
9 (equivalent to 0.94 mass fraction of catalase). H2O2 was added
to this solution after mixing (referred to as catalase in solution
in Figure 5). The fifth solution was obtained after centrifuging a
catalase solution with the same composition as solution 4. H2O2
was added to this solution 5 directly after centrifugation (referred
to as centrifuged catalase in ESI Fig. S11†). The final control ex-
periment involved the addition of 2 M H2O2 solution at pH 9 to
20 mL of water at pH 9 such that the final concentration of H2O2
in the solution was 100 mM. The pH was recorded for a period of
time equivalent to the time taken by the slowest assay to confirm
that the addition of H2O2 to the solution of water at an initial pH
of 9 leads to a negligible pH change. Each trial consisting of the
6 assays along with the control was repeated at least three times.
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