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Abstract: Electron tomography holds great promise as a tool for investigating the three-dimensional (3D) morphologies and 
internal structures of metal-organic framework-based protein biocomposites (protein@MOFs). Understanding the 3D spatial 
arrangement and density of proteins within protein@MOFs is paramount for developing synthetic methods to control pro-
tein spatial distribution within the crystals. In this study, we leverage the naturally occurring iron oxide mineral core of the 
protein horse spleen ferritin (Fn) as a contrast agent to directly observe individual proteins once encapsulated into MOFs by 
electron microscopy methods. Our methodology couples scanning electron microscopy, transmission electron microscopy, 
and electron tomography to garner a detailed 3D structural interpretation of the Fn@MOFs addressing the significant gaps 
in our understanding of protein spatial localization and aggregation. Our findings collectively reveal that adjusting the ligand-
to-metal ratios, protein concentration, and the use of denaturing agents alters how proteins are arranged, localized, and 
aggregated within MOF crystals. 

 

1. Introduction  

Enhancing protein stability and performance through encapsulation into synthetic hosts has led to the development of 
biocomposite materials, [1–6] with metal-organic frameworks (MOFs) emerging as promising candidates.[7,8] MOFs are 
porous crystalline materials comprised of metal ions or metal-containing clusters coordinated to polydentate organic 
linkers to form channels connected in one-, two-, or three-dimensions.[9–11] This modular architecture offers ample de-
sign space to tailor biohybrid materials for specific applications in biotechnology and biomedicine.[12–14] A significant 
challenge in optimizing the synthetic conditions for targeted protein@MOF crystals is the lack of detailed information 
on protein arrangement, localization, and aggregation at the individual protein level. This limitation hinders the ability 
to design synthetic methods to control protein@MOF crystallization mechanisms and properties such as catalytic activ-
ity, protective capacity, and stability.[8,12,15,16]  

The prevailing methods to assess protein spatial distribution in protein@MOFs involve indirect studies conducted after 
thermal calcination[17,18] or confocal laser scanning microscopy (CLSM) paired with fluorescent protein labeling.[7,15,19–

25] Although CLSM is a powerful tool for evaluating the overall protein spatial distribution, its spatial resolution is limited, 
and protein modifications can impact their localization.[15,26] Transmission electron microscopy (TEM) is a widely em-
ployed technique for examining the crystallinity, dynamics, and composition of MOFs with high spatial resolution.[27] 
However, the electron transparency of proteins encapsulated within MOFs has obstructed the direct observation of 
individual proteins.[25,28,29] As a result, scanning transmission electron microscopy (STEM) imaging and elemental map-
ping with energy dispersive X-ray (EDX) spectroscopy have been applied to visualize metalloproteins within MOFs by 
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detecting the metal-containing active site.[29–33] However, achieving resolution at the level of individual proteins has 
remained elusive.  

Here, we take advantage of the naturally occurring iron oxide mineral core in the protein horse spleen ferritin (Fn) to 
enable direct visualization of individual proteins in protein@MOF crystals by electron microscopy.[34,35] In a prior work, 
Chen et al. used Fn encapsulated into ZIF-8 (Fn@ZIF-8) to confirm protein encapsulation by TEM for their study on 
intracellular delivery.[36] Recently, Ouyang et al. demonstrated the direct TEM visualization of proteins encapsulated 
within porous hydrogen-bonded organic frameworks by labeling the proteins with Pt nanoclusters.[37,38] Despite these 
advances in direct TEM visualization of proteins encapsulated in porous frameworks, the detailed 3D arrangement and 
distribution of encapsulated proteins in these biohybrid materials have yet to be fully elucidated.  

Our approach employs the intrinsic iron oxide mineral core in the protein Fn as a contrast agent for encapsulation into 
MOFs, allowing for detailed spatial insights into protein distribution by SEM, TEM, and ET. This enabled the assessment 
and quantification of the 3D protein spatial localization and aggregation within protein@MOF crystals. The next major 
advances in protein immobilization would be the ability to rationally design hybrid biomaterials for novel, highly con-
trolled platforms capable of enhancing protein stability, performance, and recyclability based on the interfacial struc-
tures of the proteins used. Our method demonstrates a powerful strategy toward this goal where we show that protein 
distribution and aggregation can be tailored through manipulation in the synthetic strategy, laying the groundwork for 
more efficient advancements in the development of protein-based biohybrid materials. 

 

2. Results   

Strategy for Design of Fn@MOF Biocomposites 

The Fn@MOFs were synthesized using the biomimetic MOF crystallization approach (Figure 1).[7] Under this protein 
encapsulation approach, proteins with low isoelectric points (pI < 7) have been shown to play a crucial role in inducing 
MOF formation.[7,12,18] Horse spleen Fn is a globular protein composed of a 12 nm diameter protein shell (apoferritin, 
AFn) that houses a ~6-8 nm diameter densely-packed hydrated iron oxide mineral core in its cavity.[34,39] Horse spleen 
Fn was selected among the broad class of ferritin iron storage proteins because of its low isoelectric point (~5.0),[12] 
known stability to the electron beam,[35] and wide commercial availability. For the encapsulation of Fn, two distinct 
MOF carriers were selected: zeolitic imidazole framework-8 (ZIF-8) and Eu2(1,4-BDC)3(H2O)4 MOF (Eu-BDC). ZIF-8 was 
chosen as the primary candidate for ET studies due to its well-demonstrated capability as a protein carrier[12] and es-
tablished understanding of electron beam-sample interactions.[25,28] Eu-BDC was also selected due to its high atomic 
number lanthanide metal node, which allowed exploration into the limits of Fn visualization by electron microscopy 
within MOFs. 

Figure 1. Schematic representation of protein encapsulation via biomimetic MOF crystallization with the protein Fn. 

 

Characterization of Fn@MOF Biocomposites  

Research efforts on protein@MOFs have primarily focused on investigating ZIF-8 as the underlying MOF matrix.[12] ZIF-
8 is constituted by linking Zn(II) ions with deprotonated 2-methylimidazole (mIm) to form an extended structure of 
sodalite topology with pore cavities of 3.4 Å.[40] Previous studies of ZIF-8 biocomposites have demonstrated that distinct 
polymorphs, pseudopolymorphs, and amorphous precursor phases form during biomimetic MOF crystallization.[12] 
Through manipulation of the synthetic method, different ZIF-based material phases composed of Zn(II) and mIm have 
been identified outside of ZIF-8, including dia(Zn), ZIF-L, ZIF-C, ZIF-EC1, U12, and amorphous Zn(mIm)2.[15,41–43] Under-
standing the precise spatial distribution, localization, and aggregation of proteins within these different ZIF-based ma-
terial phases is crucial for optimizing their properties toward specific applications. To this end, Fn@ZIF-based biocom-
posites were formed with differing material phases by varying the ligand-to-metal ratio (70:1, 35:1, 17.5:1, 10:1, or 4:1) 
and Fn protein concentration (0.5 or 2.5 mg/mL). 
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PXRD analysis was employed to characterize the phase purity and topological identity of the Fn@ZIF-based biocompo-
sites formed at nominally low Fn concentrations (Figure 2a). For the biocomposites formed at ligand-to-metal ratios of 
70:1, 35:1, and 17.5:1, the recorded patterns exhibit sharp peaks that show agreement with the simulated pattern for 
ZIF-8 (Figure S1). For the biocomposites formed at lower ligand-to-metal ratios of 10:1 and 4:1, the recorded patterns 
show agreement with the simulated patterns for the polymorph dia(Zn) and the pseudopolymorph ZIF-CO3-1 (ZIF-C) 
(Figure S1). PXRD analysis was additionally employed for the Fn@ZIF-based biocomposites formed at higher Fn protein 
concentrations (Figure S2). For ligand-to-metal ratios of 70:1, 35:1, and 17.5:1, the experimental PXRD showed phase-
pure ZIF-8 formation. For the lower ligand-to-metal ratios of 10:1 and 4:1, PXRD showed ZIF-C formation with notable 
amorphous Zn(mIm)2 and ZIF-EC1 formation.[43] Lastly, the PXRD of 1:1 Fn@Eu-BDC (0.5 mg/mL) and 1:1 Eu-BDC (Figure 
S3a) showed the formation of poorly crystalline material matching previous reports.[7,44] Fourier Transform Infrared 
(FTIR) spectroscopy was next employed to confirm Fn loading (Figure 2b). For the Fn@ZIF-8, Fn@dia(Zn), and Fn@ZIF-
C, characteristic proteinaceous amide I and amide II bands were observed centered around 1660 and 1580 cm-1, re-
spectively.[45] Pure ZIF-8 and dia(Zn) are shown in Figure S4.  

The encapsulation efficiencies of the Fn@MOFs were next assessed to confirm that the biocomposites formed exhibit 
comparable phase-dependent encapsulation trends as previous reports that use differing protein systems.[26,42] To do 
so, the differences in the concentration of Fn in the supernatant before and after encapsulation were examined follow-
ing the linearized Bradford method.[46] As shown in Figure 2c, moderate to high encapsulation efficiencies (≥60%) were 
obtained for all the crystals formed at the differing ligand-to-metal ratios studied with low and high Fn protein concen-
trations. Notably, the Fn@ZIF-8 formed at higher ligand-to-metal ratios of 70:1 and 35:1 showed lower EE% compared 
to an intermediate ligand-to-metal ratio of 17.5:1. Additionally, the dia(Zn) polymorph and ZIF-C pseudopolymorph 
provided much higher protein loadings compared to ZIF-8 (with EE% ≥98%).  

Figure 2. Characterization of Fn@ZIF-based biocomposites. (a.) Experimental PXRD patterns of Fn@ZIF-8 (70:1, 35:1, 
and 17.5:1), 10:1 Fn@dia(Zn), and 4:1 Fn@ZIF-C formed at Fn protein concentrations of 0.5 mg/mL. (b.) FTIR spectra 
for Fn@ZIF-8 (70:1, 35:1, and 17.5:1), 10:1 Fn@dia(Zn), and 4:1 Fn@ZIF-C. Amide I and II bands from Fn are highlighted 
in grey. (c.) Encapsulation efficiencies of Fn@ZIF-based biocomposites formed at varying ligand-to-metal ratios (70:1, 
35:1, 17.5:1, 10:1, 4:1) and Fn concentrations (0.5 mg/mL and 2.5 mg/mL). Error bars = Standard Deviation (n = 10).  

 

Direct Observation of Surface-Bound Fn by SEM 

Using SEM, surface-bound Fn would be directly visualized due to the increased elastic scattering of the densely packed 
iron oxide mineral core housed within the hollow protein shell. Inspection of the SEM images on the crystals formed at 
low protein concentrations revealed high-contrast nanospheres (Figure 3). The nanospheres had average full-width 
half-max (FWHM) diameters of ~11 nm (Figure S12f), interpreted as originating from the iron oxide protein core. Rhom-
bic dodecahedron morphology was observed for the Fn@ZIF-8 formed at ligand-to-metal ratios of 70:1, 35:1, and 
17.5:1. For the 10:1 Fn@dia(Zn) crystals, a hexagonal sheet morphology was observed with Fn distribution along the 
sheets. For the 4:1 Fn@ZIF-C crystals, an irregular twinned granular morphology was observed as the predominant 
product with Fn on the crystal surfaces. A star-shaped sheet morphology was observed as a minor product with minimal 
Fn core observed on the surfaces of the crystals (Figure S7b). For the Fn@Eu-BDC, an irregular lamellar-bladed mor-
phology was observed with Fn observed on the crystal surfaces. As controls, SEM images were taken of 70:1 ZIF-8 
(Figure 4a) and 1:1 Eu-BDC (Figure S3b), and neither of the crystals showed the high contrast nanospheres observed 
for the Fn@MOF crystals. Further confirmation of Fn encapsulation was demonstrated using SEM-EDS, where Fe is 
observed in the EDS spectra for the biocomposites formed (Figure S5).  
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Figure 3. SEM images of (a.) 70:1 Fn@ZIF-8, (b.) 35:1 Fn@ZIF-8, (c.) 17.5:1 Fn@ZIF-8, (d.) 10:1 Fn@dia(Zn), (e.) 4:1 
Fn@ZIF-C, and (f.) 1:1 Fn@Eu-BDC formed at Fn concentrations of 0.5 mg/mL. Green boxes indicate regions imaged at 
higher magnifications. Orange arrows indicate where Fn iron oxide cores are directly visualized. Scale bars are 200 nm. 

 

SEM analysis of the biocomposites formed at high protein concentrations showed high-contrast nanospheres (Figure 
S6). Rhombic dodecahedron morphology was observed for all the Fn@ZIF-8 samples formed at high Fn concentration, 
where significant protein density was seen on the crystal surfaces (Figure 4c, Figure S6a-b). A sheet morphology was 
observed for the 10:1 Fn@ZIF-C crystals, with homogeneous and highly dense Fn observed throughout the surfaces 
(Figure S6c). A spherical morphology was also observed for the 10:1 Fn@ZIF-C synthetic condition as a minor product 
(Figure S7a), attributed to the ZIF-EC1 formed by PXRD.[42,43] For the 4:1 Fn@ZIF-C crystals, a granular morphology with 
high Fn core density was observed (Figure S6d). Although SEM analysis reveals surface-bound protein, SEM analysis 
cannot distinguish whether the proteins are surface-adsorbed or surface-localized.  

More rigorous evaluations of protein@MOFs utilize the surfactant sodium dodecyl sulfate (SDS) to remove surface-
adsorbed protein.53 The utility of this method was assessed on the 70:1 Fn@ZIF-8 biocomposites with Fn protein con-
centrations of 0 (control), 0.5, and 2.5 mg/mL (Figure 4). Sodalite topology is conserved for all the SDS-washed Fn@ZIF-
8 crystals (Figure S8a). After post-synthetic washing of the 70:1 ZIF-8 and Fn@ZIF-8 crystals with SDS, the edges of the 
{110} facets show signs of disassembly with a noticeable reduction in Fn core density observed for the biocomposites. 
Additional SEM-EDS was conducted on the 70:1 Fn@ZIF-8 crystals washed with SDS (Figure S8b), where the spectra 
showed diminished Fe, providing further evidence of protein removal. To understand whether the surfactant wash with 
SDS removed only surface-adsorbed proteins, the biocomposites were further analyzed by TEM. The TEM images of 
70:1 Fn@ZIF-8 (2.5 mg/mL) with and without SDS washing (Figure 5a, Figure S9) revealed the removal of surface-ad-
sorbed and encapsulated surface-localized proteins, as well as signs of MOF support degradation. This constitutes the 
first direct evidence of surfactant removal of surface-encapsulated proteins in protein@MOFs crystals. This direct visu-
alization of Fn in Fn@MOFs enables control over surface-adsorbed protein contribution and prevent encapsulated pro-
tein removal. 

Figure 4. SEM images of (a.) 70:1 ZIF-8, (b.) 70:1 Fn@ZIF-8 (0.5 mg/mL), (c.) 70:1 Fn@ZIF-8 (2.5 mg/mL), (d.) 70:1 ZIF-
8 (post-SDS wash), (e.) 70:1 Fn@ZIF-8 (0.5 mg/mL, post-SDS wash), (f.) 70:1 Fn@ZIF-8 (2.5 mg/mL, post-SDS wash). 
Green boxes indicate regions imaged at higher magnifications. Orange arrows indicate where Fn iron oxide cores are 
visualized. Scale bars are 200 nm. 
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Direct Observation of Fn Localization by Dry-CryoTEM 

Previous studies on MOFs have noted electron beam damage effects at nanometer length scales due to knock-on dam-
age, local heating, and radiolysis, which limits the resolution achievable in electron microscopy and tomography exper-
iments.[48–53] Dry-cryogenic electron microscopy and tomography techniques (dry-cryoEM and dry-cryoET) were em-
ployed to overcome this challenge.[54,55] Surface-localized protein was observed for the Fn@ZIF-8 crystals formed at low 
Fn concentrations (Figure 5a-c). As the ligand-to-metal ratio decreased, increased aggregation and surface-localized 
density of the Fn iron oxide cores was observed. For Fn@dia(Zn) and Fn@ZIF-C crystals, compact and evenly distributed 
Fn protein cores were observed (Figure 5d-e). Lastly, the Fn@Eu-BDC crystals had uniformly distributed Fn cores in the 
lamellar sheets (Figure 5f).  Dry-cryoTEM preparation allowed us to observe minor phases (Figure S10). For the 35:1 
Fn@ZIF-8 synthetic condition, sheets with minimal Fn core incorporation and amorphous material with high Fn core 
density were observed. For the 17.5:1 Fn@ZIF-8, minor crystals formed with significant macropores. Finally, for the 4:1 
Fn@ZIF-C, a star-shaped morphology was observed with low Fn density.  

Figure 5. Dry-cryoTEM images of (a.) 70:1 Fn@ZIF-8, (b.) 35:1 Fn@ZIF-8, (c.) 17.5:1 Fn@ZIF-8, (d.) 10:1 Fn@dia(Zn), (e.) 
4:1 Fn@ZIF-C, and (f.) 1:1 Fn@Eu-BDC formed at Fn concentrations of 0.5 mg/mL. Green boxes indicate regions imaged 
at higher magnifications. Orange arrows indicate where Fn iron oxide cores are visualized. White arrows indicate 15 
nm gold fiducial markers. The scale bars are 200 nm. 
 

The differing spatial localizations and distribution patterns observed for the Fn@ZIF-based biocomposites prompted us 
to explore their pH-triggered release profiles (Figure S11).  A major requirement for protein delivery systems is the 
efficient release of the encapsulated protein cargos after internalization under physiologically acidic conditions.[36,56] 
We examined the time-dependent release profiles of Fn at pH 5.5 conditions to understand how each different material 
phase releases protein cargo. For all the biocomposites formed at low protein concentrations, the Fn@ZIF-C showed 
the highest rate of dissolution with 100% of the Fn released after 90 min.  An intermediate dissolution rate was observed 
for the 10:1 Fn@dia(Zn) biocomposite, with 78% of Fn released after 180 min. The slowest rates of dissolution were 
observed for the 70:1 and 35:1 Fn@ZIF-8 biocomposites, with only ~60% Fn release after 180 min. Notably, the 17.5:1 
Fn@ZIF-8 sample had much faster dissolution compared to the other Fn@ZIF-8 biocomposites, where 100% dissolution 
was observed after 150 min. In combination with our direct TEM visualization of the Fn protein cores, we show that 
lower ligand-to-metal ratios produce Zn(mIm)2 crystalline material phases (e.g., Fn@dia(Zn) and Fn@ZIF-C) with spa-
tially uniform protein densities compared to the higher ratios, which resulted in Fn@ZIF-8 crystals with surface-localized 
protein. Of these Zn(mIm)2 material phases, Fn@dia(Zn) provides much higher stability under acidic conditions com-
pared to Fn@ZIF-C. For the Fn@ZIF-8 biocomposites, much higher stability is conferred to the crystals formed under 
high ligand-to-metal ratios of 70:1 and 35:1 compared to the intermediate ratio of 17.5:1. We attribute this difference 
the observed pores throughout the crystals in the 17.5:1 Fn@ZIF-8, where the defective MOF crystals leads to lower 
acid stability compared to the crystals with higher crystallinity.[25,42] 

To determine the size distribution of the Fn iron oxide core, vitreous cryoTEM samples of neat Fn were prepared (Figure 
6a). The cryoTEM images of Fn revealed high-contrast nanospheres with average FWHM diameters of ~7 nm (Figure 
S12d). Analysis of the Fn iron oxide cores in the TEM images of the 70:1 Fn@ZIF-8 crystals displayed a similar size 
distribution to the neat Fn (Figure S12e). Both neat Fn and Fn@ZIF-8 crystals exhibited variations in core sizes due to 
differences in Fe content.[34,39] The TEM images of the analogous surface-adsorbed 70:1 Fn-on-ZIF-8 displayed surface-
attached protein, with the entire iron oxide core observable over the ZIF-8 crystals (Figure 6b). The nanospheres in the 
SEM and TEM images were validated using small-angle X-ray scattering (SAXS) (Figure 6c). The SAXS data for 70:1 
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Fn@ZIF-8 (2.5 mg/mL) exhibited a broad peak at q-values between 0.06 and 0.1 A-1 (~9 nm) absent in the 70:1 ZIF-8 
control, indicating the presence of nanostructures within the Fn@ZIF-8 crystals attributed to the Fn core.  Furthermore, 
the biocomposites of horse spleen apoferritin (aFn) were formed, which lacks the iron oxide mineral core.[39] By PXRD, 
the peaks in the formed 70:1 aFn@ZIF-8 (2.5 mg/mL) crystals matched the simulated pattern for ZIF-8 (Figure S13). The 
TEM images of the aFn@ZIF-8 crystals revealed surface-localized mesopores, approximately 8-20 nm in size, with no 
observation of high-contrast nanospheres (Figure 6d). These mesopores were attributed to the hollow spherical core, 
approximately 8 nm in diameter for aFn.[34] Without visualization of the Fn core in the Fn@ZIF-8 crystals, it would be 
challenging to confidently conclude that the pores come from the hollow aFn cavity. The SEM images of the aFn@ZIF-
8 crystals did not show high-contrast nanospheres, in contrast to the Fn@ZIF-8 crystals (Figure 6e). Additional SEM-EDS 
analysis confirmed the absence of Fe in the aFn@ZIF-8 biocomposite, providing further evidence of the lack of an iron 
oxide core in the aFn@ZIF-8 crystals (Figure 6f).    

Figure 6.  (a.) CryoTEM image of neat Fn. (b.) TEM image of 70:1 Fn-on-ZIF-8 (2.5 mg/mL). (c.) SAXS patterns of ZIF-8 
(bottom) and 70:1 Fn@ZIF-8 (2.5 mg/mL) (top). (d.) TEM image of 70:1 aFn@ZIF-8 (2.5 mg/mL). (e.) SEM image of 70:1 
aFn@ZIF-8 (2.5 mg/mL). (f.) Experimental EDS spectra of 70:1 Fn@ZIF-8 (bottom) and 70:1 aFn@ZIF-8 (top). Green 
boxes indicate regions imaged at higher magnifications. White arrows indicate areas where surface mesopores are ob-
served. Orange arrows indicate where Fn iron oxide cores are visualized.  Scale bars are 200 nm. 

 

3D Visualization of Fn Distribution by Dry-CryoET  

While conventional TEM provides 2D images of specimens, ET provides 3D data and allows for cross-sectional data 
reconstructions, enabling more profound insights into the internal structures of the specimens. To minimize structural 
damage and mass loss caused by radiolysis, cryogenic-temperature ET was employed.[48,51,52,57] Dry-cryogenic prepara-
tion was used to obtain better signal-to-noise images than conventional solvated cryoTEM.[54,55] The dry-cryoET exper-
iments were performed on 70:1 Fn@ZIF-8 crystals formed at low and high protein concentrations, as they produced 
the smallest and most size-homogeneous Fn@ZIF-8 crystals ideal for ET. Figure 7 and Movies S1 and S6 show repre-
sentative cross-sections of the crystals. These cross-sections reveal surface-localized and surface-bound Fn on both 
rhombic dodecahedron crystals formed at low and high protein concentrations. Significant observation of partially ex-
posed surface-localized Fn is observed in both crystals (Figure 9a, c). 

Figure 7. Representative cross sections of (a.) 70:1 Fn@ZIF-8 (0.5 mg/mL) and (b.) 70:1 Fn@ZIF-8 (2.5 mg/mL) from 
dry-cryoET. Scale bars are 200 nm.  
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Noticeable Fn aggregation was observed on the surface of the crystal formed at lower protein concentrations in the 3D 
volume representations (Figure 8a-b, Movie S2). The Fn aggregates observed outside the MOF crystal are attributed to 
surface-adsorbed protein or surface-attachment of amorphous Zn(mIm)2 phases with high Fn density. The crystal 
formed at higher protein concentrations exhibits more uniformly surface-localized Fn aggregates and areas with signif-
icant macropores. These macroporous regions with reduced Fn localization are evident in the 3D volume representation 
and the TEM image of the crystal formed at high Fn concentrations (Figure 8c-d, Movie S7). 

Figure 8. 3D volume representation of the reconstructed (a.) 70:1 Fn@ZIF-8 (0.5 mg/mL) and (c.) 70:1 Fn@ZIF-8 (2.5 
mg/mL). Dry-state cryoTEM images of crystals chosen for dry-cryoET: (b.) 70:1 Fn@ZIF-8 (0.5 mg/mL) and (d.) 70:1 
Fn@ZIF-8 (2.5 mg/mL) with exposure times for image acquisition of 0.3 s. Scale bars are 200 nm.  

 

An aggregate of Fn@ZIF-8 crystals formed at low protein concentrations was also assessed by dry-cryoET (Figure 9b, 
Movie S5). TEM images and representative cross-sections of the aggregate of crystals are shown in Figure S14. Analysis 
of the 8 MOF crystals confirmed surface-localized protein and aggregation on and between ZIF-8 crystals. Notably, 
smaller crystals (<100 nm) exhibited uniformly distributed Fn throughout the MOF crystal (Figure 9bi). Mesopores were 
observed in the larger crystallites (~200 nm), where precise Fn localization is observed (Figure 9cii).  

Figure 9. Analysis of cross-sections for the (a.) 70:1 Fn@ZIF-8 (0.5 mg/mL) crystal, (b.) aggregate of 70:1 Fn@ZIF-8 (0.5 
mg/mL) crystals, and (c.) 70:1 Fn@ZIF-8 (2.5 mg/mL) crystal. Yellow boxes indicate regions of interest with overlaid 
cartoons of Fn protein structures. Scale bars are 200 nm unless otherwise noted. 

 

Dry-cryoET was attempted on the 10:1 Fn@dia(Zn) and 4:1 Fn@ZIF-C crystals formed at low protein concentrations to 
explore their protein spatial distribution and extent of aggregation. However, these different Fn@ZIF-based material 
phases demonstrated much greater beam sensitivity in comparison to Fn@ZIF-8 crystals, which would require more 
sensitive detectors or optimized imaging conditions for comprehensive ET analysis. Instead, the spatial distribution of 

proteins in the Fn@dia(Zn) and Fn@ZIF-C crystals was analyzed using limited tilts (-30, 0, and +30). As illustrated in 
Figure S15, both Fn@dia(Zn) and Fn@ZIF-C crystals displayed homogeneous spatial distribution where the Fn core was 
observed throughout the crystals with substantial protein aggregation.  

The ET data enabled the quantification of protein spatial location and aggregation (Figure 10). Here, an in-house Matlab 
script was developed to classify protein location in the protein@MOF crystals as external, surface, or internal based on 
the relative location of the Fn cores to the MOF crystal surface. The Fn cores are defined as external when the core 
centers are distances > 6 nm outside the MOF crystal surface, surface-bound if within < 6 nm relative to the MOF crystal 
surface, and internal if > 6 nm inside the MOF crystal surface (details in SI). By this definition, surface-bound proteins 
have some portion of the protein residing under the crystal surface and, therefore, partially trapped within the MOF 
crystal lattice. In contrast, external and internal proteins are fully exposed or encapsulated. The ferritin spatial location 
analysis (Figure 10a, c) reveals that most of the encapsulated Fn in both 70:1 Fn@ZIF-8 crystals, irrespective of protein 
concentration during synthesis, are surface-exposed (>60%). The 70:1 Fn@ZIF-8 crystal formed at high Fn concentra-
tions has slightly more internal Fn, while the one formed at lower Fn concentrations has significantly more external Fn. 
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Protein aggregation was next assessed by qualifying the clustering of the Fn cores. A cluster is defined as a group of Fn 
cores with a center-to-center Fn core distance of ≤ 12.5 nm. Clusters with no adjacent Fn are defined as isolated (details 
in SI). The ferritin aggregation analysis (Figure 10b, d) reveals significantly more aggregation (determined by clustering 
size) in the 70:1 Fn@ZIF-8 (0.5 mg/mL) crystal and higher amounts of small clusters (size ranges < 11) in 70:1 Fn@ZIF-8 
(2.5 mg/mL) crystal.  

Figure 10. 3D volume representation of dry-cryoET reconstruction showing the Fn core spatial location and MOF crystal 
surface for the (a.) 70:1 Fn@ZIF-8 (0.5 mg/mL) and (c.) 70:1 Fn@ZIF-8 (2.5 mg/mL) crystals. Internal Fn (purple spheres) 
distances are > 6 nm outside of the MOF crystal surface, surface Fn (teal spheres) distances are < 6 nm relative to the 
MOF crystal surface, and internal Fn (yellow spheres) distances are > 6 nm inside of the MOF crystal. 3D volume repre-
sentation of dry-cryoET reconstruction showing the Fn core aggregation and MOF crystal surface for the (b.) 70:1 
Fn@ZIF-8 (0.5 mg/mL) and (d.) 70:1 Fn@ZIF-8 (2.5 mg/mL). Isolated Fn cores are represented as dark yellow spheres, 
clusters of 2 as orange spheres, clusters of 3 as pink spheres, clusters consisting of 4-10 proteins as purple spheres, and 
clusters of 11+ proteins as blue spheres. The 70:1 Fn@ZIF-8 (0.5 mg/mL) reconstruction contained 1573 segmented Fn 
cores, and the 70:1 Fn@ZIF-8 (2.5 mg/mL) reconstruction contained 843 segmented Fn cores. Scale bars are 200 nm. 

 

3. Discussion 

In recent years, a new paradigm has emerged for understanding how proteins impact the crystallization of metal-organic 
frameworks.[58] Our group contributed toward this effort by using lattice-resolution cryoTEM to study the nucleation 
and growth of ZIF-8 crystals in the presence of the protein bovine serum albumin (BSA).[28] Subsequent work by Wu et 
al. used cryoET and molecular simulation to explore mesopore formation that arose from encapsulating glucose oxidase 
(GOx) in ZIF-8 and an amorphous ZIF-8 precursor phase.[22] Recent work by Tong et al. investigated GOx@ZIF-8 crystals 
that underwent different crystallization pathways with atomic-scale resolution.[25] These investigations into pro-
tein@MOF crystallization pathways and outcomes led to detailed correlations between synthetic conditions and prop-
erties. However, our limited understanding of the precise spatial localization and distribution patterns of proteins em-
bedded with the MOF crystals challenges our ability to control crystallization pathways and protein properties predic-
tively. To address this challenge, we leveraged the intrinsic iron oxide mineral core within Fn as a contrast agent to 
directly visualize individual Fn proteins using electron microscopy methods. It is important to note that proteins with 
different properties than Fn may influence alternative MOF crystallization pathways and protein spatial distributions. 
However, due to the number of parameters that may be adjusted to form protein@MOF crystals (ligand-to-metal ratio, 
protein surface charge, precursor concentrations, addition of chemical additives, or post-synthetic workup procedure), 
we believe that Fn serves as a functional system to explore how these conditions can control protein spatial localization 
and distribution patterns. Further, this is key for understanding generalizable crystallization mechanisms and developing 
models that can predict the formation mechanisms and properties of new protein@MOF biocomposites.  

The SEM analysis on the Fn@MOFs provided direct evidence of surface-bound proteins. We utilized this direct protein 
core visualization to investigate the impact of post-synthetic SDS surfactant washing. Our findings indicated that the 
commonly employed surfactant wash removed surface-adsorbed protein, albeit with significant MOF support degrada-
tion and partial removal of proteins encapsulated near the surface of the MOF crystals. This is important to highlight, 
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as it can lead to inaccurate assessments of the encapsulation efficiencies and activities in protein@MOFs.[7,21,42,45] These 
results indicate that significant optimization must be performed to remove surface-adsorbed protein without removing 
surface-localized protein and degrading the MOF support.  

We next analyzed the Fn@MOFs using TEM and observed significant protein spatial distribution variations for the crys-
tals formed. TEM analysis of the Fn@ZIF-based biocomposites revealed that lower ligand-to-metal ratios produce 
Zn(mIm)2 crystalline material phases (e.g., Fn@dia(Zn) and Fn@ZIF-C) with spatially uniform protein densities compared 
to the higher ratios, which resulted in Fn@ZIF-8 crystals with surface-localized protein. Using controlled-dose dry-cry-
oET, we obtained a direct 3D visualization of protein@MOFs with individual protein resolution. Our ET quantification 
revealed that most proteins embedded into the ZIF-8 crystal are partially exposed on the crystal surface. This supports 
previous work from Pan et al., who proposed partially exposed surface protein encapsulation from site-directed spin 
labeling combined with electron paramagnetic spectroscopy data for lysozyme@ZIF-8 crystals.[59] Additionally, previous 
studies on enzyme@ZIF-8 crystals have reported activity in cases where the MOF pore apertures are too narrow to 
enable substrate access.[23,60,61] Recently, Tong et al. attributed this activity to amorphous phases and coordination de-
fects throughout the ZIF-8 crystal, allowing for larger pores for the substrates to access.[25] Our dry-cryoET analysis 
suggests that partially exposed surface encapsulated protein may also add to the enabled catalytic activity previously 
observed if the enzyme active site is partially or fully exposed on the MOF crystal surfaces. 

Cross-sections obtained by ET revealed the existence of Fn protein aggregates that span the surface of the ZIF-8 crystals, 
regardless of whether the crystals were formed under low or high protein concentrations. We quantified higher clus-
tering or greater extents of protein aggregation in the Fn@ZIF-8 crystal formed at lower protein concentrations and 
more homogenous aggregation in the crystal formed at higher protein concentrations. Understanding protein aggrega-
tion is vital, as it can impact protein stability and catalytic activity through limitations in substrate mass transfer, spatial 
confinement, and denaturation from protein-protein interactions due to encapsulation.[19,62,63] Therefore, the ability to 
directly resolve individual proteins and quantify protein aggregation in protein@MOFs is paramount for characterizing, 
quantifying, and mitigating these effects. Additionally, the ET cross-sections of the Fn@ZIF-8 crystal formed at high Fn 
concentrations showed significant macroporous areas with diminished Fn density. This contradicts previous hypotheses 
that protein aggregation causes rough MOF surfaces and hierarchical pore formation.[17] We previously attributed this 
macropore formation to possible aggregation and crystallization of irregular amorphous phases.[28] However, the 
smooth pore surfaces and lack of Fn indicate alternative crystallization mechanisms. These collective insights gained by 
ET studies and quantification are fundamental to our future understanding of how proteins control and influence the 
crystallization pathways of MOFs. 

The ferritin superfamily is a class of iron storage proteins that can incorporate up to ~4500 Fe atoms inside their hollow 
protein nanocavities.[64] 

 

4. Conclusion 

This methodology demonstrates that using horse spleen Fn as a representative protein for encapsulation into MOFs 
allowed us to achieve individual protein core resolution in our SEM, TEM, and ET analysis. With direct visualization of 
the Fn protein cores, we were able to develop holistic 2D and 3D interpretations and quantification of where the pro-
teins spatially lie in the MOF crystals. This work highlights the fundamental connection between protein spatial locali-
zation and aggregation and the ZIF-based material phases formed under various synthetic conditions (e.g., ligand-to-
metal ratio and protein concentration). These results provide essential insights for future research that relies on a com-
plete structural understanding of protein@MOF biocomposites and aims toward understanding protein spatial location 
and aggregation during the assembly mechanisms of protein@MOF crystals. Our methodology offers a simple approach 
for efficient advancements in developing protein-based biohybrid materials. Notably, the Fn protein scaffold is highly 
amenable to genetic and chemical modification, enabling investigations into how protein-MOF interfaces can be tuned 
to elucidate how these factors influence protein spatial location, distribution, and aggregation. The methodology pre-
sented here can be applied more broadly to other protein immobilization approaches. 

 

5. Methods Section 

Materials 

All chemicals and reagents were purchased from commercial sources and used without further purification. Ferritin (Fn, 
Equine Spleen) apoferritin (aFn, Equine Spleen), zinc acetate dihydrate (Zn(OAc)2·2H2O, ≥98%), 2-methylimidazole 
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(HmIm, 99%), terephthalic acid (98%), sodium dodecyl sulfate (SDS, ≥99%), were purchased from Sigma-Aldrich. The 
Coomassie Plus (Bradford) assay reagent, 96-well plates, and europium chloride hexahydrate (EuCl3.6H2O, 99%) were 
purchased from Fischer Scientific/Pierce. Ultrapure water was used as the solvent for all aqueous solutions and was 
obtained through a Millipore Milli-Q water purification system (ρ > 18 MΩ cm). 

Synthesis of Fn@ZIF-Based Biocomposites and aFn@ZIF-8  

In a typical synthesis,  0.5 mL of an aqueous solution with a given protein concentration (0.5 mg/mL or 2.5 mg/mL) was 
added into a 0.5 mL aqueous solution of a given concentration of HmIm (120 mM, 400 mM, 700 mM, 1400 mM, 2800 
mM), and vortexed for 10 s. A 1.0 mL aqueous solution of Zn(OAc)2·2H2O (40 mM) was added to the combined protein 
and HmIm solution, then the overall mixture was vortexed for 10 s and aged under static conditions for 22 h at room 
temperature. The resulting precipitate was recovered by centrifugation at 10,000 rpm for 10 min and subjected to cen-
trifugation-wash cycles three times using Milli-Q water. For SDS-washed biocomposites, the purified ZIF-8 or Fn@ZIF-8 
samples (i.e., washed with water 3x) were immersed into a 10% w/w SDS solution (2 mL) for 15 min to remove the 
surface-adsorbed protein. The resulting solids were recovered by centrifugation, then subjected to centrifuge-wash 
cycles with water (2 mL, 3x) and ethanol (2 mL, 3x) to remove residual surfactant.  

 

Characterization 

Dry-Cryogenic Transmission Electron Microscopy (Dry-CryoTEM) 

Lacey carbon grids were purchased from Electron Microscopy Sciences and used as received. Grids were glow dis-
charged for 75 s to increase hydrophilicity before sample preparation. Vitrification was conducted using an Automatic 
Plunge Freezer ME GP2 (Leica Microsystems). Grid preparation was performed by applying 3 µL of the sample at ambi-
ent humidity, and the grids were blotted for 6 s prior to plunging into liquid propane. The dry-cryogenic conditions allow 
for minimized beam damage, and the low humidity and long blotting time remove the water layers from around the 
MOFs, resulting in better signal-to-noise images than conventional solvated cryoTEM.[54,55] Dry-cryoTEM samples were 
placed into a Gatan cryoTEM holder and imaged on a JEOL 2100F TEM using a Schottky-type field emission gun operat-
ing at 200 kV. Images were recorded using Serial EM software and a Gatan OneView CMOS camera at 4k × 4k resolution.  

Dry-State Cryogenic Electron Tomography (Dry-CryoET) 

The dry-cryoET samples of the Fn@ZIF-8 crystals were prepared by following the procedure for dry-cryoTEM with one 
addition: lacey carbon grids were first dry-loaded with 1 μL of 15 nm gold fiducial marker solution. The tomographic tilt 
series were acquired between ±65° using 2° increments. The acquisition was conducted at a magnification of 30,000× 
using Serial EM software at a defocus value of -3 μm. During the tilt series acquisition, an electron flux of 1.09 e–·Å–2·s–

1 was applied with an exposure time of 0.3 s/frame, resulting in a cumulative dosage of ~42.8 e–·Å–2. Before the dry-
cryoET experiments, a dose series was acquired up to ~82.5 e−Å−2, showing no significant beam damage on the Fn@ZIF-
8 crystals or Fn cores under such a cumulative dose. The tilt series were aligned based on the automated tracking of 15 
nm gold fiducial markers,[65] and the reconstruction was conducted with IMOD software using SIRT with 5 iterations.[66] 
The reconstructed data was manually segmented using IMOD[67] and visualized using UCSF Chimera[68] software.  

Scanning Electron Microscopy (SEM) 

Scanning electron microscopy images were acquired using an FEI Magellan 400 XHR system. Energy dispersive spectro-
scopic (EDS) images were obtained using the same SEM system with an equipped EDS detector (Oxford Instruments, 80 
mm2, with Aztec software). Before SEM imaging, samples were drop-cast on an aluminum stub using conductive carbon 
tape and sputter-coated with ~4 nm iridium (Quorum Q150T) to prevent charging. 

Powder X-ray Diffraction (PXRD)  

PXRD patterns were acquired using a Rigaku SmartLab X-ray diffractometer utilizing X-rays generated at 40 kV and 44 
mA with Cu Kα irradiation (λ = 1.5418 Å) while in Bragg−Brentano mode using zero background plates. Results were 
plotted with background subtraction using IGOR software. 

Fourier Transform Infrared (FTIR) Spectroscopy  

FTIR spectroscopy was conducted on the Jasco FT/IR-4700 spectrophotometer equipped with the ATR monolithic dia-
mond sampling stage. The FTIR spectra were recorded in the 4000–400 cm-1 spectral range using 128 scans at a spectral 
resolution of 4 cm-1. Samples prepared for FTIR analysis were prepared by following the procedure for synthesizing the 
Fn@ZIF-based biocomposites with the following modification. After immersion into the SDS solution, the resulting sol-
ids were recovered by centrifugation, then subjected to centrifuge-wash cycles with water (2 mL, 6x) to remove residual 
surfactant and avoid phase transitions that would result from washing with ethanol.[42] 
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Protein Encapsulation Efficiency Determination 

The linearized Bradford method[46] was used to assess the concentration differences of proteins in the supernatant 
before and after encapsulation to evaluate the amount of loaded protein within the biocomposites. The estimated 
percent encapsulation efficiency (EE%) was averaged across ten independent analyses. Briefly, 20 μL of the sample was 
added to a 96-well plate, followed by 200 μL of 2.5-fold diluted Coomassie Assay Reagent. The mixed solution was 
incubated for 5 min, and then the absorbance of the solution was measured at 450 nm and 590 nm using a UV-vis 
spectrophotometer. The concentration of the proteins in the supernatants is proportional to the absorption strength at 
590 nm divided by the absorption strength at 450 nm.[46] 

Protein Release Profiles  

The Fn release experiments were performed following a modified cumulative release method.[42] The Fn release profiles 
were conducted on the Fn@ZIF-8 (70:1, 35:1, and 17.5:1), 10:1 Fn@dia(Zn), and 4:1 Fn@ZIF-C biocomposites formed 
at protein concentrations of 0.5 mg/mL. Briefly, 2.0 mg of the obtained ZIF-based biocomposites were dispersed in citric 
acid buffer solution (1.0 mL, 100 mM, pH 5.5) and vortexed for 3 s. After specific times of incubation, the solutions were 
vortexed for 3 s and then centrifuged at 10,000 rpm for 1 min. Then, 20 μL of the supernatant was added to a 96-well 
plate and replaced with an equal amount of the citrate acid buffer solution. Afterwards, 200 μL of 2.5-fold diluted 
Coomassie Assay Reagent was added to the 20 uL of supernatant. The mixed solution was incubated for 5 min, and then 
the absorbance of the solution was measured at 450 nm and 590 nm using a UV-vis spectrophotometer. The concen-
tration of the proteins in the supernatants is proportional to the absorption strength at 590 nm divided by the absorp-
tion strength at 450 nm.[46] The cumulative release profiles were calculated as a function of time and were repeated 10 
times.  

 

Statistical Analysis 

The spatial distribution analysis of the Fn cores in the dry-cryoET reconstructions was performed using in-house Matlab 
scripts. Analysis was performed on the position of the Fn cores in the two dry-cryoET reconstructions for the Fn@ZIF-8 
crystals. The 70:1 Fn@ZIF-8 (0.5 mg/mL) reconstruction (Figure 8a) contained 1573 segmented Fn particles, and the 
70:1 Fn@ZIF-8 (2.5 mg/mL) reconstruction (Figure 8c) contained 843 segmented Fn particles. The Fn particles were 
labeled using distance-to-surface analysis and clustering analysis (full details in SI). The results are expressed as per-
centages in Figure 10 with absolute numbers available in Figure S17 and Figure S19. 
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