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Abstract
The Pacific razor clam, Siliqua patula (Sugpiaq: Cingtaataq, Dixon, 1789), is vital to commercial, recreational, and subsis-
tence fisheries across the Pacific Northwest Coast of North America. Despite the species’ status as one of the most popular
shellfish species harvested in the Pacific Northwest, British Columbia, and Alaska, its larval development has never been
fully characterized. Generating a developmental times series, and describing development fully, is crucial for guiding tar-
geted management, developing a mariculture strategy for the species, and providing a more pointed avenue for studies
examining the response of S. patula to ocean change. This study presents the first photographic documentation of larval
development in S. patula, including the timing of key transitions during embryogenesis and early larval development.
Scanning electron microscopy revealed that the larval shell forms via a concretion, a process typically documented in early
gastropod development. This novel characterization is pertinent, as it conveys the need for the inclusion of alternative bi-
valve development processes, such as a concretion, in bivalve research. This study also compared development in S. patula
to a global assortment of bivalve species, including two other members of the Pharidae family, determining that the timing
to D-veliger and trochophore stages was similar to the majority of bivalves surveyed. While bivalve response to climate
change is a topic of great interest, not all species of concern have undergone comprehensive developmental assessments,
a requisite benchmark for designing climate change studies that examine early life history sensitivity to such changes. This
research supports the use of comprehensive developmental studies as prerequisites for designing climate change experi-
mentation, establishes the necessity of high-magnification and high-resolution scanning electron microscopy within devel-
opmental assessments, and provides information about the development of a cornerstone bivalve species.
Introduction
The Pacific razor clam, Siliqua patula (Sugpiaq: Cingtaataq,
Dixon, 1789), a member of the Pharidae family, is a pop-
ular shellfish species for coastal peoples, supporting com-
mercial, recreational, and subsistence harvests across the
Pacific Northwest (PNW) coast of North America. Mil-
lions of S. patula are harvested commercially in Alaska,
Washington, and Oregon (Forster, 2019; Alaska Depart-
ment of Fish and Game, 2020; Hunter, 2024), with the
combined fisheries worth over $70 million (Ayres, 2022).
In addition to its commercial value, S. patula is one of the
most popular recreationally harvested shellfish in Alaska
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and the PNW (Alaska Department of Fish and Game, 2020;
Swanson, 2024). Notably, the eastern Cook Inlet, Alaska,
stock of S. patula has exhibited recent population declines,
the cause of which is still unknown (Olsen, 2015). Given their
wide distribution, S. patula experiences a wide variety of
environmental conditions. In Cook Inlet, they experience a
much colder and fresher environment, with temperatures
ranging from 21 to 18 7C and salinities of 15–32 (Hold-
eried and Baird, 2020; Miller and Kelley, 2021), compared
to S. patula living along the Oregon coastline, which expe-
rience temperatures from 6 to 22 7C and salinities of 32–34
(Huang et al., 2021; NOAA, 2023). In addition to being
ay 2024.
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a resource for humans, S. patula is also a food source for
multiple species of fish and crabs and a variety of sea birds
(Alaska Department of Fish and Game, 2020).

Despite the value of S. patula to both humans and the
ecosystem in which this species resides, details of the early
development of the species are almost entirely unknown.
For S. patula, a single development study was conducted to
establish best practices for mariculture production. How-
ever, it did not fully document developmental timing, growth,
or shell formation during the early larval stages (Breese and
Robinson, 1981). To date, only three peer-reviewed studies
have described the embryogenesis and larval development
of other members of the Pharidae family (Breese and Rob-
inson, 1981; Da Costa et al., 2008, 2010). The Pharidae fam-
ily is composed of six genera, all colloquially classified as
razor clams, occupying intertidal zones with sandy substrate.
All Pharidae taxa share similar physical characteristics (e.g.,
elongated shells, pronounced digging foot, and a weak ad-
ductor muscle) and are widely dispersed, ranging from trop-
ical to subarctic regions (Phoa Lee Na, 2008; Da Costa et al.,
2010). Their wide distribution has contributed to their use as
a global, commercial, recreational, and subsistence resource
(Da Costa et al., 2008, 2010; Alaska Department of Fish
and Game, 2020). Characterizing the developmental path-
way and timing of S. patula is essential to inform future
research and to potentially identify the vulnerability of this
species to climate change and other environmental stressors.

The larval development of S. patula has been assumed
to follow patterns commonly observed in other broadcast-
spawning bivalves (McMillin, 1924). The bivalve embryonic
phase can last anywhere from a few hours to a few days
(Dorit et al., 1991) and is temperature dependent (McEdward,
1985; Garcia de Severeyn et al., 2000). Bivalves exhibit spiral
holoblastic cleavage during early cell division (Gilbert, 2000),
eventually reaching a 16-cell morula phase. The morula de-
velops into the coeloblastula, where gastrulation begins to
form the large blastocoel (Ponder et al., 2019). After em-
bryogenesis, individuals hatch into ciliated, free-swimming
trochophore larvae, initiating the planktonic dispersal phase.
The trochophore stage lasts 2 to 3 days, during which shell
development typically begins (Hedgecock, 1995; Gros et al.,
1997; Ponder et al., 2019). Completion of the trochophore
stage is signaled by the formation of two complete valves,
resulting in a straight-hinged, D-shaped veliger (Ponder et al.,
2019). The veliger stage ends when individuals settle out of
the water column and undergo transformation into sessile
juveniles. The total length of the veliger phase is species
specific and is dependent on the shell formation approach,
temperature, and veliger feeding strategy (Ponder et al., 2019).

The objective of this study was to document develop-
mental stages and timing in S. patula, with the broader
goal of supporting future experimental work testing the ef-
fects of environmental stressors on S. patula larvae. Addi-
tionally, the application of high-magnification and high-
resolution imaging was incorporated to document S. patula
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shell development, as light microscopy is potentially insuf-
ficient for the comprehensive characterization of mollusc
shell development (Eyster and Morse, 1984). This research
strengthens our understanding of early life history in the
Pharidae family, and by characterizing the development of
S. patula, this study has established a baseline for all future
research. Furthermore, the results from this study will help
inform decisions regarding the management and maricul-
ture practices of this species.

Materials and Methods

Animal collection and husbandry
Adult Siliqua patula (Dixon, 1789) were harvested at Polly
Creek Beach, located on the west side of Cook Inlet
(60716054.900 N, 152727040.500 W), Alaska, on June 28, 2018.
About 100 adult individuals, ranging in size from 10 to
13 cm, were gathered by commercial diggers from Pacific
Seafood, Nikiski, Alaska, and transported in a cooler to the
Alutiiq Pride Marine Institute, in Seward, Alaska, the same
day of harvest. Individuals were inspected, and those with
shell damage were excluded from the study group. The
remaining individuals were rubber banded (according to
hatchery protocol to mimic the influence of substrate pres-
sure experienced in situ) and held in a 380-L flow-through
tank. Hatchery seawater was sand filtered, UV treated,
and mechanically filtered to 5 mm before entering 30,000-L
temperature-controlled holding tanks.

For this study, two different larval cohorts of wild-caught
S. patula were produced and maintained in the labora-
tory. Using the first cohort, timing and growth rates for
different developmental stages were established. The second
cohort was used for scanning electronmicroscopy and growth
of the larval shell. Both cohorts were spawned using the
same protocol and were cultured in the same environmen-
tal conditions (i.e., temperature, salinity, partial pressure of
carbon dioxide [pCO2], and food concentration). The first
cohort was produced on July 5–6, 2018, and held in culture
vessels specific to their date of fertilization. The second co-
hort was spawned on July 10, 2018, and divided between five
culture vessels for use in scanning electron microscopy and
observation of developmental transition. The use ofmultiple
culture vessels across both cohorts ensured a continuation of
the study in the event of complete culture vessel collapse.

To produce a cohort, gametes were obtained via strip
spawning (Landau, 2014), where a small incision was made
on the gonadal tissue located at the distal end of the bi-
valve foot. Gametes were observed under a light micro-
scope to determine the sex of the brood-stock individual
and the relative gonadal development stage. Eggs were col-
lected from three females and added to 1-mm filtered sea-
water, then gently rinsed through a 153-mm mesh, a 63-mm
mesh, and a 20-mm mesh, consecutively, to remove tis-
sue and mucus from the eggs. The cleansed eggs were then
removed from the mesh using a clean plastic transfer pipet
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and suspended in 1-mm filtered seawater. The eggs were
kept on ice for about 30 min, during which time sperm was
excised from one male. While sperm counts were not con-
ducted, sperm cells were assessed for viability, and fertili-
zation was monitored to ensure that there was no evidence
of polyspermy. The isolated sperm was diluted into 1 mL of
1-mm filtered seawater following excision. To initiate fertili-
zation, 1 mL of sperm was then added to 400 mL of eggs at a
concentration of 6180 eggs mL21 and gently mixed. For both
cohorts, each culture vessel was stocked at 10 larvae mL21

using the gametes of three females and onemale. The timing
of each developmental phase was cataloged for each group
as hours (HPF) or days (DPF) postfertilization to account
for the influence of production date for each larval brood.

Larval culture
The first cohort was held inside two 3.79-L vessels with a
20-mm mesh bottom and placed in ambient seawater. Co-
hort 2 was divided among five 3.79-L vessels with 20-mm
mesh bottoms, each placed inside two stacked vessels par-
tially submerged in an aquarium tank to regulate temper-
ature. The inner vessel had effluent holes covered in 63-mm
mesh to allow for flow through, but the outer 7.57-L vessel
prevented aquarium water from entering the culture vessel.
Ambient seawater was introduced using a dripper placed
at the bottom of the culture vessel, under the mesh hold-
ing the spawned embryos. Salinity and temperature were
measured once daily. Once the feeding D-veliger stage was
reached, live phytoplankton produced from cultures of hap-
tophytes (Alutiiq PrideMarine Institute, Seward, AK) were
administered three times a day at a level of 150 cells larva21,
per culture vessel, as per hatchery feeding protocol. Larvae
were gently suspended in the water column, and the bottom
of the 20-mm mesh was cleaned once weekly with 6.3-mm
Tygon tubing (Saint-Gobain Life Sciences, Courbevoie,
France), using vacuum pressure to remove any accumu-
lated detritus. Both cohorts were reared at 10.5 ± 1 7C and
a salinity of 31.3 ± 0.2, with cohort 1 being viable to 21 days
and cohort 2 viable to 28 days. The aragonite saturation state
was 1.72 ± 0.23.

Biometric shell measurements
Larval cultures were subsampled every hour for the first
12 h until embryo hatching and then every 4 h for the fol-
lowing 68 h for analysis using light microscopy. At the
80-h mark, when the D-veliger stage was reached, micro-
scopic observations were made every 24 h to ensure the
availability of larvae for future sampling. After 9 DPF, ob-
servations were made every 3 days until day 21, when the
D-veligers exhibited a very slight rounding at the umbo,
signaling metamorphosis. Cohort 1 was not viable past
21 days, but a final light microscopy sample was collected
on day 28 from cohort 2.

A photographic survey of developmental stages was gen-
erated over 28 days by imaging individuals from cohort 1
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using light microscopy (an individual from cohort 2 was
photographed for day 28). At each sampling time point,
a subsample from each developmental culture vessel was
siphoned from the vessel and held on ice during microscopy
imaging. Larvae were placed in a 15-mL Falcon tube (Corn-
ing, Corning, NY) from which 40 mL were subsampled and
deposited on a microscope slide. Microscope slides were
equipped with petroleum jelly feet to allow individuals to
maintain native conformation. After initial observation, in-
dividuals were fixed in 70% ethanol and imaged through a
light microscope. Image analyses included measurements
of length, width, and area using Fiji image analysis software
(Schindelin et al., 2012). The timing of each developmental
transition was also noted.

Shell morphology
On days 7, 14, 21, and 28, individuals were harvested to
examine shell growth and topography using scanning elec-
tron microscopy. A small subsample of larvae was extracted
from each culture vessel of cohort 2, using larval condensa-
tion and siphoning, then examined under a light micro-
scope to ensure viability (via larval activity and internal
food presence) at the time of sampling. Following the ini-
tial examination, a portion of the subsample was deposited
into a 2-mL cryovial and fixed with 500 mL of 70% eth-
anol to preserve the crystalline structure of the calcium
carbonate present (Setoguchi et al., 1989; Weiner et al.,
2003). These samples were examined at the Advanced In-
strumentation Laboratory at the University of Alaska Fair-
banks, using the FEI Quanta 200 scanning electron micro-
scope (Hillsboro, OR; hereafter, SEM) outfitted with iXRF
software and hardware and an e2v SSD energy-dispersive
X-ray spectroscopy detector (Austin, TX).

A shell cleaning protocol using different fluid densi-
ties was developed to ensure the removal of all residual salt
in preparation for iridium coating prior to SEM analysis.
To begin, 500 mL of deionized water was added to each
shell vial, which was then placed in a water bath and gently
warmed to 28 7C for 5 min. Then 1500 mL of ice-cold
deionized water was added and the vial inverted multiple
times to mix the solution thoroughly. Each vial was cen-
trifuged at 2000 � g to concentrate the larvae, and the
top 1500 mL of supernatant was discarded. The periostra-
cum was removed from the shell, using a hydrogen perox-
ide rinse (Green et al., 2009). First, 500 mL of 3% hydro-
gen peroxide was added to each shell vial and incubated
at 21 7C for 20 min, after which it was warmed to 25 7C
in a water bath for 2 min and injected with 1000 mL of
ice-cold deionized water. The vial was inverted multiple
times and centrifuged, after which the top 1500 mL of su-
pernatant was removed. Thermally induced density dif-
ferences in rinse solutions facilitated the isolation and re-
moval of the portion of the solution that contained the salt
and ethanol. Prior to use on experimental shells, this prep-
aration method was tested on a subsample of practice shells
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to ensure that the cleaning process did not alter the shell
morphology or composition. After cleaning, shells were
mounted on SEM stubs, coated in 0.02 nm of iridium, and
imaged under high-vacuum conditions using SEM.
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Review of developmental timing of bivalves
To provide context for the developmental timing of S.
patula relative to other bivalves, S. patula data, and data
from Da Costa et al. (2008) and Da Costa et al. (2010)
Table 1

Timing of development of Siliqua patula at 10.5 ± 1 7C

Developmental stage Timing postfertilization Corresponding image (Fig. 1)

Polar body 80 MPF A
First cleavage (two celled) 140 MPF B
Second cleavage (four celled) 3 HPF C
Third cleavage (eight celled) 5 HPF D
Morula (16 celled) 6 HPF E
Morula (32 celled) 7 HPF F
Coeloblastula 11 HPF G
Onset of embryo hatching 14 HPF H
Newly hatched trochophore 30 HPF I
Free-swimming trochophore 36 HPF J–N
Onset of valve formation 73 HPF O
Greater distinction during valve formation 76 HPF P
D-veliger 80 HPF Q
D-veliger 86 HPF R
D-veliger 4 DPF S
D-veliger, first indication of internal organ formation 8 DPF T
D-veliger, distinct organ structures visible 12 DPF U
D-veliger, velum protruding and active 15 DPF V
D-veliger, hinge begins to round 18 DPF W
D-veliger, early umbo formation visible 28 DPF X
DPF, days postfertilization; HPF, hours postfertilization; MPF, minutes postfertilization.
Figure 1.Developmental series of Siliqua patula. (A–G) Early embryos. (H–P) Trochophore stage. (Q–W)D-veliger stage. (X) Early pedi-veliger stage.
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regarding Ensis magnus (previously Ensis arcuatus) and
Ensis siliqua, respectively, were combined with the assem-
bled bivalve data from Peck et al. (2007). Data reporting
the size of trochophores upon initial hatching, as well as
the timing and initial sizing of the D-veliger stage, were also
included from the surveyed literature. This collated data
will be referred to as the review dataset, hereafter.

Statistical analysis
Using Grubbs’s tests, each category of the review dataset
(timing to trochophore stage, average size of organism at
trochophore emergence, timing of D-veliger stage, and av-
erage size at D-veliger emergence) was analyzed to identify
potential outliers from the review dataset. Each Grubbs’s
test was conducted using R (R Development Core Team,
2013), through the Rstudio interface (ver. 1.4.1106). The
a level was set to P < 0.05 for all analyses performed.

Results

Embryonic and larval development
Presented here is the first time line (Table 1) and photo-
graphic series of Siliqua patula development (Fig. 1). The
eggs harvested had an average diameter of 61.6 ± 3.4 mm
(n 5 6). Similar to McMillin (1924), the eggs examined
were either round or pear shaped and consisted of a white
center surrounded by a gelatinous coating. The first po-
lar body appeared 80 min after fertilization (Fig. 1A) and
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measured 15.6 mm2 on average (n 5 6). The first cleav-
age was observed at 140 minutes postfertilization (MPF)
when the zygote divided into two unequally sized blas-
tomeres (Fig. 1B). This is the first photographic valida-
tion that S. patula exhibits holoblastic spiral cleavage.
At 3 HPF, embryos reached the four-cell stage, character-
ized by three blastomeres of identical size and a fourth,
much larger blastomere, all surrounded by the vitelline
coat (Fig. 1C). At 5 HPF, embryos achieved the eight-cell
stage. At this phase, embryos were composed of seven mi-
cromeres and one macromere, all held within the vitel-
line coat (Fig. 1D). The 16-celled and 32-celled morula
stages were reached at 6 and 7 HPF, respectively (Fig. 1E,
F). The coeloblastula stage occurred at 11 HPF (Fig. 1G).
At 14 HPF, the coeloblastula began moving rotationally,
indicating the onset of embryonic hatching from the vitel-
line coat (Fig. 1H).

The first trochophores emerged at 30 HPF (Fig. 1I).
Newly hatched trochophores did not appear to swim freely
and instead oscillated in small circles. This was likely due
to limited cilia or the uneven distribution of cilia present at
this stage. At 36 HPF, the trochophore cilia were much
more developed and abundant, as demonstrated by the
presence of freely swimming individuals (Fig. 1J–N). The
first evidence of valve formation was observed at 73 HPF
(Fig. 1O), with valves becoming more distinct at 76 HPF
(Fig. 1P).

Free-swimming, straight-hinged D-veligers appeared at
80 HPF (Fig. 1Q–S) and were observed successfully feed-
ing. Moreover, growth during the D-veliger phase was pro-
nounced (Fig. 2). Internal organ structures were first noted
at 8 DPF, although distinct structures were slightly ambig-
uous (Fig. 1T). These initial organ structures were distinct
in form at 12 DPF (Fig. 1U). Following the development
of internal organs, D-veligers exhibited pronounced velum
development by 15 DPF, demonstrated by the distinct pro-
trusion of the velum during feeding behavior and swim-
ming (Fig. 1V). The first indication of umbification in the
S. patula larva occurred at 18 DPF (Fig. 1W), with recog-
nizable umbification present at 28 DPF (Fig. 1X).

Mean larval area, length, and width were 5412 ± 353.8 mm2,
84 ± 2.6 mm, and 85 ± 3.6 mm, respectively (n 5 8; Fig. 2).
Notable changes in all size metrics occurred at the D-veliger
stage, with an average area of 15,589 ± 8713.8 mm2, an av-
erage length of 137 ± 35.1 mm, and an average width of
142 ± 36.9 mm (n 5 7) across the D-veliger stage.

Shell formation
The SEM analysis of S. patula on 7, 14, 21, and 28 DPF
revealed the developmental progression and growth of the
prodissoconch I (PDI; Fig. 3). Remarkably, SEM analysis
also established that S. patula utilizes a concretion, or a flexible
organic matrix that slowly incorporates a more mineralized
form once tissue structures become specialized, during
PDI development (Fretter and Pilkington, 1971). On day 7
Figure 2. Size (±1 SD) of embryonic and larval Siliqua patula at 10.5 ± 1 7C
over time. These data are representative of cohort 1. (A) Area (mm2).
(B) Length (mm). (C) Width (mm). Sample sizes (n) are at the level of indi-
vidual and are listed for each time point at the bottom of each bar in (C).
DPF, days postfertilization; HPF, hours postfertilization.
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(Fig. 3A), the mean PDI area was 1807 ± 956 mm2 (n5 13;
Fig. 4). At this point, the PDI appeared as a rough and
bumpy amalgamation of elemental constituents, accompa-
nied by long globular calcification structures that covered
the shell surface, characteristic of a concretion (Fig. 3A). By
day 14 (Fig. 3B), the globular braided features of the con-
cretion were still present; however, the development of a
smoother shell surface was visible along the rim, with amean
shell area of 2843.5 ± 1622 mm2 (n 5 8; Fig. 4). Though
individuals at 14 DPF more closely resembled a typical lar-
val bivalve shell, their shells still appeared to be structurally
flexible. This was evident in the curling and bending pre-
sent along the rim and hinge (Fig. 3, B2, B3). Additionally,
by day 14, a mineral front had appeared as a transitional
zone between the globular concretion structure and the
smoother leading edge of the concretion (Fig. 3, B4). While
shell appearance on day 21 (Fig. 3C) was similar to that on
day 14 (Fig. 3B), the day 21 shell was much larger, with an
average area of 11,566 ± 5935 mm2 (n5 9; Fig. 4). Further-
more, the shell edge no longer had the bending and curling
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appearance of the 14-day shell (Fig. 3, C4). There was also
an increase in the crystalline appearance of the mineral
concretion nodes (Fig. 3, C1) and a change in concretion
topography, as the surface also appeared to have smoothed
out slightly, with larger nodes covering the concretion sur-
face (Fig. 3, C3). The mineral front had also increased in
size by day 21 (Fig. 3, C2). By day 28 (Fig. 3D), mean shell
area was 17,742 ± 6906 mm2 (n58; Fig. 4). While, visually,
the day 28 concretion still resembled that on day 21, the
mineral front was still present (Fig. 3, D1), although it
had grown and extended toward the leading edge. The
smoothed nodules were still evident toward the hinge
(Fig. 3, D2), consistent with the larva on day 21.

Review of developmental timing of bivalves
A nonlinear model was fitted for both timing to the trocho-
phore stage(y5172.24x20.78, R250.7697)versus temperature
and timing to the D-veliger stage (y 5 648.45x20.97, R2 5
0.6225; Fig. 5) versus temperature. Siliqua patula develop-
ment was comparable to other bivalve species (Peck et al.,
Figure 3. The concretion progression of Siliqua patula. Scanning electron microscope micrographs of shell size and morphology at 7 (A), 14 (B), 21 (C),
and 28 (28) days postfertilization (DPF). (A1) Hinge side of the larva. (A2) Globular concretion nodes evident. (B1) First instance of the mineral front.
(B2) Flexing of the extending concretion on the hinge side of the larva. (B3) Bending at the leading edge, highlighting concretion flexibility. (B4) Globular
structure still present. (C1) Nodes appeared more crystallized, indicating an increase in mineral deposition. (C2) Progression of mineral front toward
leading edge. (C3) Smoothing of surface topography also indicated advancement in mineralization. (C4) Loss of flexion along concretion edge. (D1) Fur-
ther expansion of mineral front with concretion nodes present. (D2) Progression of smoothed surface topography.
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2007). Within the Pharidae family, both Ensis magnus
and S. patula exhibited holoblastic spiral cleavage (embry-
ology was not documented for Ensis siliqua). One major
difference between the three Pharidae species is that nei-
ther E. siliqua nor E. magnus was successfully reared when
spawned with a strip-spawning technique (Da Costa et al.,
2008, 2010). This finding has important implications for
mariculture, as it appears that spawning techniques may
be more species specific than previously assumed.

There were differences in developmental timing between
E. magnus and S. patula. Ensis magnus reached the trocho-
phore stage in 19 HPF, and S. patula took 30 HPF (the
timing of E. siliqua was not reported). For E. magnus and
E. siliqua, the D-veliger phase was reached at 30 and 24 HPF,
respectively, compared to the 80 HPF that S. patula took
to reach the D-veliger stage of development. Siliqua patula
was reared at 10.5 ± 1 7C, compared to 18 7C for E. magnus
and 19 7C for E. siliqua. While the size of individuals within
the Pharidae family appeared to be consistent with the spe-
cies listed by Peck et al. (2007), S. patula was 20 mm longer,
on average, than E. magnus at the onset of the trochophore
stage.
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Discussion
This study provides valuable information regarding Sili-
qua patula and Pharidae development and relates Pharidae
members to other bivalves in terms of developmental tim-
ing and size, as well as establishes an informational founda-
tion for S. patulamanagement, culturing practices, and re-
search in the future. Siliqua patula follows typical bivalve
development with the onset of the trochophore and D-
veliger stages occurring at 30 and 80 HPF, respectively.
Siliqua patula does differ, however, in the formation of a
concretion. Additionally, the majority of S. patula growth
occurs during the D-veliger stage, concurrent with the on-
set of feeding behavior. Moreover, both the timing of de-
velopment and S. patula size are consistent with those re-
ported in a global assemblage of bivalves compiled by Peck
et al. (2007).

Larval S. patula did not undergo the well-characterized
shell formation process documented in other bivalve species
such as Laternula eliptica, Codakia orbicularis, Pinctada mar-
garitifera, or Panopea zelandica (Gros et al., 1997; Doroudi
and Southgate, 2003; Gribben and Hay, 2003; Bylenga et al.,
2017), which is first marked at the D-veliger stage by the
formation of a smooth, calcified PDI, followed by an abrupt
transition to the prodissoconch II (Kraeuter and Castagna,
2001). Siliqua patula differs from other bivalves, including
Ensis magnus, another member of the Pharidae family, by
exhibiting a braided, highly irregular PDI surface (Fig. 3A;
Da Costa et al., 2008). In fact, in direct contrast to the smooth,
calcified shell evident on SEM micrographs of newly formed
D-veligers of other bivalve species, including E. magnus,
S. patula D-veligers possess a thicker and morphologically
irregular PDI (Fig. 3). Furthermore, the developing S. patula
larvae still lack the symmetry and smooth appearance pres-
ent in other larval bivalve shells on day 28 of development.
This mode of shell development, termed a concretion (Fret-
ter and Pilkington, 1971), is characterized by an initial shell
formed primarily by an organic matrix that provides the
framework for the subsequent deposition of calcium car-
bonate. The use of a concretion delays complete calcifica-
tion until later in development, with this time delay being
highly species specific and possibly a result of either a step-
wise process or a response to environmental conditions
(Eyster, 1986). A concretion is potentially more flexible than
a shell that is mineralized upon initial formation but still
contains calcium as an elemental constituent (Eyster and
Morse, 1984). Molluscs that produce a concretion typically
develop a mineralized shell by the time of metamorphosis
as the concretion crystallizes over time (Fretter and Pilking-
ton, 1971).

Several freshwater bivalves are known to produce a con-
cretion, which may be more common in environments
with lower calcium concentrations or reduced ion avail-
ability (Hinzmann et al., 2015). Concretions are also more
commonly found among gastropods to allow a certain de-
gree of flexibility during their initial torsion while still
Figure 4. Shell size (±1 SD) of Siliqua patula from cohort 2, imaged using
scanning electron microscopy on days 7, 14, 21, and 28. (A) Area (mm2).
(B) Length (mm). (C) Width (mm). Sample sizes (n) are at the level of in-
dividual and are listed for each time point at the bottom of each bar.
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maintaining structure and support (Fretter and Pilking-
ton, 1971). The utilization of shell characteristics more
commonly found in gastropods and freshwater bivalves
suggests that S. patula may be using a concretion technique
to allow for shell flexibility during early shell development
or as a compensatory mechanism to deal with reduced ion
availability in their environment. Further experimenta-
tion is needed to definitively understand the evolutionary
forces that result in S. patula using a concretion versus a
more common calcium carbonate shell seen in other bivalves
during their early D-veliger phase. However, given that bi-
valves do not undergo torsion, or immense shell morpho-
logical change during development, it appears unlikely that
shell flexibility is the probable cause for concretion pro-
duction. For S. patula, it may be a response to environmen-
tal conditions. The geographic distribution of S. patula spans
the western coast of North America, from Alaska to Cal-
ifornia, inhabiting a wide range of coastal habitats (Alaska
Department of Fish and Game, 2020). The population of
clams sampled for this study occurs in an estuarine envi-
ronment with a large amount of freshwater input by many
sources, including glacial and riverine input as well as some
of the highest freshwater submarine groundwater discharge
on the planet (Haag et al., 2023). This means that S. patula
in this region is potentially experiencing reduced ion avail-
ability compared to individuals that live outside of an es-
tuarine environment. This question is further fueled by re-
search regarding the freshwater gastropod Helisoma duryi,
which has been shown to both delay calcification via a
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concretion until posthatch and undergo calcification prior
to hatching, depending on the study in question (Kapur and
Gibson, 1967, 1968; Eyster, 1986). Further studies are needed
to determine whether the formation of a concretion is a phe-
notypically plastic trait related to the environment or whether
it is universally employed by S. patula.

When compared to global data, S. patula follows the
common embryonic and larval developmental trajectory
seen in other bivalve species and aligns with the size of
other members of the Pharidae family previously studied,
E. magnus and Ensis siliqua. The longer developmental times
of S. patula compared to the other two members of the
Pharidae are likely explained by the colder temperature at
which the S. patula larvae were cultured, as temperature is
the main driver of the speed of development in marine in-
vertebrates (Hoegh-Guldberg and Pearse, 1995). While this
finding bolsters the established knowledge regarding Pha-
ridae developmental timing and larval growth, it is crucial
to note that to date, only four studies (including this one)
have documented information for this family (Breese and
Robinson, 1981; Da Costa et al., 2008, 2010).

Conclusions
While S. patula appears to follow a well-characterized bi-
valve developmental trajectory, including developmental
timing and growth, this species deviates largely from other
bivalves in its initial shell formation. This discovery under-
scores the importance of high-magnification and high-
resolution shell analysis for several reasons. First, this
Figure 5. Comparison of Siliqua patula to globally dispersed bivalve species across a range of ambient temperatures. The gray area represents a 95%
confidence interval (C, D). (A) Average size of individuals at trochophore emergence. (B) Average size of individuals at D-veliger emergence. (C) Time
(hours postfertilization [HPF]) elapsed until trochophore emergence. (D) The time (HPF) elapsed until D-veliger emergence.
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characteristic may not have been detected due to the inabil-
ity of light microscopy to resolve shell surface topology. Sec-
ond, any indications of flexibility or crystalline presence
were only distinguishable using SEM micrographs. Last, as-
sumptions about concretion use cannot be made from shell
transparency under light observation (Eyster and Morse,
1984). This study is direct evidence of the necessity of
SEM analysis during studies of larval bivalve development.

This study also exposes the need for further research
into larval shell development on members of the Pharidae
family to determine whether the use of a concretion is evo-
lutionarily conserved within the family or solely an adapta-
tion of S. patula. Certain members of the Pharidae family
have adapted to inhabit freshwater (Bolotov et al., 2018).
It should, therefore, be determined whether the concretion
is an example of phenotypic plasticity within the species as a
result of environmental pressure or a family-wide develop-
mental trait that favors habitation in estuarine or freshwater
environments. Given the global distribution of and economic,
cultural, and alimentary value of Pharidae bivalves, they war-
rant a more vested interest in the details of their development.
Complete characterization of additional Pharidae members,
including SEM analysis of E. magnus and E. siliqua would
inform management decisions and aid mariculture efforts,
increasing rearing success and potentially helping bolster pre-
viously reduced populations.

Further research is critical to achieve a better understand-
ing of S. patula and Pharidae family development, especially
since bivalves such as S. patula are expected to be vulner-
able to ocean change in the future, particularly ocean acid-
ification (Fabry et al., 2008). This vulnerability is especially
pronounced during early life stages (Waldbusser et al., 2015).
To date, only one study (Alcantar et al., 2024) appears to have
examined how concretion-utilizing bivalves will respond to
changes in the carbonate system. This large knowledge
gap reinforces the need for comprehensive studies of bi-
valve development in concert with thorough examinations
of the impacts of ocean change stressors to accurately in-
form the discussion of bivalve health within the context of
a changing ocean.
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