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ABSTRACT  28 

 The mechanical function of the myocardium is defined by cardiomyocyte contractility and the 29 

biomechanics of the extracellular matrix (ECM). Understanding this relationship remains an important unmet 30 

challenge due to limitations in existing approaches for engineering myocardial tissue. Here, we established arrays 31 

of cardiac microtissues with tunable mechanics and architecture by integrating ECM-mimetic synthetic, fiber 32 

matrices and induced pluripotent stem cell-derived cardiomyocytes (iPSC-CMs), enabling real-time contractility 33 

readouts, in-depth structural assessment, and tissue-specific computational modeling. We find that the stiffness 34 

and alignment of matrix fibers distinctly affect the structural development and contractile function of pure iPSC-35 

CM tissues. Further examination into the impact of fibrous matrix stiffness enabled by computational models and 36 

quantitative immunofluorescence implicates cell-ECM interactions in myofibril assembly, myofibril maturation, 37 

and notably costamere assembly, which correlates with improved contractile function of tissues. These results 38 

highlight how iPSC-CM tissue models with controllable architecture and mechanics can elucidate mechanisms 39 

of tissue maturation and disease. 40 

 41 
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INTRODUCTION  56 

 Heart disease remains the leading cause of death worldwide [1]. Despite recent advances in treatment, 57 

existing therapies for treating heart disease fail to restore normal function of the heart following chronic or acute 58 

injury, due in part to the limited regenerative potential of the myocardium [2,3]. Thus, there is a critical need for 59 

regenerative or tissue-replacement therapies that restore normal cardiac architecture and mechanical function. In 60 

recent years, advances in induced pluripotent stem cell (iPSC) technologies have made the creation of engineered 61 

heart tissues (EHTs) feasible for use as regenerative therapies, in vitro models to study cardiac regeneration, or 62 

screening platforms to test the effectiveness and/or toxicity of new therapeutics [4–6].  63 

Among the many techniques explored to generate mature iPSC-derived cardiomyocyte (iPSC-CM) 64 

tissues, significant efforts have focused on developing scaffolds that recapitulate physiologic tissue organization 65 

to improve overall tissue function and potentially maturity [7–9]. The mechanical function of the myocardium is 66 

dictated by contractile CMs and the surrounding fibrous extracellular matrix (ECM) that organizes and supports 67 

CMs [10–12]. Individual layers of muscle tissue throughout the myocardium are highly anisotropic, driving 68 

coordinated uniaxial contractions [13]. These muscle fibers and their accompanying ECM twist transmurally, thus 69 

generating the torsional contractile behavior critical to proper systolic function of the ventricle [14]. As such, 70 

scaffolds that recapitulate biochemical and mechanical features of native cardiac ECM and direct cellular 71 

orientation hold promise for improving the function and maturation of cardiac tissue constructs [15–20]. Scaffolding 72 

is often integrated into EHTs by combining naturally derived biomaterials materials such as purified collagen or 73 

fibrin with iPSC-CMs [8,20–24]. However, these materials provide limited control over mechanical properties which 74 

is critical to providing insight into how iPSC-CMs sense and respond to matrix stiffness. Moreover, the addition 75 

of admixed stromal cells is often required to drive proper tissue assembly in these systems, precluding the direct 76 

study of CM behavior. Prior studies have explored the use of polymeric hydrogels providing improved mechanical 77 

control or electrospun polymeric scaffolds with fibrous topography that better recapitulates the native ECM; 78 

however, these materials either lack fibrous topography or sufficient tunability, respectively, both of which are 79 

needed for identifying critical mechanobiological mechanisms that drive cardiac tissue assembly or maturation 80 
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[16,17,19,25–27]. Additionally, 2D micropatterned iPSC-CM tissues often are not stable for more than 8-10 days due 81 

to inadequate adhesion formation, thus limiting their use in studying long-term processes such as maturation or 82 

disease [18] Thus, stable EHTs formed from iPSC-CMs and highly tunable, fibrous matrices providing orthogonal 83 

control over architecture and mechanics could provide new and important insights into how iPSC-CMs respond 84 

to physical microenvironment inputs. Furthermore, a deeper understanding of how CMs interact with their 85 

physical microenvironment through specialized cell-ECM adhesions, for example, could in turn establish key 86 

design attributes of scaffolds that support stem cell-derived cardiac tissue formation and maturation. 87 

The interactions between cardiomyocytes and their surrounding native ECM or a biomaterial scaffold are 88 

regulated by cellular mechanosensing and ultimately the transduction of mechanical forces into cell signaling 89 

cascades. CM mechanosensing has been shown to be critical in cardiac development, disease progression, and 90 

the assembly of in vitro engineered heart tissues, highlighting the necessity for the informed design of scaffolds 91 

used to engineer mature iPSC-CM tissues [17,28–32]. As CMs have extremely dynamic mechanical functions, they 92 

use multiple mechanosensing mechanisms to sense and respond to changes in their mechanical environment [28]. 93 

Forces generated by the myofibrils in CMs are transmitted to neighboring cells through specialized cell-cell 94 

adhesions termed intercalated discs (ICDs) and to the surrounding matrix through cell-matrix linkages[29,33–35]. 95 

Composed of adherens junctions and desmosomes, ICDs enable mechanical and electrical coupling of 96 

neighboring CMs and help to regulate the mechanical function of the heart [34]. For the myocardium to contract 97 

uniformly, CMs not only must connect to one another but also to the surrounding matrix via integrins and 98 

associated complexes of cell-matrix adhesion proteins.  In striated muscle cells such as cardiomyocytes, cell-99 

matrix adhesions can be grouped into two categories: peripheral FAs, which link the myofibrillar cytoskeleton to 100 

the ECM and are generally found at the edges of cultured CMs, and costameres, specialized adhesion complexes 101 

that directly link the myofibril to the surrounding or underlying matrix through connections at the z-disc [29]. 102 

During myofibril formation, peripheral FAs become load-bearing protocostameres, followed by α-actinin 103 

accumulation corresponding to the assembly of myofibrils [32,36,37]. As myofibrils begin to assemble and mature, 104 

costameres replace these adhesions and tether z-discs to the matrix [37,38].  Since they were first described as 105 
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vinculin-containing structures proximal to z-discs, numerous other proteins commonly associated with FA 106 

complexes such as talin, paxillin, and FAK have been identified at costameres [32,38–41]. Many of these proteins 107 

have also been implicated in fundamental cell processes such as myofibril assembly and tissue mechanosensing. 108 

However, how ECM and tissue mechanics impact the formation of these structures and their impact on tissue 109 

maturation and disease progression is not well understood, in part due to the limited long-term stability of simple 110 

in vitro models that enable the study of these complex cell-ECM interactions. 111 

Genetic variants that impact the function of mechanosensing proteins can render cardiomyocytes 112 

abnormally susceptible to mechanical stresses, leading to ventricular hypertrophy or dilation and ultimately heart 113 

failure [42–44]. In particular, the mechanosensitive protein vinculin is known to play a critical role at both 114 

costameres and intercalated discs during cardiac development and disease [30,36,45–48]. Genetic variants of vinculin 115 

contribute to cardiomyopathies [43] and cardiomyocyte-specific knock-out of vinculin leads to early cardiac failure 116 

or dilated cardiomyopathies [47,48]. Conversely, overexpression of vinculin in drosophila hearts leads to myocardial 117 

remodeling and improved cardiac function in aging hearts, resulting in extended organismal lifespan [31]. 118 

Moreover, the mechanosensitivity of vinculin in CMs has been described both in vitro and in vivo, suggesting 119 

that vinculin localization to costameres and intercalated discs regulates myofibril maturation and is influenced by 120 

mechanical signals [26,30,46,49,50]. Despite these advances in our knowledge of vinculin’s role in CM 121 

mechanosensing, it is unknown how fibrous matrix mechanics impact vinculin’s localization to cell-cell or cell-122 

ECM adhesions, or the formation and maturation of these complex more broadly, and the resulting implications 123 

on EHT function and maturation. 124 

To study how specific and tissue-relevant structural and mechanical cues impact engineered cardiac tissue 125 

assembly, cell-ECM interactions, iPSC-CM maturation, and tissue function, we established a biomaterials-based 126 

platform for creating arrays of cardiac microtissues composed of tunable, synthetic, fibrous ECM and purified 127 

iPSC-CMs. Through carefully controlled studies varying ECM organization and mechanics, we found that 128 

microtissues formed on soft ( 1 kPa), aligned fibrous matrices tethered between soft elastic posts demonstrate 129 

improved CM adhesion, organization, and contractile function. Tissue-specific computational modeling revealed 130 
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that altered cellular mechanical behavior, in conjunction with the passive mechanics of the tissue, drive the 131 

observed changes in tissue contractility. Associated with these effects, we found that vinculin localization to 132 

costameres during tissue formation was dependent on fibrous matrix stiffness. Moreover, robust vinculin 133 

localization to costameres was strongly associated with tissue maturation and increases in contractile function. 134 

These findings highlight the importance of highly controlled bioengineered platforms for studying CM 135 

mechanosensing and provide several key insights that inform the design of biomaterial scaffolds for engineered 136 

cardiac tissue replacement therapies. 137 

RESULTS 138 

Development and characterization of mechanically tunable engineered heart tissue platform 139 

As the myocardial microenvironment plays a vital role in both cardiac development and disease 140 

progression, constructing EHTs with biomaterials that recapitulate relevant architecture and mechanics of the 141 

fibrous cardiac ECM is critical for studying these processes in vitro[9]. We previously developed matrices 142 

composed of synthetic dextran vinyl sulfone (DVS) polymeric fibers that possess comparable geometry to 143 

perimysial collagen fibers, which are ~1 μm in diameter and surround CM bundles to confer tissue mechanical 144 

anisotropy and enable mechanical function of cardiac tissue [10–12,15]. Using this biomaterial platform, we showed 145 

that matrix fiber alignment is critical to driving proper tissue organization and calcium handling dynamics[15]. 146 

Additionally, we found that these fibrous scaffolds facilitate long-term culture of iPSC-CMs (>28 days) enabled 147 

by robust cell-matrix interactions [15]. However, this culture platform did not allow for tissue fractional shortening, 148 

thereby preventing the assessment of contractile function of formed EHTs. Predicated on this previous work, here 149 

we advanced this model by generating a platform enabling fractional shortening and orthogonal mechanical 150 

tunability to explore the impact of an expanded array of architectural and mechanical cues on iPSC-CM function.  151 

To examine how variations in the architecture and mechanics of the cardiac microenvironment influence 152 

iPSC-CM tissue formation, we established a new approach to generating arrays of cardiac microtissues (termed 153 

fibroTUGs or fibrous tissue μ-gauges) composed of tunable electrospun, synthetic fiber matrices suspended 154 

between two elastomeric posts seeded with pure populations of iPSC-CMs using a microfabrication-based cell 155 
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patterning strategy. Microfabricated PDMS post arrays consisting of 98 pairs of rectangular posts were fabricated 156 

with standard soft lithography techniques (Fig. 1a,b). Based on previous literature [22,51] and as confirmed via 157 

custom mechanical characterization methods (Fig. S1a-c), post heights were defined to generate soft (0.41 N/m) 158 

and stiff (1.2 N/m) mechanical boundary conditions (Fig. 1a,h). Subsequently, electrospun DVS fibers were 159 

deposited upon post arrays affixed to a collecting mandrel rotating at various speeds to control fiber alignment, 160 

as previously described[15] (Fig. 1a,f,g). Next, fiber matrices spanning two posts were stabilized via photoinitiated 161 

free radical crosslinking by exposing substrates to UV light through a photopatterning mask in the presence of 162 

lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP) photoinitiator. Upon hydration, uncrosslinked fibers 163 

were dissolved, resulting in fibrous matrices spanning only between pairs of posts. Stabilized fibrous matrices 164 

spanning posts could then be stiffened further via exposure to UV light in the presence of LAP to define a final 165 

matrix stiffness[15,52]. Crosslinking parameters were identified to generate matrices with stiffnesses corresponding 166 

to developing (0.1 mg/mL LAP; 0.68 kPa), adult (1.0 mg/mL LAP; 10.1 kPa), or diseased (5.0 mg/mL LAP; 17.4 167 

kPa) myocardium, as characterized by microindentation measurements (Fig. 1i, S1d-f) [17,53,54]. To generate pure 168 

cardiomyocyte tissues without the requirement of admixed stromal cells, purified cultures of iPSC-CMs (≥95% 169 

TTN+ CMs; Fig. S2) were seeded upon photopatterned matrices using a physically registered, microfabricated 170 

seeding mask that funneled iPSC-CMs to the suspended matrices, limiting seeded cells from settling and adhering 171 

to the glass surface below suspended fiber matrices (Fig. 1a). The resulting tissues contained ~100 iPSC-CMs 172 

regardless of the pre-defined mechanics of the posts or matrices (Fig, 1j).  173 
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 174 

Figure 1: Fabrication of pure iPSC-CM microtissues with high mechanical tunability. (a) Schematic of fibroTUG 175 

fabrication and seeding. (b) Full array of microfabricated PDMS posts before DVS fiber electrospinning. (c) Brightfield 176 

image of photopatterned suspended matrices (scale bar: 200 μm). (d) Representative brightfield images of pure 177 

populations of iPSC-CMs seeded on random and aligned DVS matrices 7 days after seeding (scale bar: 100 μm). (e) 178 

Confocal fluorescent image of fibroTUG tissue formed on 0.68 kPa, aligned matrices suspended between soft posts. (f) 179 

Confocal fluorescent images of random and aligned fiber matrices functionalized with methacrylated rhodamine. (g) 180 

Rotation speed of the collection mandrel during fiber electrospinning was varied to define fiber alignment (n ≥ 5 181 

matrices). (h) Post height was varied to define post bending stiffness. (i) LAP photoinitiator concentration was tuned to 182 

generate matrices of physiologically relevant stiffnesses. (j) Tissue seeding was unaffected by the mechanical inputs, as 183 

quantified by the number of cells that compose each tissue 7 days after seeding. All data presented as mean ± std; * p < 184 

0.05. 185 

 186 
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While matrix stiffness has been extensively studied using polymeric hydrogel or elastomer 187 

surfaces[17,18,26,41,54], little is known about how the stiffness of assemblies of fibers influences iPSC-CM tissue 188 

formation and function. The discrete nature of fibrous matrices engenders distinct behavior compared to elastic, 189 

continuum-like materials[55]. Although here we provide measurements of bulk modulus to demonstrate 190 

mechanical tunability, these values cannot be directly extrapolated to continuum-like materials. Of note, these 191 

matrix fibers are individually quite stiff (~100’s of MPa) despite the soft bulk stiffness of the overall matrix given 192 

its high void fraction.  This is in contrast to hydrogel or elastomer materials where mechanics are fairly uniform 193 

from bulk to cell length-scales[52]. The cell-scale mechanics of these fibers, which we view as most relevant to 194 

CM mechanosensing, are therefore within the range of values reported for common natural biomaterials such as 195 

perimysial collagen fibers in the heart [56–58]. Furthermore, because our fibroTUG platform is predicated upon 196 

predefined synthetic matrices that facilitate robust integrin engagement to guide assembly of myocardial syncytia 197 

that are structurally similar to stratified muscle layers in the myocardium, we were able to generate and monitor 198 

functional myocardial tissues composed of pure iPSC-CMs, highlighting the utility of this system in studying the 199 

impact of mechanical cues on cell- and tissue-scale function over long-term culture (up to 3 weeks) (Fig. S3, S11, 200 

S12)[7].  201 

To demonstrate the general utility of this mechanically tunable platform for studying microenvironmental 202 

inputs on other types of tissues beyond EHTs, we also seeded fibroTUGs with varying fiber stiffness with tendon 203 

progenitor cells (TPC) to examine whether fiber stiffness influences tenogenic differentiation (Supplementary 204 

Methods) [59]. We found that TPCs cultured on stiff fibers expressed higher levels of scleraxis, a key marker of 205 

tenogenic differentiation (Fig S4). Additionally, treatment of tissues on stiff matrices with pro-tenogenic TGF-206 

β3 resulted in a further increase in tenogenic differentiation, supporting the general observation that a combination 207 

of physical and soluble cues potentiate stem cell differentiation (Fig. S4). These results highlight the broad 208 

applicability of highly tunable microtissue platforms for understanding cellular mechanosensing in a variety of 209 

contexts. 210 

Mechanical inputs impact tissue mechanical function, organization, and maturation 211 
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 After thorough mechanical characterization of our fibroTUG platform, we examined how altering key 212 

architectural and mechanical inputs – specifically matrix alignment, matrix stiffness, and post stiffness – affect 213 

iPSC-CM tissue assembly, organization, and function (Fig. 2). Tuning each of these parameters orthogonally 214 

enables controlled study of their respective influence and enables insights into physiologically relevant 215 

microenvironmental factors experienced by CMs. For example, disorganized collagenous ECM found in fibrotic 216 

scars after myocardial infarction has been suggested to promote disease by mitigating CM contractility and 217 

inducing pathogenic signaling [60–64]. ECM stiffness has similarly been shown to increase dramatically in fibrotic 218 

conditions, while gradually increasing throughout heart development and maturation [53,62–65]. Finally, changes in 219 

post stiffness model changes in tissue afterload that occur throughout tissue development concurrent with CM 220 

maturation and are further increased in various forms of cardiac disease [51,66]. While previously established EHT 221 

platforms enable the study of some of these mechanical perturbations, our system allows for orthogonal tuning of 222 

all these inputs in fibrous matrices that better recapitulate the perimysial matrix. This ability opens the door to 223 

understanding how each input alone impacts tissue function and how combinations of these inputs may impact 224 

tissue signaling involved in iPSC-CM maturation. To assess resulting tissue function in various mechanical 225 

environments, contractility of tissues after 7 days of culture was quantified by measuring post deflections from 226 

time-lapse imaging of contracting tissues (Supp. Videos 1-5). Myofibril organization and density were quantified 227 

as previously described to assess the impact of physical microenvironmental cues on tissue organization[15,67]. 228 
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 229 

Figure 2: Fibrous matrix alignment and stiffness influences iPSC-CM tissue assembly and force generation.  230 

(a) Confocal fluorescent images of fibroTUG tissues of varied fiber alignment, fiber stiffness, and post stiffness seeded 231 

with iPSC-CMs possessing a GFP-TTN reporter. All images show a region located at the center of each tissue. Maximum 232 
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contractile (b) force, (c) stress, and (d) work quantified in tissues with constant post stiffness (0.41 N/m) with varied fiber 233 

alignment and fiber stiffness (n ≥ 11 tissues). (e) Sarcomere alignment deviation and (f) sarcomere density quantified in 234 

tissues with constant post stiffness (0.41 N/m) and varying fiber alignment and fiber stiffness (n ≥ 10 tissues). Maximum 235 

contractile (g) force, (h) stress, and (i) work quantified in tissues with constant matrix stiffness (0.68 kPa) with varied 236 

fiber alignment and post stiffness (n ≥ 11). (j) Sarcomere alignment deviation and (k) sarcomere density quantified in 237 

tissues with constant matrix stiffness (0.68 kPa) with varied fiber alignment and post stiffness (n ≥ 8). All data presented 238 

as mean ± std; * p < 0.05. 239 

 240 

 Regardless of matrix conditions, all tissues contracted uniaxially, as evidenced by inward post deflections 241 

(Supp. Videos S1-S9), similar to established rectangular micropatterned 2D and 3D tissues [17,18,21,22,26]. 242 

Examining fibroTUGs formed on aligned fibrous matrices spanning soft (0.41 N/m) posts, we noted a decrease 243 

in tissue contractile force, contractile stress, and work as a function of increasing matrix stiffness (Fig. 2b-d; 244 

Supp. Video S2). Exploring the effect of matrix fiber alignment (via pre-defining aligned vs. randomly oriented 245 

fibers), we noted diminished tissue contractility on soft (0.68 kPa) matrices with randomly oriented fibers as 246 

compared to matrices composed of aligned fibers of equivalent fiber stiffness (Fig. 2b-d; Supp. Video S2,S3). 247 

On stiffer matrices, differences in tissue stress arising from fiber alignment was less prominent, potentially 248 

indicating that iPSC-CMs may be unable to deform stiffer matrices or efficiently assemble myofibrils independent 249 

of matrix fiber alignment. Additionally, contraction and relaxation velocitiesy and duration were highest on soft, 250 

aligned matrices (Fig. S5a-bd).  We next quantified myofibril organization within these tissues and observed a 251 

decrease in sarcomere alignment on randomly oriented fiber matrices regardless of matrix stiffness, as quantified 252 

by a higher sarcomere deviation [15] (Fig. 2a,e,f). Additionally, sarcomere density decreased on random matrices 253 

compared to aligned matrices across all stiffnesses tested (Fig. 2a,e,f). Finally, we examined the influence of 254 

tissue boundary stiffness on resulting tissue contractility by maintaining a constant stiffness of aligned matrices 255 

at 0.68 kPa while increasing post stiffness (Fig. 2g-i; Supp. Video S4,S5). While contractile force and stress 256 

remained constant in tissues formed between both soft (0.41 N/m) and stiff (1.2 N/m) posts, the effective work 257 

produced by tissues contracting against stiffer boundaries was greatly reduced (Fig. 2g-i). Contraction and 258 
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relaxation velocity and time were also decreased in tissues formed between stiff (1.2 N/m) posts (Fig. S5e-fh). 259 

Contraction and relaxation time were longer on soft, aligned matrices between soft posts due to the significantly 260 

larger fractional shortening observed in these tissues (Fig. S5c,d,g,h). However, tissues formed on randomly 261 

oriented, soft fiber matrices tethered between stiff posts surprisingly revealed no differences in contractile force 262 

and stress as compared to aligned, soft matrices suspended between stiff posts (Fig. 2g,h). This finding may be 263 

explained by a greater relative influence of increased uniaxial workload against the stiff posts, given that these 264 

tissues also exhibited enhanced myofibril assembly and alignment compared to tissues formed on random 265 

matrices under soft boundary conditions (Fig 2,j,k). This surprising result suggests that iPSC-CMs contracting 266 

against stiffer boundary constraints can form aligned myofibrils regardless of the topographical alignment of the 267 

underlying matrix, as has been shown previously in 3D tissues [21,68,69]. However, as these tissues demonstrated 268 

limited fractional shortening and work, this condition may represent a diseased or supraphysiologic mechanical 269 

environment [51]. 270 

 We next explored how microenvironmental mechanics impact iPSC-CM EHT maturation. To assess 271 

structural maturation, we immunostained tissues formed in different mechanical environments for connexin-43, 272 

the predominant cardiac gap junction protein, and the myosin regulatory light chain MLC-2v, which is known to 273 

be enriched in adult ventricular CMs [7] (Fig. 3a-d). Corroborating our measurements of fibroTUG contractility 274 

and myofibril assembly, tissues formed on soft (0.68 kPa), aligned matrices and soft (0.41 N/m) posts expressed 275 

the highest levels of connexin-43 and MLC-2v compared to tissues formed on stiff aligned matrices, soft non-276 

aligned matrices, or between stiff posts (Fig 3a-d). Long term culture of tissues under these conditions in 277 

oxidative phosphorylation promoting media (“OxPhos” media[18]) yielded a progressive increase in both MLC-278 

2v and connexin-43 expression until day 21 (Fig. S6). Additionally, cardiac troponin T expression was also most 279 

abundantly expressed in tissues formed on soft (0.68 kPa) aligned matrices and soft (0.41 N/m) posts (Fig. S7). 280 
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 281 

Figure 3: Fibrous matrix alignment, stiffness, and mechanical constraints influence iPSC-CM tissue development. 282 

(a) Confocal fluorescent images of fibroTUG tissues of varied fiber alignment, fiber stiffness, and post stiffness 283 

immunostained for α-actinin and connexin-43. All images show a region located at the center of each tissue. (b) 284 

Quantification of connexin-43 (Cxn43) expression (n ≥ 6). (c) Confocal fluorescent images of fibroTUG tissues of varied 285 

fiber alignment, fiber stiffness, and post stiffness seeded with iPSC-CMs containing a GFPtitin reporter and 286 

immunostained for MLC-2v. Again, all images show a region located at the center of each tissue. (d) Quantification of 287 
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MLC-2v expression (n ≥ 6). Calcium flux dynamics were analyzed, with representative flux traces shown in (e) and (h), to 288 

determine (f,i) contraction frequency (n ≥ 8) and (g,j) peak-to-peak irregularity, as quantified by the standard deviation of 289 

time interval between peaks (n ≥ 6). Contractile dynamics in response to isoproterenol treatment (10 nM) were analyzed, 290 

with representative contraction traces shown in (k) and (n), to determine the fold change in (l,o) contractile force and 291 

(m,p) contractile frequency (n ≥ 14). Blue hatching within bar plots indicates where post stiffness was held constant at 292 

0.41 N/m in (b,d,e-g,k-m) to explore the impact of matrix alignment and post stiffness on tissue development. Pink 293 

hatching within bar plots indicates matrix stiffness was held constant at 0.68 kPa in (b,d,h-j,n-p) to explore the impact of 294 

matrix alignment and fiber stiffness on tissue development. All data presented as mean ± std; * p < 0.05. 295 

 296 

To further corroborate these findings, we next assessed calcium handling of tissues formed with the 297 

fibroTUG platform. Briefly, tissues were incubated with a calcium sensitive dye and imaged at high frame rates 298 

> 65 frames/sec. Quantification of calcium flux dynamics indicated tissues formed on soft (0.68 kPa) aligned 299 

matrices with soft (0.41 N/m) posts contracted at the lowest frequency and at the most regular intervals (in contrast 300 

to heightened peak-to-peak irregularity observed on tissues formed on stiff or random matrices, suggestive of 301 

heightened arrythmogenic activity); of note, decrease contraction frequency and regularity are both considered to 302 

be characteristic of more mature iPSC-CMs [7] (Fig. 3e-j; Supp. Video S6-S8). Additional analysis indicates that 303 

increased matrix alignment and post stiffness also results in changes in flux rise time, decay time, and full width 304 

half max, with soft, aligned matrices between soft posts tissues exhibiting shorter rise time and decay time than 305 

tissues formed on random matrices between stiff posts (Fig. S8). Calcium flux full width half max was highest in 306 

tissues formed on soft, aligned matrices between soft posts, potentially due to a longer flux plateau [7] (Fig. S8d,h). 307 

We also treated tissues with the β-adrenergic agonist isoproterenol to further analyze tissue maturation and 308 

function (Fig. 3k-p). As β-adrenergic signaling plays a critical role in regulating cardiomyocyte contractility and 309 

calcium handling, robust responses to agonists of this pathway, such as increased contractile frequency and stress, 310 

are generally indicative of a more mature phenotype [7,18,21,70]. Across all conditions tested, tissues demonstrated 311 

chronotropic and inotropic responses to isoproterenol (Fig. 3k-p; Supp. Video S9). Importantly, isoproterenol 312 

induced a greater force-frequency response in tissues formed on soft (0.68 kPa), aligned matrices with soft (0.41 313 
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N/m) posts as compared to tissues formed on stiffer aligned matrices, soft non-aligned matrices, or stiffer posts 314 

(Fig. 3k-p). 315 

These findings highlight the value of a bioengineered platform that enables orthogonal tuning of various 316 

microenvironmental mechanical inputs, as each input appeared to have unique effects on tissue structure and 317 

function. Collectively, the results presented herein support the claim that tissues formed on soft, aligned fibrous 318 

matrices contracting against soft boundaries resulted in the most structurally and functionally mature EHTs. 319 

Additionally, these studies also reveal that each mechanical perturbation impacts tissue function, assembly, and 320 

maturation and in unique ways. Specifically, disrupting fiber alignment reduces both myofibril organization and 321 

density resulting in less contractile tissues. Increases in fiber stiffness also yield less dense myofibril networks, 322 

promote an arrhythmogenic phenotype, and decrease cell-matrix adhesions in contrast to findings from studies 323 

tuning hydrogel substrate stiffness. Increased post stiffness also resulted in a more prominent arrhythmogenic 324 

phenotype, but only when tissues were formed on random matrices between stiff pillars. Studies using this highly 325 

controlled system also showed that combinations of mechanical and architectural inputs can alter tissue structure 326 

and function in complex and non-intuitive ways. For example, while randomly oriented fibers in most 327 

combinations with post and fiber stiffness led to decreased tissue contractility and disorganized myofibrils, 328 

surprisingly, randomly oriented fibers spanning stiff posts resulted in aligned myofibrils and tissues with 329 

heightened contractility. Despite mirroring the highest functioning tissues in terms of contractile stress and 330 

myofibril organization, these tissues displayed substantial contractile frequency irregularity consistent with a pro-331 

arrhythmic phenotype and expressed lower levels of connexin-43 and MLC-2v (Fig. 2,3). Leonard et al. showed 332 

that gradually increasing cantilever stiffness yields increases in contractile force to a point where the boundary 333 

stiffness reached potentially pathologic levels [51]. Additionally, increased mechanical loading of tissues has been 334 

shown to increase myofibril organization [69,71], further supporting the fact that high boundary stiffness may be 335 

driving this phenotype. While established EHT platforms have been used to examine the impact of individual 336 

mechanical perturbations, we can explore the combinatorial effects of this wide array of physiologically relevant 337 

biophysical parameters via the unique combination of predefined synthetic ECM-mimetic fibers integrated with 338 
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microfabricated pillars. Finally, while these studies indicate the importance of control over mechanical features 339 

and matrix architecture in driving iPSC-CM maturation, other maturation techniques such as electrical pacing and 340 

metabolic programming are likely essential in deriving tissues that more closely approach the function of healthy 341 

adult myocardium [21,72,73]. Indeed, culturing fibroTUGs formed with varying post stiffnesses in OxPhos media 342 

yielded tissues with greater contractile force after 7 and 14 days in culture as compared to those cultured in 343 

standard media [18] (Fig. S3). While tissues cultured in baseline RPMI-1640 medium supplemented with B27 344 

appear to adapt their contractile machinery to exhibit similar levels of force on posts of increasing stiffness, tissues 345 

cultured in OxPhos medium for 14 days between 0.9 N/m posts had the highest contractile function compared to 346 

tissues formed between 0.41 N/m and 1.2 N/m (Fig. S3c-d). These results are consistent with previous studies 347 

showing that metabolic maturation can increase the levels of tissue contractile force and further suggest that iPSC-348 

CM tissues will adapt to increasing post stiffness by increasing their contractility until the tissue’s boundary 349 

stiffness approaches a stiffness regime reflecting pathological conditions[18,23,51,74]. 350 

Tissue specific modeling of fibroTUG reveals altered cellular response to matrix stiffness 351 

 The ability to orthogonally tune mechanical and architectural inputs to EHT formation enables 352 

investigation into how iPSC-CMs sense and respond to distinct physical microenvironmental cues. However, a 353 

limitation of many EHT platforms (including ours) is that tissue-scale contractile force readouts are determined 354 

by measuring post deflections. While this affords a direct measure of dynamic tissue contractility, these 355 

measurements fail to capture stresses and strains at the cell and subcellular levels. This is best illustrated by an 356 

example of highly contractile CMs contracting on rigid matrices, where limited post deflections would 357 

misleadingly suggest low CM contractility. The discrepancy between tissue contractility and cell force/stress thus 358 

limits our interpretation of how iPSC-CMs may be responding to matrix alignment, matrix stiffness, or boundary 359 

constraints. To overcome this challenge, we generated tissue-specific computational models of fibroTUGs that 360 

enable quantification of the active cell stresses generated by iPSC-CMs within these tissues based on the input 361 

parameters of composite force, myofibrillar structure, and the underlying fiber structure. Detailed methods on 362 

how tissue-specific models were generated and validated can be found in Jilberto et al. (2023) [67].  Briefly, to 363 
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generate these computational models, an image analysis pipeline was developed to extract key matrix and cell 364 

parameters including fiber density, alignment, and dispersion; sarcomere density and alignment; and tissue 365 

displacements (i.e. post deflections) from time-lapse imaging [15] (Fig. 4a-c). From these metrics, a non-linear 366 

hyperelastic finite element model that accounts for tissue-specific fiber and cell mechanics was constructed.  The 367 

contraction of each tissue was simulated while computing the active stress of CMs required to generate the 368 

experimentally determined contractile dynamics (Supp. Vid. S10). By design, the model captures the contractile 369 

behavior experimentally measured at the posts (Fig. 4d) and the active stress curve generated by the model 370 

describes the heterogenous local contractile function that the CMs generate given the tissue-specific inputs 371 

described above (Fig. 4e). 372 

In comparing tissues formed with soft vs. stiff fibers, we found that CMs on stiff matrices in fact generated 373 

lower active cell stresses than those on soft matrices (Fig. 4f), suggesting that a cellular mechanoresponse to 374 

matrix stiffness in part explains the observed reduced force output. The extent to which decreased post-derived 375 

force measurements on stiff matrices is a product of an adaptive cellular response as opposed to the mechanics of 376 

the fiber matrices is unknown. However, the magnitude of the decrease in post force on stiff matrices compared 377 

to soft was greater than the magnitude of the decrease in the cellular active stress on stiff matrices (Fig. 4f), 378 

highlighting a combination of cellular mechanosensing in addition to matrix stiffness and structure in defining 379 

tissue force measured by post deflections. Post stiffness, however, did not significantly change the relationship 380 

between tissue and active cell stresses, as expected (Fig. 4g). Further exploration of insights gained from the 381 

computational model are discussed in the concurrent manuscript [67]. Here, we delved deeper into the discussed 382 

result and its implications – that matrix stiffness impacts how CMs generate intercellular forces and forces applied 383 

extracellularly to the underlying matrix. 384 
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 385 

Figure 4: Tissue-specific computational modeling of fibroTUGs shows altered cellular contractility on matrices of 386 

varied stiffness. (a) Density, alignment, and dispersion fields characterizing the structure of the fibrous matrix. (b) 387 

Sarcomere density and alignment characterizing the structure of the myofibril network. (c) Results of the simulation for 388 

representative tissue showing inner displacement magnitude (left), and sarcomere strain (right). (d) Simulated post 389 

displacement and force time traces matching the experimental data for one simulation, where post displacement and force 390 

data are the simulation input. (e) The resulting mean active stress curve exerted by sarcomeres in the model to match the 391 

data in (d). (f-g) Post-force input (left two bars on gray background) compared with the computed active stress (right two 392 
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bars on white background) for n>100 simulations with varied fiber stiffness (f) and varied post-stiffness (g).  All data 393 

presented as mean ± std; * p < 0.0001 by unpaired t-tests. 394 

 395 

Matrix stiffness impacts cell-ECM interactions and costamere formation 396 

 The preceding studies demonstrate that matrix stiffness significantly impacts EHT formation and function 397 

(Fig. 2,3), expression of markers associated with maturation (Fig. 3), and active cell stresses (Fig. 4). As the 398 

fibroTUG platform provides a means to probe how the mechanics of the fibrous ECM impacts tissue assembly 399 

and maturation, we next examined if cell-ECM interactions might differ in tissues formed on soft compared to 400 

stiff matrices. Previous work from Chopra et al. implicated FAs or protocostameres as critical nucleation points 401 

for sarcomere and myofibril assembly in iPSC-CMs cultured on 2D micropatterns [32]. Moreover, Fukuda et al. 402 

examined the role of vinculin, a mechanosensitive protein that localizes to cell-matrix adhesions as well as 403 

adherens junctions, in zebrafish heart development [30]. Their results indicate that mechanical strain upregulates 404 

vinculin expression, which is known to mediate myofibril maturation throughout development. We thus 405 

hypothesized that altered cell-matrix interactions as a function of fibrous matrix stiffness could impact FA and 406 

myofibril assembly. Further building upon this previous work and our findings highlighting changes in iPSC-CM 407 

function and maturation on matrices of varying mechanics, we also hypothesized that changes in FA assembly 408 

may coincide with changes in myofibril maturation at later time points (Day 7). 409 

To test these hypotheses, we generated tissues between soft posts, on aligned soft (0.68 kPa) or stiff (17.3 410 

kPa) matrices and assessed after 1, 3, or 7 days of culture. Immunostaining for vinculin, a marker of 411 

mechanoresponsive FAs and key regulator of cardiac development [30], and quantification of FA size, shape, and 412 

overall abundance via 3D segmentation of confocal z-stacks revealed marked stiffness-mediated differences in 413 

cell-matrix interactions during tissue assembly and maturation (Fig. 5). At day 1, during initial myofibril 414 

assembly, FAs were observed to colocalize with matrix fibers and the number of vinculin-rich FAs, average size 415 

of FAs, total vinculin expression, and the eccentricity of each adhesion all were significantly greater on soft 416 

matrices as compared to stiff (Fig. 5a-e). Further, initially formed immature myofibrils were more disorganized 417 
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on stiff matrices than on soft (Fig. 3a, S9). At days 3 and 7, the average FA size and total FA signal, as determined 418 

by vinculin immunostaining, decreased slightly independently of matrix stiffness (Fig. 5c,d). At these later 419 

timepoints, vinculin localized to z-discs most prevalently in tissues formed on soft matrices as quantified by 420 

colocalization with the z-disc protein titin. This co-localization suggesting the formation of costameres to our 421 

knowledge has not been previously reported for iPSC-CM EHTs (Fig. 5a,e-g). In native myocardium, costameres 422 

physically link myofibrils to the surrounding ECM at each z-disc, enabling force transmission to adjacent tissue 423 

[29,49,50]. These structures are known to play a critical role in regulating myocardial contractile function and their 424 

formation during development may be regulated in part by mechanical strain within the tissue [30,31]. We also 425 

observed an increase over time in the expression of the β1D integrin splice isoform uniquely in soft matrices (Fig. 426 

S10). Integrin β1D is specific to cardiac and striated muscle cells and has previously been associated with cardiac 427 

maturation [75–77]. Taken together, the formation of costameres and increased expression of β1D integrin may 428 

indicate a more mature CM adhesive state regulated by matrix mechanics that corresponds to the formation of 429 

more mature myofibrils (Fig. 3c,d). 430 

To further explore the connection between tissue maturation and costamere formation, we cultured 431 

fibroTUG tissues generated on soft, aligned matrices spanning soft posts in OxPhos media for 21 days to test the 432 

potential for further iPSC-CM maturation [18,73]. Unlike previously established models that rely on 2D 433 

micropatterning [18], the formation of robust cell-ECM adhesions and long-term stability of fibrous DVS matrices 434 

used in our system facilitates the investigation of how tissue maturation and cell-ECM may be related at later 435 

timepoints. Fixing and imaging tissues immunostained for vinculin and GFP-titin at days 1, 3, 7, 14, and 21 436 

revealed that vinculin colocalization with the z-disc persists at later time points as the tissues continue to mature 437 

(Fig. S11a,e,f, S5). As was the case in tissues cultured in standard RPMI B27 media, FA average size trended 438 

downward over time as did adhesion eccentricity, supportive of a transition in CM adhesion from proto-439 

costameres to costameres (Fig. S11b,d). However, the total volume of vinculin-enriched structures in the tissue 440 

increased at later time points, suggesting continued remodeling of cell-matrix adhesions in conditions that drive 441 

tissue maturation (Fig. S11d). As previously described, costameres are composed of various proteins that play 442 
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specific roles in processes such as cellular mechanosensing and signal transduction. We thus confirmed our 443 

previous findings by additionally immunostaining for zyxin, an adhesion protein associated with adhesion 444 

maturation that regulates actin polymerization [38,78,79]. In contrast to vinculin, average zyxin volume remained 445 

relatively constant while total zyxin expression and eccentricity increased over time (Fig. 12a-d). Additionally, 446 

zyxin localization to costameres (based on co-localization with titin) lagged behind vinculin, peaking at day 14 447 

as opposed to day 7 (Fig. S12a,e-f). This is consistent with the notion that zyxin is recruited to more mature 448 

adhesions based on previous observations of zyxin recruitment to adhesions following vinculin and paxillin, both 449 

of which are more rapidly recruited [80,81]. 450 
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 451 
 452 

Figure 5: Matrix mechanics influence costamere formation which regulates myofibril assembly and maturation. (a) 453 

Confocal fluorescent images of fibroTUG tissues fixed at day 1, 3 and 7 post seeding on either soft (0.68 kPa) or stiff 454 

(17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 N/m). All images show a region located at the 455 

center of each tissue. (b) Average vinculin volume, (c) total vinculin volume, (d) and vinculin eccentricity were quantified 456 
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from the fluorescent images of immunostained vinculin (n ≥ 5). (e) Costamere formation was assessed by quantifying 457 

vinculin colocalization with titin. Colocalization of vinculin and titin on day 7 was visualized via fluorescence intensity 458 

plots of titin (cyan) and vinculin (magenta) on (f) 0.68 kPa matrices and (g) 17.1 kPa matrices from lines drawn along the 459 

major axis of regions indicated by the rectangles overlayed on images in panel a. All data presented as mean ± std; * p < 460 

0.05. 461 

 462 

As vinculin also localizes to adherens junctions, we co-immunostained tissues fixed at days 1, 3, and 7 for 463 

N-cadherin and vinculin to examine whether N-cadherin (N-cad) and vinculin co-localization to the intercalated 464 

disc was also influenced by matrix stiffness (Fig. 6a-d). Total N-cadherin expression increased comparably over 465 

culture time in tissues formed on both soft and stiff matrices (Fig. 6a,b). Expression of desmoplakin, a key 466 

desmosomal protein, also increased similarly with time on soft and stiff matrices (Fig. S13). Localization of 467 

vinculin to N-cadherin, however, was greatest on soft matrices at days 3 and 7, potentially indicating the formation 468 

of more robust and mechanically engaged intercalated discs (Fig. 6a,c). When normalizing the intensity of 469 

vinculin at intercalated discs to costameric vinculin, differences between the two matrix conditions were not 470 

apparent, indicating that vinculin expression is upregulated in both locations in the more contractile tissues formed 471 

on soft matrices (Fig. 6d). This idea is supported by findings from Fukuda et al. that indicate vinculin localization 472 

to both costameres and cell-cell junctions is upregulated in CMs that experience mechanical strain during 473 

development [30].  474 

Using high resolution imaging, we identified three distinct locations to which vinculin localizes in 475 

fibroTUG tissues: 1) FAs, most prevalent upon initial cell adhesion and during myofibril assembly (day 1), 2) 476 

intercalated discs, and 3) costameres, which were evident by day 7 following myofibril formation [49] (Fig. 6e-g, 477 

Fig. S14). Of note, vinculin localized to z-discs to form costameres preferentially in soft matrices by day 7, 478 

suggesting myofibril maturation may be associated with the formation of these critical cell-ECM adhesions (Fig. 479 

6e). Vinculin was present at N-cadherin-rich adherens junctions in both soft and stiff matrices by day 7 (Fig. 6f, 480 

Fig. S14), despite the lower amount of N-cadherin colocalization with vinculin observed in stiff tissues more 481 

broadly (Fig. 6c). Finally, we observed vinculin localization to FAs distinct from z-discs based on the lack of titin 482 
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and instead co-localization with non-muscle myosin-IIB (NMM-IIB) (Fig. 6g). FAs were particularly prominent 483 

in assembling tissues on day 1 and more commonly observed on stiff matrices across all time points (Fig. 6g), in 484 

line with decreased vinculin localization to titin noted on stiff matrices (Fig. 5e). Furthermore, these complexes 485 

were larger and more elongated on soft matrices than stiff matrices at day 1, suggesting more robust adhesion to 486 

soft matrices, as previously described (Fig. 6g, 5d). These three vinculin-enriched adhesive structures were first 487 

observed by Simpson and colleagues in adult feline CM cultures [49]. Their results suggest that contractile behavior 488 

and the formation of cell-cell junctions regulate vinculin distribution and potentially myofibril assembly [32,46,49,50]. 489 

Our observations indicate that cellular mechanosensing of the surrounding ECM drives the expression and 490 

localization of vinculin to distinct cellular domains within iPSC-CMs and further supports the role that contractile 491 

activity plays in regulating vinculin distribution (Fig 5, 6). 492 

 493 
 494 



27 
 

Figure 6: Microenvironmental mechanics regulate vinculin localization to costameres, adherens junctions and focal 495 

adhesions. (a) Confocal fluorescent images of fibroTUG tissues fixed at day 1, 3 and 7 after seeding on either soft (0.68 496 

kPa) or stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 N/m). All images show a region 497 

located at the center of each tissue. (b) N-cadherin (N-Cad) fluorescence was quantified from the fluorescent images of 498 

immunostained N-cadherin (n ≥ 8). (c) Vinculin localization to adherens junctions was quantified by analyzing vinculin 499 

and N-cadherin immunostained images. (d) Ratio of vinculin that localized to intercalated discs (ICD) to vinculin 500 

localized to costameres or sarcomere z-discs. Representative confocal fluorescent images of vinculin localization at days 1 501 

or 7 to (e) costameres (i.e., vinculin colocalization to titin), (f) adherens junctions (i.e., vinculin colocalization to N-502 

cadherin), and (g) focal adhesions (i.e., vinculin colocalization to NMM-IIB) not associated with either N-cadherin or titin 503 

staining, as indicated by red arrow heads and boxes. All data presented as mean ± std; * p < 0.05. 504 

 505 

Tissue contractility drives myofibril maturation and costamere formation in soft matrices 506 

 In the preceding studies, soft (0.68 kPa), aligned fibrous matrices yielded the most contractile tissues and 507 

localization of vinculin to costameres, an adhesive phenotype not previously reported in EHTs derived from iPSC-508 

CMs (Fig. 2,5,6). As prior studies implicated myosin contractility as being critical for myofibril assembly and 509 

maturation [18,32,36,82], we next examined if myosin contractility also plays a role in regulating myofibril stability 510 

and costamere formation. iPSC-CMs seeded on soft matrices were treated with blebbistatin (50 µM) beginning 511 

at day 3, an inhibitor of both non-muscle myosins and cardiac myosins, or mavacamten (500 nM), a cardiac 512 

myosin specific inhibitor, to test whether myosin contractility is required for myofibril maturation and 513 

concomitant vinculin localization to costameres (Fig. 7). Comparisons were made to tissues formed on stiff matrix 514 

conditions, which exhibited less costameric vinculin and overall lower myofibril density (Fig. 5). Tissues were 515 

analyzed on day 8 to assess diastolic stress, vinculin localization, and myofibril assembly. In only untreated tissues 516 

on soft matrices, we observed a decrease in diastolic tissue length implying enhanced tissue contractility (Fig. 517 

7b). In contrast, blebbistatin and mavacamten treated tissues both increased in length, indicating relaxation and 518 

lower diastolic stress (Fig. 7c-d). Further, the number of vinculin-enriched adhesions, total vinculin expression, 519 

and eccentricity of adhesive structures decreased in tissues treated with both blebbistatin and mavacamten from 520 
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days 3-8, implying disrupted maturation of cell-cell and cell-ECM adhesions (Fig. 7e-g). FA organization and 521 

vinculin localization in treated tissues formed on soft matrices were similar to that of untreated stiff matrix tissues, 522 

suggesting that diminished CM contractility on stiff matrices may limit FA maturation (Fig. 7e-g). No effect was 523 

observed when treating tissues from only days 7-8, most likely due to the shorter treatment duration that was not 524 

long enough to allow significant disassembly of cell-ECM adhesions and myofibrils which may happen more 525 

gradually (Fig. S15). Additionally, myofibril organization and density, along with non-muscle myosin IIB 526 

expression, decreased upon myosin inhibition, supporting a role for actomyosin contractility in myofibril 527 

maintenance (Fig. 7h,i, S16). Finally, vinculin localization to z-discs decreased in treated tissues, implying that 528 

actomyosin contractility is critical for the formation of costameres (Fig. 7j). 529 

 530 
 531 

Figure 7: Tissue contractility drives the maturation and maintenance of myofibrils and costameres. (a) Confocal 532 

fluorescent images of fibroTUG tissues treated with blebbistatin (50µM) or mavacamten (500 nM). All images show a 533 

region located at the center of each tissue. (b) Diastolic tissue length on day 3 and 8 of tissues seeded on soft (0.68 kPa) 534 

and stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 N/m) without treatment with the 535 
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contractile inhibitors. (c,d) Diastolic tissue length of tissues seeded on soft matrices on day 3 before treatment with 536 

contractile inhibitors, (c) blebbistatin or (d) mavacamten, and day 8 after 5 days of treatment (n ≥ 8). (e) Focal adhesion 537 

count, (f) vinculin volume per cell, and (g) focal adhesion eccentricity were quantified from the fluorescent images of 538 

immunostained vinculin (n ≥ 6). (h) Sarcomere alignment deviation and (i) titin volume per cell quantified from 539 

fluorescent images of titin-GFP reporter (n ≥ 6). Vinculin colocalization with titin per cell quantified from titin and 540 

vinculin images (n ≥ 6). All data presented as mean ± std; * p < 0.05. 541 

 542 

Variants in β-cardiac myosin (MYH7) and other regulators of contractility are associated with 543 

hypertrophic cardiomyopathies (HCM) and dilated cardiomyopathies (DCM).  In fact, nearly a third of all known 544 

HCM variants arise from mutations in MYH7, in line with our findings that myosin driven CM contractility is 545 

critical for myofibril assembly, maturation, and overall structural integrity [43,44]. Additionally, many costameric 546 

proteins including vinculin and filamin C, are strongly implicated in dilated cardiomyopathies [43,83,84]. Studying 547 

the impact of these mutations on tissue function requires accurate models of the myocardium that possess adult-548 

like function and structure [7]. The fibroTUG platform provides the mechanical control and ECM-like architecture 549 

of fibrous matrices necessary to driving a mature cell-adhesive phenotype that may be critical to a deeper 550 

understanding of the mechanisms of such diseases. 551 

Costamere formation is associated with more mature myofibrils  552 

As costameres are the sole mediator of CM-ECM adhesion in the mature adult myocardium, we next 553 

tested the hypothesis that MLC-2v expression directly correlates with costamere formation (Fig. 8). Shared 554 

expression of costameric vinculin and MLC-2v could suggest that robust cell adhesion to the matrix along the 555 

myofibril facilitates myofibril maturation via recruitment of the more mature myosin light chain isoform. We 556 

seeded iPSC-CMs containing a GFP-titin reporter on both soft and stiff aligned matrices tethered between soft 557 

posts and immunostained for MLC-2v and vinculin after 7 days of culture (Fig. 8). As before, we observe 558 

increased MLC-2v expression and vinculin localization to z-discs on soft matrices. In contrast, iPSC-CMs on stiff 559 

matrices revealed significantly lower MLC-2v expression (Fig. 8a,b). Interestingly, examining the ratio of MLC-560 

2v colocalized with vinculin-rich costameres, we found that the percentage is high in both soft and stiff matrices, 561 
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despite decreased overall expression of MLC-2v in stiff matrices, indicating a relationship between myofibril 562 

maturation and costamere formation (Fig. 8c). To confirm this quantification, we segmented the tissue into 563 

subsections comparable to the area inhabited by a single spread CM. For each of these subregions, MLC-2v 564 

expression was plotted against costameric vinculin and fit to a linear regression model (Fig. 8d,e). On both soft 565 

and stiff matrices, correlation between these two metrics was positive and significant; however, a higher linear 566 

regression slope was noted for tissues formed on soft matrices, indicating that the highest level of both costameric 567 

vinculin MLC-2v was attained in tissues on soft matrices (Fig. 8d,e). Taken together, these data indicate that the 568 

formation of costameres is coupled with myofilament maturation, though costamere formation does not 569 

necessarily lead to myofibrillar maturation. This highlights the critical relationship between CM cell-matrix 570 

adhesion and myofibril maturation that hand in hand define CM and overall tissue contractility. 571 

 572 
 573 

Figure 8: Costamere formation is associated with more mature myofibrils. (a) Confocal fluorescent images of 574 

fibroTUG tissues fixed at day 7 after seeding on either soft (0.68 kPa) or stiff (17.1 kPa) aligned fiber matrices (post 575 

stiffness was held constant at 0.41 N/m). (b) Quantification of MLC-2v expression per cell (n ≥ 12). (c) Ratio of MLC-2v 576 

expressing myofibrils that are associated with robust costamere formation (n ≥ 12). For tissues formed on (d) soft and (e) 577 

stiff matrices, correlation between MLC-2v expression and costameric vinculin was assessed by segmenting tissues into 578 

regions equal to roughly the size of one CM and MLC-2v and costameric vinculin expression was quantified within each 579 

of these regions. Each point on the plot represents a single subregion on one of three representative tissues. Linear 580 

regressions for data from each individual tissue are indicated by different colored dashed lines while linear regression of 581 
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the data from these three tissues pooled together is indicated by the solid black line. The slope and R2 value for this pooled 582 

data are also noted in the plots. All data presented as mean ± std; * p < 0.05. 583 

DISCUSSION 584 

 Despite many recent advances, studying the impact of biophysical cues on iPSC-CM tissue assembly and 585 

maturation remains challenging. Current 2D models provide an excellent setting for certain applications, but 586 

typically cannot recapitulate native tissue mechanics and architecture. Common 2D culture platforms such as 587 

micropatterned ECM proteins, for example, lack the fibrous topography and mechanical heterogeneity present in 588 

native myocardial tissues. [17,18,26]. Other electrospun scaffolds have limited mechanical control, as materials such 589 

as polycaprolactone are much stiffer than fibrillar proteins in the ECM and lack mechanical tunability [16,25,85]. 590 

Additionally, while widely used 3D constructs more closely mimic the dimensionality of native environmental 591 

conditions and enable control of some relevant mechanical inputs such as boundary stiffness, isolating the impact 592 

of tissue-relevant mechanical and architectural cues on CMs in these models is intractable due to the use of natural 593 

biomaterials [8,9]. Thus, new EHT platforms that capture the fibrous architecture of the native ECM while enabling 594 

orthogonal tuning of boundary stiffness, matrix alignment and stiffness (over a physiologic range) may provide 595 

new insights into iPSC-CM mechanosensing, function, and structural maturation. Thus, we created a 2.5D tunable 596 

iPSC-CM tissue platform composed of mechanically tunable synthetic fiber matrices suspended between two 597 

elastomeric posts, enabling the study of key physical microenvironmental inputs to tissue assembly and function: 598 

tissue boundary constraints, matrix fiber alignment, and matrix stiffness. 599 

Unlike other approaches to engineering cardiac tissues, the orthogonal tunability of the fibroTUG cardiac 600 

microtissue platform allowed for careful dissection of how individual biophysical cues impact CM organization 601 

and function. While several studies have examined how mechanical inputs impact iPSC-CM function and tissue 602 

assembly, previously established platforms lack the ability to isolate the effects of relevant discrete physical 603 

properties in a setting that faithfully recapitulates the architecture of the myocardial microenvironment. 604 

Furthermore, the formation of thin fibroTUG tissues (~15 µm thick) between elastomeric posts permits 605 

comprehensive image-based analysis of both contractile function and subcellular structural development of the 606 
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tissues, which enabled insights into the distinct impacts each mechanical input has on tissue assembly, 607 

contractility, and maturation. 608 

More specifically, each mechanical perturbation made possible by the fibroTUG platform corresponds to 609 

various microenvironmental states that occur in native tissue development and disease progression. Our studies 610 

exploring the influence of fiber stiffness provide insight into how changes in ECM mechanics during cardiac 611 

development or disease progression may impact cardiac tissue organization and function. Alternatively, matrix 612 

alignment is known to play a critical role in tissue function where disorganized fibrotic ECM deposited due to 613 

myocardial injury has been suggested to contribute to abnormal myocardial biomechanics and disease-associated 614 

signaling [10,86]. Finally, control over post stiffness to define tissue boundary constraints may reflect tissue 615 

remodeling associated with altered cardiac afterload, which is known to alter heart function in various contexts  616 

[44,51,69,71,87]. 617 

Importantly, many cardiac microtissue platforms require the inclusion of stromal cells for tissue assembly 618 

and compaction [8,21–24,88,89]. However, their random distribution amongst contractile CMs does not accurately 619 

recapitulate the organization of the native myocardium where CMs and stromal cells are segregated [10,11,13], and 620 

furthermore confounds clear insights into how various biophysical cues impact specifically CM development and 621 

maturation. Additionally, these tissues typically exhibit limited stability over time in culture due to stromal cell 622 

proliferation, contraction, and tissue delamination [7,8]. In our fibroTUG platform, predefining matrix properties 623 

before seeding enables the assembly of robust iPSC-CM tissues without the addition of stromal cells. There is 624 

mounting evidence to suggest that CM-fibroblast crosstalk via both direct cell-cell connections and paracrine 625 

signaling can drive iPSC-CM maturation [89,90]. Expanding on this idea, these studies show that, independent of 626 

other biochemical signals, CM mechanosensing of synthetic matrices that recapitulate fibroblast secreted 627 

perimysial collagen fibers can significantly impact CM development and function. Future studies using this 628 

platform will be focused on comparing tissues formed from pure iPSC-CM populations to those containing 629 

fibroblasts to probe how fibroblasts might impact iPSC-CM maturation. 630 
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We found that tissues formed on soft (0.68 kPa), aligned matrices suspended between soft (0.41 N/m) 631 

posts were the most mature, as evidenced by myofibril density and contractility (Fig 2,3). These optimized 632 

mechanical conditions yielded tissues with comparable contractile stress output to tissues generated in other 633 

studies [21,51,69,91–94]. However, most of these approaches yield tissues that were much larger and therefore 634 

composed of substantially more CMs (often >1e6 CMs) as compared to our tissues composed of an average of 635 

~100 CMs. Further, fractional shortening of fibroTUG tissues was maximally ~5% compared to slightly higher 636 

values reported in some 3D in vitro model constructs that report ~10% fractional shortening [51,69], both of which 637 

fall well short of values reported for the left ventricular myocardium (~20%) [95]. FurtherNonetheless, our 638 

fibroTUG microtissues contract with higher stress than myocardial tissues strips obtained from human newborn 639 

and infant hearts (~0.9 kPa) [96]. Taken together, this mechanically tunable platform can drive the formation of 640 

functional iPSC-CM tissues. 641 

Each mechanical input we explored had distinct effects on tissue assembly, maturation, and contractility, 642 

suggesting that different mechanosensing mechanisms may be involved in responding to various mechanical 643 

signals. First, altered contractile function of tissues formed in aligned vs. random fiber matrices is likely a result 644 

of disrupted myofibril density and organization. (Fig. 2). By isolating matrix alignment from matrix and boundary 645 

stiffness perturbations, we can conclude that iPSC-CM interactions with disorganized matrices leads to impaired 646 

formation of aligned myofibrils. Specifically, we found that increased fiber alignment improved myofibril 647 

alignment and density, independent of fiber stiffness and post stiffness. We also observed that matrix alignment 648 

enhances tissue contractile function and calcium handling, as has been previously described [15–18,97]. Secondly, 649 

isolating the impact of altered matrix stiffness in our tissue platform revealed that contractility of CMs on soft vs. 650 

stiff fiber matrices is in part defined by differential mechanosensing and CM-matrix interactions. Using non-651 

degradable, mechanically defined, and well-characterized synthetic fibers that can be easily imaged facilitated the 652 

creation of tissue-specific modeling the provided precise analysis of how matrix architecture and mechanics 653 

impact iPSC-CM contractile function [67]. This integration of finite element models of our fibroTUG platform 654 

provided further insights into how iPSC-CMs respond to this specific mechanical perturbation and confirmed that 655 
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CMs on stiff matrices indeed individually generating less stress (Fig. 4). Specifically, we found that differences 656 

in tissue contractility as measured by elastomeric posts were not only caused by changes in matrix deformability, 657 

but also a cellular contractile response to changes in matrix stiffness, as measured by changes in cellular active 658 

stresses (Fig. 4). Further supporting this claim, cell adhesions, and more specifically the formation of costameres, 659 

proved sensitive to matrix stiffness, implying that cellular mechanosensing dictates the formation of distinct 660 

adhesive structures that may influence tissues assembly and structural maturation (Fig. 5). Current computational 661 

modeling efforts are focused on integrating cell-ECM and cell-cell adhesions into the system with the goal of 662 

better understanding how tissue mechanosensing impacts tissue growth or disease progression[67]. Lastly, while 663 

increasing post stiffness did not impact cellular active stress or post-force measurements, stiff boundary 664 

constraints appear to be sufficient in driving myofibril alignment regardless of matrix organization, despite low 665 

levels of fractional shortening. 666 

Fiber alignment plays a key role in the development of fibroTUG tissues, and previously developed 667 

techniques including electrospun scaffolds, nano- and micro-grooved surfaces, or micropatterning have been 668 

shown to drive alignment and subsequent maturation of iPSC-CMs [15–19]. Additionally, many groups have 669 

explored how matrix stiffness impacts CM maturation and contractile function, culminating in the observation 670 

that CMs contract most robustly on hydrogels of physiologic stiffness (~8-10 kPa) [17,54]. In our studies, soft, 671 

fibrous matrices (0.68 kPa) that more closely mimic the stiffness of fetal heart tissue yielded the most contractile 672 

tissues[54]. This discrepancy could be explained by the distinct architecture and local mechanics of fibrous matrices 673 

as compared to isotropic, continuum-like hydrogel or elastomer surfaces that lack discrete fibrous structure and 674 

topography [15]. In addition to better modeling CM responses the native tissue microenvironment, this tissue model 675 

may also better mimic the mechanics of other 3D EHT constructs made from fibrous hydrogels such as fibrin or 676 

collagen. Furthermore, in our platform, tissues formed on soft, aligned matrices with soft boundary conditions 677 

displayed the highest levels of fractional shortening, a key regulator of iPSC-CM maturation [18,69,92]. Caution 678 

should be taken, however, when attempting to compare elastic moduli of hydrogels and other in vitro culture 679 

platforms with the modulus of native tissues, as characterization techniques vary widely across settings (eg. 680 
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testing in compression vs. tension, or at different length-scales). Additionally, as highlighted here, cells sense and 681 

respond to many mechanical properties of a material that are not captured in a simple elastic modulus 682 

measurement Previous work from our group showcases this idea, demonstrating that fibroblasts or mesenchymal 683 

stem cells cultured on fibrous scaffolds generate more robust focal adhesions when individual fibers and resulting 684 

matrices are softer rather than stiffer, in contrast to previous studies showing great focal adhesions formation on 685 

stiffer elastic hydrogel or elastomer surfaces[52,55].  As it is well accepted that iPSC-CMs are most comparable to 686 

fetal CMs, the results presented here supports the concept of initiating CMs in a soft environment to allow them 687 

to assemble properly prior to gradually increasing matrix mechanics to promote CM growth and maturation, as 688 

has been previously explored using elastic hydrogels [53]. 689 

One aspect of this mechanoresponse involves the formation and modulation of costameres. In agreement 690 

with previous work[32,36], we observed that protocostamere formation corresponds with initial myofibril assembly. 691 

However, our experiments examined timepoints beyond early spreading of iPSC-CMs mediated by proto-692 

costameres in a multicellular, tissue-like context.  Intriguingly, we found that costamere formation, as evidenced 693 

by vinculin and zyxin localization to the z-disc, is maximized when tissues are maintained on soft (0.68 kPa) fiber 694 

matrices (Fig. 5). Previous results obtained by culturing single iPSC-CMs on soft vs stiff hydrogels indicated that 695 

the stiffness of the hydrogel surface did not impact costamere formation, supporting the idea that iPSC-CMs 696 

interact differently with fibrous matrices compared to isotropic hydrogel surfaces[38]. Further, these findings 697 

support a dynamic interplay between adhesion myofibrillar proteins where protocostameres give rise to myofibrils 698 

followed by a redistribution of adhesion proteins to along the myofibril under particular mechanical conditions.  699 

Additionally, we found that iPSC-CMs possessing more costameres also demonstrated increased expression of 700 

MLC-2v, a marker of mature myofibrils in ventricular CMs (Fig. 8). As costameres play a critical role in 701 

transmitting force generated by the myofibril to the surrounding matrix, these results suggest that mechanical 702 

inputs from the microenvironment keenly influence the formation of distinct types of matrix adhesions and 703 

myofibrillar content. Despite observing that MLC-2v expression and costameres correlate on a per cell basis (Fig. 704 

8), the connection between the two remains to be explored. 705 
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Tissues formed on soft, aligned matrices were shown to have the highest contractile function (Fig. 2, 5), 706 

most robust costamere formation, and the most mature myofibrils but the temporal relationship between these 707 

phenotypes is unknown. As previously discussed, Fukuda et al. show that cardiac contractility enhances vinculin 708 

localization, which is critical for myofibril maturation, in developing zebrafish [30]. As there are clear correlations 709 

between contractility, cell-ECM adhesion maturity, and myofibril development in our iPSC-CM-based tissues, 710 

mechanistic studies aimed at parsing the specifics of these relationships would help advance our understanding 711 

of the subcellular mechanisms driving iPSC-CM maturation. The interactions of various focal adhesion proteins 712 

such as vinculin, zyxin, talin, paxillin, focal adhesion kinase, and others as adhesions mature have been explored 713 

extensively in other cell types such as fibroblasts [98]. CMs experience different mechanical stimuli compared 714 

these model cell types so exploration of the complex relationships between the many proteins involved in proper 715 

costamere formation in iPSC-CMs is critical to understanding their role in CM maturation and disease 716 

progression. 717 

Our results may inform the design of larger-scale tissue patches and translatable regenerative therapies, 718 

where interactions between iPSC-CMs and biomaterials are likely critical to the proper assembly of functional, 719 

mature myocardial syncytia. Future work translating the identified optimal mechanical parameters to fully 3D 720 

tissue constructs with therapeutic potential will be essential. Previous work developing 3D EHT constructs lacked 721 

close examination of cell-ECM interactions, at least in part due to imaging challenges inherent to these thick 722 

tissue constructs. However, it is critical to understand how CMs interact with their microenvironment in these 723 

constructs, as focal adhesions and costameres are likely required for not only native tissue-like contractile function 724 

of EHTs but also robust integration of EHTs with native tissue upon implantation due to their critical roles in 725 

force transmission. Scaffolds design features such as the incorporation of soft, aligned fibers should be considered, 726 

especially in light of prior studies testing scaffold-free implants which resulted in arrhythmic activity[99,100]. 727 

Motivated by the findings in this work, we are currently working to integrate synthetic fibers into fibrin- or 728 

collagen-based 3D iPSC-CM tissue constructs to examine whether findings presented in these studies translate to 729 

the biofabrication of larger scale tissue patches. 730 
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Furthermore, as alterations in myocardial matrix organization and mechanics are a hallmark of many 731 

forms of cardiac disease, the high mechanical tunability of the fibroTUG platform could enable key insights into 732 

the mechanisms of disease and in the longer term, facilitate the development of better treatment options. Of note, 733 

mutations in mechanosensitive proteins, including vinculin, have been shown to cause various forms of heart 734 

disease such as dilated or hypertrophic cardiomyopathies[43,44]. Ongoing studies are being conducted to better 735 

understand how changes in tissue mechanics may exacerbate disease phenotypes observed in patients with genetic 736 

cardiomyopathies, specifically in proteins of the costamere or intercalated disc[34,43,44]. Finally, in vitro CM tissue 737 

models, such as the fibroTUG platform presented here show promise as platforms for screening drugs for potential 738 

cardiotoxicity or effective in treating heart disease. Here, we show that tissue response to isoproterenol, a 739 

clinically approved inotrope used to treat patients with heart failure, is impacted by altered tissue mechanics, 740 

highlighting a requirement for the informed design of drug screening platforms. 741 

In conclusion, we developed a mechanically tunable iPSC-CM microtissue platform that we used to 742 

investigate the impacts of specific, physiologically relevant microenvironmental states. Platforms such as this can 743 

help progress the field of cardiac tissue engineering by providing mechanistic insights into how CMs interact with 744 

both their native ECM and engineered scaffolds to generate more effective in vitro tissue models of disease and 745 

regenerative therapies. 746 

MATERIALS AND METHODS 747 

Reagents: All reagents were purchased from Sigma Aldrich and used as received, unless otherwise stated. 748 

Elastomeric cantilever array fabrication 749 

 Arrays of poly(dimethylsiloxane) (PDMS; Dow Silicones Corporation, Midland, MI) postswere 750 

fabricated by soft lithography as previously described [cite DexVS paper and bdon nat mat]. Briefly, silicon 751 

wafer masters possessing SU-8 photoresist (Microchem, Westborough, MA) were produced by standard 752 

photolithography and used to generate PDMS stamps. Following silanization with trichloro(1H,1H,2H,2H-753 

perfluorooctyl)silane, stamps were used to emboss uncured PDMS onto oxygen plasma-treated coverslips. 754 
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Cantilever arrays were methacrylated with vapor-phase silanization of 3-(trimethoxysilyl)propyl methacrylate in 755 

a vacuum oven at 60 °C for at least 6 h to promote fiber adhesion to PDMS. 756 

DVS fiber matrix fabrication 757 

DVS polymer was synthesized as previously described by our lab[52]. Briefly, dextran was reacted with 758 

divinyl sulfone and the product was dialyzed and lyophilized. For electrospinning, DVS was dissolved at 0.7 g 759 

mL-1 in a 1:1 mixture of milli-Q water and dimethylformamide with 0.6% (w/v) lithium phenyl-2,4,6-760 

trimethylbenzoylphosphinate (LAP; Colorado Photopolymer Solutions) photoinitiator, 2.5% (v/v) methacrylated 761 

rhodamine (25 mM; Polysciences, Inc., Warrington, PA), and 5.0% (v/v) glycidyl methacrylate. This solution 762 

was electrospun on coverslips containing microfabricated cantilever arrays affixed to a custom-built rotating 763 

mandrel with a hexagonal geometry driven by an AC motor with controllable speed [15]. Electrospinning was 764 

conducted in an environmental chamber at 35% humidity with a flow rate of 0.2 ml h-1, voltage of 7.0 kV, and a 765 

gap distance of ~5 cm to the grounded mandrel. After collection, fibers were stabilized by primary crosslinking 766 

under UV (100 mW cm-2) through a microfabricated photomask for 20 s, such that only the fibers suspended in 767 

the region spanning two posts would be crosslinked. Upon hydration, uncrosslinked fibers were dissolved away 768 

leaving isolated suspended microtissues adhered to the posts. Fiber matrices were subsequently placed in LAP 769 

photoinitiator solutions of varying concentrations and exposed again to UV (100 mW cm-2) for 20 s to tune fiber 770 

stiffness and sterilize substrates. 771 

Matrices were functionalized with cell adhesive peptides cyclized [Arg-Gly-Asp-D-Phe-Lys(Cys)] 772 

(cRGD; Peptides International) via Michael-Type addition to available vinyl sulfone groups. Peptides were 773 

dissolved at 200 μM in milli-Q water containing HEPES (50 mM), phenol red (10 μg mL-1), and 1 M NaOH to 774 

bring the pH to 8.0. A volume of 150 µL was added to each substrate and incubated at room temperature for 30 775 

min. 776 

Mechanical characterization 777 

 PDMS cantilever mechanics were characterized by deflecting individual posts with a ~100µm diameter 778 

tungsten rod of known elastic modulus attached to a micromanipulator (SmarAct) (Fig. S1a-c). Bending stiffness 779 
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was calculated by measuring the cantilever deflection and the force applied by the tungsten rod using custom 780 

Matlab scripts. Bending stiffness was approximated using the following equations: 781 
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௅య
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   782 

where d = rod deflection, E = elastic modulus of rod, L = length of the rod, r = radius of the rod, δ = post deflection, 783 

Frod = force applied by the rod, and Irod = moment of inertia of the rod. Rod deflection (d) was quantified by 784 

subtracting the distance that the PDMS post moved (δ) from the distance moved by the micromanipulator holding 785 

the rod. 786 

Matrix modulus was determined by pressing a microfabricated SU8 rectangle measuring 20 x 250 μm 787 

across the center of the fiber matrices to apply tension to the matrix (Fig. S1d-f). Using custom Matlab scripts, 788 

matrix modulus was extrapolated from the applied force (measured by the PDMS post’s deflection) and the 789 

resulting tensile stretch of the fiber matrix. Matrix modulus was approximated using the following equations. 790 

First, the resultant length of half of the stretched fiber matrix Lf was geometrically defined as: 791 

𝐿௙ ൌ  ඨሺ∆ℎሻଶ ൅ ሺ
𝐿଴
2
െ 𝛿ሻଶ 792 

where Δh = indentation depth, L0 = initial length of the fiber matrix, and δ = post deflection. As the resultant 793 

post deflection is the result of a force balance between the cantilever and resistance arising from tension in the 794 

stretched fiber matrix, we define the force on each post Fp as: 795 

𝐹௣ ൌ 𝑇 𝑠𝑖𝑛𝜃 796 

where T = tension in the fiber matrix and θ = angle between the indenter and the fiber matrix. Tension in the 797 

matrix can thus be defined as follows: 798 
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 799 

Next, we define elastic modulus of the fiber matrix, 𝐸 ൌ  ఙ
ఌ
, in terms of our measured parameters, where σ = 800 

stress and ε = strain. 801 
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More details on this calculation and mechanical testing set up can be found in Supplemental Figure 1. 805 

iPSC culture and iPSC-CM differentiation 806 

Induced pluripotent stem cells containing a GFP-titin reporter [101] (PGP1; gift from the Seidman Lab) or 807 

GFP-DSP reporter (WTC; Allen Institute AICS-0017 cl.6) were cultured in mTeSR1 media (StemCell 808 

Technologies) on Matrigel (Corning) coated tissue culture plastic and differentiated via temporal Wnt modulation 809 

as previously described [4,5]. Briefly, differentiation was initiated when iPSCs reached 90% confluency in RPMI 810 

1640 media supplemented with B27 minus insulin on day 0 with the addition of 12 µM CHIR99021 for 24 hours. 811 

On day 3, CDM3 media containing 5 uM IWP4 on day 3 for 48 hours. Retinol inhibitor BMS 453 (Cayman 812 

Chemical, 1 µM) was also added for days 3-6 to minimize atrial lineage differentiation[18,102]. Cultures were then 813 

maintained in CDM3 media until contractions began between day 8 and 10. iPSC-CMs cultures were then 814 

transferred to RPMI 1640 media lacking glucose and glutamine (Captivate Bio) supplemented with 4 mM DL-815 

lactate, 500 ug/mL human serum albumin (Sciencell Research Labs), and 213 ug/mL L-ascorbic acid 2-phosphate 816 

trisodium salt on day 11 for 4 days. Following purification, iPSC-CMs were replated as monolayers (300,000 817 

cells/cm2) on growth factor reduced Matrigel (Corning) in RPMI 1640 media supplemented with B27 for 7 818 

additional days before seeding into tissues. 819 

Microtissue seeding and culture 820 

 Due to the suspended nature of the fibrous matrices, it was determined that iPSC-CMs must directly land 821 

on the top of the matrices by patterning the cells through a microfabricated cell seeding mask to prevent cells 822 

from “rolling” off the tops of the matrices and landing on the substrate beneath. Additionally, this technique 823 

significantly reduced the number of iPSC-CMs needed to efficiently seed all the tissue on the substrate. To 824 
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fabricate the seeding mask, 3D printed molds were designed in SolidWorks and printed via stereolithography 825 

(Protolabs). PDMS (1:10 crosslinker:base ratio) devices were replica cast from these molds. Prior to seeding the 826 

tissues, cell seeding masks were plasma treated for 5 minutes to generate highly hydrophilic surfaces that allow 827 

water to wick through the small microtissue scale wells in the mask. Vacuum grease was then applied to the edge 828 

of the seeding mask to ensure a watertight seal between the seeding mask and the substate prior to placing the 829 

mask on the tissue array substrate such that the holes in the mask sit directly above each suspended fiber matrix. 830 

After aligning the seeding masks, iPSC-CMs were dissociated by 0.25% Trypsin-EDTA (Gibco) with 5% 831 

(v/v) Liberase for 5 min, stopped by an equal volume of 20% FBS/1 mM EDTA/PBS. Cells were triturated by 832 

gently pipetting with a p1000 pipette eight times to obtain a near single-cell suspension and centrifuged (200 g, 833 

4 min). iPSC-CMs were resuspended in replating media (RPMI plus B27 supplement with 2% FBS and 5µM Y-834 

27632 (Santa Cruz Biotechnology)) and 125,000 cells were seeded per fibroTUG substrate through the top of the 835 

cell seeding mask in approximately 200 µL of media. Cultures were then moved to the incubator and left 836 

undisturbed overnight to allow the iPSC-CMs to attach to the tissues before removing the seeding masks. Cultures 837 

were maintained in RPMI media plus B27 supplement and replenished every other day for the duration of studies. 838 

All studies were carried out for 7 days unless otherwise specified. To promote iPSC-CM maturation in long-term 839 

culture, tissues were cultured in OxPhos media composed of 25%glucose-free RPMI and 75% glucose-free 840 

DMEM with 1× B27 supplement and galactose, lactate, glutamax, and pyruvate at final media concentrations of 841 

4, 4, 2, and 0.5 mM, respectively, as previously described[18,73].  842 

Contractile force analysis 843 

Time-lapse videos of the microtissue’s spontaneous contractions were acquired at 65 Hz on Zeiss LSM800 844 

equipped with an Axiocam 503 camera while maintaining a temperature of 37 ℃ and 5% CO2.  Maximum 845 

contractile force, contractile stress, contraction kinetics, and contraction frequency were calculated using a custom 846 

Matlab script based on the deflection of the posts and the measured post bending stiffness, as described previously 847 

[22]. For isoproterenol challenge, the same tissues were imaged prior to the addition of 10nM isoproterenol and 848 

again 30 minutes after the addition of the drug for comparison. 849 
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Calcium imaging 850 

Calcium handling analysis was performed by incubating cells for 1 hour at 37 ℃ with 5 μM Cal520-AM 851 

(AAT Bioquest). Cells were then returned to conditioned media preserved prior to adding the calcium sensitive 852 

dye and allowed to equilibrate for >30 min at 37 ℃ and 5% CO2. Following equilibration, tissues were imaged 853 

under epifluorescence at 65 Hz while maintaining temperature and CO2. Time-lapse movies of calcium flux were 854 

analyzed with custom Matlab scripts as previously described [15]. Briefly, average fluorescent profiles over time 855 

were determined for each tissue and parameters such as beats per minute, peak-to-peak irregularity, flux rise time, 856 

flux decay time, and peak full width half max were calculated. Contraction correlation coefficient was determined 857 

by dividing the entire tissue into 16 regions of equal area and calculating the average Pearson’s correlation 858 

coefficient between the flux profiles of each of these regions.  859 

Immunofluorescence staining 860 

Samples were fixed in 2% paraformaldehyde for 10 min at RT. Samples were then permeabilized in PBS 861 

solution containing Triton X-100 (0.2% v/v), sucrose (10% w/v), and magnesium chloride (0.6% w/v) for 10 min 862 

and blocked in 1% (w/v) bovine serum albumin. Alternatively, to extract cytoplasmic vinculin, samples were 863 

simultaneously fixed and permeabilized in 2% paraformaldehyde in a buffer containing 1,4-864 

piperazinediethanesulfonic acid (PIPES, 0.1 M), ethylene glycol-bis(2-aminoethylether)-N,N,N’,N’-tetraacetic 865 

acid (EGTA, 1 mM), magnesium sulfate (1 mM), poly(ethylene glycol) (4 % w/v), and triton X-100 (1% v/v) for 866 

10 min at room temperature, prior to blocking in 1% (w/v) bovine serum albumin. Tissues were incubated with 867 

rabbit monoclonal anti-N-cadherin (1:500; Abcam Ab18203), rabbit monoclonal anti-connexin43 (1:1000; 868 

Millipore Sigma AB1728), mouse monoclonal anti-α-actinin (1:500; Abcam ab9465), mouse monoclonal anti-869 

cardiac troponin T (1:500; ThermoFisher MA5-12960), mouse monoclonal anti-vinculin (1:1000; Millipore 870 

Sigma V9264), rabbit polyclonal anti-myosin light chain 2 (1:500; Proteintech 10906-1-AP), rabbit polyclonal 871 

anti-non-muscle myosin II-B (1:1000; Biolegend 909902), mouse monoclonal anti-integrin β1D (1:1000; Abcam 872 

ab8991), rabbit polyclonal anti-zyxin (1:200; Millipore Sigma HPA004835), or mouse anti-dextran (1:500; 873 

STEMCELL Technologies 60026) antibodies for 1 hour at RT, followed by goat anti-mouse Alexa Fluor 647 874 
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(1:1000; Life Technologies A21236), goat anti-mouse Alex Fluor 546 (1:1000, Life Technologies A11030), or 875 

goat anti-rabbit Alexa Fluor 647 secondary antibodies (1:1000; Life Technologies A21245) and DAPI for 1 hour 876 

at RT.  877 

Microscopy and image analysis 878 

 Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Sarcomere alignment was 879 

quantified via custom Matlab scripts as previously described [15]. Briefly, images of titin-GFP reporter were 880 

thresholded and individual z-discs segmented. Z-discs were subsequently grouped with neighboring z-discs based 881 

on proximity and orientation to identify myofibrils within the image. The orientation of all identified myofibrils 882 

within a field of view was fit to a Gaussian distribution. Sarcomere alignment deviation was defined at the 883 

standard deviation of this distribution using circular/angular statistics. Myofibril density was calculated by 884 

determining the percent area of each tissue containing titin-rich myofibril structures. 885 

Vinculin and N-cadherin morphology and colocalization analysis was also performed using custom 886 

Matlab scripts. Because of the 3D nature of these tissues due to the intercalation of iPSC-CMs into matrix pores, 887 

confocal z-stacks of fibroTUG tissues formed with iPSC-CMs containing a GFP-titin live-reporter and 888 

immunostained for vinculin and N-cadherin were segmented in 3D for vinculin-, N-cadherin-, and titin-enriched 889 

structures. Custom Matlab functions were implemented to extract volume, eccentricity, and other parameters for 890 

these structures. Where applicable, quantifications were normalized to cell number in each field of view. 891 

Computational Modeling 892 

 The development of a tissue specific finite element model of fibroTUG tissues is described in detail by 893 

Jilberto et al. in an accompanying manuscript [67]. Briefly, the images of the DVS fibers and titin were processed 894 

using Matlab/Python scripts to quantify the specific fiber structure and a probabilistic characterization of the 895 

myofibril organization [103]. This information was projected into a 2D triangular finite element mesh. Using these 896 

quantities, and following a continuum mechanics approach, non-linear constitutive relationships for the fibers and 897 

cells were defined. The mechanical response of the tissue was taken to be the sum of these two components. We 898 

then adapted methods similar to those presented in Miller et al. (2021) [104] to find the necessary active stress that 899 
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the cells are exerting to generate the observed boundary tractions and displacement conditions. Using the 900 

experimental data for each of the permutations of interest (soft/stiff fibers with soft/stiff post), we generated more 901 

than a hundred in-silico tissues for each of them by combining image-derived fibrous matrix with probabilistic-902 

generated myofibril fields and experimentally measured force responses specific for each condition. We then 903 

compile the results to obtain a distribution of active stress for each mechanical environment. 904 

Statistical analysis 905 

Statistical significance was determined by t-tests and one-way or two-way analysis of variance (ANOVA) 906 

with post-hoc analysis (Tukey test), where appropriate, with significance indicated by p < 0.05. Studies were 907 

conducted a minimum of 3 times in each experiment. The data presented are representative data sets from one of 908 

these replicate studies. Specific sample size is indicated within corresponding figure legends and all data are 909 

presented as mean ± standard deviation. 910 
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