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ABSTRACT: Tandem mass spectrometry (MS/MS) is the primary method for discovering, identifying, and localizing post-transla-
tional modifications (PTMs) in proteins. However, conventional positive ion mode collision induced dissociation (CID)-based 
MS/MS often fails to yield site-specific information for labile and acidic modifications due to low ionization efficiency in positive 
ion mode and/or preferential PTM loss. While a number of alternative methods have been developed to address this issue, most 
require specialized instrumentation or indirect detection. In this work, we present an amine-reactive TEMPO-based free radical initi-
ated peptide sequencing (FRIPS) approach for negative ion mode analysis of phosphorylated and sulfated peptides. FRIPS-based 
fragmentation generates sequence informative ions for both phosphorylated and sulfated peptides with no significant PTM loss. Fur-
thermore, FRIPS is compared to positive ion mode CID, electron transfer dissociation (ETD) as well as negative ion mode electron 
capture dissociation (niECD) and CID, both in terms of sequence coverage and fragmentation efficiency for phospho- and sulfo-
peptides. Because FRIPS-based fragmentation has no particular instrumentation requirements and shows limited PTM loss, we pro-
pose this approach as a promising alternative to current techniques for analysis of labile and acidic PTMs.

While mass spectrometry (MS) remains the primary method 
for annotating protein post-translational modifications 
(PTMs),1–3 acidic PTMs such as sulfation and phosphorylation 
are often not detected or are challenging to localize with con-
ventional methods. In fact, it has been suggested that only 20-
40% of phosphopeptides are detected with standard MS tech-
niques4 and sulfopeptides are notoriously difficult to observe 
under standard conditions.5–8 Given the critical biological rele-
vance of these acidic modifications, it is a priority to develop 
robust analytical techniques for their direct analysis, accessible 
without the need for costly, specialized instrumentation.3,8  

Phosphorylation and sulfation are challenging to analyze 
with conventional MS techniques for two major reasons: 1) 
their acidic nature, and 2) their gas-phase lability. Ionization in 
positive ion mode electrospray-based experiments requires pro-
tonation of the analyte. Acidic PTMs resist protonation, thus in-
terfering with ionization and limiting their detection. Once ion-
ized, the site of a PTM can be identified if the peptide backbone 
is cleaved by tandem mass spectrometry (MS/MS) without loss 
of the modification. MS/MS is typically performed with colli-
sion induced dissociation (CID), which preferentially cleaves 
the lowest energy bonds. While CID is the most widely availa-
ble activation method for MS/MS, collisional activation of la-
bile PTM-modified peptides preferentially cleaves PTM-linked 
bonds, limiting sequence informative fragmentation and pre-
cluding PTM site localization.5,9 Alternative activation tech-
niques involving UV photons or electrons have shown promise 
in positive ion mode analyses of phosphopeptides and metal ad-
ducted sulfopeptides, but are hindered by the reduced ion abun-
dance of these species.10–14 Furthermore, in the absence of metal 
ligands the extreme proton-mediated lability of the sulfate 
group triggers loss during the positive ion mode ionization pro-
cess and even under the gentlest activation techniques.4,7,15  

Conversely, negative ion mode electrospray ionization im-
proves ion abundance of both phospho- and sulfopeptides.5 
Negative ion mode also adequately increases sulfopeptide sta-
bility to remain mostly intact through the ionization process, but 
not sufficiently to survive collisional activation.7 Ultraviolet 
photodissociation (UVPD) presents a promising approach to 
overcome these issues. In UVPD, sulfopeptide anions are irra-
diated with 193 nm photons to promote backbone dissociation 
with little PTM loss.10,16 Our laboratory and others also previ-
ously achieved peptide anion dissociation through the introduc-
tion or removal of an electron, initiating radical-driven back-
bone cleavages while retaining the PTM. Metastable atom-acti-
vated dissociation (MAD), electron-detachment dissociation 
(EDD), negative-ion electron capture dissociation (niECD), and 
negative electron transfer dissociation (NETD) are some of the 
techniques that utilize electron-based fragmentation and differ 
by the manner in which the electron is introduced or removed. 
Each technique has demonstrated success in the site specific lo-
calization of acidic PTMs.17–22 However; many of these tech-
niques, while successful, require advanced instrumentation. 
Moreover, for many of these techniques, the reaction times re-
quired for sufficient product ion signal-to-noise ratios are not 
ideal for standard LC/MS proteomics workflows.  

Free radical initiated peptide sequencing (FRIPS) is an alter-
native radical-driven MS/MS technique in which an odd-elec-
tron species is generated through homolytic bond cleavage of a 
stable free radical initiator, added to free amines via N-hydroxy-
succinimide (NHS) chemistry.23,24 Radical initiation is accom-
plished through collisional activation, initiating a series of rad-
ical propagated reactions to achieve peptide backbone cleavage 
(Scheme 1). Unlike externally driven electron-based reactions, 
FRIPS and related techniques can be applied to peptides  

  



 

Scheme 1.  

 
 

regardless of charge state with duty cycles approaching those of 
standard CID methods.23–32 Despite the growing number of re-
ports on FRIPS applications, to date, we are unaware of FRIPS 
to localize labile acidic modifications in negative ion mode.29,33  

Here we demonstrate that negative ion mode TEMPO-based 
FRIPS30 generates a virtually complete set of sequence ions for 
site-specific assignment of sulfation and phosphorylation in 
peptides with little neutral PTM loss. We also demonstrate that 
FRIPS can outperform other MS/MS techniques in both se-
quence coverage and fragmentation efficiency. 

Assignment of Phosphorylation Sites with Negative Ion 
Mode FRIPS. Because radical initiation in FRIPS is achieved 
through a low energy collisionally-induced homolytic cleavage, 
the initiation step is in direct competition with other low energy 
CID processes. Thus, for FRIPS efficiency to be high, the tar-
geted chemical bond in the radical initiator must be highly la-
bile. While the phosphodiester bond is considerably more stable 
than the sulfodiester bond,34 both phosphate and sulfate groups 
are labile upon CID and could thus effectively compete with 
FRIPS radical initiation. Accordingly, we first examined the 
FRIPS applicability towards labile modifications with the fol-
lowing phosphorylated peptides: tyrosine phosphopeptide 
(TyPP, TSTEPQyPGEN) and serine phosphopeptide (SePP, 
RRAsVA).  

Following collisional activation, the MS/MS spectrum of 
doubly deprotonated, underivatized TyPP is dominated by 
products lacking phosphate or phosphoric acid. The two prod-
uct ions, b8 and b10, that retained the PTM, are not sufficient to 
localize the modification to a single residue (Figure 1A). After 
conjugation with o-TEMPO-Bz, however, equivalent colli-
sional activation of doubly deprotonated TyPP generates the 
truncated, radical methyl-Bz containing species (the subscript 
“r” denotes this additional mass, when present).30 Subsequent 
isolation and further collisional activation yields significant 
peptide backbone cleavage with little neutral loss of the phos-
pho group (Figure 1B). FRIPS-based fragmentation resulted in 
a virtually complete set of product ions and enabled the precise 
assignment of the phospho group to Tyrosine 7. The formation 
of predominately cʹ-, z•-, a•-, and ʹx-type ions are indicative of 
radical-mediated dissociation (Figure 1B).  

When applied to the singly deprotonated, TEMPO-tagged 
species of the phosphorylated peptide SePP, FRIPS-mediated 
dissociation once again outperforms collisional activation. 
While CID was able to properly assign the PTM to Serine 4 
(Figure 1C), FRIPS generated a complete set of product ions, 
again providing increased confidence in the assignment (Figure 
1D). Additionally, radical-mediated FRIPS dissociation gener- 

 
Figure 1. CID MS/MS spectra of doubly deprotonated tyrosine 
phosphopeptide (TyPP, A) and singly deprotonated serine phos-
phopeptide (SePP, C). MS3 spectra of the same peptides conjugated 
to o-TEMPO-Bz and subjected to FRIPS-based dissociation (B, D). 
r subscript: product ions that retained the truncated methyl-Bz tag. 
*: phosphorylated residue.   

ates significant neutral side chain loss (Figures 1B, 2B, and 
2D).29 These peaks are annotated in each spectrum according to 
the system proposed by Julian and co-workers and  can be used 
to improve the confidence of a peptide assignment.28,32  

Assignment of Sulfation Sites with Negative Ion Mode 
FRIPS. The above observed homolytic cleavage of the o-
TEMPO-Bz moiety prior to loss of the phosphate group sug-
gests that this desired cleavage within the radical initiator re- 
quires less energy than phosphodiester bond cleavage. To ex-
amine whether the energetics of the o-TEMPO-Bz cleavage 
pathway are sufficiently low to also outcompete the elimination 
of a sulfo group, we applied FRIPS to the sulfopeptides hirudin 
(DFEEIPEEY*LQ) and cholecystokinin (CCKS, 
DY*MGWMDF-NH2).  

Similarly to phosphopeptides, when doubly deprotonated 
CCKS is collisionally activated the resulting MS/MS spectrum 
predominately shows PTM elimination products (Figure 2A).  
 



 

 
Figure 2. CID MS2 spectra of doubly deprotonated cholecystokinin 
sulfate (CCKS, A) and hirudin (C). MS3 spectra of the same pep-
tides conjugated to o-TEMPO-Bz, and subjected to FRIPS-based 
dissociation (B, D). r subscripts: product ions that retained the trun-
cated tag. *: sulfated residue. 

Only a y7 ion including the sulfate is generated, showing, as ex-
pected, that the CID inability to generate PTM-containing prod-
uct ions is even more pronounced for sulfopetides compared 
with phosphopeptides. However, when conjugated with o-
TEMPO-Bz and collisionally activated, homolytic o-TEMPO-
Bz cleavage once again outcompetes PTM elimination. Isola-
tion of the resulting radical-containing species and further col-
lisional activation generates a near complete set of radically de-
rived product ions (Figure 2B). The observed a-, c-, x-, and z-
type ions enable unambiguous assignment of the sulfation site. 
The application of CID and FRIPS to doubly deprotonated hir-
udin yielded similar results as for CCKS: CID failed to produce 
sufficient sequence coverage to confirm the location of the sul-
fation and FRIPS generated significantly improved sequence 
coverage, enabling the precise assignment of the sulfation to 
Tyrosine 9 (Figures 2C and 2D).  

The application of FRIPS to sulfated peptides presented some 
insight into the mechanism of TEMPO-based FRIPS. The elim-
ination of a sulfate group in limited proton mobility environ-
ments has been calculated to require between 150 and 240 kcal 
mol-1.35,36 The preferential dissociation of the o-TEMPO-Bz 
moiety in the presence of these PTMs suggests that the homo-
lytic cleavage must require lower energies than elimination of 
either PTM and, indeed, we calculate its dissociation energy to 
be 49.3 kcal mol-1 with B3LYP level theory using a 6-31G* ba-
sis set.  

Comparison of Negative Ion Mode FRIPS to other 
MS/MS Methods. To assess the potential of negative ion mode 
FRIPS for analysis of acidic PTM-containing peptides, we also 
analyzed each peptide with ETD, positive ion mode CID, and 
niECD, a technique that has previously shown superior perfor-
mance for sulfation analysis. Negative ion mode FRIPS, on av-
erage, outperforms all other dissociation techniques at generat-
ing product ions and maximizing sequence coverage (Figure 
3). As expected, positive ion mode analyses of sulfopeptides 
were particularly poor, showing low coverage of hirudin (ap-
proximately 10%), and the PTM failing to survive the ionization 
process for CCKS (Figure 3A, S1 and S2). While negative ion 
mode CID does demonstrate improved sequence coverage com-
pared with the positive ion mode techniques, it still is inferior 
to niECD in most cases and to FRIPS in every example (Fig-
ures 3A and S3). For sulfated peptides, niECD is comparable 
to FRIPS in sequence coverage, even surpassing it for hirudin. 
When probing phosphorylated peptides, however, FRIPS 
eclipsed niECD. Sequence coverage is vital for the site specific 
localization of a PTM and, thus, an important measure of a tech-
nique’s applicability. Additionally, the number of generated 
product ions may improve peptide assignment confidence in a 
proteomics workflow.  

 

 
Figure 3. Observed sequence coverage for hirudin, cholecysto-
kinin, serine- and tyrosine phosphopeptide following various 
MS/MS techniques (A). Abundance of sequence ions that retain the 
PTM (B). *: insufficient detection of intact peptide. 

Another important factor in peptide scoring is product ion 
abundance. Typically, when CID or exogenous radical-medi-
ated techniques are applied to phosphorylated and sulfated pep-
tides, neutral losses or low fragmentation efficiencies suppress 
sequence informative product ion signals and thus yield lower 



 

peptide scores.37 FRIPS, however, on average generates se-
quence informative ions that retain the PTM at higher ion abun-
dances than all of the other techniques (Figure 3B). The lone 
exception is positive ion mode CID of TyPP. This peptide con-
tains two proline residues and the majority of the observed 
product ion abundance is derived from the cleavage of the as-
sociated labile peptide bonds. 

The increased sequence coverage and product ion abundance, 
the charge state independence, and duty cycles approaching 
those of CID are all attributes that make FRIPS attractive for 
large scale labile-PTM profiling workflows. For peptide phos-
phorylation and sulfation analysis, negative ion mode FRIPS 
induces significant backbone cleavage while demonstrating 
limited PTM loss, enabling the localization of the PTM to a sin-
gle residue. Given the universal implementation on any mass 
spectrometer capable of collisional activation, we predict that 
FRIPS can be a powerful tool for the analysis of these and other 
labile PTMs. 
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