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ABSTRACT
Chromatin is a dynamic polymer in constant motion. These motions are heterogeneous between 
cells and within individual cell nuclei and are profoundly altered in response to DNA damage. The 
shifts in chromatin motions following genomic insults depend on the temporal and physical scales 
considered. They are also distinct in damaged and undamaged regions. In this review, we 
emphasize the role of chromatin tethering and loop formation in chromatin dynamics, with the 
view that pulsing loops are key contributors to chromatin motions. Chromatin tethers likely 
mediate micron-scale chromatin coherence predicted by polymer models and measured experi-
mentally, and we propose that remodeling of the tethers in response to DNA breaks enables 
uncoupling of damaged and undamaged chromatin regions.
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Introduction

Chromatin is a dynamic polymer of DNA bound 
to histones and other associated proteins. At its 
most fundamental level, chromatin has a beads-on 
-string structure, with beads consisting of nucleo-
somes (i.e., histone octamers) separated by linker 
DNA. At the global scale of the nucleus, chromo-
somes in metazoan and plant nuclei occupy dis-
tinct territories during interphase. These territories 
are nonrandom, yet highly variable, even within 
homogeneous cell populations [1]. The concept of 
genomic territories applies across orders of mag-
nitude down to budding yeasts, where genomic 
loci occupy sub-nuclear domains [2], and bacteria 
with chromosomal loci localizing to specific 
regions of the cell [3]. Higher-order chromatin 
organization between these extreme structural 
scales is more mysterious but increasingly under-
stood thanks to advances in imaging and high- 
throughput chromosome conformation capture 
(Hi-C) methods [4–6]. Nucleosomes form hetero-
geneous clusters (or ‘clutches’) of approx. 100 nm 
in diameter [7–9], departing from the pervasive 
textbook notion of the ’30 nm fiber’. At a yet 

higher, sub-micron scale, chromatin loops bring 
distant genomic loci in close contact [7,8,10–12]. 
Contacts from loops (or more accurately from 
‘loop domains’ consisting of loops within loops) 
are identified as topologically associating domains 
(TADs) by chromosome conformation capture 
(Hi-C) [13] and represent interacting genomic 
regions in the range of 1 Mb. The direct visualiza-
tion of a prototypical chromatin loop by FISH 
combined with super-resolution microscopy con-
firmed contact maps previously established by Hi- 
C but also revealed heterogeneity between indivi-
dual loop structures [14].

While chromosomal loops have been reported 
in the early 1900’s [15], it is only in the last decade 
that their role in chromosome compaction, tran-
scriptional regulation, and formation of gene 
bodies has been appreciated. Chromatin loops are 
the means of condensing chromosomes into units 
suitable for high fidelity segregation in mitosis 
[16]. Loops also provide a mechanism to trans-
form a linear array of genes and regulatory ele-
ments into three-dimensional structures that bring 
into proximity the suite of regulatory elements 
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specific for a specific cell type [17]. This signifi-
cantly expands the regulatory capacity of an 
organism. The impact of the loop structure is 
observed in the changes that accompany develop-
mental progression as well as disease states [18]. 
Loops also provide a mechanism to compartmen-
talize functional domains. The most robust of 
these compartments is the nucleolus. The nucleo-
lus is enriched in condensin, and while nucleolar 
formation is a multi-step process, DNA looping is 
sufficient to segregate the nucleolus from the 
remainder of the nucleus [19,20]. In a remarkable 
feat of genome paleontology, the 3D DNA loop 
structure responsible for chromosome territories 
and gene bodies was found to be preserved in 
a 52,000-year-old mammoth [21].

Chromatin loops are formed by tethers holding 
the DNA strands at their base. Cohesin is a key 
tether in mammalian and yeast interphase nuclei 
which generates loops by extruding chromatin 
[22–24]. Loop extrusion is restricted by CTCF 
which binds to boundary elements and insulators 
and brings the extrusion process to a halt. 
Whereas chromatin loops define TADs and are 
clearly visualized in contact maps derived from 
cell populations, loop positions vary at the single 
cell level [25–27]. This mirrors the high level of 
stochasticity in transcription (and in other geno-
mic processes including the DNA damage 
response) between cells and over time [5,28], and 
the fact that loops will also arise through the 
natural fluctuations of the polymer chain [29,30]. 
The proportion of loops that arise through active 
loop extrusion or from stochastics of chain fluc-
tuation remains to be determined.

In addition to internal tethers, external tethers 
anchor chromatin to structural hallmarks of the 
nucleus. Those hallmarks differ across species. In 
budding yeast, centromeres and telomeres are 
tethered at the nuclear periphery in the ‘Rabl’ 
configuration [31,32]. This conformation may 
limit chromosome entanglement [33] and dictates 
the overall topology of the yeast genome. In 
metazoan nuclei, domains of chromatin are also 
tethered at the nuclear periphery, to the lamina. 
These lamina-associated domains (LADs) help 
define global genome organization and corre-
spond to regions with high chromatin compac-
tion and low gene expression [34]. Chromatin 

association with internal nuclear domains, 
including the nucleolus and splicing factor speck-
les, further influences global genome organization 
in ways that are highly dynamic and cell type- 
dependent [4]. Structural elements residing in the 
interior of the nucleus, such as the internal pool 
of LaminA/C and the mitotic apparatus protein 
(NuMA), also bind chromatin [35]. These inter-
nal tethers affect chromatin organization and 
mobility, thereby impacting genome functions, 
and notably maintenance [36–43]. Motions of 
chromatin appear to be tuned to genomic func-
tions including replication, transcription, and 
repair.

Multiple approaches have been developed to 
measure chromatin motions across scales. They 
have been reviewed recently [6,44–46] and are sum-
marized in Figure 1. These approaches include label-
ing and tracking single nucleosomes [49–51]. Sparse 
labeling of 100–200 nucleosomes/nuclear plane can 
be achieved by incubating cells expressing HaloTag 
labeled histones with highly diluted fluorescent 
HaloTag ligands (HTL). Image sequences are gen-
erally captured using light sheet microscopy to 
minimize the out-of-focus background. Another 
classic approach is to track engineered chromatin 
loci [52]. Repeats of the lac operator (LacO) stably 
integrated in the genome are detected by the lac 
repressor labeled with GFP (LacI-GFP; [53]). The 
ANCHOR system is a good alternative based on the 
bacterial partitioning complex [54,55]. It enables 
tracking of individual genomic loci in which ParS 
sequences (‘INT’; ~1 kb) have been inserted. ParB- 
GFP nucleates at the INT sequence, then spreads on 
flanking chromatin. Unlike the LacO/LacI-GFP sys-
tem, ANCHOR does not inhibit transcription in the 
labeled region. Finally, CRISPR-based imaging is 
increasingly used to track endogenous genomic 
loci. It is a flexible approach based on nuclease- 
dead Cas9 (dCas9) to probe chromatin motions at 
specific genomic regions, defined by the sequences 
of the guide RNAs (sgRNAs). Early implementa-
tions using GFP-tagged dCas9 were restricted to 
genomic regions with large numbers of repeats 
(such as telomeres) or required an assortment of 
back-to-back sgRNAs. New strategies have multi-
plied the number of chromophores on the dCas9/ 
sgRNA complex, for detection of shorter genomic 
loci with fewer sgRNAs [56–59].
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To capture chromatin motions throughout the 
nucleus, early DNA replication origins can be labeled 
by pulse incorporation of fluorescent nucleotides 
and the signals used for single-particle tracking 
(SPT) [43,47,60]. At a larger, sub-micron, scale, 
photoactivated chromatin microdomains can be fol-
lowed. An approach is to use diffractive optics pro-
ducing tight grids of laser beamlets to activate 
photoactivatable fluorescent proteins tagged to his-
tones. SPT of the photoactivated domains enables 
mapping of chromatin motions and analyses of 
motion correlations [43]. Finally, optical flow mea-
surements are an alternative to SPT to study chro-
matin dynamics. The approach requires dense 
labeling of chromatin (DNA dyes or fluorescently 
tagged histones). It produces flow fields that are used 
to compute maps of biophysical characteristics, 

including diffusion constants and anomalous coeffi-
cients [61–63].

This review focuses on chromatin motions 
during the DNA damage response, with an 
emphasis on chromatin loops dynamics. 
Chromatin loops are considered to be major 
contributors of chromatin motions. They are 
constantly remodeled by dynamic tethering and 
extrusion, as well as by random fluctuations. We 
also discuss the convergence of experimental 
evidence for coordinated (coherent) chromatin 
motions, altered in response to DNA damage, 
and propose mechanisms incorporating the 
timescale of loop fluctuations, that together 
with repair factor nucleation, may explain this 
phenomenon.

Figure 1. Methods to quantify chromatin motions across physical scales. (a) single-nucleosome labeling for single-particle tracking 
(SPT) at the nanoscale. HTL, HaloTag ligand. (b) SPT of chromatin loci. Labeling approaches include (1) LacI-GFP on lac operator 
(LacO) repeats, (2) the ANCHOR system, and (3) fluorescent nuclease-dead Cas9 (dCas9). (c) tracking of early DNA replication origins 
(Ori.) by pulse incorporation of fluorescent nucleotides. (d) Time-lapse imaging of photoactivated grids of chromatin microdomains. 
(e) optical flow measurements of densely labelled chromatin. This panel of methods is not exhaustive. For instance, multiple studies 
have followed the motions of specific chromatin domains or compartments, including centromeres, telomeres and DNA damage 
sites (ref [36,47,48], etc.).
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Chromatin motions in response to DNA 
damage

DNA damage is a major disruptor of normal gen-
ome functions including transcription and DNA 
replication. Lesions affecting both DNA strands 
such as inter-strand cross-links and double- 
strand breaks (DSBs) are particularly deleterious 
as they can cause mutations, genome rearrange-
ments, and cell death. Accordingly, cells have 
evolved elaborate mechanisms to cope with 
DSBs, which involve extensive chromatin remo-
deling at and around DSBs [64], a hierarchical 
recruitment of repair factors [65,66], and even-
tually the restoration of the initial chromatin 
state [67].

Remarkably, cell responses to DSBs appear to be 
highly heterogeneous, even within a homogeneous 
cell population. This is illustrated in Figure 2 with 
strikingly different kinetics of DSB repair foci 

accumulation and resolution in cells within 
a uniform irradiation field. Heterogeneity in gen-
ome organization and chromatin motions may 
contribute to these widely different outcomes. 
Even at steady state and within the same cell 
cycle phase, the mobilities of yeast genomic loci 
are highly heterogeneous [68,69]. Cell-to-cell 
variability in chromatin diffusion is also apparent 
in mammalian cells, where 3–5-fold differences in 
chromatin motions between cells with ‘fast’ vs 
‘slow’ chromatin are typically observed [43]. In 
addition to this inter-cell heterogeneity, the mea-
sured values of chromatin motions are heteroge-
neous within a cell nucleus, due to the 
combination of measurement errors, the stochastic 
nature of polymer motions, and actual biological 
differences. By tracking tight grids of photoacti-
vated chromatin microdomains (Figure 1d) [70], 
we estimated with repeated measurements that 

Figure 2. Stochasticity in DNA damage response outcomes. a) X-ray irradiation source mounted on a fluorescence microscope to 
monitor the DNA damage response in single cells with high temporal resolution. b) Time lapse images of a cell nucleus expressing 
a DSB reporter (mCherry fused to the C-terminal portion of 53BP1) showing radiation-induced formation of DNA damage foci. Scale 
bar, 10 µm. c) Heterogeneity in cell responses to X-ray irradiation (5 Gy). Counts of DSB foci following irradiation are shown for five 
cells from the same cell population.
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biological differences contribute to about half of 
this spatial heterogeneity in chromatin 
motions [43].

Chromatin motions are profoundly impacted by 
DNA damage [45,52,71,72]. The effect of a DSB is 
particularly clear in yeast where a single break 
causes local and global acceleration of the polymer 
[68,73–79] (Figure 3a). Yeasts predominantly rely 
on homologous recombination repair (HRR), 
a pathway using the sister chromatid as 
a template in the repair process. Elevated motions 
of chromatin may facilitate homology search and 

strand invasion during HRR [73,80,81]. 
Recruitment of energy-consuming enzymes, such 
as Rad50, Rad51, and Rad54 enhance polymer 
fluctuations through the increase in molecular 
bombardment. Increasing motion through ATP 
consumption is analogous to using temperature 
to push molecules into a heightened state of 
motion. In addition, recent studies have found 
that Rad51 nuclear filaments may participate in 
the search and capture mechanisms analogous to 
microtubule dynamic instability in chromosome 
capture [82]. Rad51 coats single-stranded DNA 

Figure 3. Context- and scale-dependent effects of DNA damage on chromatin motions. a) Effect of DNA damage (‘X’ or scissors/ 
enzymatic) on chromatin dynamics in mammalian cells and yeasts as a function of (1) the position in the cell nucleus relative to DNA 
damage sites, (2) the physical scale of chromatin, and (3) the temporal scale considered. b) Chromatin cohesion (i.e., correlated 
motions) is reduced in response to DNA damage, potentially reflecting uncoupling of chromatin motions in damaged regions due to 
chromatin tether remodeling and/or the formation of repair factor condensates.
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following the excision of the complementary 
strand at sites of breaks. The resulting filaments 
are dynamic polymers, that through extension, 
compaction, and bending, have the ability to sig-
nificantly increase the search area.

The situation is more perplexing in animal cells 
which have a complex nuclear organization and 
context-dependent DSB repair pathway usage [66]. 
In specific situations, such as DNA breaks occurring 
in heterochromatin rich in repetitive elements, 
damaged DNA is actively relocated to the nuclear 
periphery or to nuclear regions that may be safer for 
repair and a shift from random to directed motions 
ensues (reviewed in [45,83,84]). All DSBs are not 
equal, and the nature of the break site(s) may influ-
ence the dynamics of damaged chromatin. For 
example, cells exposed to densely ionizing radiation 
suffer extensive damage, resulting in complex and 
clustered DSBs with different repair outcomes than 
cells with more uniformly distributed breaks [85,86]. 
DNA repair foci and dysfunctional telomeres (which 
resemble DSBs) are more mobile than non-damaged 
chromatin regions [47,87]. Similarly, UV-induced 
DNA damage and DNA damage caused by replica-
tion inhibition lead to faster motions of single 
nucleosomes [50,88]. This may reflect the global 
reduction in transcription activity during the DNA 
damage response; more specifically, the dissolution 
of RNA polymerase II ‘transcription factories’, which 
constrain chromatin at the nanoscale [50]. One 
might expect different behaviors of nucleosomes in 
damaged and non-damaged regions of the nucleus. 
There is evidence of transcription at DSBs actively 
contributing to the repair process [89]. Moreover, 
cohesin loading at DSBs [90,91] may locally reduce 
nucleosome motions. Cohesin recruitment at DSBs 
indeed ensures end-tethering, at least in yeast [92].

The picture is very different when considering 
chromatin at the microscale: measurements of micro-
domains of chromatin with the photoactivation 
method described above showed decreased chromatin 
motions after damage globally, yet faster motions near 
break sites [43,93]. This effect may be caused by an 
uncoupling of chromatin dynamics by the formation 
of DNA damage-induced ‘damage compartments’ 
[94]. Reduced motions in undamaged regions may 
reflect the demobilization of energy-intensive activ-
ities normally associated with transcription, to allocate 

resources for genome maintenance at DNA breaks. 
Higher chromatin motions in restricted regions 
around break sites may promote the repair process, 
as discussed above in yeast models.

The effect of DNA damage on chromatin mobi-
lity is not only location-dependent but also time 
scale-dependent, at least in yeast. By imaging chro-
matin loci with different time intervals, Mine- 
Hattab and colleagues [69] found that, in response 
to DNA damage, chromatin becomes more mobile 
at large time scales but less mobile at short time 
scales. This effect could be explained by Rad51 
nucleoprotein filaments stiffening the polymer, 
and therefore restricting small chain fluctuations 
while increasing overall motions to enhance the 
‘search algorithm’ in the context of homologous 
recombination. It remains to be seen if the same 
applies to mammalian cells that predominantly 
rely on non-homologous end joining for DNA 
repair, which is independent of Rad51. Hence, 
shifts in chromatin dynamics in response to 
DNA damage depend on (1) the location within 
the cell nucleus, (2) the physical scale of chromatin 
considered, and (3) the temporal scale from the 
analyses (Figure 3a).

DNA damage reduces chromatin coherence

Polymer models that include chromatin tethers 
predict coherent motions on the micron scale 
[95,96]. These predictions are consistent with 
experimental results. Optical flow measurements 
of labeled histones or DNA yield flow fields with 
long-range correlations over several micrometers 
[12,61,62,97]. Correlation analyses of particle 
tracking data also indicate correlated motions 
over 1.5–2 µm [43,98]. Coherence of chromatin 
motions is not restricted to individual chromo-
some territories; it was also measured between 
chromatin domains belonging to different chro-
mosomes [43,61]. DNA damage reduces chroma-
tin motion correlation [43,61], which may reflect 
uncoupling of chromatin motions at damaged sites 
(Figure 3b). This interpretation is consistent with 
Hi-C measurements showing reinforced contacts 
within TAD containing a DSB but reduced con-
tacts between these DNA damage-containing 
TADs and undamaged neighboring regions [94]. 
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While the molecular mechanisms for correlated 
chromatin motions are not clear yet, chromatin– 
chromatin interactions, both via ‘sticky’ nucleo-
some contacts and chromatin tethers, are likely 
determinants. Remodeling cross-links as 
a consequence of DNA damage would contribute 
to a reduction in chromatin motion correlation 
through the stoichiometric shift of tethers from 
their pan-genomic distribution to a more 
restricted distribution at sites of damage.

Correlated chromatin motions have also been 
measured at the nanoscale, with single nucleosome 
tracking [60]. By labeling nucleosomes with two 
different colors, it was possible to visualize and 
quantify correlated movements of neighboring 
nucleosomes [60]. At this scale, Nozaki et al. 
found that nucleosome motions are highly corre-
lated within a distance of 150 nm, interpreted as 
nucleosome clusters [60], which have been identi-
fied in super resolution images of chromatin [7–9]. 
It will be very interesting to analyze the impact of 
DNA damage on chromatin coherence at the 
nanoscale, based on single-nucleosome tracking.

Loop dynamics, a framework to understand 
chromatin motions in the DNA damage 
response

As mentioned in the introduction, TAD boundaries 
vary from cells to cells [28], which reflects the dynamic 
nature of chromatin looping and heterogeneous epi-
genetic states. The kinetics of loop formation is likely 
critical for integrating the organization of chromo-
somes with key biological processes. Chromatin 
loops are constantly fluctuating in volume (expansions 
and contractions), physical size, and density (number 
of loops per kilobase pair). The kinetics of loop for-
mation and fluctuations will depend on these para-
meters, as well as protein binding, phase state, 
proximity to tethers (centromeres or telomeres in 
yeast) and spatial position. The response to DNA 
damage is likely to encompass changes in loop 
dynamics that enhance recombinational or end- 
joining repair mechanisms.

Loop structure

To gain insights into loop size regulation and 
distribution, we have used bead-spring polymer 

chain models of chromatin and superimposed the 
activity of an SMC (structural maintenance of 
chromosome) complex on chromatin. We found 
that (1) the stiffness of the substrate (flexibility as 
well as compaction of the nucleosome polymer 
chain), (2) the spring properties of a chromatin 
cross-linking complex (tensile stiffness), and (3) 
the strength of internal or external anchors 
(tethers) cooperatively dictate loop size distribu-
tions and volumes within a chromatin domain 
(Figure 4). When DNA tethers are highly con-
strained, the loop sizes are determined by the 
stiffness of the condensin and/or cohesin spring. 
If the cross-linking complex is weak, DNA tethers 
prevent the cross-linkers from making a loop. If 
the cross-linking complex is strong, (greater than 
that of the DNA tethers) loops are able to form. 
When DNA tethers are loose or unconstrained, the 
regulation of loop size is conferred through chro-
matin stiffness. Floppy chromatin with short per-
sistence length (Lp < 50 nm) will adopt a random 
coil, while stiffer chromatin (Lp > 200 nm) is the 
dominant determinant in loop size. Tethers pro-
vide additional inputs to the distribution of loops, 
and, unexpectedly, tethering strength affects how 

Cohesin regulation Chromatin stiffness

Figure 4. Determinants of chromatin loop structure. Chromatin 
is a long chain polymer of repeating nucleosome subunits 
(purple). The chain is inherently floppy, as defined by its short 
persistence length (Lp = 50 nm, the length scale over which the 
ends of the fluctuating chain are correlated). There are two 
modes of loop formation. One is from stochastic chain fluctua-
tions (shown on the right), when distal regions of the chain 
come into contact. The second is when active cross-linkers, such 
as condensin and/or cohesin, actively extrude loops (shown on 
the left). The size, distribution, duration, and structure of loops 
are dictated by 1) stochastics of chain fluctuation that depend 
on the physical properties of the chain itself (stiffness, compac-
tion), 2) the loop extruders (abundance, binding affinity and 
tensile strength) and 3) constraints through entanglements 
(internal tethers) or anchoring (external tethers such as nuclear 
lamina, microtubules) that provide resistance to the action of 
cross-linkers.
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chromatin conforms within a topological domain 
[99]. In addition to modulation of the physical 
properties of the substrate (i.e., the polymer 
chain), loop size and regulation are modulated 
through the action of SMC complexes and bound-
ary elements such as CTCF (CCCTC-binding fac-
tor). SMCs promote loop formation through the 
extrusion of one strand relative to another 
[24,100,101]. The site of extrusion is dictated 
through the action of CTCF bound to key regula-
tory sites unique to specific cell types [17,18]. 
Interestingly, CTCF binds in a tension-sensitive 
fashion [102], indicative of the ability of CTCF to 
sense force-induced features of the DNA chain 
that distinguish strands under strain.

Loop dynamics

Loop formation is likely a combination of active 
extrusion by condensin and cohesin, as well as 
loop structures that arise through random chain 
fluctuations and persist through the action of 
cross-linkers. It is also likely that the loop size 
and configuration (collapsed or extended) are 
dynamic. Measurements from fixed cells give us 
the average size, but in live cells as well as in 
polymer models, there is a genome-wide ‘pulsing’ 
of loops, which constantly elongate and shorten, 
as well as collapse or extend. These features are 
likely to have critical biological functions. 
Microtubules are the classic example for robust 
stochastics of polymer growth and shortening, 
providing the mechanism to ensure fidelity of 
chromosome segregation [103]. Another example 
of potential biological consequences of loop fluc-
tuation come from studies of RecA binding to 
extended or compact substrates. RecA protein 
assembly at sites of DNA damage establishes 
a kinetic proofreading cascade that enables the 
cell to mount an SOS DNA repair response to 
ssDNA [104,105]. RecA proofreads the ssDNA 
through its binding fluctuations. There is a time- 
scale of protein nucleation at sites of ssDNA 
(damage) dependent on RecA concentration and 
a second time-scale dependent on the ssDNA 
polymer fluctuation (i.e. the tendency to adopt 
a random coil). At low RecA concentration, 
nucleation events will be rare, and filaments will 

not assemble. If polymer fluctuations are too 
rapid, ssDNA will collapse, and filaments will 
not assemble. The constant dynamic between 
chain fluctuation and protein binding to the 
chain provides a means of regulation. Tuning the 
timescales of protein nucleation (like RecA) and 
polymer fluctuation is critical to filament assembly 
and biological response. Loop formation in this 
example is central to the DNA damage response 
and action at the scale of nucleotides. Loops func-
tioning at larger scales in mitotic chromosomes 
adopt a bottlebrush configuration that dictates 
mechanisms of chromosome compaction 
[106–108].

Network organization

Chromatin structure is highly influenced by the 
action of SMC proteins, in particular, cohesin 
and condensin. The physical behavior of these 
proteins is only now becoming clarified and quan-
tified, performing actions such as crosslinking 
within and between chromosomes and loop extru-
sion within chromosomes. The polymer model 
framework of chromatin provides a means to 
explore the relationship between the nanoscale 
actions of these proteins and the resulting macro-
scale dynamic structure in the nucleus. 
Crosslinking action can be modeled by adding 
additional springs between pairs of beads that sto-
chastically form (when they are within 
a prescribed distance) and break according to 
a prescribed mean timescale τon, which dictates 
the mean duration of a transient bond. To inves-
tigate chromatin network organization mediated 
by crosslinking, we added dynamic crosslinkers 
to the subset of beads within chromosome XII 
that comprise the nucleolus. The nucleolus was 
chosen for modeling due to the specificity of con-
densin binding at the rDNA repeats [109], and the 
repeat organization of rDNA genes, conducive to 
the repeating bead-spring configuration in poly-
mer modeling. Whether these crosslinkers are pre-
sent or not, and whether they are dynamic or 
fixed, result in different configurations of the 
nucleolus, as shown in Figure 5, and provide 
a physical basis for understanding heterogeneity 
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and dynamics in the nucleolar structure in live 
cells [19]. Hence, SMC activities and by extension 
loop dynamics profoundly influence chromatin 
networks.

Correlated motions

Can loop dynamics explain the coherent chro-
matin motions measured by particle tracking 
and optical flow analysis (see above)? 
Depending on the timescale of protein cross- 
linking vs. chain fluctuation, the network orga-
nization is very different. At fast cross-linking 
regimes, nodes are evident, whereas at slow 
cross-linking regimes, the network is homoge-
nized. This has major consequences for the 
behavior of chains and genome regulation. At 
a high cross-linking density (Figure 5a) coherent 
chromatin motion will be isolated to nodes. 
That is, what is happening in one node will be 
shielded from others. In contrast, at low cross- 
linking density (homogeneous landscape; 
Figure 5b) coherent chromatin motion can per-
colate throughout the genome. In the case of 
damage, remodeling of cross-linkers to sites of 
damage, with cohesin recruitment to DSBs 
[90,91], would reduce coherent motion through-
out the genome (as discussed above) while 
simultaneously increasing motion at repair 

domains. The distribution of cross-linkers may 
also dictate the motion of protein assemblies 
through the chromatin network, providing 
further means of channeling resources for repair 
of DNA damage [110].

Future perspectives

Most knowledge on chromatin loop dynamics 
comes from in vitro assays and in silico work. 
Moving forward, strategies to capture loop 
dynamics in living cells are needed. CRISPR- 
based imaging of chromatin loci (Figure 1b) 
now enable the visualization of defined pairs of 
genomic regions [111]. Fluctuations in the dis-
tance separating these loci can be measured pre-
cisely using paired particle tracking or other 
biophysical methods to probe distances, including 
FRET and molecular beacons. By labeling two 
regions close to CTCF binding sites, one may be 
able to visualize loop ‘pulsing’ (Figure 6a). 
However, an important caveat of CRISPR-based 
imaging is that it (still) entails relatively large 
molecular assemblies on the chromatin to reach 
the critical levels of chromophores needed for 
imaging. These dCas9 complexes add drag to 
chromatin motions and may cause steric interfer-
ences at the level of chromatin loops. The same 
consideration applies to other methods classically 

Figure 5. Network organization with different chromatin tether dynamics and properties. Snapshots of 3D simulations show bead 
distributions in models with different mean durations of the transient chromatin tethers. These durations were either short, with 
τon = 0.09 s (a) or long, with τon = 90 s (b). Red spheres represent bead positions, dark blue lines represent transient crosslinks 
between beads both inter- and intra-chain, light blue thin lines represent intra-chain connections between neighboring beads. 
The inserts are blowups of small volumes around bead clusters.
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used to track chromatin loci (LacO - LacI and 
INT – ParB). It will, therefore, be important to 
develop alternative approaches to visualize chro-
matin loops in situ, ideally via single-nucleosome 
tracking which can be done in quasi-native chro-
matin states. Toward this goal, we are now eval-
uating topological data analysis (TDA) as a new 
approach to measure loop formation and resolu-
tion [112] (Figure 6b). TDA provides a means to 
detect spatial patterns from time-series analysis. 
A loop can be considered as a topological feature. 
It is defined by a set of data points enclosing 
a hole within a cloud of single particles (point 
cloud). The persistence of a loop, a measure of its 
size and stiffness, is determined by its ability to 
maintain its topological identity as the radius 
used to define points within the point cloud 
increases. Persistence homology is the 

computational tool used to quantify the persis-
tence of topological identity. We anticipate that 
the methodology will enable the field to assess the 
number, duration, and spatial distribution of 
loops in an individual cell. These features cannot 
be discerned from population studies of fixed 
specimens.

It will also be important to reconcile seemingly 
contradictory observations made at different phy-
sical and temporal scales with multi-scale imaging 
approaches. For example, it is possible to simulta-
neously track single nucleosomes within the con-
text of larger chromatin domains [60]. Future 
studies combining micro-scale measurements of 
chromatin motions, for example, with the photo-
activation paradigms [43,93,113,114] and nanos-
cale tracking of single nucleosomes will also be 
informative. Nested approaches are powerful to 

Figure 6. Strategies to study chromatin loop dynamics in live cells. a) Labeling chromatin loci (e.g., with dCas9-based approaches) 
close to loop boundary elements (BEs) may enable inference of loop dynamics with paired particle tracking, FRET, or a molecular 
beacons strategy. Loop extrusion would shorten the distance between BEs, whereas uncoupling of the tether would rapidly increase 
BE distances. b) Topological data analysis (TDA), which detects spatial patterns from image time series, is a promising new approach 
to study chromatin loop characteristics in live cell nuclei. rn is the radius used to define points within the point cloud. See text for 
details.
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probe different time scales in these experiments, 
whereby sequences of movies are collected to 
interrogate both the fast and slow kinetics of chro-
matin. These approaches require the acquisition of 
a large number of image frames, which can be 
enabled by AI-powered image restoration [51].

These technological advances to describe chro-
matin dynamics in the DNA damage response 
(and beyond) should enable the field to answer 
key open questions. These include the impact of 
chromatin motions across spatial and temporal 
scales on DNA repair outcomes, the mechanisms 
responsible for micro-scale chromatin coherence, 
and the roles of correlated chromatin motions in 
genomic functions.
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