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SUMMARY

Plant lipids are an essential energy source for diets and are a sustainable alternative to petroleum-based fuels
and feedstocks. Fatty acid breakdown during seed germination is crucial for seedling establishment but un-
expected during seed filling. Here, we demonstrate that the simultaneous biosynthesis and degradation of
fatty acids begins early and continues across all phases of oil filling and throughout the photoperiod. Tests
in camelina, rapeseed, and an engineered high-oil tobacco line confirmed that concomitant synthesis and
breakdown in oil-producing tissues over development is the rule rather than the exception. Furthermore,
we show that transgenics, designed to elevate fatty acid biosynthesis, failed to achieve anticipated increases
in storage lipid levels due to increased degradation, potentially explaining the underperformance of engi-
neered lines compared to expectations more generally.

INTRODUCTION

Lipids are a highly desirable renewable feedstock for fuels and
polymers as part of a sustainable bioeconomy because they
are energetically dense, containing twice the energy of carbohy-
drates per gram.1–3 The demand for lipids is expected to double
by 2050; however, renewable sources of oil, including oilseeds,
are currently insufficient to fulfill societal needs. Efforts to in-
crease oil levels in seeds have focused on enhancing fatty
acid4 and lipid biosynthesis,5–7 or altering the supply of carbon
precursors,8 approaches that implicitly assume that lipid levels
are regulated by inputs. However, lipid gains have been modest,
suggesting that other processes contribute to final oil concentra-
tions. One possibility is that potential engineered increases in
lipid production are offset by enhanced fatty acid breakdown, re-
sulting in billions of dollars in lost potential productivity world-
wide9 (Methods S1). To assess this possibility, we focused on
developing sensitive methods to distinguish synthesis and turn-
over processes.
Lipid breakdown has been studied extensively at particular

stages of the plant life cycle. Germination involves the break-
down of lipid-derived fatty acids in the peroxisome to generate
carbon skeletons and energy that sustain the growth of seed-
lings. Apart from germination, significant oxidation of fatty acids
is thought to be limited to maturation of seeds and leaves,
including those that have been genetically altered,10–14 although

the process may be active at other times in plant tissues to
detoxify cells.15–17 Lipid remodeling to adjust membrane
composition, signaling, and jasmonic acid synthesis have been
extensively studied during stress conditions.18–20 Despite this
extensive literature, the quantitative breakdown of fatty acids
as a part of normal growth21 has received far less attention,
particularly at developmental stages when significant oil is accu-
mulated. This may in part be due to the challenge of assessing
concomitant biosynthesis and breakdown fluxes, which requires
the use of isotopes.22,23

Active fatty acid breakdown produces short-chain acyl-coen-
zyme As (CoAs), with 4–14 carbons. Because these are, with a
few exceptions,24 never intermediates in biosynthesis, they
serve as an unambiguous signature of fatty acid degradation
and recycling. While biosynthesis of fatty acids adds 2-carbon
acetyl groups to an acyl-carrier protein (ACP) backbone in the
chloroplast,25,26 breakdown cleaves 2-carbon units from an
acyl chain attached to CoA, a process known as b-oxidation21

(Figure 1A). The process was first observed in dogs27 and
detailed later in plant glyoxysomes (or peroxisomes) in associa-
tionwith glyoxylate activity in seedlings.28 The breakdown is initi-
ated by acyl-CoA oxidase (ACX1–4) activities specific to chain
lengths,15,29–32 with specific enzymes involved in handling dou-
ble bonds originating from polyunsaturated fatty acids.20,21,33,34

Intermediates in the process, including enoyl and ketoacyl-
CoAs, form in both chain elongation and breakdown; however,
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intermediates with shorter than 20 carbons in acyl chain are
exclusively involved in b-oxidation. Furthermore, unsaturated
shorter-chain CoAs are specifically derived from polyunsatu-
rated fatty acids (Figure 1B) and unequivocally indicate lipid
degradation because the process of adding multiple double
bonds to form polyunsaturated fatty acids in plants occurs
exclusively on a lipid backbone12,35,36 (Figure 1A). Saturated
acyl-CoAs associated with b-oxidation in germinating seedlings
were measured,30,31,37 but the levels of oxidation in other plant
tissues, including developing seeds that are concentrated in oil
and provide the economic value of crops, remain unclear.
Here, we present multiple lines of evidence that fatty acid oxida-

tion occurs concomitantly with oil synthesis in oil-rich tissues
throughout development. The processes are finely controlled
throughout the photoperiod and were pronounced in lines engi-
neered for increased oil.

RESULTS AND DISCUSSION

We developed a mass spectrometry (MS) method to sensitively
measure acyl-CoAs, extending descriptions in the literature37

(Methods S2) to analyze intermediates in the oxidation cycle
originating from the breakdown of saturated and unsaturated
fatty acids (Figure 1B). The method was initially evaluated in

Figure 1. Fatty acid and lipid metabolism in plants
(A) Fatty acid and lipid biosynthesis occur in the chloroplast and endoplasmic reticulum (ER), respectively. Generation of polyunsaturated fatty acids takes place

on a lipid backbone. Fatty acid breakdown occurs in the peroxisomes of plants. Acetyl-CoA, which is produced during fatty acid oxidation, is converted into

organic acids via the glyoxylate cycle before being transported to the mitochondria for further metabolism.

(B) Short- tomedium-chain CoAs are characteristic of breakdown of different fatty acids. Breakdown-specific CoAs in orange are specific to fatty acid substrates.

TCA, tricarboxylic acid; X, polyunsaturation (see also Data S1).
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camelina seedlings, where fatty acid breakdown is expected and
is an essential process of germination. We discovered shorter-
chain unsaturated acyl-CoAs, which have not been previously
measured in plants, indicating conclusively that breakdown
included acyl chains with a lipid origin. Saturated and unsatu-
rated forms of acyl-, enoyl-, dienoyl-, and ketoacyl-CoAs were
detected that are signatures of fatty acid oxidation (Figure S1;
Methods S2).

Fatty acid biosynthesis and breakdown is a
synchronized process
As seeds in many plants have high concentrations of lipids, even
a small amount of fatty acid recycling during seed filling could
dramatically affect the final composition. To assess whether
breakdown occurs even at times of significant fatty acid biosyn-
thesis, three developmental stages were measured in camelina
(15, 20, and 25 day post-anthesis [DPA]) and rapeseed (15, 25,
and 35 DPA) during seed development. In addition, CoA levels
were measured in the leaves of transgenic high-oil tobacco38

(30, 45, and 60 days after sowing). The stages were defined to
capture oil biosynthesis after initiation (the first stage, early), at
the highest rate of oil biosynthesis (the second stage, mid),
and at the final phase of filling (the third stage, late), when tissues
were still green and prior to desiccation or senescence (Fig-
ure S2). A total of 51 esterified CoAs were quantified, including
saturated and unsaturated forms of acyl-, enoyl-, and ke-
toacyl-CoAs, 34 of which were specific to breakdown processes
(Figure 2).

The presence of unsaturated short- to medium-chain CoAs
in all samples indicated that oxidation included the breakdown
of lipids specifically during oil filling. Both synthesis- and
breakdown-specific CoAs reached their highest levels at later
stages of seed development, indicating that lipid biosynthesis
and breakdown are finely controlled when seed lipid levels
approach maximum values. b-Oxidation-specific CoAs were
abundant in camelina seeds and engineered tobacco leaves,
but more limited in rapeseed. Consistent with our result, prior
work including enzymatic assays and 14C feeding experiments
in engineered rapeseed lines described measurable b-oxida-
tion activity.17 Rapeseed produces less linoleic acid (18:2)
and linolenic acid (18:3) and more erucic acid (22:1) (Figure S3),
which may reflect a reduced turnover of very-long-chain fatty
acids. In essence, the presence of fewer long-chain acyl-
CoAs for acyl editing in endoplasmic reticulum to make poly-
unsaturates (e.g., 18:2, 18:3) in rapeseed could also result in
a reduced availability for b-oxidation. Furthermore, a recent
14C study in engineered high-oil tobacco39 indicated that lipid
degradation occurs in tissues actively accumulating lipids;
however, the reactions of b-oxidation were not extensively
investigated. When we examined concurrent synthesis and
breakdown of fatty acids in transgenic high-oil tobacco leaves
(Figure 2), the results indicated that triacylglycerol (TAG) pro-
duction was partially unstable and was likely being degraded
through b-oxidation.39,40 Thus, engineering efforts must
consider the collateral effects of breakdown from enhanced
lipid production.

Figure 2. Dynamic fatty acid and lipid metabolism at stages of oil filling
Relative level of fatty acid biosynthesis (left) and breakdown-specific (right) CoAs from camelina (Camelina sativa) and rapeseed (Brassica napus) seeds and high-

oil tobacco (Nicotiana tabacum) leaves in early (E), middle (M), and late (L) development. CoAs representative of a specific unsaturated group of fatty acids are

grouped together with same color border. CoAs that overlap in synthesis and breakdown are listed in the synthesis steps. N.D., not detected. Heatmaps show

mean value (n = 3). t tests are presented in Data S2. A value of one on the scale bar indicates the largest peak area of a specific CoA across nine conditions, with

smaller numbers presented as relative values.
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18O-water labeling confirms active b-oxidation
processes in oil-filling seeds
As breakdown-specific CoAs were abundant in camelina
seeds, this tissue was selected for further studies. The pres-
ence of short- and medium-chain acyl-CoAs provides conclu-
sive evidence that b-oxidation has occurred at some point
during development, but additional evidence is needed to
determine when the process was active. Accordingly, we pro-
vided 18O-labeled water (50% labeled [w/w]) for 30 min to
seeds at the mid-filling stage (20 DPA), when the oil accumula-
tion rate is greatest. Rapid incorporation of 18O resulted in a
mass increase by two (M+2) for 4:0, 8:0, and 14:0 acyl-CoAs,
consistent with the substitution of 18O for naturally abundant
16O in acyl chains during the b-oxidation process (Figure 3A).
In 4:0 acyl-CoA, a common breakdown product of all saturated
and unsaturated fatty acids (Figure 1B), the presence of 47%
18O from 50% isotopic water indicated near-complete turnover
of the existing short-chain acyl-CoA pool within 30 min and
signified active b-oxidation flux. The higher labeling in 4:0 rela-
tive to 8:0 reflected the additional breakdown of tri-unsaturated
fatty acids, as 4:0 acyl-CoAs can be produced from all forms of
unsaturated fatty acids, whereas 8:0 can only be produced
frommono- and di-unsaturated substrates (Figure 1B). 18O sig-
natures in longer-chain acyl-CoAs (RC16) were likely a conse-
quence of isotope incorporation with thioesterase cleavage of
acyl-ACPs during biosynthesis.1,23

Plastidic galactolipid membranes are turned over as
green seeds develop
The breakdown of polyunsaturated fatty acids from lipids was
detectable throughout camelina seed development (Figure 2)
and supported bychanges in the lipid profile (Figure 3B). The pres-
ence of 16:1-, 16:2-, and 16:3-containing galactolipids (e.g.,
34:4-6 monogalactosyl diacylglycerol [MGDG], digalactosyl diac-
ylglycerol [DGDG], and sulfoquinovosyl diacylglycerol [SQDG])
suggested an active prokaryotic lipid biosynthesis pathway oper-
ating in seed filling. However, the abundance of most DGDGs and
SQDGs diminished by late development, consistent with lipid
breakdown and chloroplast turnover. Pollard and Shachar-Hill41

quantified biosynthetic rates of combined MGDG and DGDG in
mid-filling camelina seeds to be 25 pmol h!1 embryo!1, but the
level of galactolipids over development was not increased in our
study (Figure 3B), thus supporting concomitant plastid lipid break-
down with synthesis. The breakdown of galactolipids in thylakoid
membranes is accompanied by chlorophyll remobilization and
loss of green hue during senescence and under stress condi-
tions42; however, the breakdown of DGDG occurred earlier,
when camelina seeds were green, including early and mid-stages
of seed development. Possibly the dynamics are associated with
maintenance of the photosynthetic complexes, including photo-
system II or chloroplast thylakoid turnover.
The presence of unconventional acyl-ACPs (16:1 and 16:3

ACPs), previously reported by our group,25,43 indicate galactolipid

Figure 3. Validation of b-oxidation in oil filling seeds by labeling study and lipidomics
(A) 18O-water labeling of mid-stage camelina seeds for 30 min. Enrichment of M+2 isotopologs are presented (mean ± SD; n = 3).

(B) Relative level of galactolipids (presented as sum of two fatty acids) and non-esterified fatty acids (NEFAs) in developing camelina seeds. Heatmaps show

mean values (n = 3). t tests are presented in Data S3. A value of one on the scale bar indicates the largest peak area for a specific lipid across three seed

developing stages, with smaller numbers presented as relative values.
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degradation. These ACPs are not a known part of fatty acid syn-
thesis in plants. Rather, they likely represent membrane lipid hy-
drolysis by lipases, releasing non-esterified fatty acids (NEFAs),
which are then reattached to an ACP backbone.44 In the present
study, long-chain NEFAs, including 16:1, 16:2, and 16:3 NEFAs,
were consistently present throughout seed filling. Fatty acid syn-
thesis in chloroplasts and acyl editing in the ER can produce 16:0
and 18/20/22:x acyl chains, respectively, but this does not result in
polyunsaturatedC16groups.36Conversely, 16:1- to 16:3-contain-
ing lipids are produced in chloroplasts by FAD4–8 enzymes but
are not thought to undergo acyl editing.36 Therefore, we infer
that the presence of 16:1–16:3 NEFAs must indicate galactolipid
degradation. Early in development, the abundance of 16:2 and
16:3 NEFAs matched the high proportion of acyl-CoAs derived
from di- and tri-unsaturated fatty acid breakdown (Figure 2).
These results suggest that galactolipid degradation, followed by
fatty acid oxidation, occurs in green oilseeds starting with early
stages of seed filling, although the possibility that some fatty acids
were used in lipid remodeling cannot be excluded (Figure S4;
Table S1).
Lipid degradation is supported by prior gene expression data.

Analysis of available camelina transcriptomics information45

indicated a plastid lipase 1 homolog that is highly expressed in
the early-filling stages, may facilitate the degradation of galacto-
lipids (Figure S5; Data S4). Lipases, including oil body lipase 1
homologs, were also highly expressed at early-filling stages
and would support TAG breakdown; however, unlike chloroplast
lipids, the degradation of endoplasmic reticulum-based lipids
over development could not be definitively established from lip-
idomics results (Figure S4).

Peroxisomal oxidation capacity during seed filling is
comparable to that of germination
We compared fatty acid oxidation in early seed filling with that in
germinating seedlings, where b-oxidation is well established.
Fatty acid oxidation in plants has been described in the peroxi-
somes,32,46 where the acyl-CoA is converted to enoyl-CoA in
the first step of b-oxidation catalyzed by ACX (Figure 1A). ACX
genes utilize distinct substrates of different chain lengths.
ACX1 is specific for long-chain acyl-CoAs (e.g., 16:0), ACX3 uti-
lizes medium chains (e.g., 8:0), and ACX4 acts on short-chain
acyl-CoAs (e.g., 4:0).32 Since both lipidomics and acyl-CoA
detection indicated that fatty acid oxidation begins early in
seed filling, we examined ACX activity for peroxisomal flux at
this stage (Figure 4A), evaluating substrates of different chain
lengths. Additionally, 18:3-CoA was used to validate the break-
down of polyunsaturates. The oxidation of long- and short-chain
substrates was comparable in both tissues, indicating that the
early stages of oil filling had a fatty acid degradation capacity
similar to that of germinating seedlings. Medium-chain oxidation
activity was elevated in both tissues but more prominent during
germination.
We investigated published data45 on the expression of genes

encoding enzymes that could be responsible for early-seed
fatty acid oxidation (Figure 4B). Candidates for genetic manip-
ulation to reduce fatty acid breakdown during early oil accumu-
lation in camelina include ACX1, ACX4, KAT1, and KAT5. The
homologs of two ketoacyl-CoA thiolases (KAT1 and KAT5)

were highly expressed at early-filling stages. Consistent with
activity assays, one ACX1 homolog and three ACX4 homologs
were higher in abundance and showed higher expression dur-
ing early seed development. Reduced expression of medium-
chain ACXs at early-filling stages compared to germinating
seedlings supported the reduced activity for the degradation
of 8:0 and 12:0 acyl-CoA substrates. Expression of ACX2,
which preferentially uses very long-chain substrates (>20C in
acyl-chain), was lower, supporting our hypothesis that elon-
gated fatty acids are possibly more stable as observed in rape-
seed (Figure 2).

b-oxidation occurs during both day and night
De novo fatty acid biosynthesis is elevated in light in green tis-
sues, including green oilseeds.47,48 Conversely, when leaves
are exposed to prolonged darkness, genes associated with
lipid degradation are expressed,49,50 implying a circadian alter-
nation of synthesis and breakdown. However, the assumption
that fatty acid oxidation does not occur during the day has
not been assessed. Because developing seeds stably produce
inert storage reserves, including storage lipids, the high lipid
concentration may mask evidence of their breakdown during
the day. We examined the influence of photoperiod on fatty
acid dynamics using a 16-h light (6 a.m. to 10 p.m.)/8-h dark
diurnal cycle. Breakdown-specific acyl-CoA levels were
elevated during darkness until morning (as expected), reduced
at midday, and elevated again in the evening in the last phase
of the photoperiod (Figure 5A). The latter two data points sug-
gest that fatty acid breakdown in seeds occurs even in the face
of biosynthesis, similar to starch degradation in leaves.51 We
hypothesize that fatty acid breakdown may be part of a homeo-
static mechanism to ensure sufficient carbon for seed meta-
bolic activities during the night and reflect the daily supply of
photosynthate. Additionally, the trend of acyl-CoA consumption
and utilization (Figure 5A) suggests that fatty acid biosynthesis
(up to 18 carbons) and lipid desaturation were highest early in
the day, but fatty acid elongation (20–22 carbons) increased
later in the photoperiod. Similarly, principal-component anal-
ysis (PCA) indicated that very-long-chain CoAs (C20–24) had
distinct metabolism relative to other CoA esters involved in lipid
biosynthesis. Eigenvectors of the PCA aligned with expected
metabolic processes (Figure 5B), including elevated synthesis
(10 a.m.–2 p.m.) and degradation (2 a.m.–6 a.m.) that differed
from a third period (6 p.m.–10 p.m.).
Fatty acid breakdown during the day was further probed with

13C isotopes. Uniformly labeled 13C glucose was provided
through an 8-h silique culturing method53 from 10 a.m. to
6 p.m., corresponding to the central portion of the daytime
period. Labeled glucose was metabolized into acetyl-CoA, re-
sulting in 13C-enriched fatty acids within the 8-h labeling period
(Figure 5C). Within the same experimental time, 13C was
observed in short-chain acyl-CoAs specific to b-oxidation (e.g.,
11% 13C-containing 4:0 acyl-CoA after correction for natural
13C abundance). We found that 13C in short-chain acyl-CoAs is
only possible when newly produced 13C-labeled lipids or fatty
acids undergo b-oxidation, unequivocally demonstrating the
concomitant biosynthesis and breakdown of fatty acids. The re-
sults implied that breakdown was continuous, not a holdover
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from nocturnal metabolism. K-means clustering analysis re-
vealed three different distinct clusters based on 13C description
(Figure 5C). The first class consisted of less labeled acyl-CoAs,
mostly with specific signatures for b-oxidation (C4–14) and gal-
actolipid breakdown (16:1/2/3), consistent with lipidomics data
(Figure 3B). Since 4:0-acyl-CoA was at near-isotopic equilibrium

by 30 min in the 18O-labeling study (Figure 3A), the slower label-
ing of this pool in the 13C study indicated that fatty acid degrada-
tion included preexisting unlabeled lipids in addition to newly
synthesized acyl chains. Highly labeled second and third clus-
ters consisted of mostly synthesis-specific CoAs. Compared to
18:1 acyl-CoA, 18:2 and 18:3 belonged to the less-labeled

Figure 4. Substantial b-oxidation activity at early-oil filling camelina seeds
(A) Six different substrates, namely 4:0, 8:0, 12:0, 16:0, 18:1, and 18:3 acyl-CoA, were provided in independent assays to assess the activity of different acyl CoA

oxidases (ACXs) at EOF seeds and GSs in camelina (n = 3).

(B) Comparison of protein and transcript abundances of genes related to fatty acid oxidation between EOF and GS. Omics information is presented in Data S5.

Statistical significance (t test) is indicated by an asterisk at p < 0.05 (n = 3).
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cluster, suggesting that less fatty acid desaturation on phospha-
tidylcholine (PC) occurs during the experimental period of mid-
to late photoperiod. Together with this result, a continuous in-
crease of polyunsaturates in abundance in the early light hours,
but later decreasing (Figure 5A), suggests that desaturation
events occur mostly in the late night to early morning, supporting
previous observations in Arabidopsis leaves.54 Furthermore,
isotope incorporation into 12:2-enoyl- and 10:1-dienoyl-CoA

indicated a breakdown of newly formed polyunsaturated fatty
acids throughout the day and further confirmed the breakdown
of lipids as the polyunsaturates are only produced on a lipid
backbone (Figure 1).

b-oxidation is a target for engineering
Our discovery of fatty acid breakdown in multiple tissues
suggests that previous engineering efforts may have been

Figure 5. Dynamic fatty acid metabolism over the photoperiod in the middle stage of seed filling in camelina
(A) Heatmap and (B) PCA of relative acyl-CoA abundance in each 4-h window during light (6 a.m.–10 p.m.) and dark (10 p.m.–6 a.m.) periods to visualize acyl-CoA

changes over 24 h, and clusters of acyl-CoAs and time points. A value of one on the scale bar of the heatmap indicates the largest peak area for a specific CoA

across six time points, with smaller numbers presented as relative values. Blue, dark red, and green colors denote synthesis-specific CoAs, breakdown-specific

CoAs, and the time of photoperiod, respectively.

(C) k-Means clustering analysis of the 13C-touched pool fraction52 from 8 h of silique culturing in U-13C6 glucose media. n = 3 for all three figures. Red, blue, and

gray groups represent low, medium, and high 13C-incorporation groups, respectively.
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thwarted by mechanisms that induce lipid breakdown when
plants are altered to produce more oil, perhaps a component
of homeostasis. We evaluated this hypothesis by examining
seeds from high-oil engineered camelina lines. Wild-type camel-
ina plants were compared to two transgenic lines with enhanced
levels of a a-carboxyltransferase subunit of the acetyl-CoA
carboxylase (ACCase) enzyme complex, full-length (FL3-1) and
catalytic (CAT A7) lines,4 that resulted in higher amounts of
seed oil (Figure 6A). Using 13C-labeling, isotope incorporation
into acyl-ACPs25,52 and acyl-CoAs was measured to compare
rates of fatty acid synthesis and breakdown, respectively. Both
engineered lines produced statistically similar amounts of lipids
in their mature seeds (Figure 6A); however, the FL3-1 line
showed higher rates of fatty acid biosynthesis (Figure 6B) and
breakdown (Figure 6C). Similarly, a recent study from our group
in Arabidopsis showed the increased proteins and transcripts of
various peroxisomal oxidation genes when the flux through the
de novo fatty acid biosynthetic pathway increased in the double
mutant of biotin attachment domain-containing proteins, which
negatively regulates ACCase.55 We postulate that altered syn-
thesis and breakdown rates could help keep free fatty acids
levels in check that would otherwise become toxic to the
cell.12,17

Evaluation of the transgenics suggested oil accumulation
might have been higher if it had not been limited by concomitant
breakdown of fatty acids. The FL3-1 line showed increased lipid
levels accompanied by both the highest synthesis and break-
down rates, while CAT A7 line showed elevated lipid levels
due to synthesis rates higher than the WT (but lower than the
FL3-1 line) combined with the lowest degradation rates. These
results indicate that reducing the degree of b-oxidation may
contribute to achieving higher lipid levels. We estimated that
approximately 4%–6% of newly synthesized fatty acids were
continuously turned over at the peak of seed filling in WT during
the daytime. As higher degradation rates at night (Figure 5A)
and enhanced breakdown with early and late filling stages (Fig-
ure 2) are not considered, this is a conservative estimate. Lipids

are continuously broken down to repurpose acyl chains as in
membrane remodeling that responds to environment or TAG
remodeling.56 In addition, the present study mechanistically de-
scribes b-oxidation of fatty acids, which can have a significant
impact on the seed carbon economy and thereby impact devel-
opment of future oil-rich crops. Our data suggest a reconsider-
ation of prevailing assumptions that sink metabolism in seeds is
inherently ‘‘stable,’’ with implications for breeding and engineer-
ing efforts.

Limitations of the study
In the present study, we examined developing seeds of camelina
and rapeseed and a tobacco line engineered to produce high
levels of lipids in leaves. Although our results suggest that lipid
oxidation occurs broadly in plant tissues over multiple stages
of development, this is a generalization and may not be the
case in all systems, especially those producing less oil. Extend-
ing investigations into additional species in the future will more
definitively establish the extent of this phenomenon. Further-
more, the controlled experimental conditions in this study may
not faithfully reflect environmental factors in the field, such as
changes in light intensity, temperature, or nutrient availability.
We hypothesize that oxidation would be elevated in a number
of perturbed conditions; however, this remains to be estab-
lished. Finally, the present study highlights the increased degra-
dation of fatty acids by engineered plants, but it does not attempt
to elucidate the regulatory mechanisms that lead to increased
catabolism, leaving gaps in our understanding of this important
process, with biotechnological implications for future renewable
fuels production.

RESOURCE AVAILABILITY

Lead contact
Further information and requests for resources and reagents should be

directed to and will be fulfilled by the lead contact, Doug K. Allen (doug.

allen@ars.usda.gov).

Figure 6. Changes in dynamic fatty acid metabolism in engineered camelina lines
(A) Total oil content at maturity based on quantification of fatty acid methyl esters (n = 5), (B) relative biosynthesis rate at mid-seed filling by measuring 13C ACP

pools (n = 9), and (C) percent breakdown of synthesized fatty acids at mid-seed filling by comparing 13C pools of synthesis-specific long-chain acyl-CoAs (16:0,

18:0, and 18:1) with breakdown-specific short-chain acyl-CoAs (4:0, 8:0, and 10:0) (n = 9) were determined in wild type (WT) and two transgenic lines (FL3-1 and

CAT A7) (Data S6). Data are represented as mean ± SE. Statistical significance (t tests) is indicated by **p < 0.03; ***p < 0.01; and ns, no statistical difference at

p = 0.05.
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Materials availability
This study did not generate new unique reagents.

Data and code availability
All data needed to evaluate the conclusions in the paper are present in the pa-

per and/or the supplemental information. Files that include CoA quantification,

labeling measurements in acyl-CoA and acyl-ACP, and fatty acyl methyl ester

measurements and lipidomics have been deposited in the Zenodo public re-

pository and are publicly available (DOI and Zenodo Data: https://doi.org/
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STAR+METHODS

KEY RESOURCES TABLE

REAGENT or RESOURCE SOURCE IDENTIFIER

Chemicals, peptides, and recombinant proteins

U-13C6 glucose Cambridge Isotope Laboratories CLM-1396
18O water Sigma 329878
13C3 acyl-CoA Sigma 655759
13C16 acyl-CoA Sigma 655716

Methanol Fisher Scientific 60-009-55

Methyl tert-butyl ether Sigma 34875

UltimateSPLASH ONE mix Avanti Polar Lipids 330820

Ammonium acetate Sigma 238074

Acetic acid Sigma AX0074

Acetonitrile MedSupply Partners EM-AX0156

Chloroform EMD Millipore CX1058

Sucrose Research Products International

Corporation

S24060

Glutamine Sigma 49419

Potassium phosphate dibasic Sigma P3786

Potassium Phosphate Monobasic Sigma P0662

Isopropanol Honeywell 34965

Ammonium bicarbonate Sigma A6141

Phosphoric Acid Sigma 49685

2:0 acyl-CoA Avanti Polar Lipids 870702

4:0 acyl-CoA Avanti Polar Lipids 870704

6:0 acyl-CoA Avanti Polar Lipids 870706

8:0 acyl-CoA Avanti Polar Lipids 870708

10:0 acyl-CoA Avanti Polar Lipids 870710

12:0 acyl-CoA Avanti Polar Lipids 870712

14:0 acyl-CoA Avanti Polar Lipids 870714

16:0 acyl-CoA Avanti Polar Lipids 870716

18:0 acyl-CoA Avanti Polar Lipids 870718

16:1 acyl-CoA Avanti Polar Lipids 870743

18:1 acyl-CoA Avanti Polar Lipids 870731

Ammonium sulfate Sigma A4915

Flavin adenine dinucleotide (FAD) Sigma F8384

Bovine Serum Albumin (BSA) Sigma A7030

Triton X-100 Sigma X100PC

Polyvinylpolypyrrolidone (PVP) Sigma PVP360

Protease inhibitor Fisher Scientific 78430

Horseradish peroxidase Sigma P8250

p-hydroxybenzoic acid Sigma 240141

4-amino antipyrine Sigma 06800

Hydrogen peroxidase Sigma 216763

Deposited data

Mass Spectrometry Raw Data Zenodo Zenodo Data: https://doi.org/10.5281/

zenodo.14393795

(Continued on next page)

12 Cell Reports 44, 115492, April 22, 2025

Article
ll

OPEN ACCESS

https://doi.org/10.5281/zenodo.14393795
https://doi.org/10.5281/zenodo.14393795


EXPERIMENTAL MODEL AND STUDY PARTICIPANT DETAILS

Plant materials and growth conditions
Camelina (Camelina sativa cv. Celine), rapeseed (Brassica napus cv. Reston), and tobacco (Nicotiana tabacum cv. Wisconsin 38)
were used for this study. Transgenic high-oil tobacco lines were provided by the Commonwealth Scientific and Industrial Research
Organisation (Australia).38 Transgenic camelina lines were produced in the University of Missouri by our team.4 All plants were grown
at the Donald Danforth Plant Science Center. Greenhouses for camelina and rapeseed were maintained at 22"/20"C (day/night),
approximately 50% relative humidity and a 16-h day (06:00 to 22:00 h) and an 8-h night (22:00 to 06:00 h) photoperiod. Natural light
varied throughout the seasons; however, sunscreen cloths helped maintain a maximum of 500 mmol m!2 s!1 on bright summer days
with aminimum light level of 250 mmol m!2 s!1 maintained by a combination of 600-W high-pressure sodium and 400-Wmetal halide
bulbs. Tobacco plants were grown at a 14-h day cycle (08:00 to 22:00 h, 27"C) and 8-h night cycle (22:00 to 08:00 h, 25"C). On cloudy
days, the light intensity was maintained at a minimum of 500 mmol m!2 s!1 using supplemental lighting.

METHOD DETAILS

Labeling studies
Isotope tracers were purchased from Sigma-Aldrich (St. Louis, MO, USA). Isotopic glucose (U-13C6) was fed to siliques containing
mid-filling seeds for 4 and 8 h for ACP analysis and for 8 h for acyl-CoA analysis using the established silique culturing technique.53

Additionally, intact seeds were supplemented with 18O water (H2
18O, 50%) for 30 min in a 50 mM sucrose and glutamine solution

based on the imported metabolites in mid-filling camelina seeds.53

Sample collection
Photoperiod samples were collected every 4 h at 02:00, 06:00, 10:00, 14:00, 18:00, and 22:00 h. All other samples were collected at
10:00 h. For labeling experiments, siliques were harvested around 09.45 h and feeding experiments were initiated around 10:00 h.
Samples were flash frozen in liquid nitrogen and stored at !80"C until further analysis.

Enzyme activity assay
Using a previous method,32 protein for ACX activity was extracted from 100 mg (fresh weight) samples of early, mid, and late staged
camelina seeds during seed filling, and 2-day old germinating seedlings. ACX enzyme activity was assessed by quantifying the H2O2

production rate at a wavelength of 500 nm32 in a spectrophotometer (Plate reader Infinite 200 PRO, Tecan, Männedorf, Switzerland).
4:0, 8:0, 16:0, 18:1 and 18:3 acyl-CoAs were used individually as substrates for the enzyme activity assay. To account for potential
contamination of CoAs and activity due to existing cellular acyl-CoA pools, blank samples included all components of the reaction
mixture except the acyl-CoA substrate. To calculate final enzyme activity rates, the blank value was subtracted from the measured
values.

Continued

REAGENT or RESOURCE SOURCE IDENTIFIER

Mass Spectrometry Raw Data Zenodo Zenodo Data: https://doi.org/10.5281/

zenodo.14396946

Experimental models: Organisms/strains

Camelina sativa: WT Lab Stock N/A

Brassica napus: WT Lab Stock N/A

Nicotiana tabacum: High-oil line Commonwealth Scientific and Industrial

Research Organisation (Australia)

N/A

Camelina sativa: High-oil lines Lab Stock FL3-1, CAT A7

Software and algorithms

Origin Pro OriginLab https://www.originlab.com/

Plant Gramene database Gramene http://www.gramene.org

Thermo Xcalibur Thermo Fisher Scientific OPTON-30966

The Arabidopsis Information Resource database Tair https://www.arabidopsis.org/

Other

DB23 column Agilent Technologies 122-2332E

C8 column Macherey-Nagel Custom15M5

Acquity UPLC CSH C18 column Waters 186005296
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Extraction of CoAs, ACPs and their measurements in LC-MS
Acyl-, enoyl-, dienoyl- and ketoacyl-CoAs were extracted following previous protocols37,57 with modifications. The first extraction
buffer consisted of chloroform and methanol (1:2 v/v) and was stored at !20"C until use. The second extraction buffer was freshly
prepared by adding 50 mM KH2PO4, acetic acid and isopropanol (40:1:20 v/v). A mixture of 1 mM 13C3 and 0.25 mM 13C16 acyl-CoAs
was used as internal standards in unlabeled samples to account for sample loss for quantification. Approximately 120 mg samples
were used for one replicate but were divided into six sub-replicates to increase extraction efficiency. 500 mL of the first buffer and 2 mL
of the internal standardmixture were added to each sub-replicate and stirredwith beads using a bead beater for 2min at!20"C. After
adding 500 mL of the second buffer, another round of bead beating was performed at 4"C. 10 mL of saturated ammonium sulfate
[(NH4)2SO4] was added to the sample and shaken at 4"C for 2 h. After samples were centrifuged at 4"C and 20,000 g for 10 min,
the upper phase of all six sub-replicates was pooled in a 15 mL tube for one replicate. Samples were dried in a SpeedVac concen-
trator and stored at !80"C.

Following a recent protocol58 with modifications, CoAs were measured on a TSQ Altis triple quadrupole mass spectrometer (MS)
connected to a Dionex UltiMate 3000 liquid chromatography (LC) system (Thermo Fisher Scientific, Waltham, MA, USA). In the LC,
10mM ammonium bicarbonate in water was used asmobile phase A and 95%acetonitrile in water asmobile phase B. Analytes were
separated using an Acquity UPLC CSH C18 column (1.7 mm3 2.1 mm3 50 mm). Samples were dissolved in 100 mL of solution con-
taining mobile phase A and B and acetic acid (80:15:5 v/v) by sonication for 30 min at 4"C, centrifuged and filtered using 0.8mm PES
membrane filters (Sartorius, Göttingen, Germany). Each LCMS run included three injections: one sample injection and two acid wash
injections. To reduce carryover in LC column, 25 mL of an acid wash sample consisting of a mixture of phosphoric acid, water, and
acetonitrile (5:40:60 v/v) was injected at mobile phase B proportions of 50% and 80%during the column equilibration phase, and the
eluent was diverted towaste before entering theMS system. For ionization, the spray voltagewas set at 4 kV in positivemode. The ion
transfer tube and vaporizer temperature were set at 325"C and 350"C, respectively. The sheath, auxiliary and sweep gas flow rates
were set to 45, 7 and 1 arbitrary units, respectively. The LC gradient and compound-dependent MS parameters for CoA are
mentioned in Data S7.

Sample extraction and label measurement in acyl-ACPs were performed using previous methods.25,43,52 13C-touched pool was
calculated by summing all isotopologues (SM1-Mn isotopologues, where n is the number of carbon atoms) except the completely
unlabeled isotopologue, i.e., M0.52

Lipid extraction and measurements in LC-MS
The amount of total lipid was measured by transesterification of fatty acids to fatty acid methyl esters (FAMEs) as previously
detailed.59 FAMEs were quantified by gas chromatography–flame ionization detection using a DB23 column (30 m, 0.25 mm i.d.,
0.25 mm film: J&W Scientific, Folsom, USA) as described.53

Species of lipids were extracted using a variation of the previous protocol.60 Homogenized sample material was extracted with a
pre-chilled mix of methanol and methyl tert-butyl ether (1:3 v/v) that was spiked with UltimateSPLASH ONE mix (Avanti Polar Lipids,
Alabaster, AL, USA) as internal standards. Samples were bead beaten for 30 s, incubated for 10 min in a shaker at 4"C, and then
incubated for another 10 min in an ultra-sonication bath at room temperature. Phase separation was induced by adding 25%meth-
anol in water to each sample tube. After centrifugation, the upper organic layer was aliquoted to a new tube and dried down in a
SpeedVac concentrator. Samples were analyzed in LC-MS using a Q Exactive mass spectrometer coupled to a Dionex UltiMate
3000 UHPLC system (Thermo Fisher Scientific). A C8 column (5 mm3 150mm x 0.5mm) was used for chromatographic separations.
Mobile phase A consisted of water with 1% 1 M ammonium acetate and 0.1% acetic acid, and mobile phase B consisted of 7:3
acetonitrile: isopropanol with 1% 1 M ammonium acetate and 0.1% acetic acid. The mass spectrometer acquired both positive
and negative mode full scan mass spectra (MS1) from a single injection using polarity switching. For ionization, the spray voltage
was set at 4 kV for positive mode and 3.9 kV for negative mode. The capillary and auxiliary gas heater temperature were set at
250"C and 60"C, respectively. The declustering potential (RF lens) was set to 50 V. The sheath and auxiliary gas flow rates were
set to 15 and 5 arbitrary units, respectively. LC gradient data-dependent MS1 and MS2 parameters and quantitative method details
of measured lipid species are mentioned in Data S8.

Bioinformatics
Proteins specific to lipase activity and straight-chain fatty acid breakdown were selected from Arabidopsis. Homologous proteins in
camelina were identified using the Gramene database.61 The extracted homologous proteins were annotated with gene symbols and
descriptions based on the TAIR11 protein database62 to ensure consistent and accurate functional characterization. The abundance
and expression of identified camelina protein candidates were extracted from a previous study and reanalyzed for comparison be-
tween different developmental stages.45

QUANTIFICATION AND STATISTICAL ANALYSIS

Mass spectrometry-based metabolite quantification
Mass spectrometry-based CoA, ACP, and lipid data integration was performed within the Quant Browser software available from the
Thermo Xcalibur Suite. Sample recoveries and extraction efficiency were calculated based on the internal standards which are
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described in the Method Details section. Relative peak areas were calculated for individual lipid and CoA molecular species after
normalization for the extraction efficiency and biomass used for extraction.

Statistical analysis
Two-tailed unequal variance Student’s t tests were performed in Microsoft Excel to understand the significance in the difference in
CoA abundances between different developing stages within each plant group and also between plant group (Figure 2, Data S2),
difference in lipid abundance between three developmental stages of camelina seeds (Figure 3B and S4, Data S3), difference in
transcript and proteomics abundances of fatty acid oxidation related genes between early-oil filling and germinating seedling stages
(Figure 4B), and difference in oil content, 13C incorporation rate, ratio of turnover and synthesis-specific 13C acyl-CoA pool between
wild-type and two engineered lines of camelina (Figures 6A–6C). A volcano plot was generated in the Origin Pro software to show the
upregulated lipase genes with statistically significant fold-changes at the early oil-filling stage compared to germinating seedlings. To
evaluate the cluster of CoA production during the photoperiod, principal component analysis (PCA) and k-means clustering analyses
were performed (Figure 5). Data from at least three biological replicates are presented in all figures. The statistical test and data pre-
sentation (mean ± SD or SE) for each individual experiment is indicated in the figure legends. Statistical significance at *p < 0.05,
**p < 0.03, and **p < 0.01 is indicated in the figure legends.
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